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ABSTRACT

In this study, we report the complex effects of charged lipids on the interaction between amphiphilic Janus 
nanoparticles and lipid bilayers. Janus nanoparticles are cationic on one hemisphere and hydrophobic on 
the other. We show that the nanoparticles, beyond threshold concentrations, induce holes in both cationic 
and anionic lipid bilayers mainly driven by hydrophobic interactions. However, the formation of these 
defects is non-monotonically dependent on ionic lipid composition. The electrostatic attraction between the 
particles and anionic lipid bilayers enhances particle adsorption and lowers the particle concentration 
threshold for defect initiation, but leads to more localized membrane disruption. Electrostatic repulsion 
leads to reduced particle adsorption on cationic bilayers and extensive defect formation that peaks at 
intermediate contents of cationic lipids. This study elucidates the significant roles lipid composition plays 
in influencing how amphiphilic Janus nanoparticles interact with and perturb lipid membranes. 
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Introduction

The structural integrity of cell membranes is vital for cell viability and functions. It has been shown that a 
wide range of synthetic materials can disrupt this integrity. Such findings have aroused great interest in 
assessing the possible adverse impact of engineered materials on biological systems,1-6 as well as 
developing materials that disrupt cell membranes purposefully for biomedical applications, such as gene 
delivery.3, 7-12 Much of this interest has focused specifically on nanoparticles,13-20 polymers,17, 21-26 and pore-
forming peptides.17, 27-32 Although these materials are very different from one another, their disruptive 
effects on biomembranes result from the same fundamental electrostatic and hydrophobic interactions. The 
competition and interplay of electrostatic and hydrophobic forces determines the nature of their influence 
on biomembrane integrity. For example, the mechanism by which pore-forming peptides disrupt 
membranes can be tuned by altering their sequences.33 Adsorption of oxide nanoparticles on lipid bilayers 
was also shown to vary depending on the ionic lipid composition and pH of the suspension medium.34 It is, 
therefore, important to understand the different roles played by each of the two forces in interactions 
between materials and membranes. 

The interactions between particles and lipid membranes have already been the subject of intensive study. 
In elucidating the effect of electrostatic interactions, studies have shown drastically different effects of 
cationic versus anionic charges of nanoparticles on the integrity and structural rearrangement of lipid 
membranes.35-39 In particular, cationic nanoparticles were found to be more disruptive to lipid membranes 
than anionic ones, even though the exact nature of the defects could vary depending on many factors such 
as surface charge density and particle size.20, 40-46 Hydrophobic attraction between nanoparticles and lipid 
membranes has also been shown to drive the instability of lipid membranes in both experimental13-16 and 
simulation studies.47-54 So far, these studies have exclusively involved nanoparticles with chemically 
uniform surfaces. Recently, our group has explored chemically non-uniform nanoparticles, which present 
electrostatic and hydrophobic interactions that are spatially segregated on their surfaces.9, 10 These 
amphiphilic nanoparticles have charges on one hemisphere and hydrophobic alkyl chains on the other. 
Because of the two-faced feature, they are called Janus particles. We found that they induce holes in 
zwitterionic lipid bilayers in the pM concentration range when their uniform counterparts exert negligible 
effect on the bilayers. Our research showed that hydrophobic interactions drive the formation of these holes 
through lipid extraction from the bilayers. Electrostatic interaction between particles and bilayers, we found, 
promotes the initial contact of the particles with the membrane. One important question that remains unclear 
is how the presence of charged lipids in the bilayer affects this disruption process. The addition of charges 
makes the lipid bilayers better mimics of real cell membranes, and we expect it to result in more complex 
particle-membrane interactions that need to be characterized.

In this study, our objective is to investigate the interactions between amphiphilic cationic /hydrophobic 
Janus nanoparticles (+/pho JPs) and cationic and anionic lipid bilayers at varied charge compositions. We 
focus on two kinds of lipids: anionic 1, 2-dioleoyl-sn-glycero-3-phosphate (DOPA) and cationic 1, 2-
dioleoyl-3-trimethylammonium-propane (DOTAP). We show that the +/pho JPs induce defects in both 
cationic and anionic lipid bilayers, but that defect formation depends on the ionic lipid composition of the 
bilayer in a complex non-monotonic way. In particular, we find that electrostatic effects from the charged 
lipids, either anionic or cationic, affect particle adsorption on bilayers, particle concentration threshold for 
initiating defect formation, and the extent and process of defect formation. While defects are mostly driven 
by the hydrophobic attraction between the amphiphilic particles and lipid bilayers, of the consequence of 
such interactions is significantly modified by the electrostatic effects of charged lipids. 

Results and discussions

The glass-supported lipid bilayers used in this study consisted primarily of zwitterionic 1,2-dioleoyl-sn-
glycero-3-phosphocholine (DOPC) lipids. Varied fractions of either anionic DOPA or cationic DOTAP 
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lipids were added. The amphiphilic Janus nanoparticles used display amine groups at a density of ≈ 2 amine 
groups/nm2 on their cationic hemisphere and octadecanethiol (ODT) on their hydrophobic gold-coated 
hemisphere (Fig. 1a and b). They were ≈ 100 nm in diameter, and fabricated in the same way described 
for our previous research.55 For simplicity, they are referred to as “+/pho JPs”. 

1. The effects of anionic lipids on the interaction between +/pho JPs and lipid bilayers

We first investigated the effect of anionic lipids on the interaction between +/pho JPs and lipid bilayers. 
For this purpose, DOPC bilayers containing 0 mol% to 10 mol% of DOPA were prepared in a phosphate 
buffer solution (pH = 7). To avoid aggregation of the +/pho JPs, buffer solution above the bilayer was then 
exchanged for de-ionized water. We observed that the bilayer morphology remained planar up to a 1% 
content of DOPA, but that 5% and 10% DOPA bilayers exhibited many protruding, hemisphere-shaped 
“cap” structures. These appeared as micron-sized circles in fluorescence microscope images (Fig. 1c). 
These cap structures have been previously reported to be rich in DOPA and their formation is thought to be 
driven by asymmetric ionic strength on the opposite sides of the lipid bilayers.56 The morphology of the 
bilayers was examined again 70 min after the addition of +/pho JPs. We found that +/pho JPs induced holes 
in all DOPA bilayers. Because their morphology can vary, we refer to the holes as defects in general. 
However, different particle concentration thresholds were required to induce these defects depending on 
different charge content in bilayers. A 20 pM concentration of particles was necessary to cause visible 
defects in pure DOPC and 0.2% DOPA bilayers, but 15 pM was sufficient at 1% and higher DOPA content. 
The morphology of the defects also varied depending on the DOPA fraction. The defects appeared rounded 
with smooth edges in 5% and 10% DOPA bilayers, in contrast to the more branched defects in bilayers 
containing 1% or less DOPA. By measuring the associate rate constant (ka) of the particle adsorption on the 
bilayers, we confirmed that the anionic charges in DOPA bilayers enhanced the adsorption rate of +/pho 
JPs (Fig. S1). The stronger electrostatic attraction produced by a higher fraction of DOPA cap structures 
likely leads to the lower threshold particle concentration for membrane disruption.

We next quantified the effect of +/pho JPs on the integrity of DOPA bilayers. The surface coverage of 
defects was measured in fluorescence images to quantify the extent and localization of defect formation. 
We found that bilayers with a 0.2-5% DOPA content exhibited less surface coverage of defects than pure 
DOPC bilayers in the presence of 20 pM particles (Fig. 2a). This was surprising, because one would expect 
that stronger particle adsorption caused by the anionic lipid should produce more membrane defects. In 
fact, the surface coverage of defects only changed slightly from 0.2% to 5% content of DOPA, but increased 
significantly for 10% DOPA. The observation that the defect coverage depended non-monotonically on 
DOPA content is further demonstrated in a color-coded phase diagram (Fig. 2b). It is clear that the threshold 
particle concentration for inducing bilayer defects is lowered at higher DOPA content, but the defect area 
does not follow the same relationship. We also quantified the effect of +/pho JPs on membrane fluidity. We 
measured changes in lipid diffusion coefficient (ΔD) before and after the bilayers interacted with particles 
using fluorescence recovery after photobleaching (FRAP). We found that, over the range of 0-20 pM, the 
+/pho JPs had little effect on the fluidity of the non-defect portions of DOPA lipid bilayers (Fig. 2c). 
However, by contrast, for pure DOPC bilayers, the particles did cause a significant decrease in bilayer 
fluidity. We have previously reported that, for pure DOPC bilayers, particles cause a global loss of lipids 
from the entire bilayers.9 But this appears not the case for DOPA bilayers, based on the unaffected lipid 
diffusion in areas surrounding the defects. It is likely that +/pho JPs interact with DOPA bilayers in a more 
localized fashion, due to the strong electrostatic attraction, by drawing lipids only from the immediate 
region where they are adsorbed.

To better understand the interaction between +/pho JPs and DOPA bilayers, we fluorescently labeled both 
the lipid bilayers and the particles, and started imaging their dynamics when the particles were added. We 
observed two distinctly different defect-forming processes that depended on the DOPA fraction in the 
bilayers. Planar bilayers with 5% and 10% DOPA content exhibited many hemispheric lipid caps. The 
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+/pho JPs were observed to adsorb on both the lipid caps and the planar bilayer areas. Within seconds after 
particle landing, the lipid caps disappeared in a manner reminiscent of bubbles bursting. Defects appeared 
immediately at the same locations (Fig. 3a,b and Movie S1). A majority of the defects in the bilayers with 
5% and 10% DOPA content were formed via this process. In contrast, fewer defects were caused by 
particles adsorbed on the planar bilayer areas, and those defects typically did not appear until a few minutes 
after the adsorption of the particle. According to a previous study, the lipid caps are enriched in DOPA.56 
The caps therefore likely served as localized “hotspots” that are more electrostatically attractive for the 
+/pho JPs than  the surrounding planar area. Electrostatic attraction alone, however, is not sufficient to 
cause the lipid caps to “burst”. In control experiments, a similar phenomenon was not observed for 
homogeneous cationic nanoparticles (Fig. S2). This result demonstrates that the hydrophobicity of the Janus 
particles is required to induce the “bursting” membrane disruption. Bilayers with 0.2% and 1% DOPA 
content behaved differently than 5% and 10% DOPA bilayers. No lipid caps were observed to form, and 
defects appeared long after particle adsorption on planar areas (Fig. 3c,d). Defects formed via the two 
different processes exhibited different morphologies: the ones formed after the “bursting” of lipid caps were 
relatively round and smooth on the edge, but the ones formed on the planar areas of bilayers exhibited more 
branching features. This explains the different defect morphologies shown in Fig. 1. 

We next sought to determine which side of the +/pho JPs preferably interacts with the DOPA bilayers. Our 
previous study has shown that the hydrophobic hemisphere of +/pho JPs faces zwitterionic DOPC lipid 
bilayers as the hydrophobic attraction extracts lipids from the bilayer to the particles.9 But the particle 
orientation could be altered on DOPA bilayers due to the strong electrostatic attraction. The principle of 
our measurement of particle orientation, as described previously,9 is that fluorescently labeled +/pho JPs 
emit different intensities of light depending on their orientation. The gold caps on one side block the 
fluorescence emission from the other side. We measured the fluorescence intensity of single particles on 
the planar areas of 5 and 10% DOPA bilayers from fluorescence images. We found that the particles on 
DOPA bilayers exhibited fluorescence intensity comparable to that measured on hydrophobic substrates, 
but a much weaker intensity compared to that measured on hydrophilic glass substrates (Fig. 4). This 
indicates that the +/pho JPs were in contact with the bilayers with their hydrophobic side. However, 
particles exhibited a larger variation in fluorescence intensity on 5% and 10% DOPA bilayers than on pure 
DOPC bilayers. This indicates that particles on DOPA bilayers have a more random distribution of 
orientations, which is likely due to the stronger electrostatic attraction between the charged side of particles 
and the bilayers.  

The results altogether indicate that the DOPA content has two somewhat opposite effects on the interaction 
between +/pho JPs and the bilayers. On the one hand, increasing DOPA content leads to faster particle 
adsorption and more formation of DOPA-rich cap structures, both of which promote the formation of 
bilayer defects. On the other hand, stronger electrostatic attraction at higher DOPA content hinders the re-
orientation of +/pho JPs and therefore reduces the hydrophobic attraction between the particles and the 
bilayers, which drives the bilayer defects. This provides an explanation for the non-monotonic dependence 
of bilayer defects on DOPA content.  

2. The effects of cationic lipids on the interaction between +/pho JPs and lipid bilayers

We next investigated the interaction between positively charged lipid bilayers and +/pho JPs. The cationic 
lipid DOTAP was included in DOPC bilayers at varied molar fractions. DOTAP has a cationic headgroup 
but shares the same unsaturated alkyl chains as DOPC. The DOTAP bilayers were first made in phosphate 
buffers (pH = 7), as we did for DOPA bilayers. To avoid particle aggregation, the buffer was then replaced 
with de-ionized water prior to the addition of +/pho JPs. We observed the bilayer morphology at 70 minutes 
after interaction with the particles (Fig. 5). We found, first, that the +/pho JPs induce defects in all DOTAP 
bilayers. Higher DOTAP content in bilayers lowered the threshold particle concentration needed to induce 
defects. A 20 pM concentration of particles was needed to cause defects in 1% DOTAP bilayers and pure 
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DOPC bilayers, but 10 pM was sufficient for 5% and higher DOTAP compositions. Second, compared to 
other compositions, 5% DOTAP exhibited the most significant defect formation. With 20 pM particles, the 
surface coverage of defects was 94.1 ± 0.8 % for 5% DOTAP bilayers, with minimal intact bilayer left (Fig. 
6a). In contrast, the surface coverage of defects was only 26.9 ± 1.2%, 16.0 ± 0.8% and 26.0 ± 2.3% for 
1%, 10% and 20% DOTAP bilayers, respectively, under the same experimental conditions. The fluidity 
properties of the bilayer paralleled to the surface coverage of defects. The entire 5% DOTAP bilayers lost 
membrane fluidity after interaction with the +/pho JPs, whereas other DOTAP bilayers remained largely 
fluidic (Fig. 6b). We summarized the results in a phase diagram, using both defect surface coverage and 
lipid diffusion changes as indicators of the integrity of the bilayer (Fig. 6d). The bilayer disruption induced 
by +/pho JPs depends non-monotonically on its content of DOTAP. The disruption to bilayers peaked at 5% 
DOTAP but decreased at higher DOTAP fractions. Pure cationic nanoparticles within the concentration 
range used here failed to induce any defects, confirming that the hydrophobic attraction is required for the 
disruption to the DOTAP bilayers, as with the anionic DOPA and zwitterionic DOPC bilayers. 

To understand the causes of the phenomenon, we imaged both the +/pho JPs and the DOTAP bilayers 
during their interactions, again using florescence microscopy. A majority of the particles either did not 
adsorb on the bilayers or quickly detached after adsorption (Movie S2, S3). We found, by plotting the 
number of adsorbed particles per unit of surface area as a function of time, that the associate rate constant 
(ka) is 5770 ± 30 M–1 s–1 on 5 % DOTAP. This is a significant decrease compared to that on pure DOPC 
bilayers (24700 ± 180 M–1 s–1) (Fig. S3). At higher DOTAP content, ka decreased further to 2970 ± 220 M–1 
s–1 for 10 % DOTAP and 1170 ± 90 M–1 s–1 for 20 % DOTA. The decreased particle adsorption indicates 
stronger electrostatic repulsion between the particles and the bilayer at higher DOTAP content. The small 
population of +/pho JPs that did adsorb on the bilayers were oriented with their hydrophobic caps facing 
the bilayers, as indicated by their weak fluorescence emission (Fig. 6c). Interestingly, those adsorbed 
particles became sites for particle aggregation after the formation of defects (Movie S3).   

The cause for the extensive defect formation peaked at 5% DOTAP is unclear. The defects were mainly 
driven by hydrophobic interactions, but the extent of the defect formation, we propose, is modified by two 
effects from the cationic DOTAP lipids. One is the electrostatic repulsion between the DOTAP bilayers 
and particles. Higher DOTAP content leads to fewer +/pho JPs adsorbed on the bilayers and hence less 
defect formation. A second and countering effect might come from the instability in the DOTAP bilayers. 
The fractal shape of the defects formed in 5% DOTAP bilayers (Fig. 5) is characteristic of an unstable two-
dimensional domain growth process in lipid bilayers.57 Previous studies, both experimental and 
computational, have shown that DMTAP, a cationic lipid with the same headgroup as DOTAP, can change 
the stability of zwitterionic DMPC lipids in bilayers by affecting the orientation of PC headgroups and 
molecular packing of zwitterionic lipids surrounding the cationic lipids.58-60 Similar localized structural 
changes are likely in the DOTAP/DOPC bilayers used here, which may intensify the defects induced by 
+/pho JPs and leads to the prominent defect formation in 5% DOTAP bilayers. 

Conclusions

We have shown previously that amphiphilic cationic/hydrophobic Janus nanoparticles at the pM 
concentration level disrupt zwitterionic lipid bilayers by inducing holes in them. In this study, we 
investigated the role of charged lipids in the interaction between such nanoparticles and bilayers. For both 
cationic and anionic bilayers, we found that +/pho JPs in the 10-20 pM concentration range can induce 
defects in both types of bilayers. As with zwitterionic lipid bilayers, hydrophobic attraction between the 
+/pho JPs and the charged bilayers, regardless of the sign of the charges, causes lipid loss and subsequently 
defects in bilayers. The exact nature of the defect formation, however, is dependent on the charged lipid 
composition in a non-monotonic manner. We can draw the following key conclusions: (1) +/pho JPs cause 
defects in charged lipid bilayers at lower threshold concentrations than in zwitterionic bilayers, regardless 
of whether the electrostatic force is attractive or repulsive. (2) The electrostatic attraction between particles 
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and anionic DOPA bilayers enhances particle adsorption kinetics and lowers the threshold particle 
concentration needed to induce defects, but also leads to more localized membrane disruption. This was 
most obvious in the case of 5 and 10% DOPA bilayers. In these bilayers, +/pho JPs induced defects by 
preferably adsorbing onto DOPA-rich lipid cap structures formed on the bilayers and inducing the 
“bursting” of such lipid structures. (3) For cationic DOTAP bilayers, we found that bilayer defects were 
most extensive at 5% content of DOTAP, but less at either lower or higher DOTAP compositions. The 
fractal shape of the defects formed in DOTAP bilayers implies an unstable two-dimensional domain growth 
process induced by the +/pho JPs.

This study revealed the complex roles played by charged lipids in particle-membrane interactions. We do 
not yet fully understand many phenomena in the system. The complexity comes from that fact that charged 
lipids influence not only the direct electrostatic interaction of bilayers with particles, but also the structural 
properties of the bilayer. This structural influence modifies the overall particle-bilayer interaction. Although 
the fundamental driving forces are electrostatic and hydrophobic interactions, due to these sources of 
complexity, the defects induced by +/pho JPs vary significantly depending on lipid bilayer composition. It 
is vital to consider this complexity when establishing models to predict the interaction between particles 
and biomembranes of various compositions. Charged lipids are a key component in the cell membranes of 
living organisms. Thus, our findings may help understand how the charged lipids influence the biological 
impact of nanoparticles, particularly those with heterogeneous surface chemistries. 
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Figures and Captions

Figure 1. (a) SEM image of the cationic/hydrophobic amphiphilic Janus nanoparticles. Scale bar: 500 nm. 
(b) Schematic illustration of the experimental system. (c) Fluorescence images showing the morphology of 
bilayers as a function of particle concentration and composition of DOPA lipids (mol%). The lipid caps 
appear as white circles and dots, and holes appear as dark areas. Inset is a zoomed in image of a lipid cap 
structure. All images were acquired 70 min after the addition of particles to lipid bilayers. Each image 
shown is representative of results from three independent samples. Scale bars: 10 μm.
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Figure 2. (a) Surface coverage of defects in bilayers plotted as a function particle concentration for different 
DOPA compositions. (b) A phase diagram showing the dependence of lipid bilayer morphology on DOPA 
composition and Janus particle concentration. The diagram is color-coded based on the average surface 
coverage of defects at 70 min after particle-bilayer interaction. (c) Change of lipid diffusion coefficient 
plotted as a function particle concentration for different DOPA compositions. Each data point in the plots 
shown was obtained from an average of 29 images from three independent samples. 
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Figure 3. Dual-color fluorescence images showing Janus particles and DOPA lipid bilayers during 
membrane defect formation. Approximately 25% of the particles were fluorescently labeled. Particle 
concentration was 15 pM in (a) and (b), and 20 pM in (c) and (d). (a) and (c) are images acquired 70 min 
after the addition of particles. (b) and (d) are zoomed-in snapshots of a representative region as marked in 
(a) and (c), respectively. Yellow and white arrows highlight defect formation on lipid caps and in planar 
bilayer areas, respectively, after particle landing. Time-lapse images shown are representative of three 
independent samples. Scale bars: 10 μm.
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Figure 4. Quantification of Janus particle orientation on different surfaces. (a) Schematic illustration and 
color-coded fluorescence images showing the orientation and corresponding fluorescent intensity of Janus 
particles on hydrophobic and hydrophilic substrates. Scale bars: 5 μm (b) Scattered plot showing average 
fluorescence intensity per particle on different surfaces. Each data point represents measurement from a 
single particle. Each box plot indicates the mean (squared dot), median (horizontal line), and the 
interquartile range from 25 % to 75 % of the corresponding data set. Each set of data shown was obtained 
from two independent samples. Statistical significance is highlighted by p-values (student’s t test) as 
follows: *p<0.01, **p<0.001.
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Figure 5.  Fluorescence images showing the morphology of bilayers as a function of particle concentration 
and composition of DOTAP lipids (mol%). All images were acquired 70 min after the addition of particles. 
Each image shown is representative of results from three independent samples. Scale bars: 10 μm.
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Figure 6. (a) Surface coverage of defects in bilayers and (b) change of lipid diffusion coefficient, both as a 
function particle concentration for different DOTAP compositions. (c) Quantification of particle orientation 
on various lipid bilayers as indicated. (d) A “phase” diagram showing the dependence of lipid bilayer 
morphology on DOTAP composition and Janus particle concentration. The diagram is color-coded based 
on the average surface coverage of defects at 70 min after particle-bilayer interaction. Each data point 
shown in (a) and (b) was obtained from an average of 29 images from three independent samples. Each set 
of data shown in (c) was obtained from two independent samples. 
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