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Protein folding stability can be probed using urea, a chaotropic agent that disrupts non-covalent
interactions at molar concentrations. The denaturation process is typically monitored via optical
spectroscopy, which provides ensemble-averaged measurements and may struggle to resolve folding
intermediates. In contrast, electrospray ionization mass spectrometry (ESI-MS) captures a non-averaged
snapshot of all populated assembly and folding states within a protein conformational ensemble.
However, high urea concentrations have traditionally been considered incompatible with ESI. Here, we
leverage recent advancements in nano ESI emitter design, utilizing well-defined small-diameter emitters
which enables protein charge states to be resolved from solutions containing up to 8 M urea. This
approach allows us to directly detect the disruption of native tertiary and quaternary structures and to
monitor stability changes in response to solution pH and ligand binding. We demonstrate this using

single-domain proteins that follow simple two-state unfolding pathways, as well as more complex
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Accepted 22nd October 2025 multidomain proteins and multimeric protein complexes. Our results show strong agreement with
conventional urea—denaturation curves obtained via optical spectroscopy, while also providing enhanced
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Introduction

Proteins fold into specific three-dimensional structures that are
intricately linked to their native biological functions. These
structures are typically marginally stable under physiological
conditions and can be readily perturbed,' leading to protein
misfolding and aggregation associated with the development of
proteinopathies.>?

To probe stability in vitro, the equilibrium between folded
and unfolded states can be shifted using chaotropic agents such
as urea, which disrupt native non-covalent interactions in
a concentration-dependent manner.*® Titration with urea is one
of the most widely used experimental strategies in biochem-
istry, providing tuneable perturbations that yield quantitative
parameters such as unfolding free energies and cooperativity.®
These measurements are routinely applied to understand how,
for example, mutations, ligand binding, or posttranslational
modifications influence the energetic balance of folding.”*°
Importantly, direct in wvivo/in vitro comparisons have
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demonstrated that such denaturant-derived in vitro stabilities
typically correlate well with protein stability behaviour in
cells.”*™*3

Protein unfolding is routinely investigated using optical
spectroscopy techniques, including fluorescence or circular
dichroism (CD) spectroscopy, which monitor solvation-
dependent changes in protein fluorescence and protein
secondary structure, respectively.'*** While these methods
generally provide high quality data, it is important to note that
they measure ensemble-averaged properties and struggle to
resolve low-abundance species, such as transient folding
intermediates, or heterogeneous populations that arise during
unfolding. Such low-populated intermediates are of particular
interest in the disease mechanisms for several proteinopathies
due to their high toxicity.***

Native mass spectrometry (MS) is a powerful technique with
the capacity to detect low abundance species, and the ability to
resolve different protein complex assembly states as long as
they differ in their mass-to-charge (m/z) ratio.'>*® Native MS has
enabled the characterization of the stoichiometry, shape, gas-
phase stability, and ligand-binding affinity of numerous
proteins, as well as protein-protein and -RNA/DNA
complexes.”* Using electrospray ionization (ESI), native-like
protein structures can be retained upon ionization and trans-
fer to the gas phase.””> In combination with ion mobility
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spectrometry (IMS), which reports on the rotationally averaged
shape of ions in the gas phase, the conformational ensembles of
a number of model proteins has been investigated in detail.**>”

Modifications to the electrospray process can be used in
combination with IMS-MS measurements to determine the
thermal or chemical stability of proteins in solution. Protein
ions produced from solutions at low or high pH,*** or at high
temperatures,® have higher charges than those produced from
neutral pH or at room temperature. These experiments indicate
that the ESI charge state distribution (CSD) is a reporter on the
surface area, and hence folding state, of the protein.*"*
Importantly, because ionization occurs during the final stages
of solvent evaporation, the CSD can serve as a proxy for the
protein’s solution-state conformation at the moment of ioni-
zation, provided that the droplet composition does not contain
other species capable of altering the protein's charging
behavior.**%*

Despite its potential, the application of ESI-MS to monitor urea-
induced denaturation has been limited due to the high osmolyte
concentrations required for protein unfolding.**** Traditionally,
high-millimolar to molar concentrations of additives have been
considered incompatible with ESI, as these conditions can
suppress protein ionization and compromise spectral quality by
introducing chemical noise. These challenges primarily arise from
the excessive presence of additives in the electrospray-generated
nanodroplets, where they either compete with analytes for ioniza-
tion or form nonspecific clusters that obscure protein signals in the
resulting mass spectra.****

The use of small diameter nano-ESI (nESI) emitters has proven
effective in minimizing such matrix effects that compromise mass
spectral quality. By reducing the emitter size, conditions can be
obtained such that ESI droplets contain, on average, fewer than one
analyte of interest.***® The droplets that do contain a protein ana-
lyte also contain fewer interfering additives. This enables protein
mass spectra to be obtained even from solutions containing
>150 mM of nonvolatile salts and buffers.*>*

In this study, we leverage these recent advancements in nESI
emitter design®** to acquire protein mass spectra with
resolved charge state distributions directly from solutions
containing up to 8 M urea. Using this approach, we directly
observe the stepwise loss of native tertiary and quaternary
structures with enhanced resolution of intermediate folding
states. We demonstrate this for simple single domain proteins
which undergo two-state unfolding pathways, as well as for
multidomain proteins that display more complex unfolding
behavior and multimeric protein complexes where the stabili-
ties of individual assembly states can be tracked independently.
Comparison with conventional optical spectroscopy measure-
ments confirms that nESI-MS provides a complementary and
highly sensitive method for investigating protein unfolding and
stability.

Results and discussion
Probing proteins by nESI from molar concentrations of urea

The ability of nESI-MS to capture urea-induced protein
unfolding was explored using the small globular protein
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Fig.1 nESI-MS of myoglobin (Mb) in 200 mM ammonium acetate (pH
6.8) with (A) 0 M (B) 5 M and (C) 8 M urea. Inserts show the +8 charge
state. Heme-bound myoglobin (hMb) is highlighted in red, heme-free
(aMb) myoglobin is highlighted in grey. Signals where the ESI charge (2)
is higher than the theoretical Rayleigh charge (zg) for myoglobin (+9.8)
are indicated. (D) Proposed mechanism for the desalting effect
observed in the presence of urea.

myoglobin. Myoglobin (Mb) is an excellent model protein in
native MS, as it contains a non-covalently bound heme-group
which dissociates upon denaturation. Monitoring the relative
intensities of Mb containing (holo, hMb) and missing (apo,
aMb) the heme group in the mass spectrum can thus be used as
a sensitive reporter for denaturation.>****

Mb was analyzed on a Synapt G2-S IMS-MS instrument
(Waters Corp.), by spraying the protein in 200 mM ammonium
acetate (pH 6.8) from nESI emitters with an inner diameter of
approximately 1 pm. Instrument conditions were tuned to
minimize gas-phase protein unfolding and heme dissociation.
This yielded a narrow charge state distribution of predomi-
nantly hMb, centered around the +8 charge state (Fig. 1A),
which is in agreement with prior native mass spectra acquired
on this protein.*

© 2025 The Author(s). Published by the Royal Society of Chemistry
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Addition of increasing amounts of urea resulted in a clear
shift towards the apo form, as well as a shift towards higher
charge states (Fig. 1B and C). Such shifts towards higher ESI
charge states are indicative of a loss of compact tertiary struc-
ture in solution as ESI charge correlates with protein solvent
accessible surface area in the electrospray droplet.*” In general,
charge states exceeding the Rayleigh charge (zg) of the protein,
such as those observed for Mb between 600 and 1600 m/z at 8 M
urea, are formed from extended and unfolded conformations.

By contrast, the ion mobility arrival time distributions for
Mb change only marginally with increasing urea concentration,
both for aMb and hMb and across charge states above and
below zy (Fig. S1). This indicates that each ESI charge state
corresponds to a specific solution-state conformation, and that
denaturation mainly alters the relative abundance of these
solution-state conformations within the ensemble, rather than
their corresponding gas-phase conformation as seen by IMS.
This shift within the conformational ensemble is in turn
detected as a shift in the average charge-state of the charge-state
distribution (CSD) in the mass spectrum. The increased abun-
dance of signals above zz with higher urea concentrations
shows that the products of urea-induced unfolding can be
readily probed by nESI and followed directly from the MS data.

Remarkably, the spectral quality remained excellent even in
8 M urea, with high spray stability and low signal variability
both within and among replicates. This effect was achieved on
both the Synapt platform and a Q Exactive UHMR MS instru-
ment (Thermo Scientific) equipped with an orbitrap mass
analyser (Fig. S2). On the Q Exactive, where the ESI needle is
positioned on-axis with the MS inlet, a slight left-right needle
offset in respect to the inlet could sometimes improve spectral
quality in the presence of urea. Such needle positioning more
closely resembles the geometry of the Waters ESI source used on
the Synapt platform, where the needle is oriented at 90° relative
to the inlet, and likely reduces the amount of urea entering the
mass spectrometer.

A clear decrease in sodium adduction was even observed
upon urea addition (Fig. 1A-C, inserts). At 0 M urea, approxi-
mately 60% of the ion population consisted of sodium-
adducted species, whereas at urea concentrations of 1 M and
above, nearly all detected protein ions appeared salt-free. This
likely occurs as urea outcompetes the salts at the protein surface
prior to final desolvation from the electrospray droplet (Fig. 1D).
We tested this by measuring the mass spectrum of Mb at
physiological NaCl concentrations (150 mM) and in more bi-
ochemically relevant sodium phosphate buffers (20 mM, pH
7.5). No mass spectrum could be measured without urea, while
well resolved, although sodium adducted, Mb peaks could be
detected after addition of 1 M urea (Fig. S3), showing that urea
does have a clear desalting effect in ESI-MS of proteins. This
effect is similar to “buffer loading” strategies used to mitigate
metal ion-induced signal suppression in ESI.>* However, urea
offers the added advantage of stronger interactions with the
protein surface, enabling effective desalting and spectral
acquisition even in the presence of higher concentrations of
non-volatile salts.

© 2025 The Author(s). Published by the Royal Society of Chemistry
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Fig. 2 Normalized stability curves from ESI-MS experiments (circles)
based on changes in the average charge state or protein ions, and in
solution fluorescence (squares) monitoring the 354/338 nm emission
ratio after excitation at 280 nm. The data were normalized to enable
visual comparison between ESI-MS and fluorescence data. Normali-
zation was performed such that, within each replicate, the lowest y
value was set to 0 and the highest value to 1. (A) Stability curves for
myoglobin in 200 MM ammonium acetate pH 6.8, measured in
solution (black) and in the gas-phase by monitoring the apo/holo ratio
of the protein (red). (B) Stability curves for cytochrome ¢ in 200 mM
ammonium acetate, measured in solution (black) and in the gas-phase
by monitoring the average charge state of the protein at pH 6.8 (red)
and at pH 3 (blue).

Difficulties in ionizing proteins at urea concentrations above
3 M have previously been reported.* In those experiments, nESI
emitters were fabricated with closed tips that were manually
clipped open under a light microscope. Microscopy imaging of
emitters prepared in this manner revealed an inner diameter of
12.3 pm (Fig. S4A), approximately ten times larger than that of
the emitters used in our experiments (1.2 pm) (Fig. S4B). These
larger emitters also failed to produce well-resolved mass spectra
of Mb in 5 M urea (Fig. S4C and D). This indicates that well-
defined, small-diameter nESI emitters are essential for obtain-
ing high-quality mass spectra of proteins in the presence of
molar concentrations of urea.

Monitoring in-solution unfolding stability in the gas phase

As mass spectra could be obtained over a broad range of urea
concentrations, this allowed us to construct an unfolding curve
for Mb based on the population abundance of the apo form
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Fig. 3 nESI-MS of BSA in 200 mM ammonium acetate (pH 6.8) with (A) 0 M (B) 1 M and (C) 8 M urea. (D) Normalized stability curves from
monitoring the average charge state in gas-phase experiments (circles), and in solution fluorescence (squares) monitoring the 354/338 nm
emission ratio after excitation at 280 nm. The data were normalized to enable visual comparison between ESI-MS and fluorescence data.
Normalization was performed such that, within each replicate, the lowest y value was set to 0 and the highest value to 1. The gas-phase data is
fitted to a two-component sigmoidal function (black line). (E) Structure of BSA (pdb 3v03)” with its three domains indicated. (F) Circular
dichroism spectrum of BSA in 200 mM ammonium acetate (pH 6.8) with 0 M (black) and 1 M (red) urea. The minima at 208 and 222 nm,
characteristic for a helical structure, are marked. (G) lon mobility arrival time distribution of the +17 BSA charge state with 0 M (black) and 1 M (red)
urea. Shorter arrival times correspond to a smaller collision cross section. CIU plots of the +17 BSA charge state in (H) 0 M (I) 1 M urea. Gas-phase
unfolding is monitored as a function of applied collision voltage in the trap compartment of the mass spectrometer.

(Fig. 2A, red). Fitting of the data to a two-state model yielded
a midpoint of unfolding at 4.9 M urea. The fitted parameters
were highly reproducible across three independent replicates,
each measured on separately prepared samples on different
days (Fig. S5), with a coefficient of variation of 5.1% for the
unfolding midpoint. The obtained midpoint is also in excellent
agreement with data obtained in solution under identical
sample conditions, by monitoring tryptophan fluorescence, also
yielding an unfolding midpoint at 4.9 M urea (Fig. 24, black).
The average ESI charge of Mb increased from +8.5 (0.87 z) at
0 M urea to +13.8 (1.4 zg) at 8 M. A sigmoidal fit of the total
charge state distribution (CSD) for Mb at different urea
concentrations reproduces the curve obtained by following
heme dissociation (Fig. S6A), indicating that high concentra-
tions of urea do not affect the charging during ESI. Further-
more, monitoring the CSD enabled us to resolve the individual
stabilities of the apo and holo forms of Mb. We found that aMb
displays a sharp unfolding transition at 4 M urea, which is the
onset of heme dissociation, while the holo form remains in
a compact conformation at all urea concentrations where it is

Chem. Sci.

observed (Fig. S6B). This illustrates that the loss of heme
binding greatly destabilizes Mb.

It should however be noted that ~30% of aMb remains as
low charged states, with an ESI charge lower than the theoret-
ical zz for myoglobin (+9.8), upon reaching the post-transition
phase of the unfolding curve (Fig. 1C and S7A-B). This indi-
cates that the folding equilibrium at 8 M urea is not fully shifted
towards the globally unfolded state, as is observed in the mass
spectrum of acid denatured Mb (Fig. S7C). Such direct infor-
mation on the conformational ensemble is not obtainable by
typical spectroscopic methods, where the post-transition phase
is often interpreted as the fully unfolded state.’ Similar levels of
compact species have been observed in the gas phase for model
proteins at elevated temperatures, suggesting that native-like
structures may be more stable than standard ensemble-
averaging methods imply.**

As we observe that the ESI charging mechanism is not
affected by the presence of urea (i.e. charge reduction or
supercharging), this MS-based approach should be broadly
applicable also to proteins lacking non-covalently bound

© 2025 The Author(s). Published by the Royal Society of Chemistry
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cofactors. Therefore, we next tested the method on cytochrome
¢ (Cyt ¢), a small globular protein with a covalently bound heme
group. Compared to Mb, Cyt ¢ exhibited significantly greater
stability, with the onset of unfolding detected only at urea
concentrations above 6 M, as determined by both mass spec-
trometry (Fig. 2B, red) and fluorescence spectroscopy (Fig. 2B,
black).

Variable temperature ESI experiments have shown that Cyt ¢
can be greatly destabilized by a drop in pH.** When acidifying
Cyt ¢ to pH 3, the CSD shifts to higher charge states while still
populating compact states close to zi (Fig. S8A). This is in
agreement with a molten globule state, which has also been
previously reported for Cyt ¢ at low pH.** Addition of increasing
amounts of urea shows that this molten globule form displays
significantly lower folding stability compared to the native state
populated at neutral pH (Fig. 2B, blue). The lower pH also
induces formation of dimeric and trimeric states (Fig. S8A),
which has been attributed to domain-swapping under these
non-native conditions.®® Mass spectrometric detection here
allows us to simultaneously follow the unfolding of these mis-
folded monomers and dimers (Fig. S8B), which is not typically
possible using solution-phase ensemble-averaging techniques.

Detection of a partially folded intermediate by MS

While small single domain proteins, such as Mb and Cyt ¢, often
unfold by a simple two-state mechanism, other proteins are
known to populate intermediate states during unfolding.’”**
This is especially common for larger multidomain proteins.***
As ESI-MS reports on the entire protein ensemble and not on its
average properties, such intermediates should be observable
even if they only populate a small percentage of the protein
ensemble, or if they represent a minor shift in protein confor-
mation.® This was explored using bovine serum albumin (BSA),
which consists of three domains, by acquiring mass spectra in
200 mM ammonium acetate (pH 6.8) and urea concentrations
between 0 and 8 M.

Mass spectra of BSA acquired from 0 M urea indicate a fully
folded monomer ensemble with a narrow CSD with an average
charge of +15.7 (0.82 zg) (Fig. 3A). Increasing the urea concen-
tration led to a gradual shift of the CSD towards higher charge
states. Low urea concentrations widen the CSD slightly and shift
it to an average charge of +18.5 (0.97 zg) (Fig. 3B), similar to the
molten state observed for cytochrome ¢ at low pH. Increasing
the urea concentration further leads to a wide and highly
charged distribution, with an average charge state of +32 (1.7
zg), indicative of a globally unfolded state (Fig. 3C).

Each urea concentration was measured in independent
duplicates, yielding highly consistent charge state distributions.
Fitting of the average charge states of BSA to a two-component
sigmoidal model shows that the first unfolding transition
occurs at a transition midpoint of 0.33 M urea. This state is
stable until the second unfolding event with a transition
midpoint of 3.4 M (Fig. 3D, red). The presence of a stable
plateau phase between 0.5 and 2 M urea is directly indicative of
an unfolding intermediate. This intermediate structure cannot
be clearly detected by solution-state fluorescence, which shows

© 2025 The Author(s). Published by the Royal Society of Chemistry
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a distinct increase only during the second unfolding transition
(Fig. 3D, grey). However, subtle baseline shifts at lower urea
concentrations may indicate conformational changes.

This unfolding intermediate may arise due to partial
unfolding of one of the domains in BSA. The three domains (I-
III) (Fig. 3E) are structurally homologous but differ in stability,
with domain III being the least stable.®® Structural rearrange-
ments in domain III have been observed at low osmolyte
concentrations, and a hydrophobic binding site between the
domains becomes accessible under mild denaturation condi-
tions.* Therefore, it is likely that the minor transition observed
by nESI-MS at 0.33 M urea corresponds to a slight expansion of
the space between domains.

Circular dichroism (CD) spectroscopy reveals no significant
change in secondary structure at low urea concentrations, as
BSA retains a predominantly o-helical conformation with
characteristic minima at 208 and 222 nm (Fig. 3F). Instead, CD
only reports a major transition corresponding to the second
unfolding event (Fig. S9). These findings suggest that the
protein remains largely folded at the domain level during the
first transition, while possibly losing tertiary interdomain
contacts. In contrast, the second transition reflects a more
extensive unfolding process in which intradomain structures
are disrupted, leading to a fully unstructured and extended
conformation.

To probe the structure and stability of the intermediate state
we next employed ion mobility spectrometry (IMS). For the +17
charge state, a slight compaction of 144 A% could be observed in
the arrival time distribution, yielding a collision cross-section
(CCS) that corresponds to 97% of the value measured for the
native-like ion in the absence of urea (Fig. 3G). Such gas-phase
compaction is known to occur for unstructured protein
regions,* and could here be due to the dehydration and partial
collapse of a swollen structure with disrupted interdomain
contacts. Collisional activation within the mass spectrometer
leads to a slow heating of the protein, inducing unfolding
events that are detectable by IMS.*® By monitoring changes in
ion mobility as a function of stepwise increases in activation
energy, collision-induced unfolding (CIU) plots can be con-
structed, which provide insights into the kinetic stability of the
protein ion.***® This approach is conceptually analogous to
probing stability by increasing temperature, which can be
employed in solution to probe the melting-temperature of
proteins at varying concentrations of urea.® In the absence of
solvent, the gas-phase stability of ions against CIU reflects the
strength of intramolecular electrostatic interactions, including
those between domains. It has been proposed that the number
of CIU transitions correlates with the number of structural
domains in a protein, allowing CIU to resolve sequential
domain unfolding.”

In the absence of urea, activation of the +17 charge state of
BSA results in a two-step unfolding process (CIUs, = 34.5 V and
CIUs, = 47.5 V), producing extended gas-phase conformations
(Fig. 3H and S10A). Upon addition of 1 M urea, under condi-
tions where the intermediate structure is formed, a destabiliza-
tion of the initial fold is observed. The first unfolding transition
occurs at lower activation energies (CIUs, = 24.7 V) and leads to
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Fig. 4 Monitoring ligand dissociation and unfolding of carbonic
anhydrase | (CA). (A) The Zn?*-bound holo state and the Zn?*-free apo
state are clearly detectable in the mass spectrum of CA. At 0 M urea
(black) the protein populates lower charge states, and CA is detected
only inits holo state. At 8 M urea (red) the CSD is shifted towards higher
charge states and the apo state emerges, especially at higher charge
states. (B) Unfolding curves for holo CA (black) and apo CA (red)
constructed from fitting the CSD of the two protein forms. Charge
states higher than the Rayleigh charge for CA (thus representing
extended unfolded states) are marked in grey. The data points are
fitted to sigmoidals. Note that the first unfolding transition for holo CA
is not fitted, as not enough data points are available. (C) Relative
population of the apo state. The apo state starts to become populated
after the second unfolding transition of the holo form.

the formation of intermediate gas-phase structures not detected
in the absence of urea (Fig. 3I and S10B). Higher amounts of
activation lead to formation of extended structures with arrival
times identical to those observed without urea. These results
support the hypothesis that low concentrations of urea perturb
interdomain contacts, lowering the energetic barrier for the
initial unfolding transition.

Modulating multi-step unfolding by ligand binding

The ability to distinguish different forms of a protein in the
mass spectrum also opens the possibility to simultaneously
follow the unfolding of proteins with and without a non-
covalent ligand. This, in turn, allows for direct detection of
how ligand binding influences protein stability and shift
unfolding pathways. To explore this, we applied our method to
human carbonic anhydrase I (CA), a protein that tightly coor-
dinates a catalytically important Zn>" ion in its active site. As the
detection of low-molecular-weight ligand binding to proteins
benefits greatly from increased MS resolution, we here

Chem. Sci.

View Article Online

Edge Article

employed a Q Exactive high-resolution mass spectrometer to
demonstrate these capabilities.

In the mass spectrum, the holo and apo forms of CA are
clearly distinguishable, with the apo state emerging upon urea
addition, particularly for higher charge states (Fig. 4A). We
fitted the CSDs of the holo and apo forms separately to generate
unfolding curves for each form (Fig. 4B). In the absence of urea,
CA is detected exclusively in its fully zinc-bound holo state,
exhibiting an average charge of +9.2 (0.73 zy). Urea addition
induces formation of a fully Zn-bound intermediate with an
average charge of +11.8 (0.94 zg), which in turn undergoes an
additional conformational transition at a midpoint of 2.2 M
urea (Fig. 4B, black). This transition is followed by a marked
increase in the population of the zinc-free apo form (Fig. 4C),
which also displays a significantly higher average charge state of
+ 18.6 (1.48 zx) compared to the holo state. This behaviour
differs notably from that of Mb, where the aMb form appears at
the onset of unfolding. In contrast, the apo form of CA only
emerges following two distinct unfolding transitions. This likely
reflects the buried nature of the Zn>" binding site in CA,
requiring partial unfolding for metal ion dissociation to occur.

Following the second unfolding transition, the apo and holo
forms of CA are present at approximately equal abundance
(Fig. 4C) but exhibit differing stability profiles. The apo form
continues to unfold, with a transition midpoint at 4.5 M urea,
reaching a highly extended conformation with an average
charge state of + 21.4 (1.7 zg). In contrast, the holo form shows
greater resistance to further unfolding, transitioning at 5.7 M
urea to a more extended state (average charge: +18.1, 1.4 zg).

These findings demonstrate that ESI-MS can directly track
the sequence of ligand dissociation and protein unfolding,
revealing how ligand binding or release modulates the unfold-
ing landscape of proteins. Such detailed, state-resolved infor-
mation about ligand dissociation and conformational
transitions would be challenging to obtain from in-solution
spectroscopy experiments.

Tracking multimer unfolding and disassembly

IMS-MS enables urea-induced unfolding experiments of
complex protein systems where multiple assembly states coexist
alongside significant conformational heterogeneity. One such
system is the hormonal peptide insulin, which is active in its
monomeric form but is stored in a hexameric state in the
presence of Zn>*.”* Depending on solution state conditions,
insulin is also known to form nonspecific oligomers, and to
aggregate into large amyloid fibrils.”>”?

When analysed by nESI-MS under Zn**-loaded conditions,
insulin is detected as a mixture of monomers (M) and hexamers
(H). Titration of urea into the Zn-bound insulin sample results
in a slight CSD shift of the hexamer toward higher charge states,
which indicates partial unfolding (Fig. 5A). This conformational
change coincides with the appearance of smaller oligomeric
species, including trimers (T) and tetramers (Q) (Fig. 5A,
orange). Pentameric species are completely absent, which
suggests that the observed subcomplexes are of solution-state
origin rather than products of gas-phase dissociation.

© 2025 The Author(s). Published by the Royal Society of Chemistry
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Collision induced dissociation of a destabilized insulin hexa-
mer would be expected to produce primarily pentamers and
monomers.” We can also assume from this lack of pentamers
in the mass spectrum that urea-induced dissociation of insulin
proceeds via specific, non-random disassembly pathways in
solution. As urea concentration increases, the relative abun-
dance of the smaller oligomers rises as the hexamer signal
intensity decreases. Additionally, the relative abundance of
Zn**-adducted trimers and tetramers increases with rising urea
concentration (Fig. S11), indicating that Zn**-bound insulin
multimers are more stable than their metal-free counterparts.

By fitting the CSDs of the hexamer and monomer pop-
ulations, unfolding curves for both assembly states can be
extracted from the same dataset (Fig. 5B). These curves reveal
that the hexamer undergoes an initial, steep cooperative
unfolding transition with a midpoint at 0.3 M urea, reaching an
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Fig. 5 (A) nESI-MS of Zn?*-loaded insulin in 200 mM
ammonium acetate (pH 6.8) in increasing amounts of urea. H = hexa-
mer, Q = tetramer, T = trimer. (B) Normalized stability curves

from monitoring the average charge state in gas-phase experiments
of insulin hexamer (red circles) and monomers (grey circles). Data is
fitted to sigmoidal functions (lines).
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average charge state of +11 (0.80 zg). This is followed by a much
more gradual unfolding of the monomer with a transition
midpoint at 1.1 M urea, resulting in an average monomer
charge of 4.1 (0.73 zg) at the plateau phase. Notably, neither
assembly state reaches charge states near zz, suggesting that
even the unfolded forms remain relatively compact. This
compactness is likely maintained by the presence of three
intramolecular disulfide bonds in each insulin monomer,
which greatly restrict chain expansion during denaturation.

Interpretation of oligomeric species in mass spectra can be
complicated by signal overlap in the m/z dimension. For
example, an oligomer n with charge z can appear at the same m/
z as an oligomer 2n with charge 2z. IMS offers a solution by
providing orthogonal separation of ions based on their CCS. In
the case of insulin, the +3 monomer and the +6 dimer overlap in
m/z but are clearly resolved in the IMS dimension (Fig. 6A). As
urea concentration increases, the relative intensities of the
monomer and dimer peaks shift in the arrival time distribu-
tions (Fig. 6B). In the absence of urea, the dimeric peak is
approximately twice as intense as the monomeric peak. Upon
urea titration, dimer abundance increases, peaking around 1 M
urea, coinciding with the complete unfolding of the hexamer.
Beyond this point, dimer abundance decreases as the monomer
population rises, eventually becoming the dominant species as
the monomer unfolds fully above 5 M urea.

A

n/z=1/3

1934 1936 1938 1940

0 5 10 15
Arrival time (ms)

Dimer/monomer ratio

[Urea] (M)

Fig. 6 The +3 monomer and +6 dimer overlap in the n/z = 1/3 signal
in the mass spectrum but can be resolved in the arrival
time distribution of the ion mobility dimension. (A) Arrival time distri-
bution for n/z = 1/3 at increasing urea concentrations. (B) Dimer/
monomer ratio of the arrival time distribution in panel A. Scatter point
colours correspond to the same colours in panel A. Data is fitted to
a double exponential function (black line).
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These findings suggest a stepwise dissociation pathway for
insulin in the presence of urea: the structured hexamer
undergoes a conformational change and dissociates into
smaller oligomers, which then further dissociate into compact,
partially unfolded monomers at high urea concentration. Such
detailed tracking of successive dissociation and unfolding
events is not possible with in-solution spectroscopy techniques,
which inherently average over coexisting species.

It has been found that the rate of insulin aggregation dras-
tically increased between 0 and 2 M urea due to an increased
population of partially unfolded monomers.” Excellent agree-
ment is found between our data on hexamer dissociation,
monomer unfolding, and these literature values on insulin
aggregation rates (Fig. S12). Together, these results demon-
strate that native IMS-MS, when combined with controlled
chemical denaturation, provides a powerful platform for di-
ssecting protein structural rearrangements. This approach not
only captures intermediate states that are invisible to ensemble-
averaging techniques but can also link structural dynamics to
functional outcomes such as protein aggregation.

Conclusions

We demonstrate that urea-induced unfolding, a well-
established method in biochemistry for studying protein
stability, can be effectively and readily coupled with ESI-MS.
This work adds to the growing suite of adaptations that
extend ESI-MS to structural studies under more standard
biochemical conditions. Other developments in this area
include the use of non-volatile buffers,*>*” direct analysis of
proteins from unpurified cell lysates,”*”” and temperature
induced unfolding experiments in solution.****”® However,
while thermal denaturation provides a straightforward way to
induce unfolding, it is often limited by rapid protein aggrega-
tion above the melting temperature.® In contrast, urea-induced
denaturation is frequently more reversible and avoids this
limitation, allowing unfolding to be accurately monitored even
for proteins prone to aggregate at high temperature, such as
BSA, or in some solution environments, such as insulin.

We show that the charge state distribution serves as
a sensitive reporter of urea-dependent changes in protein
conformation in solution. These changes can be reliably tracked
on a Synapt QTOF, an Orbitrap Q Exactive, and in principle any
mass spectrometer equipped with a nESI source. While ion
mobility is not required to follow conformational changes upon
unfolding, it does provide orthogonal separation of overlapping
signals of proteins with multiple assembly states and enables
probing of the kinetic stability of urea-destabilized states
through CIU experiments.

This approach further bridges the fields of analytical chem-
istry and life science by using standard sample conditions
commonly employed in traditional biochemistry and
biophysics, offering a valuable tool for ensemble-resolved
studies of protein folding and unfolding. It provides struc-
tural insights into both conformational and assembly inter-
mediates at low micromolar protein concentrations and does
not require high sample purity, fluorescent amino acids, or any
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type of protein labeling. Additionally, the sample volume
needed for a single data point in an unfolding curve is 10-50
times smaller than what is needed for condensed-phase
spectroscopy.

We also find that the quality of the nESI emitters is critical
for obtaining high-quality mass spectra at high urea concen-
trations. The emitters used in this work are approximately ten
times smaller than those used in earlier studies combining urea
with ESI-MS, though not as small as the emitters typically
employed for ionization from non-volatile salt solutions. Such
submicron emitters could potentially improve performance
further and could possibly extend the method to less volatile
osmolytes such as guanidinium chloride. However, submicron
emitters also pose practical challenges, including more difficult
sample loading, increased chances of clogging, and reduced
spray stability.

Taken together, these results highlight the flexibility of using
nESI-MS to study protein stability in the presence of urea. By
combining structural detail with low sample requirements and
compatibility with standard biochemical conditions, and
without requiring specialized electrospray sources, this method
creates new possibilities for exploring folding pathways across
a broad range of proteins, including those difficult to analyse
with traditional techniques.
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