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electrostatic interactions with lipid membranes†
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Nucleic acids and lipids function in close proximity in biological processes, as well as in nanoengineered

constructs for therapeutic applications. As both molecules carry a rich charge profile, and frequently

coexist in complex ionic solutions, the electrostatics surely play a pivotal role in interactions between

them. Here we discuss how each component of a DNA/ion/lipid system determines its electrostatic

attachment. We examine membrane binding of a library of DNA molecules varying from nanoengineered

DNA origami through plasmids to short DNA domains, demonstrating the interplay between the mole-

cular structure of the nucleic acid and the phase of lipid bilayers. Furthermore, the magnitude of DNA/

lipid interactions is tuned by varying the concentration of magnesium ions in the physiologically relevant

range. Notably, we observe that the structural and mechanical properties of DNA are critical in determin-

ing its attachment to lipid bilayers and demonstrate that binding is correlated positively with the size, and

negatively with the flexibility of the nucleic acid. The findings are utilized in a proof-of-concept compari-

son of membrane interactions of two DNA origami designs – potential nanotherapeutic platforms –

showing how the results can have a direct impact on the choice of DNA geometry for biotechnological

applications.

Introduction

Nucleic acids and lipids are crucial components of every cell,
and are abundant in every biological environment. Many
research endeavours focus on exploring the relationship
between them. Primarily, interactions between DNA and lipids
are crucial in biomedical constructs, with lipofection-based
delivery of DNA vaccines1–3 standing out as a particularly sig-
nificant example. In such formulations, nucleic acids form
complexes with cationic lipids,4,5 although their interactions
with natural lipid mixtures have also been observed.

Specifically, it has been suggested that DNA/lipid binding
plays a role in vivo, being responsible for the formation of a
nuclear pore.6,7 Finally, the understanding of these inter-
actions contributes to the development of novel biomaterials,
particularly in DNA nanotechnology, aiming to construct DNA-
based mimics of membrane proteins8–11 or active membrane
signalling platforms.12,13

DNA/lipid interactions are most frequently studied where
DNA is chemically modified either with a hydrophobic moiety,
ensuring its attachment to lipid bilayers,8,14–16 or by incorpor-
ating cationic lipids to provide electrostatic attraction with
negatively-charged nucleic acids.4,17 Neither of these scenarios
is representative of DNA and lipids found in biological
environments. Therefore, a complete understanding of the
emergence and relevance of interactions between nucleic acids
and lipids is still lacking.

In particular, such interactions are strongly guided by
electrostatic phenomena, as DNA carries a negative charge in
the form of phosphates (PO4

−), and the known library of cellu-
lar lipids displays a wide range of charge profiles: from lipids
with negatively charged headgroups18 to zwitterionic species.19

The latter are the most frequent components of cell mem-
branes,20 and more specifically phosphatidylcholines are a
major building block of cellular lipid bilayers,20,21 carrying a
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positively-charged choline and a negatively-charged phosphate
group – the latter is identical to the one found in the DNA
backbone. Particularly in view of complex ionic compositions
of physiological fluids,22–24 understanding the interplay
between this network of charges is crucial for fully unravelling
the mechanisms behind biological functions of cells, and
implementing DNA-based nanomaterials in biomedical
research.

When unmodified DNA and phospholipids are incubated
together in the presence of divalent cations, e.g., Mg2+, the
ions provide electrostatic bridges between phosphate groups,
leading to DNA/lipid binding.25,26 This bridging phenomenon
is based on a multivalent effect, where multiple connections
(cation bridges) allow for a stable attachment. Such multi-
valent processes are often defined through the valency
(number of bridges),27,28 and also flexibility of the binding
pair.29,30 The latter in particular is a relevant parameter to
study, in view of the wide range of mechanical properties
exhibited by both native31 and engineered32 DNA nano-
structures. By analysing the electrostatics-based DNA/lipid
interactions in the context of multivalent processes, we realize
that parameters related to all three components, i.e., lipids,
DNA and bridging ions, are responsible for the formation and
stability of the attachment.

In this work, we particularly focus on the nucleic acid struc-
ture, using the unique tunability of the DNA structural and
mechanical properties. With initial microscopy observations,
we identify two DNA parameters whose interplay is crucial in
guiding the electrostatic interactions with lipids: its flexibility
and size. We combine the results from confocal microscopy
imaging and zeta (ζ) potential measurements to further under-
stand the effects of each component on the interaction
balance of lipids/ions/DNA. By manipulating the mechanical
properties and structural geometry, we can unravel their
effects on the described interactions, better understand the

relations between these molecules commonly found together
in biological environments, and find novel control mecha-
nisms for DNA-based nanotherapeutics interacting with cellu-
lar membranes.

Results

Attachment of DNA to lipid bilayers is most often achieved
either by modifying nucleic acid strands with hydrophobic
moieties8,14,15,33 or by creating formulations involving posi-
tively-charged – cationic – lipids.4,17 Here, we analysed binding
between DNA and lipid bilayers as they are mostly found in
biological environments: unmodified nucleic acids and
zwitterionic lipids. In this scenario, interactions are domi-
nated by the electrostatic properties of the molecules, where
negatively-charged phosphates on DNA and on lipid head-
groups are bridged by positively-charged, divalent ions
(Fig. 1a). Regarding the binding as a multivalent process, we
identified two key groups of parameters that affect this attach-
ment: mechanical parameters, like the lipid bilayer phase or
DNA flexibility, and valency parameters, determining the
number of connections formed, like the size of the DNA con-
struct or the number of bridging ions. Interplay between them
determines local variations in binding kinetics and surface
concentration, thus affecting the observed DNA attachment to
lipid membranes.

Primarily, this work centres on studying the role of the DNA
structural design in electrostatic interactions with zwitterionic
lipids. Our initial microscopy observations of various fluores-
cently-labelled DNA structures coating the surface of lipid vesi-
cles are shown in Fig. 1b. Lipid vesicles in either gel (DPPC) or
liquid (DOPC) phase were incubated with three large con-
structs based on a long (7560 nt) scaffold: DNA origami, long
double-stranded (ds)DNA and long single-stranded (ss)DNA,

Fig. 1 The effects of divalent cation bridging between DNA and zwitterionic lipids vary with the DNA design. (a) Negatively charged phosphates of
the DNA backbone and lipid headgroups are electrostatically bridged with divalent cations, which manifests as DNA binding to the lipid membrane.
Parameters related to each component (DNA, ions, lipids) will affect the binding process. (b) Representative micrographs of DNA structures interact-
ing with DPPC (gel phase) and DOPC (liquid phase) lipid vesicles in the presence of 12 or 1 mM MgCl2, for DNA origami and the other structures,
respectively. The panel represents qualitative comparison; only the intensities for large constructs (DNA origami, long ds/ssDNA) can be compared
between the gel and liquid phases. Large constructs are modified with six, while small ones with one Cy5 label. Scale bars: 10 µm.
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and two smaller structures: 20 bp dsDNA and 40 nt ssDNA.
This first qualitative comparison demonstrated big disparities
between DNA constructs. Noticeably, even though we pre-
viously observed no binding of dsDNA to lipids in the liquid
phase,26 here we observed that large DNA structures provide
coating of the DOPC vesicles’ surface – particularly in the case
of relatively rigid DNA origami. Thus, high-valency constructs
based on the long DNA scaffold all bind to liquid phase
bilayers, although only a faint binding of long ssDNA is
observed, in both lipid phases. On the other hand, short
ssDNA showed no clear attachment even in the gel phase, indi-
cating that its small size is an important factor determining
the lipid interactions. Following these initial observations, we
hypothesize that the structural (size) and mechanical (flexi-
bility) properties of DNA are crucial in determining binding.
The results presented in Fig. 1b clearly demonstrate not only
the effects of DNA design, but also a major role played by the
bilayer structure in guiding the electrostatic binding of DNA,
agreeing with our previous report.26 We have also previously
explored the effects of ion identity on this phenomenon. In
particular, while monovalent cations are unable to bridge
negative phosphates, they can compete with divalent cations

and suppress bridging at sufficiently high concentrations.14,26,34,35

Here, we further expand our insights into the role of ions, par-
ticularly Mg2+, deepening our understanding on how cations
influence DNA/lipid attachment in the context of structural
variations.

Ions’ concentration and valency determine electrostatic DNA/
lipid interactions

We have focused our research on the ion most often intro-
duced when working with DNA-based systems: Mg2+, included
at a concentration range between 0 and 4 mM, spanning the
physiologically-relevant values in serum: [0.75, 1.25] mM.36

When zwitterionic DMPC vesicles were incubated with increas-
ing concentrations of MgCl2, we observed their ζ potential
increasing from negative values to positive ones (Fig. 2a).
Having confirmed that positively charged Mg2+ ions interact
with lipid bilayers, we incubated dsDNA (40 bp) with increas-
ing magnesium concentrations (Fig. 2b). As the vesicles were
cooled down below their transition temperature (Tm ≈ 24 °C,
see Fig. S1†), a drop in their ζ potential was observed in the
presence of DNA. We interpret this change as a result of the
attachment of negatively charged duplexes to the lipid bilayer

Fig. 2 The electrostatic bridging between DNA (40 bp dsDNA) and lipids is determined by the concentration and valency of ions. (a) ζ potential
measurements of DMPC vesicles as a function of the MgCl2 concentration, measured for the gel (15 °C) and liquid (35 °C) phases. (b) ζ potential
measurements of DNA incubated with DMPC vesicles show an increasingly negative change when transitioning between the liquid and gel phases
(Δζ = ζliquid − ζgel) at increasing Mg2+ concentrations, suggesting an increased attachment of negatively charged DNA. For all ζ measurements, error
bars represent standard deviation from three measurements, each consisting of at least 15 runs. Dashed line represents an exponential fit. (c)
Quantitative analysis of DNA attachment to DPPC lipid bilayers, observed as a fluorescence signal around vesicles (as in Fig. 1b), plotted against Mg2+

concentration. Box plots represent values measured from at least 80 vesicles (details in Table S2†). (d) PAGE analysis demonstrates that the effects of
Mg2+ concentration on the yield of folding of a 40 bp DNA duplex are negligible (further analysis in Fig. S2†). (e) Representative micrographs demon-
strate the effects of ion valency on the DNA/lipid binding; images show Cy5-labelled dsDNA incubated with DPPC vesicles at room temperature.
Concentration of respective ions is stated below each image. Scale bars: 5 µm.
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as it transitioned from the liquid to gel phase. Changes in the
ζ potential of the vesicles (Δζ = ζliquid − ζgel) with increasing
Mg2+ content are shown to be closely correlated with the
observed attachment of DNA: at higher [Mg2+], a drop towards
more negative ζ potential values is observed, suggesting that
with a higher number of cations more DNA is able to bind to
the vesicle’s surface. Similarly, attachment of fluorescently-
labelled dsDNA to DPPC bilayers was observed to increase as
the structures were incubated with increasing MgCl2 concen-
trations. The distributions of coating intensities observed by
confocal microscopy are shown in Fig. 2c.

As the structural integrity of dsDNA depends on the ionic
composition of the surrounding medium, we wanted to
exclude the possibility that DNA structures could unfold at
lower [Mg2+], leaving solely non-binding single strands
(Fig. 1b), which could account for the observed changes in the
magnitude of binding. PAGE analysis of duplexes folded in
respective MgCl2 buffers shows that their effects on the stabi-
lity of the double strands are negligible (Fig. 2d and Fig. S2†).
Thus, the observed changes in DNA/lipid attachment are the
result of Mg2+-dependent electrostatic binding, rather than
structural changes in the nucleic acid constructs.

In addition, the effects of ions on the behaviour of nucleic
acids can be related not only to the changes in their concen-
tration, but also to their valency (Fig. 2e). Since monovalent
cations (Na+) do not provide electrostatic bridges, even at
higher concentrations no DNA/lipid attachment is observed.
On the other hand, the higher valency of Al3+ could provide
stable binding. However, due to their ability to condense
nucleic acids,37 only aggregates of fluorescently-labelled
dsDNA were observed both attached and separated from the
lipid vesicles.

DNA length and flexibility determine electrostatic DNA/lipid
interactions

We have discussed the role of lipid phases and ions on the
electrostatic DNA/lipid binding. In this section, we focus our
studies on unravelling the effects of the remaining, third com-
ponent of the analysed system: the DNA structural design.
With the vastness of its potential in biomedical
applications,38–42 the tunability offered by DNA nanotechno-
logy makes it an exciting platform for understanding and con-
trolling the interactions of biomaterials with cellular lipid
membranes.

As we can observe from micrographs in Fig. 1b, the lipid
binding differs between dsDNA and ssDNA, as well as between
large and small constructs. From these findings we identify
two DNA design parameters determining the membrane
attachment: (a) The size of the DNA structure, which is a proxy
for the valency of binding; longer DNA strands carry more
phosphates, thus providing more binding sites (assuming an
excess of mediating cations). (b) The flexibility of the DNA con-
struct, which influences the entropic penalty of binding; more
flexibility of the structure in solution indicates higher loss of
degrees of freedom during binding to the surface.29 Here, we
aim to comprehensively unravel binding dependency on these

two parameters, and better characterize the interplay between
them. Which one, size or flexibility, should be prioritized
when designing lipid-interacting DNA constructs?

With this goal in mind, we have designed a library of linear
nanostructures, as presented schematically in Fig. 3a. The con-
structs vary in length (20, 40, and 60 bp), determining the
valency of binding. In turn, flexibility was modulated by intro-
ducing single-stranded domains between 20 bp double-
stranded segments in the structures based on a single long
strand. With their lesser rigidity, the ssDNA parts act as flex-
ible linkers for the rigid binding dsDNA domains, and we
assume that their interactions with lipids are negligible com-
pared with those of dsDNA (see Fig. 1b and Fig. S3†). In order
to quantitatively represent the concept of conformational flexi-
bility considered here, we collected end-to-end distances
measured for each construct using coarse-grained oxDNA
simulations, and observed the width of their distributions, pre-
sented in Fig. 3b, as an indication of the conformational flexi-
bility of the structures. Fig. 3d–f additionally illustrate the flexi-
bility of nanostructures, mapping their root mean square fluc-
tuations (RMSF) on the coarse-grained model of linear DNA.
The simulations confirm that with longer ssDNA linkers the
constructs can be treated as more flexible.

The designed structures were folded and PAGE-analysed
(Fig. 3c), and their Mg2+-mediated attachment to lipids was
assessed with ζ potential measurements (Fig. 3g–i) and by con-
focal microscopy (Fig. 3j–l). Note that the ζ potential values are
influenced by two factors: the number of bound duplexes and
the charge they carry. For example, even though microscopy
suggests similar attachment of duplexes of 40 bp (==) and 40
bp + 20 nt (==−), the additional charge of 20 nt carried by the
latter results in a bigger ζ potential drop. Additionally, in ζ

potential measurements, small unilamellar vesicles (SUVs)
with a diameter of 100 nm are used, and the higher curvature
that this vesicle size implies might pose an additional factor
influencing changes in binding: the attachment of smaller
constructs could be favoured, as they will induce less stress on
the curvature of the membrane. Thus, microscopy imaging of
structures labelled with the same number of fluorophores
binding to giant unilamellar vesicles (GUVs) with an effectively
“flat” membrane surface on the scale of the used linear con-
structs is a more direct way to make conclusions about DNA
binding, while its good agreement with the trends observed
with ζ potential measurements provides an additional confir-
mation of the observed behaviours.

Taking this notion into account, we conclude that the
results from both experimental techniques are in good agree-
ment. Furthermore, the initial analysis instantly confirms our
hypothesis: DNA/lipid binding depends on the size and flexi-
bility of DNA. As the length of the duplexes increases (Fig. 3d),
more binding sites (more phosphates) lead to more stable and
stronger binding, observed as a larger shift of ζ potential
towards negative values (Fig. 3g) and a higher intensity of fluo-
rescent coating on the vesicles observed under the confocal
microscope (Fig. 3j). On the other hand, the structure of
higher flexibility (Fig. 3e) loses more degrees of freedom as a
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result of surface binding, shifting the rebinding kinetics and
affecting the local surface concentration of attached strands.
Thus flexibility leads to less favourable and weaker attachment,
observed as a smaller decrease of ζ potential values (Fig. 3h)
and a lower intensity of vesicle coating (Fig. 3k). We can
present this as a general concept, where the level of binding is
correlated positively with size (valency) and negatively with the
flexibility of the nucleic acid.

Often, the differences between designs are a combination
of both these parameters. In Fig. 3f, we have shown a set of
structures formed by various configurations of the 20 bp
double-stranded domain, with the corresponding ζ potential
measurements and the fluorescence imaging results summar-
ized in panels Fig. 3i and l, respectively. The continuous
duplex of 40 bp was compared with designs based on the 60 nt
strand, with two 20 bp parts either adjacent to each other
(==−)or separated by 20 nt-long ssDNA (=–=). While the
obtained results, particularly the more reliable quantification
of microscopy observations (Fig. 3l), suggest that the ==−
structure binds similarly to the continuous 40 bp duplex, the
more flexible =−= design shows reduced binding, near the
values obtained for a single 20 bp domain. However, despite
significant differences in the mechanical properties between

them, the two designs do not reach the level of differences
obtained when changing the length of constructs (e.g., 20 vs.
40 bp). We thus observe that valency plays a big role in deter-
mining DNA/lipid attachment, and is likely the more dominat-
ing one among the two factors in guiding the cation-mediated
bridging.

The interplay between DNA size and flexibility determines
lipid binding of DNA origami constructs

The results presented in the previous section suggest that
while flexibility has a clear impact on the Mg2+-mediated
binding of dsDNA to zwitterionic lipids, valency plays a more
dominant role in determining the attachment. We examined
whether we can apply these findings to more complex struc-
tures to program their relative binding efficiency.

To this end, we introduced two DNA origami designs: a
large, single-layer plate based on a square lattice43,44 (Fig. 4a)
and a smaller disk built on a hexagonal lattice45 (Fig. 4b). Both
structures have been published before, and their use as poten-
tial nanotherapeutics has been highlighted in the scientific
literature.12,46 With similar molecular weight, the two main
differences in their structures are: (I) the plate has a higher
number of phosphates available for surface binding than the

Fig. 3 Varying the DNA design affects the magnitude of its binding to lipid bilayers (gel phase) in the presence of MgCl2. (a) Schematic overview of
the library of linear DNA constructs. Single-stranded regions are highlighted in red. (b) Violin plots of end-to-end distances between dsDNA regions
obtained from coarse-grained simulations. The semi-transparent plot for the third structure (==−) represents the distance between the double and
single-stranded termini of the nanostructure. (c) PAGE analysis of the Cy5-labelled duplexes. (d–f ) Last frames from coarse-grained simulations of
DNA structures, mapping their root-mean-square-fluctuations (RMSF). (g–i) Changes in ζ potential when transitioning between the liquid and gel
phases (defined as in Fig. 2b) for the library of duplexes. Measurements were performed in 2 mM Mg2+. Error bars represent standard deviation from
at least three measurements, each consisting of at least 15 runs. ( j–l) Fluorescence signal observed around DPPC vesicles under the confocal micro-
scope, indicating attachment of Cy5-labelled duplexes. Imaging was performed in 1 mM Mg2+. Box plots represent values measured from at least
200 vesicles (details in Table S3†).
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disk (≈3.5× more). This is caused not only by the surface area
of the plate being larger than that of the disk, but also by the
cross-sections that determine which DNA helices are in
immediate contact with the surface. The square lattice of a
plate results in a higher number of phosphates in the proxi-
mity to a lipid bilayer than the hexagonal-lattice of a disk, as is
highlighted in Fig. 4a and b. (II) The single-layered, large plate
is more flexible than the compact disk with a honeycomb
cross-section, as indicated by the ranges of RMSF predicted
computationally: [0.3–1.5] nm and [1.3–5.4] nm for the disk
and the plate, respectively (see CanDo analysis in Fig. S4†).

In short, we compared the cation-mediated lipid binding of
a flexible structure with high valency (plate) with that of a
more rigid one with lower valency (disk). We folded each
design, and characterized them by agarose gel electrophoresis
(AGE, Fig. S5†) and atomic force microscopy (AFM, Fig. S6†),
verifying the correct folding and structure of the constructs. A
representative AFM image of the two structures measured sim-
ultaneously is presented in Fig. 4c, alongside their profile
plots (Fig. 4d) confirming the expected geometry of the
designs. We quantitatively compare the binding of the two
DNA origami structures to both gel (DPPC) and liquid (DOPC)
phase bilayers. The box plots of the obtained signal distri-
butions, measured for at least 50 individual vesicles in each
sample, are shown in Fig. 4e, while the representative images
of the fluorescent DNA coating of vesicles are presented in
Fig. 4f.

Firstly, we confirm observations which are shown in
Fig. 1b: both large origami designs bind to the liquid phase
bilayers, which was never observed for smaller yet highly rigid
dsDNA constructs. Thus, the high valency of binding, provided
by the large surface area of origami, allows binding also to the
less favourable surface of the liquid phase bilayers. However,
this attachment is still weaker than that to gel phase mem-
branes, although the difference is less pronounced than that
with smaller dsDNA structures (Fig. 1b).

Secondly, the high valency plate exhibits stronger binding
than the smaller disk. We suggest that this difference is caused
by the dominance of valency in determining the strength of
binding. This hypothesis agrees with our initial observations
from studying linear constructs, although we note that study-
ing a larger library of comparable origami nanostructures
could bring deeper insight into the importance of design
details in the interactions with the liquid phase bilayers.

In the next section we will further discuss the implications
of these findings, both from the perspective of DNA/lipid inter-
actions, and using a general model for multivalent binding.
Here, we additionally emphasize the meaning of these results
for researchers working with DNA origami and lipid-based
constructs (including cell membranes): large DNA constructs
can be found binding non-specifically to lipid bilayers, produ-
cing a strong background signal. We have shown how this
electrostatic attachment can be tuned through the DNA design
and the ionic composition of the media, and hope that these

Fig. 4 Structural details of the DNA origami design determine the magnitude of its binding to lipids. Geometric details of the two studied origami
designs: (a) large, single-layered DNA plate and (b) more densely packed, smaller DNA disk. Cross-sections of the designs highlight helices in direct
contact with the surface (bold outline). (c) Representative AFM image showing the two structures. Scale bar: 100 nm. (d) Plot profiles as marked on
the image in (c). (e) Fluorescence intensity of Alexa488-labelled (6×) DNA origami, coating vesicles either in gel (DPPC) or liquid (DOPC) phase.
Imaging was performed in 12 mM Mg2+. All values normalized to the mean value obtained for the disk binding to lipids in the liquid phase, are cor-
rected by the yield of the fluorescent labelling of each structure. Box plots represent values measured from at least 50 vesicles (details in Table S4†).
(f ) Representative confocal images of the respective fluorescent signal, corrected by the yield of the fluorescent labelling of each structure. Scale
bars: 5 µm.
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findings would help with the experimental design of future
DNA-based therapeutics and sensors.

Conclusions

We have studied electrostatic, cation-mediated interactions
between unmodified DNA and zwitterionic bilayers, and found
that their binding is determined by each component of the
molecular system: lipids, ions and DNA. Particularly the latter,
DNA structural design, offers a wide range of tunable para-
meters that can be easily implemented as control mechanisms
for guided membrane binding.

Firstly, we experimentally observed differences in binding
to bilayers in either the gel or liquid phase. We confirmed that
binding to liquid phase bilayers is hindered compared with
the gel phase ones, and also demonstrated that structures with
a large surface area, and thus high valency of binding, can
attach to bilayers in the liquid phase. This is an important
observation for DNA nanotechnologists working with biologi-
cal systems, as cellular membranes typically exhibit liquid
phase lipid bilayers.47 One of the potential benefits of our
observations is the changes to present techniques for the cellu-
lar delivery of large nucleic acids (DNA/RNA) either for trans-
fection or vaccination purposes, where currently-used toxicity-
inducing48 cationic lipids could potentially be substituted for
DNA/RNA formulations with more natural zwitterionic lipids.
Even though here we focused on understanding the interplay
between the parameters of DNA design, we acknowledge that
the structure and mobility of lipids – and the mobility of
surface-bound receptors in general49 – are crucial factors deter-
mining binding processes, coupled with other conditions dis-
cussed here. The valency (origami vs. short dsDNA) determin-
ing the difference in binding to liquid and gel phases is one
example of such coupling between parameters that can be har-
nessed to finetune DNA/lipid interactions and is thus a prom-
ising next step for further research.

Secondly, we showed how the concentration and type of
ions determine the electrostatic binding. In particular, we
demonstrated that ion valency can affect the bridging ability
(monovalent Na+) and accessibility of DNA by inducing its
clustering (trivalent Al3+). We are still in the process of under-
standing how ion types determine binding dependency on the
DNA design. It has been previously reported that the inter-
actions of nucleic acids with lipids via cation-mediated attach-
ment are correlated with the degree to which the ions bind to
the lipids,7 and the divalent-to-monovalent ion ratio was
shown to have an impact on the DNA/lipid interactions.14,26,35

Thus, in the future studies, more precise mimicking of physio-
logical conditions is a crucial next step in developing biologi-
cal applications reliant on the presented phenomenon.

Finally, the major interest of this work was to unravel the
importance of the DNA structural design in determining
electrostatic binding to lipid bilayers. With the library of DNA
structures, we showed that binding depends on the valency/
flexibility interplay and we performed an initial analysis of the

importance of the two parameters. Our findings allowed us to
discuss the differences in binding between two distinct DNA
origami designs: plate and disk. These and similar DNA-based
constructs are often developed as potential therapeutics and
drug delivery platforms50–52 – applications implying inter-
actions with lipid-based membranes. Therefore, the analysis of
design parameters discussed here is crucial for further
improvement, and gaining new means of control over these
nanotools.

The valency/flexibility interplay is important not only for
electrostatic binding, and is not exclusive to DNA/lipid
systems, but a similar analysis can also be applied to all multi-
valent processes. Multivalency is most often described through
the combination of the affinity and valency of binding, yet we
realize that the mechanical properties – flexibility – are a criti-
cal parameter as well. Importantly, the balance between the
mechanical and structural parameters is bound to differ
between systems, where e.g., stronger affinity of binding will
render flexibility irrelevant. Further research work in the direc-
tion presented here will have a major relevance in two aspects
of multivalent processes: (I) it will shed more light on various
biological phenomena, helping us to understand why biologi-
cal multivalent binders evolved in a certain way. For example,
we will observe with more clarity the differences in binding
between enveloped viruses carrying high numbers of flexible
receptors53,54 and antibodies with a low valency, but well-
defined geometry.55,56 (II) Better understanding of the valency/
flexibility interplay in binding will help design cost-effective
membrane-targeting therapeutics, guiding the choices of the
design parameters. For example, one can ask whether a newly
developed drug requires its high valency (= high costs) or
could it instead achieve similar performance with an increased
rigidity of the scaffold. Thus, we believe that our work opens
paths towards deeper comprehension of fundamental biologi-
cal phenomena, as well as towards guiding the application-
based research in the biomedical sector.

Materials and methods

All chemical compounds were obtained from Sigma-Aldrich,
unless stated otherwise. DNA oligonucleotides were purchased
from Integrated DNA Technologies, Inc, while lipids were pro-
vided by Avanti® Polar Lipids.

DNA design and folding

Each designed DNA oligonucleotide was analysed using the
NUPACK suite,57 in order to prevent the formation of second-
ary structures and to ensure the sufficient yield of folding. All
the strands were dissolved to a final concentration of 100 µM:
unmodified ones in IDTE buffer (10 mM Tris, 0.1 mM EDTA
(Ethylenediaminetetraacetic acid), pH 8.0) and labelled ones
in Milli-Q purified water. Strands were then stored at 4 °C,
except for dye-modified ones, which were stored in −20 °C.

In order to fold the designed duplex structures, strands
were dissolved to a final concentration of 1 µM in TE buffer
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(10 mM Tris, 1 mM EDTA, pH 8.0). Additionally, the structures
were folded in a buffer with magnesium concentration stated
for each experiment. The mixture was then annealed to 90 °C,
and cooled down to room temperature for over 45 minutes.
Folded structures were all stored at 4 °C. The sequences and
details of modifications are listed in Table S1.†

In order to fold DNA origami structures, 10 nM ssDNA
scaffold (p7560 for disk, p7249 for plate, tilibit nanosystems)
was mixed with an excess of staples (7× for disk, 10× for plate)
in a TE buffer containing 18 mM MgCl2. The disk mixture was
annealed to 80 °C for 5 min, and then cooled from 60 °C to
20 °C at a cooling rate of −1 °C h−1. The plate mixture was
annealed to 80 °C for 5 min, and then cooled from 60 °C to
40 °C at a rate of −18.75 °C h−1, upon which it was brought
down to 20 °C. Folded structures were all stored at 4 °C. The
structures were purified by PEG purification, as described pre-
viously.12 The sequences of staples and further characteriz-
ation of the origami designs can be found in previous reports
on the plate43,58 and the disk.12,45

Long dsDNA and ssDNA structures were obtained by mixing
the p7560 scaffold (10 nM) with a 2× excess of either a full set
of staples (dsDNA) or six of them (ssDNA), both in the TE
buffer containing 1 mM MgCl2. The mixtures were annealed to
80 °C and then cooled down to 20 °C for over 14 h. Staples pro-
vided overhanging handles for the attachment of Cy5-labelled
oligonucleotides, which were added in the next step (5×
excess), by incubating for 1 h at 37 °C.

Coarse-grained simulations

The single structures of the double stranded domains were
simulated using the oxDNA259 forcefield in the oxDNA simu-
lation engine.60 The pipeline to generate topology, initial con-
figuration, external force files, actual simulation and related
analyses was identical for each of the structures. At first, we
used the vHelix61 in Autodesk Maya ver. 2018b to generate a
first CAD. We then converted in initial configuration and topo-
logy files using the tacoxDNA website.62 Afterwards we gener-
ated external force files that would prevent base-pair melting
using the relative function in the oxView website.63,64

Relaxation of the structures was performed through a minimiz-
ation in which the external forces were activated and the
maximum backbone force was capped to ∼250 pN. We then de-
activated the forces and proceeded with 4 relaxation runs in
the Canonical ensemble, warming up the structure from 1 °C
to 25 °C. A final production run still in the Canonical ensem-
ble was then carried out for at least 1.5 µs. During this step we
collected frames for every 15 ps. The final trajectory, the topo-
logy and configuration files were then converted using in-
house python scripts to MDCRD, PSF and PDB files for treat-
ing of periodic boundary conditions and measuring in physi-
cal units using the software VMD.65 The end to end distances
used as reference the centre of mass of the second base pair
and the second but last base pair. Statistics were calculated
over 3 independent replicas.

For the 4 relaxing runs the temperature employed were
respectively 1 °C, 10 °C, 20 °C, and 25 °C with the time step

maintained at 1.5 fs. For the production run the time step was
3.03 fs.

When not stated otherwise, parameters were maintained in
the standard values used in the production runs in the oxDNA
web.66

Vesicle preparation

Giant unilamellar vesicles (GUVs) used in the microscopy
imaging were prepared by electroformation. The lipids used
were DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) and
DPPC (1,2-dipalmitoyl-sn-glycero-3-phosphocholine) dissolved
to the final concentration of 5 mg ml−1 in chloroform. The
lipid mixture was distributed over an ITO-coated glass slide
(15–25 Ω sq−1, Sigma-Aldrich), chloroform evaporation was
ensured by desiccating the lipid film for 30 min. A nitrile
O-ring was placed on top of the dry film, 800 µl of 200 mM
sucrose was used as a buffer to hydrate the lipid layer, and a
second ITO glass was placed on top. The osmolality of the
buffer was around 200 mOsm, with all the dilution buffers
adjusted accordingly. All the buffers were adjusted to pH 7.5
(using sodium hydroxide and hydrochloride solutions). A sinu-
soidal waveform with an amplitude value of 2 V was applied,
with a frequency of 10 Hz for the first 2 h and then 2 Hz for
the next hour. In the case of electroformation of GUVs contain-
ing DPPC lipids, the process was performed at 60 °C to ensure
bilayer fluidity. Obtained GUVs were stored at 4 °C and used
within a week.

Large unilamellar vesicles (LUVs) used for the ξ potential
measurements were prepared with extrusion, using a commer-
cially available extruder (Avanti® Polar Lipids, Avanti Mini
Extruder), following the producer’s protocol. Whatman® Filter
Supports and Whatman® Nuclepore Track-Etched Membranes
(100 nm) were obtained from Sigma Aldrich. The lipid used
was DMPC (1,2-dimyristoyl-sn-glycero-3-phosphocholine). The
lipid layer, formed in a round-bottom flask, was hydrated in
200 mM sucrose. The extrusion was performed at 40 °C to
ensure bilayer fluidity. DLS measurements after each extrusion
protocol were used to confirm the correct size distribution of
the obtained vesicles (Fig. S7†). LUVs were stored at 4 °C and
used within a week.

Confocal microscopy imaging

The confocal microscopy images were acquired on a Leica SP8
inverted microscope using an HC PL APO CS2 63×/1.4 oil
immersion objective. All imaging was performed at room
temperature. Cy5 excitation was performed using a 638 nm
solid state laser at 1% laser power for studying DNA duplexes,
with emission recorded between 650 and 720 nm. Alexa488
excitation was performed with a 488 nm laser at 3% power for
DNA origami, with emission recorded between 500 and
570 nm. These settings do not apply to qualitative comparison
presented in Fig. 1b, where non-binding structures required a
higher laser power to observe the DNA dispersed in a solution
– the images presented there are processed using the Leica
Application Suite (LAS) X. The FIJI67 was used to analyse all
the remaining images, particularly to adjust the intensity of
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signals observed for the disk and plate samples, to reflect on
their different fluorescence yield as observed from the gel elec-
trophoresis. All reported values are after the subtraction of the
background signal.

In all the experiments, DNA structures were diluted in an
osmotically balanced glucose buffer with Mg2+ added at the
required concentration. In the experiments comparing DPPC
and DOPC vesicles (Fig. 1b, 4e and f), the PC content of GUVs
was compared using the commercially available fluorimetric
assay (Sigma-Aldrich), following the calibration curve
(Fig. S8†), and the volume of vesicle solutions were adjusted
accordingly. Similarly, the concentration of DNA structures,
particularly DNA origami that was recovered after the purifi-
cation protocol, could differ, and thus was adjusted based on
the SYBR signal on the gel (Fig. S9†). The intensity of DNA
membrane coating was measured using the FIJI, and the
numbers of vesicles measured in each experiment are listed in
Tables S2–4.† The values listed in Fig. 4e and the images
shown in Fig. 4f are corrected for the differences in the fluo-
rescence of the two origami designs.

The FRAP measurements were performed on vesicles con-
taining NBD-PC (0.5%, ex/em 464/531 nm) to confirm the pres-
ence of gel and liquid phases in the experiments, and the
results are shown in Fig. S10.† Using the FRAP function of the
microscope’s software, a spot of ∅ 4 μm was bleached and the
fluorescence recovery was observed. Five frames were collected
pre-bleaching. Bleaching was performed for over 0.1 s with
99% laser power and the fluorescence recovery was recorded
for 50 frames. The results were fitted and analysed as
described previously.26

Dynamic and electrophoretic light scattering

The measurements were performed on a Zetasizer Nano ZSP
(Malvern Panalytical) with an excitation wavelength of 633 nm
and a scattering angle fixed at 173°. For assessing the hydro-
dynamic radius, 100 µl of 10× diluted vesicles were measured
in a disposable ZEN0040 cuvette. The ζ potential measure-
ments were performed in a DTS1070 cell, with [DNA] = 15 nM
and 200× diluted LUVs in 800 µl of 200 mM sucrose solution.
Different ratios of DNA to vesicle content were studied, as pre-
sented in Fig. S11.† For each experiment, the mixture was pre-
pared at 35 °C, above the phase transition temperature Tt of
DMPC (measured with differential scanning calorimetry (DSC)
to be around 24 °C (Fig. S1†)), ensuring the liquid phase of the
bilayer, and measured at this temperature. Next the same
mixture was cooled down to 15 °C, equilibrated for 2 min and
measured again. The results represent a change in the ζ poten-
tial between these two measurements (Δζ = ζliquid − ζgel). The
experiments shown in Fig. 3c were performed at 2 mM Mg2+.
At least 3 measurements were performed for each condition,
each of at least 15 runs.

Gel electrophoresis

Polyacrylamide gel electrophoresis (PAGE) was used to confirm
the expected folding of DNA duplex designs. The gels were pre-
pared with polyacrylamide at a concentration of 10%, 0.5× TBE

(Tris, borate, EDTA) and either 1 mM MgCl2 (Fig. 3c) or 0 mM
MgCl2 (Fig. 2d). The previously described protocol8 was
adopted.

Agarose gel electrophoresis (AGE) was used to confirm the
expected folding of DNA origami and large constructs. The
gels were prepared with agarose at a concentration of 2%, 0.5×
TBE, 0.01% SYBR Safe and either 10 mM (Fig. S5†) or 1 mM
MgCl2 (Fig. S9†). 3 µl of a DNA sample were mixed with 2 µl of
its folding buffer and 1 µl of the 6× loading dye, and 5 µl of
the mixture were loaded on the gel. The gel was run in 0.5×
TBE with the respective concentration of MgCl2 at 60 mV for
90 min. The FIJI was used to analyse the images.

Atomic force microscopy

The AFM images were acquired in the tapping mode in liquid
on a Cypher VRS (Asylum Research Inc.) with a BioLever mini
cantilever (BL-AC40TS-C2, Olympus). To prevent the diffusion
of DNA on mica, freshly cleaved mica was pretreated with 40 µl
of 100 mM NiCl2. After 30–60 s incubation, mica was rinsed
with 20 mL of Milli-Q water and dried by compressed air.
Typically, 5 µL of DNA solution at approximately 1 nM concen-
tration was deposited upon pretreated mica and incubated for
20–30 s. Meanwhile, the tip of the cantilever was immersed in
20 µL of 10 mM MgAc2 before engaging the surface to prevent
bubble formation between the tip and the surface. During
imaging, the setpoint was minimized while preserving good
tracking and an integral gain of around 60 was used. The AFM
images shown in this manuscript were processed by a scar cor-
rection followed by a first-order polynomial line-by-line correc-
tion while excluding an Otsu’s mask.

Data availability

All data are available free of charge under https://doi.org/
10.5281/zenodo.6984753 (https://zenodo.org/record/6984753#.
YvZd4xzP2Uk).
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