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Lipid bilayer formation on organic electronic
materials†

Yi Zhang,a Shofarul Wustoni,a Achilleas Savva,a Alexander Giovannitti, b

Iain McCulloch bc and Sahika Inal *a

The lipid bilayer is the elemental structure of a cell membrane, forming a stable barrier between the

interior and exterior of the cell while hosting membrane proteins that enable selective transport of

biologically important compounds and cellular recognition. Monitoring the quality and function of lipid

bilayers is thus essential and can be performed using electrically active substrates that allow for

transduction of signals. Such a promising electronic transducer material is the conducting polymer poly(3,4-

ethylenedioxythiophene) doped with poly(styrene sulfonate) (PEDOT:PSS) which has provided a plethora of

novel bio transducing architectures. The challenge is, however, in assembling a bilayer on the conducting

polymer surface, which is defect-free and has high mobility. Herein, we investigate the fusion of zwitterionic

vesicles not only on a variety of PEDOT:PSS films, but also on an electron transporting, negatively charged

organic semiconductor, in order to understand the surface properties that trigger vesicle fusion. The

PEDOT:PSS films are prepared from dispersions containing different concentrations of ethylene glycol

included as a formulation additive, which gives a handle to modulate the surface physicochemical properties

without a compromise on the chemical composition. A strong correlation between the polarity of the

surface, the fusion of the vesicles and the mobility of the resulting bilayer aids in extracting the design

principles for the development of future conducting polymers that will enable the formation of lipid bilayers.

Introduction

Biomembranes act as an essential barrier that separates tissues
or cells from their surrounding environment. For instance, a
number of toxins secreted by pathogenic bacteria attack the
biomembranes by disrupting the integrity of their structure,
causing various diseases.1 The biomembrane integrated with its
proteins is also essential in maintaining cellular communication
and function by enabling selective transportation of certain
compounds and ions in and out of the cell. Investigating the
integrity and the function of a biomembrane is therefore not only
crucial to understand biological phenomena but also to develop

diagnostic tools for pharmaceutical screening and in designing
therapeutics against pathogen attack. As the natural biomembrane
is highly complex, its major structural component, i.e. the phos-
pholipid bilayer, has provided a framework to access information
regarding cellular machinery including critical membrane inter-
actions among the constituents and the properties of membrane
proteins.2–6 In particular, planar lipid bilayers supported by sub-
strates provide a stable and robust platform. These supported lipid
bilayers (SLBs) are self-assembled upon the adsorption and fusion
of lipid vesicles on hydrophilic and smooth surfaces such as glass,7

mica,8 and silica.9 SLBs assembled on such surfaces are compatible
with a variety of surface sensitive characterization techniques
including total internal reflection fluorescence microscopy
(TIRF),10 atomic force microscopy (AFM),11 quartz crystal micro-
balance with dissipation monitoring (QCM-D),12 and surface
plasmon resonance (SPR).13

Electrical methods can allow for high-throughput and label-
free sensing of the integrity of the bilayer and the functionality
of biological membrane receptors or channels using chip-based
arrays.14 They rely on the intrinsically high electrical resistance
of the bilayer and as such can monitor changes in membrane
conductance associated with the transport of ions through ion
channels or in membrane surface potential associated with
membrane function and protein binding events.15 SLBs have
been formed on conducting or semiconducting substrates such
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as single-walled carbon nanotubes (SWNTs),16 gold,17 indium
tin oxide (ITO)18 or polypyrrole.19 In a recent example, Zhou
et al. recorded currents from individual ion channels using
transistors based on SWNTs functionalized with polymeric
cushions, relying on the ion channel current charging directly
the quantum capacitance of a single NT in a network of purified
semiconducting NTs.16 Despite the high potential of electrical
methods for monitoring lipid bilayers, a challenge remains in
generating high resistance SLBs on electronic surfaces which can
efficiently transduce signals across the membrane while allowing
for integration with functional transmembrane proteins.

A major drawback of traditional metal or metal oxide
materials is in fact related to the limited space between the
lipids and the substrate surface, which restricts the insertion of
large membrane proteins or leads to their denaturation due to
the direct contact with the rigid surface and therefore limiting
the biomimetic properties of the SLB.15 A promising material to
interface the SLB is the conducting polymer, poly(3,4-ethylene-
dioxythiophene) doped with poly(styrene sulfonate) (PEDOT:
PSS). PEDOT:PSS is not only an efficient ion-to-electron transducer,20

but can also act as a hydrated polymer cushion providing a fluid
environment for the bilayer. In fact, due to its compatibility
with biological systems and good electrochemical stability in
aqueous electrolytes, PEDOT:PSS has been the material of
choice for a variety of electronic devices applied at the interface
in biological systems. Examples include PEDOT:PSS based micro-
electrodes and organic electrochemical transistors (OECTs)
for recording electrophysiological signals,21–23 monitoring cell
coverage,24 as well as barrier tissue formation.25 The OECT is an
electrolyte-gated transistor with record high transconductance,
implying amplification of small biological signals into electronic
current.26 Owens and co-workers recently showed, for the first
time, the formation of a SLB on a PEDOT:PSS film and an organic
electrochemical transistor (OECT) using PEDOT:PSS in its channel
via vesicle fusion.27 These bilayers were characterized using
QCM-D, fluorescence recovery after photobleaching (FRAP)
and impedance spectroscopy. Due to the inherent amplification
of the OECT, the integrity of the bilayer and the effects of a pore-
forming toxin (a-hemolysin) on the bilayer integrity could be
monitored.27 However, the resistance of the SLB was lower than
the state-of-the-art, indicating that the vesicles did not completely
transform into a bilayer. Instead, a mixed population of vesicles
and bilayers existed on the conducting polymer surface.27 In
order to achieve high sensitivity and obtain high throughput
electrical measurements, a high resistivity and a defect-free
structure of the bilayer are prerequisites.

With recent advances in the microfabrication and patterning
technologies of conducting polymers,28 assembling transmembrane
protein incorporated lipid bilayers on PEDOT:PSS surfaces
shows great promise for the development of highly sensitive
bio transducers such as OECTs. However, little is known about
what triggers vesicles to form SLBs on these surfaces. Surface
structures and the physicochemical properties of the substrate
play an important role in vesicle fusion, and the structure and
properties of the SLB.29–32 The interactions of the vesicles with
the substrate are susceptible to the properties of the substrate

such as surface charge, roughness and composition, as well as
to the properties of the vesicles (e.g. composition, charge and size)
and the buffer environment (pH, ionic strength and composition).
As the field of organic bioelectronics expands beyond PEDOT:PSS
and lipid bilayers are extremely interesting for the development of
diagnostic tools for cells as well as designing therapeutics, it is
crucial to understand what type of organic semiconductor surfaces
are required to promote vesicle fusion. In this work, we investigate
the fusion of zwitterionic vesicles on a variety of conjugated
polymer films. We investigate PEDOT:PSS films, which have the
same chemical composition but different surface physicochemical
characteristics. We obtain these films via spin-cast dispersions of
PEDOT:PSS containing different amounts of a solution additive,
i.e., ethylene glycol (EG). Varying the EG content in the dispersion
leads to different surface properties. We monitor vesicle fusion
and subsequent lipid bilayer formation on these films using FRAP
and QCM-D and find that the mobility of the bilayers depends
strongly on the polarity of the surface, regulated by the EG
content. Moreover, intact vesicles on an electropolymerized
PEDOT:PSS film and an n-type organic semiconductor film
reveal the importance of surface roughness and charge density
for vesicle fusion, respectively. As such, we identify the surface
properties that promote vesicle fusion and shed light on the
vesicle fusion process on conjugated polymers as well as the
factors controlling the resulting structure of the SLBs. These
results will aid in extracting design rules for the development
of future materials which will enable defect-free SLBs.

Experimental
Materials

PEDOT:PSS (Clevios PH 1000) was purchased from Heraeus
Clevios GmbH. The n-type semiconducting polymer p(OH-gNDI-gT2)
is based on the electron deficient 2,6-dibromonaphthalene-1,4,5,8-
tetracarboxylic diimide (NDI). The polymer was synthesized starting
from polymer p(gNDI-gT2)33 and the synthesis is described in
the ESI.† The polymer can be dissolved in organic acids such as
trifluoroacetic acid (TFA) and the 1H NMR spectrum is given in
Fig. S1 (ESI†). 4-Dodecylbenzenesulfonic acid (DBSA), (3-glycidyl-
oxypropyl)trimethoxysilane (GOPS), ethylene glycol (EG), chloro-
form, phosphate buffered saline (PBS) and trifluoroacetic acid
were purchased from Sigma-Aldrich. The lipids, 1,2-diphytanoyl-
sn-glycero-3-phosphocholine (DPhPC) and 1,2-diphytanoyl-sn-
glycero-3-phosphoethanolamine (DPhPE), were purchased from
Avanti Polar Lipids (Alabaster, USA). N-(4,4-Difluoro-5,7-dimethyl-
4-bora-3a,4a-diaza-s-indacene-3-propionyl)-1,2-dihexadecanoyl-
sn-glycero-3-phosphoethanolamine, triethylammonium salt
(BODIPY-DHPE) was purchased from Thermo Fisher Scientific.
The hydrodynamic diameter of the vesicles was measured to be
ca. 118 nm using dynamic light scattering measurements.

Film preparation

Microscope glass slides and cover glasses (24 � 32 mm; No. 1.5;
VWR) were cleaned with Piranha solution (75% H2SO4 and 25%
H2O2, v/v) followed by O2 plasma cleaning at 150 W for 2 min.
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PEDOT:PSS dispersions were prepared by mixing EG (between 0
and 20% by volume of dispersion as noted in the text/figures),
DBSA (0.002% v/v), GOPS (1% w/w) and Clevios PH 1000 before
ultra-sonication (30 min) and filtration through 1 mm glass
fiber filters. PEDOT:PSS films were spin-cast on the glass
substrates at 3000 rpm for 45 seconds unless otherwise stated.
After spin-coating, the films were baked at 140 1C for 1 hour.

The semiconducting polymer, p(OH-gNDI-gT2), was dissolved
in trifluoroacetic acid at 2.5 mg mL�1 and drop-cast on a parylene
C-coated glass substrate. Parylene C was used as a hydro-
phobic coating to promote the stability of the polymer film in
aqueous media.

For the preparation of the electropolymerized PEDOT:PSS,
we used a three-electrode system of a PEDOT:PSS-coated glass
substrate as the working electrode, a platinum mesh counter
electrode, and an Ag/AgCl reference electrode, all connected
to a potentiostat (Metrohm Autolab). The monomer, EDOT,
(10 mM) and the dopant PSS (0.8 wt%) were mixed in DI water
in a glass cell. Electropolymerization of PEDOT:PSS was carried
out using the potentiostatic mode, where the sample was
biased at 1 V vs. Ag/AgCl for 300 s at room temperature. The
polymer deposited electrode was then washed with DI water,
followed by spraying with N2.

Before incubating the polymer films with lipid vesicles, all
samples were immersed in DI water for 24 hours and dried with
N2 spray, followed by O2 plasma activation at 25 W for
2 min. The PDMS wells were then assembled on top of the
polymer-coated glass substrates and used to define the area for
lipid bilayers.

Vesicle preparation

DPhPC and DPhPE were mixed in chloroform (molar ratio 7 : 3)
with 0.5 mol% BODIPY-DHPE. Bulk chloroform was evaporated
under a stream of N2 and any remaining solvent was removed
under vacuum for at least 3 hours. PBS was then added to
the dried lipid film which was re-suspended in a sonication
bath for 30 minutes. The resulting multi-lamellar vesicles
were extruded through a polycarbonate membrane (Whatman
Nucleopore) with a pore size of 50 nm using a mini-extruder
(Avanti Polar Lipids).

Fluorescence recovery after photobleaching (FRAP)

FRAP experiments were performed using a Zeiss LSM 800 or
LSM 880 inverted microscope (Zeiss Germany) to determine the
mobility of the SLB. With the lipid mixture, 0.5 mol% BODIPY
was used as a fluorescent label. The formed bilayers were gently
scratched using a needle to remove a small portion of the
bilayer material. The scratches facilitated focusing at the plane
of the bilayer for microscope imaging. Following this step, the
bilayer was rinsed with PBS for at least 1 min to wash away the
removed lipid material. A laser beam was used to bleach a
circular spot in the bilayer membrane. The recovery of the
fluorescence intensity of the bleached spot was recorded to
determine the mobility of the lipid bilayer.34,35 After back-
ground subtraction and normalization, the recovery data was
fitted using a Bessel function followed by a Soumpasis method.36

The diffusion coefficient (D) was calculated using the following
equation:

D ¼ w2

4t1=2

where w is the radius of the photobleached spot and t1/2 is the
time required to achieve half of the maximum recovery intensity.

An electrochemical quartz crystal microbalance with
dissipation monitoring (EQCM-D)

Combined QCM-D/electrochemical impedance spectroscopy
measurements for PEDOT:PSS (dispersions with varying EG
content)-coated SiO2 sensors were performed on a QSense
Analyzer system (Biolin Scientific AB, Sweden) equipped with
an electrochemistry module. The measurements were carried
out at 24 1C with a flow rate of 100 mL min�1 controlled by a
peristaltic pump. After stabilization of the baseline in PBS, the
vesicles in PBS (0.5 mg mL�1) were injected into the sensors.
The adsorption of the vesicles was monitored through changes
in the resonance frequency (Df ) and energy dissipation (DD) as
a function of time using several overtones. All QCM-D data
presented in this work were recorded at the 7th overtone.
During these measurements, we also simultaneously measured
the impedance of the sensors placed in an electrochemistry module
which was connected to a potentiostat (Autolab PGSTAT128N). The
sensor was used as the working electrode while a platinum foil
present in the module acted as the counter electrode and an Ag/
AgCl electrode was used as the reference electrode. The impedance
spectra of the films were acquired during different stages of bilayer
formation under an AC potential of 10 mV and a DC voltage that
corresponds to the open-circuit potential (Voc) before sending
vesicles. The impedance spectra of these samples were also
recorded at�0.05 V vs. Voc after the formation of lipid membranes.
We performed a second set of measurements, this time for only
PEDOT:PSS, without adding vesicles. The films were stabilized in
PBS and then impedance spectra were recorded first at V = Voc and
then V = �0.05 V vs. Voc. In order to exclude slight differences
between the two PEDOT:PSS films studied for each EG content, we
normalized the spectra at Voc with that recorded for PEDOT:PSS
(no lipids, at Voc) and a calibration curve was obtained for each
sample. This calibration curve was then used to derive the
corresponding impedance spectra of the films at �0.05 V vs. Voc.

Contact angle measurements

The wettability of the polymer films was determined using a
goniometer (KRUSS, DSA100, Germany). The mean value was
obtained by measuring water contact angles at three different
locations of the substrate. Each measurement took place 15 s
after a 5 mL deionized water droplet was deposited on the
substrate.

Surface zeta potential

The surface zeta potentials of the spin-cast PEDOT:PSS films,
the electropolymerized PEDOT:PSS film and the p(OH-gNDI-
gT2) film were determined using a Zetasizer Nano ZS (Malvern
Instruments Ltd, UK) equipped with a surface zeta potential
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cell (ZEN1020). A small piece of the polymer-coated glass
substrate was attached to the sample holder and placed in
the measurement cell. Each measurement was performed at
25 1C in 10 mM KCl (pH 7.4) containing Coffee-mates (Nestle
S.A.) as tracer particles. The electrophoretic mobility of the
tracer particles was measured at four different distances from
the surface of the sample. The values were used to determine
the surface zeta potential by the Zetasizer software. Three
measurements were carried out for each sample.

Atomic force microscopy (AFM)

The surface topography of the polymer samples was studied
using an Agilent 5500 SPM system (Agilent Technologies, USA).
All measurements were carried out in tapping mode in air
and PBS.

X-ray photoelectron spectroscopy (XPS)

XPS experiments were performed using a Kratos Axis Ultra DLD
instrument equipped with a monochromatic Al Ka X-ray source
(hn = 1486.6 eV) operating at a power of 150 W and under
UHV conditions in the range of B10�9 mbar. All spectra were
recorded in hybrid mode using electrostatic and magnetic
lenses and an aperture slot of 300 mm � 700 mm. Survey and
high-resolution spectra were acquired at fixed analyzer pass
energies of 160 eV and 20 eV, respectively. The samples were
mounted in floating mode in order to avoid differential charging.
The spectra were acquired using charge neutralization and
referenced by using neutral carbon (C 1s) at 284.8 eV. The
background subtraction was carried out by the Tougaard
method and convolution of all the component peaks was fitted
by a mixed Gaussian and Lorentzian method.

Results and discussion
Monitoring the formation of supported lipid membranes

It is well known that lipid bilayers spontaneously assemble on
siliceous substrates via vesicle fusion. Though not completely
understood, vesicle fusion on a solid substrate is thought to
follow a two-phase process (Fig. 1a).5,29 The vesicles first adsorb
onto the substrate. When a critical coverage of the adsorbed
vesicles is reached, they start to deform, rupture and fuse,
forming bilayer patches on the substrate. The edges of the SLBs
spread and further induce adjacent vesicles to rupture forming
a continuous bilayer.9

To mimic the natural biomembrane, a key property is the
two-dimensional mobility of the lipid molecules within the
bilayer. The fluidity of the lipid membrane is a critical factor
for interactions between the membrane constituents, membrane
transport and enzyme activities.37,38 For instance, the integral
membrane enzymes such as Ca2+-ATPase, Na, K-ATPase and
cytochrome oxidase are less active when the lipid membrane
becomes less fluid, consequently affecting the reaction rates.37

We, therefore, firstly characterize the SLBs using FRAP which
allows for estimating the homogeneity and lateral mobility of the
layer formed upon vesicle fusion. Fig. 1b shows the typical
fluorescence images of the lipid membranes assembled from
zwitterionic vesicles, DPhPC and DPhPE, on the PEDOT:PSS
films over time after photobleaching. DPhPC and DPhPE belong
to a class of phospholipids known as phytanyl lipids which are
derived from archaebacterial membranes.39 Due to their high
mechanical and chemical stability and low ion permeability,40

they are commonly used to mimic the cell membranes for
ion-channel characterization41,42 and to investigate molecule/
peptide–lipid interactions.43,44 For the bilayers formed with a

Fig. 1 (a) Schematics of vesicle fusion, and (b) FRAP images of the lipid membranes DPhPC/DPhPE (7 : 3) assembled on the PEDOT:PSS films cast from
dispersions containing various EG concentrations (0 vol%, 5 vol%, 10 vol% and 20 vol%). These images are treated to extract diffusion coefficients (c), and
mobile fractions (d) of the membrane lipids; scale bar = 20 mm.
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particular composition of DPhPC mixed with DPhPE, high electrical
resistances varying between 2 and 10 GO were reported.45 High
resistance is necessary for studying small ionic fluctuations across
the bilayer as in the case of functional ion channels. The recovery of
the fluorescence indicated the formation of the lipid bilayer on all of
these surfaces. Next, we investigate the properties of the lipid bilayer
and its correlation to the EG content. The diffusion coefficient (D)
and mobile fraction (MF) for each sample were determined based
on the imaging data and are plotted in Fig. 1c and d, respectively.
The diffusion coefficient gives an estimation of how fast the
lipid molecules diffuse within the membrane. The mobile
fraction is indicative of whether the lipid molecules are bound
to the surface and hence, are unable to diffuse.

The lipid membrane formed on the PEDOT:PSS film cast
from the dispersion containing 5 vol% EG exhibited the highest
diffusion coefficient (D = 1.67 mm2 s�1) among all samples. The
lowest coefficient was observed for the film with 20 vol% EG
(D = 1.13 mm2 s�1), similar to the diffusion properties of the
bilayer on the film that does not contain EG. We found that
at least 91% of the labelled lipid molecules were laterally
mobile in the membranes formed on all the PEDOT:PSS films,
regardless of the EG content, suggesting continuity of the
bilayers. The mobility of the SLB formed on glass was measured
for comparison (Fig. S2, ESI†). The mobile fraction of the SLB
on glass was 97% and the diffusion coefficient was determined
to be 1.5 � 0.1 mm2 s�1, comparable to the values reported for
the PEG-cushioned DPhPC bilayer.46 We note that the addition
of DPhPE lipids to the composition has been shown to reduce
the fluidity further.47 The diffusion coefficient of the bilayer on

glass is similar to that measured for the lipid membrane
formed on PEDOT:PSS with 5 vol% and 10 vol% EG, validating
our analysis.

To further confirm vesicle fusion on the bilayers and monitor
its dynamics, we used the QCM-D technique. QCM-D is a
surface sensitive technique that allows for real-time monitoring
of the interactions between the adsorbed vesicles and the film
and for quantifying mass changes in the film associated with
vesicle fusion.30 For instance, a decrease in the oscillation
frequency of the quartz crystal coated with the polymer film
accompanied by an increase in the dissipation of its energy
(dampening of the crystal) indicates that the film up-takes mass.
Fig. 2 shows the QCM-D signals of the PEDOT:PSS films upon
introduction of the vesicles – once they are completely swollen
in PBS. For all the films, we observe a decrease in frequency
upon addition of the lipid vesicles (Dfaverage = �245 Hz), the
value of which is highest for the 5 vol% sample (Table S1, ESI†).
The dissipation change, on the other hand, is lowest for this
sample. The high dissipation changes of the PEDOT:PSS films
(DDaverage = 85 � 10�6) suggest that the adsorbed vesicles
enhance the viscoelasticity of the surfaces. Such high Df and
DD values were reported for SLBs formed on polyelectrolyte
coated surfaces, attributed to the extensive hydration of water-
borne regions.48

It was shown that incubating the intact vesicles on the
PEDOT:PSS films in DI water creates an osmotic pressure which
then triggers vesicle fusion.27 We therefore applied two consecutive
water shocks to rupture the vesicles adsorbed on the surface. For
all the films, we observe that these two waves of DI water

Fig. 2 QCM-D monitoring of zwitterionic SLB formation on the PEDOT:PSS surfaces. The vesicles are injected after the baseline buffer (PBS)
stabilization followed by two sets of water shocks each ending with buffer injection. The net effect of water is a rapid increase in the frequency and
a decrease in the dissipation. Data presented here are recorded at the 7th overtone. From a to d, the EG content increases from 0 to 20 vol%.
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addition lead to a rapid increase in the frequency (loss of mass),
as well as a decrease of dissipation (reduced viscoelasticity)
(Fig. 2). For the 0 and 5 vol% EG samples, while most of the
fusion happens during the first water injection, for the 10 and
20 vol% EG samples, the 2nd water shock seems to be more
effective. Table S1 (ESI†) summarizes the variations in the QCM-D
signatures in terms of the initial adsorption of the vesicles and the
vesicle rupture with subsequent bilayer formation after the 1st and
final water shocks. These variations indicate vesicle rupture on the
PEDOT:PSS surfaces, as evidenced by FRAP measurements. The
QCM-D signals of all the films, higher than those reported for
inorganic surfaces,27 and the complex nature of the vesicle–surface
interactions suggest that the bilayers that are formed are not
defect-free, in fact comprising a population of intact vesicles
and bilayer patches, in agreement with a previous study with
PEDOT:PSS.27 The low final DD value of the 5 vol% EG film,
however, shows that the bilayer formed therein is reflecting a
relatively more rigid and less water containing layer when
compared to other films under investigation.

To be able to compare the sealing properties of the SLBs, we
coupled an electrochemical impedance spectrometer to the
QCM-D sensor. The impedance properties of the films are not
significantly affected when going from the pristine PEDOT:PSS
film to that after bilayer formation, except that for the formulation
with 5 vol% EG, we observe an increase in the magnitude of
impedance with the bilayer (Fig. S3, ESI†). We attribute this to the
large area of the studied films (area of the EQCM-D sensor is
0.79 cm2), i.e., parts of the film that may not be covered with
vesicles or bilayers and therefore solution ions are not impeded
by a continuous lipid bilayer. Nonetheless, in order to under-
stand the impact of this particular EG concentration (5 vol%) on
vesicle fusion and the peculiar trend of lipid bilayer fluidity with
EG, we sought to investigate the physicochemical characteristics
of these film surfaces.

Surface hydrophilicity and zeta potential

Surface hydrophilicity is a prerequisite for the rupture of
vesicles and the subsequent formation of bilayers.49 Fully fluid
lipid membranes are noted to form on only highly hydrophilic
surfaces,8,29,50 albeit a fluid bilayer could as well be assembled
on a plasma-modified PDMS surface with a contact angle as
high as 301.49 Note that all our films were immersed in DI water
overnight, followed by O2 plasma activation before depositing
the vesicles on the films. In fact, we do not observe fluorescence
recovery when lipids are deposited on the as-prepared films.
We soak the films in DI water over night to remove any low
molecular mass components from the film, inherent to the
commercially available dispersion of PEDOT:PSS as these
might interfere with the accuracy of the electrical recordings
that require long term exposure of the films to water. Additionally,
PEDOT:PSS uptakes a considerable amount of water,51 which
softens the film, envisaged to make the substrate surface more
hydrophilic and therefore more suitable for integration with lipids.
We determine the wettability of our polymer films by water contact
angle measurements. The films after water treatment have a
higher contact angle (Table S2, ESI†). This is in agreement with

previous reports demonstrating a water rinse52 or water immersion53

to remove the excess PSS moieties from the surface of the
PEDOT:PSS films.

The increased hydrophobicity, which is not favored for
vesicle fusion, is counteracted by O2 plasma treatment, which
improves the wettability of polymer surfaces by introducing
polar functional groups containing oxygen.54–56 Ohayon et al.
demonstrated that the water contact angle of a PEDOT:PSS film
(identically prepared to the ones studied here) reduced from
451 to less than 51 after O2 plasma activation as a result of the
introduction of hydroxyl (–OH) groups at the surface.28 After
this ‘‘fusion treatment’’, i.e., water immersion and plasma
activation, proven to be essential to drive vesicle fusion on
PEDOT:PSS, all of our films become superhydrophilic (contact
angle = 01) (Table S2, ESI†). However, a hydrophilic surface by
itself is insufficient to induce bilayer formation through vesicle
fusion,29,57 and does not guarantee a high quality (e.g. high
lateral mobility) of the bilayer formed as seen for the PEDOT:
PSS films. Previous studies showed the adsorption of intact
vesicles on hydrophilic TiO2 surfaces,31,58,59 which is ascribed
to weak vesicle–surface interactions. On the other hand, the
SLB formation is highly influenced by electrostatic interactions
between the vesicles and the substrate.60–64 Cha and coworkers
investigated the role of electrostatic interactions in the rupture
of zwitterionic liposomes on charged surfaces, demonstrating
the critical role of surface charge density in controlling the
fusion.65

To evaluate the charge density on the film surfaces, zeta
potentials of the samples were measured using a Malvern Zetasizer
Nano ZS system. Fig. 3 shows the surface zeta potential values of
the spin-cast PEDOT:PSS films with various EG concentrations
before and after the fusion treatment. The as-prepared films had

Fig. 3 Surface zeta potential measurements of the PEDOT:PSS films with
various EG concentrations before (A: black squares) and after (B: red dots)
fusion treatment, i.e. immersion of the films in DI water and O2 plasma
activation, before incubating the samples with vesicles. Also shown are the
surface zeta potential measurements of electropolymerized PEDOT:PSS
(blue triangle) and p(OH-gNDI-gT2) (pink hexagon) films exposed to the
same treatment.

Paper Journal of Materials Chemistry C

Pu
bl

is
he

d 
on

 2
3 

ba
la

nd
ži

o 
20

18
. D

ow
nl

oa
de

d 
on

 2
02

5-
11

-0
1 

16
:1

5:
43

. 
View Article Online

https://doi.org/10.1039/c8tc00370j


5224 | J. Mater. Chem. C, 2018, 6, 5218--5227 This journal is©The Royal Society of Chemistry 2018

negative surface potentials varying between �74.5 mV and
�46.4 mV, indicating that the anionic PSS-rich layers are at
the outmost surface (Fig. 3, A). After the treatment, the surface
zeta potential decreases for all samples (Fig. 3, B). Negatively
charged surfaces such as mica, silica and glass are widely used
for forming zwitterionic lipid bilayers via vesicle fusion,66

suggesting that all of these films are potentially suitable for
bilayer formation from the zwitterionic vesicles.

The PEDOT:PSS film with 5 vol% EG has the highest surface
zeta potential of �58.4 � 3.3 mV, being the most negatively
charged surface among all the samples. It is interesting to note
however that although the zeta potentials do not vary broadly
(from �61.7 mV to �43 mV), this most negatively charged
surface is also the one that enables the most mobile lipid
bilayer (Fig. 1c). However, we would like to understand the
effect of surface charges on vesicle fusion itself. For this
purpose, we fabricated an electropolymerized PEDOT:PSS film
which is an alternative conducting polymer surface to test
vesicle fusion without altering the chemical structure. The zeta
potential of this electropolymerized film was �44.8 � 3.4 mV
after the water and plasma treatment (Fig. 3, blue triangle).
Although this value is only slightly less than the film cast
from the 10 vol% EG containing PEDOT:PSS dispersion, we
observe no bilayer formation on the electropolymerized film
(Fig. S4a, ESI†). It is most likely that the intact vesicles are
adsorbed on the polymer surface. This result is intriguing as
this negatively charged surface is also hydrophilic with a
contact angle of ca. 101. Neither the surface charge nor the
wettability solely determines the vesicle fusion, therefore we
analyze the topography of the films.

Surface roughness

We characterized the surface topography of the hydrated PEDOT:
PSS films with tapping-mode AFM in PBS as the films have
undergone fusion treatment. Large domains were observed for
the PEDOT:PSS films cast from EG-containing dispersions
(Fig. 4a). It is suggested that EG addition leads to the partial
removal of PSS from the surface, accompanied by reorientation of

the PEDOT chains from a coiled to linear structure and the
formation of denser PEDOT aggregates.67–69 These drastic
morphological changes enable better transport pathways for
charges, and as such EG improves the electrical conductivity of
the PEDOT:PSS films.68,70 The surface roughness (root mean
square), Sq, was determined for each sample based on the AFM
images with a scan area of 2 mm � 2 mm. PEDOT:PSS with
5 vol% EG shows the greatest roughness (Sq = 3.1 nm) while
PEDOT:PSS without EG has the smoothest surface (Sq = 2.2 nm)
(Fig. 4b, A). Despite these differences, the surfaces with such
roughness values are deemed to be smooth.71 On the other
hand, the Sq value for electropolymerized PEDOT:PSS in PBS is
7.2 nm (Fig. 4b, blue triangle, and see Fig. S4b (ESI†) for the
AFM image of this film). Although roughness was considered to
be strongly influential in the adsorption of vesicles72 and
spreading of lipid membranes,61,62 several groups reported
the formation of lipid bilayers on rough surfaces.19,73–75 In fact,
for such rough surfaces, if the vesicle–substrate interactions are
strong enough, roughness no longer plays a predominant role in
vesicle fusion. The electropolymerized PEDOT:PSS film presents
surface charges and the wettability in favor of vesicle fusion.
However, the interactions between the vesicle and the film are
inadequate (note that the zeta potential is at the lowest end of the
tested range) to overcome the adverse influence of a rough surface.

In order to distinguish the combined effects of roughness
and surface charges, we also evaluated a semiconducting polymer
containing hydroxyl groups, p(OH-gNDI-gT2), which is an
analogue of the polymer p(gNDI-gT2), recently demonstrated
as the first electron transporting polymer used in an accumulation
mode OECT.33 The accumulation mode OECTs comprising this
n-type polymer exhibit a high signal ON/OFF response (translating
into high gain) and a low-power operation in aqueous electrolytes.
Working in the opposite regime to PEDOT:PSS based devices (i.e.
depletion mode, signal ON to OFF upon the application of a
positive gate voltage), the n-type channel of this OECT becomes
conducting only when cations from the solution enter the film,
rendering the system a very promising platform to sense the
bilayer functionality, e.g., opening of an ion channel for the

Fig. 4 (a) AFM topography images of the PEDOT:PSS films in PBS at pH 7.4. The films were cast from dispersions with various EG concentrations and the
images were taken after DI water immersion and O2 plasma activation. Scale bar = 500 nm; (b) surface roughnesses of the hydrated films with various EG
contents (A: black squares) and those of the electropolymerized PEDOT:PSS (blue triangle) and p(OH-gNDI-gT2) (pink hexagon) after treatment and
(c) AFM topography image of the p(OH-gNDI-gT2) film in PBS at pH 7.4 after water immersion and O2 plasma activation. The FRAP images show no recovery
of fluorescence when lipids were deposited on such a polymer surface. The scale bars for the AFM and FRAP images are 400 nm and 20 mm, respectively.
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transport of cations. For the synthesis of p(OH-gNDI-gT2), the
ester group was cleaved to form free –OH groups (see the
chemical structure in the ESI,† and Fig. S1 for NMR spectrum),
resulting in an increase in surface hydrophilicity. The polymer
p(OH-gNDI-gT2) exhibits similar roughness to the PEDOT:PSS
films cast from dispersions (2.4 nm, see the AFM image in Fig. 4c)
and has a contact angle of 211–221 after water and plasma treatment.
However, the lipids deposited on this polymer were immobile,
deduced from the FRAP experiment (Fig. 4c). The corresponding
surface zeta potential for the p(OH-gNDI-gT2) polymer film was
measured to be�35.6� 4.4 mV (Fig. 3, pink hexagon), which is the
lowest among all the samples investigated so far. We postulate that
the vesicles are intact on the surface due to weak vesicle–substrate
interactions incapable of overcoming the bending energy of the
vesicle membrane. These findings are in agreement with the results
of Cha et al. who reported the critical role of surface charge density
on the rupture of adsorbed zwitterionic vesicles to form SLBs.65 On
either positively or negatively charged self-assembled monolayer
surfaces, there is a critical charge density below which zwitterionic
vesicles readily fuse into SLBs. Above this value, (in our work, this
would correspond to a zeta potential value higher than ca.�40 mV),
the zwitterionic vesicles do not rupture no matter how smooth or
hydrophilic the surface is.

XPS characterization

We used XPS to characterize the chemical composition of the
PEDOT:PSS surfaces. We particularly assessed the S 2p spectra

as shown in Fig. 5. In the spectra, the high binding energy
region (BE = ca. 169 eV) is attributed to the sulfur atoms in the
PSS, whereas the lower binding energy area (BE = ca. 164 eV) is
associated with the sulfur atoms in the thiophene ring of the
PEDOT chains.76 The S 2p core level of the PEDOT and PSS
chains consists of a spin-split component of S 2p1/2 and S 2p3/2.
Doublet peaks observed at around 168 eV and 169 eV originate
from the sulfonate groups (ionic species, S 2p3/2) and from
sulfonic acids of PSS (neutral species, S 2p1/2), respectively.77

We first investigate the surface composition of the PEDOT:PSS
films as they are exposed to the fusion treatment, i.e., water
immersion and plasma treatment. After the fusion treatment of
the film cast from the dispersion with 5 vol% EG, we observe
a significant decrease in the measured area of PSS to PEDOT
(Fig. S5a, ESI† and Fig. 5b, respectively). Moreover, the ionic
sulfur atoms of PSS become weaker compared to the neutral
sulfur atoms due to the treatment. This is due to the removal of
excess PSS in the treated films, supporting the results obtained from
the surface zeta potential and contact angle measurements above.

Next, we investigate the effect of EG on the surface composition
of the films. The relative area of the deconvoluted components of
these spectra are summarized in Table S3 (ESI†). The film with
5 vol% EG has the highest fraction (area) of S 2p3/2 (24.3%),
meaning that there are more ionic species of PSS in the surface
of this film. The S 2p3/2 area decreases for the 10 vol% EG film
(22.1%), followed by 20 vol% and 0 vol% EG films (20.8% and
19.5%, respectively). This trend is identical to the relationship

Fig. 5 XPS S 2p spectra of the PEDOT:PSS films prepared from various compositions of EG (a: 0 vol%, b: 5 vol%, c: 10 vol% and d: 20 vol%). The spectra
were normalized to the maximum intensity and binding energies (B.E., x axis) were referenced to the C 1s core level at 284.8 eV. The S 2p spectra (black
lines) were deconvoluted into four distinct peaks (dashed curves), representing two types of sulfur atoms, one is on the thiophene group of PEDOT
(ca. 164 eV) and the other is on the sulfonate group of PSS (ca. 169 eV). The red and blue dashed curves correspond to S 2p3/2 and S 2p1/2 PEDOT,
whereas the pink and green dashed curves correspond to S 2p3/2 and S 2p1/2 PSS.
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of the EG content with the diffusion coefficient of the bilayers:
PSS contributes to the fluidity of the lipid bilayer, while 5 vol%
in the dispersion renders the film optimal. The largest fraction
of S 2p3/2 PSS from 5 vol% EG, which corresponds to the highest
negative charge on the surface, is also in complete agreement
with our zeta potential measurements. On the other hand, the
XPS spectrum of the electropolymerized PEDOT:PSS film shows
clear differences (Fig. S5b, ESI†). PEDOT is dominating the
surface composition of this film. For instance, for the 5% EG
sample, the PEDOT to PSS ratio is 0.397, and this ratio increases
up to 1.322 for the electropolymerized sample. The higher
crystallinity of PEDOT compared to PSS and the relatively more
rigid surface due to the lack of PSS makes the electropolymerized
film surfaces much rougher compared to the spin cast samples.
We suggest that such a surface accumulated by PEDOT is
incompatible for triggering the fusion of vesicles and does
not support the assembly of the lipid bilayer.

Conclusions

In this work, we aim to understand the basic surface properties
that control vesicle rupture on conjugated polymers and inves-
tigate the formation of SLBs via fusion of zwitterionic vesicles
on a variety of conjugated polymer films including an n-type
semiconductor and the PEDOT:PSS prepared either via electro-
spinning or cast from different dispersion formulations. Among
the two major types of conjugated polymers studied (PEDOT:
PSS and p(OH-gNDI-gT2)), we could, first of all, form bilayers
only on the PEDOT:PSS films cast from the commercially
available dispersion. The surface properties of these films were
modified using different concentrations of a co-solvent additive,
EG, in the dispersion. The resulting films showed interesting
correlations between their surface charge density (modulated by
the EG content) and the diffusion coefficient and the visco-
elasticity of the bilayers assembled on top. In particular, the
lipid membrane formed on the PEDOT:PSS cast from the
dispersion containing 5 vol% EG exhibits the highest bilayer
diffusion coefficient and sealing behaviour. The underlying
characteristic of this film is its high negative charge density
due to a high contribution of the ionic PSS. Moreover, although
the electropolymerized PEDOT:PSS film has the same chemical
composition as the spin cast films, the uppermost surface
comprises mostly PEDOT-rich regions, which leads to increased
roughness. The vesicles do not rupture on such rough surfaces
although the overall hydrophilicity and surface charge are
comparable to the spin-cast PEDOT:PSS samples. In the case
of the hydrophilic and smooth surface of the semiconductor
p(OH-gNDI-gT2), the surface charge density was inadequate to
promote vesicle fusion. Overall, we found that the surface
hydrophilicity, charge, roughness and chemical composition
play crucial roles in determining the efficiency of vesicle fusion.
Although the bilayers formed contain defects, tuning the EG
content in the PEDOT:PSS dispersions influences the properties
of the SLB. A hydrophilic, smooth and highly negatively charged
conjugated polymer surface is promising for the fusion of

zwitterionic vesicles and the formation of fluid lipid bilayers.
This material design guideline to tune the communication
between the vesicles and supporting surfaces will lead to effective
SLB formation on organic electronic materials.
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I. Kärcher, I. Köper, J. Lübben, K. Vasilev and W. Knoll,
Langmuir, 2003, 19, 5435–5443.

18 S. Gritsch, P. Nollert, F. Jähnig and E. Sackmann, Langmuir,
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