
This journal is © The Royal Society of Chemistry 2023 Chem. Commun., 2023, 59, 2341–2351 |  2341

Cite this: Chem. Commun., 2023,

59, 2341

Recent advances in label-free imaging of
cell–matrix adhesions

Ping Zhou, Lurong Ding, Yajuan Yan, Yafeng Wang and Bin Su *

Cell–matrix adhesions play an essential role in mediating and regulating many biological processes. The

adhesion receptors, typically transmembrane integrins, provide dynamic correlations between intracellu-

lar environments and extracellular matrixes (ECMs) by bi-directional signaling. In-depth investigations of

cell–matrix adhesion and integrin-mediated cell adhesive force are of great significance in biology and

medicine. The emergence of advanced imaging techniques and principles has facilitated the

understanding of the molecular composition and structure dynamics of cell–matrix adhesions, especially

the label-free imaging methods that can be used to study living cell dynamics without

immunofluorescence staining. This highlight article aims to give an overview of recent developments in

imaging cell–matrix adhesions in a label-free manner. Electrochemiluminescence microscopy (ECLM)

and surface plasmon resonance microscopy (SPRM) are briefly introduced and their applications in

imaging analysis of cell–matrix adhesions are summarized. Then we highlight the advances in mapping

cell–matrix adhesion force based on molecular tension probes and fluorescence microscopy (collec-

tively termed as MTFM). The biomaterials including polyethylene glycol (PEG), peptides and DNA for

constructing tension probes in MTFM are summarized. Finally, the outlook and perspectives on the

further developments of cell–matrix adhesion imaging are presented.

1. Introduction

The extracellular matrix (ECM) is a highly dynamic structure
that exists in all tissues, and is composed of a three-
dimensional scaffold of matrix molecules, including primarily
collagen, fibronectin and glycosaminoglycans.1 In addition to
providing structural support for tissue integrity, the ECM

continuously undergoes remodeling to maintain tissue

homeostasis.2 Dysregulation of the ECM structure, composi-
tion, stiffness and function results in some disease conditions,

such as fibrosis and invasive cancer.3,4 As shown in Fig. 1a, cells

interact with the ECM via transmembrane receptors, typically
integrin, thus forming physical connections to the cytoskeletal

actin through a host of linker proteins and achieving informa-

tion transmission via the signalling molecules and pathways.2

In this model, the binding of cells to the ECM introduces

discrete structures at the cell surface, namely cell–matrix
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adhesions, which mediate direct interactions between cells and
the extracellular microenvironment.5,6 These adhesive interac-
tions are essential for the generation of adhesion-mediated
signals that regulate a variety of biological processes, such as
cell migration,7,8 tissue organization,9 wound healing,10,11 and
tumorigenesis.12 Thus, elucidating the structure and function
of cell–matrix adhesions is of great significance in the fields of
biology and medicine.

Cell–matrix adhesions are formed at the specialized and
elongated regions along the ventral cell membrane, which are
tethered tightly to the substrate surface with a gap of only
10–15 nm.6 It has been recognized that these sites can be classified
into different types in terms of their protein composition, size,
life span and proteolytic properties (as shown in Fig. 1b).13 The
shortest-lived adhesion structures termed as focal contacts
(FCs) are typically located behind the leading edge of spreading
or migrating cells, whose assembly and disassembly occur
within the timescale of seconds or minutes. The cellular trac-
tion forces are propagated through the focal adhesion (FA)
structures, which are composed of multiple proteins to guar-
antee the stability. Fibrillar adhesions (FBs), a kind of larger
and more stable adhesion structure that run in parallel to
fibronectin bundles in vivo, are rich in tensin and a5b1

integrin14 and also the sites of localized matrix deposition
and fibronectin fibrillogenes. Podosomes commonly found in
macrophages consist of a dense F-actin core and actin-binding
proteins within a ring of integrins. The composition of invado-
podia is similar to that of podosomes, while the former occurs
only in malignant cells. The formation of adhesion structures is
known to be associated with the activation of the integrin
family of ECM receptors. Distinct integrin subtypes are generated
by selective pairing between a and b subunits, the extracellular
domains of which can bind to various ECM ligands with different
affinities.15 Therefore, integrins provide a bi-directional conduit
that transmits mechanochemical information across the cell
membrane. During the mechanotransduction process, cells sense
and respond to mechanical cues of the surrounding environment
through integrin-based adhesion sites and finally adapt to the
extracellular milieu. This process is crucial for a broad range of
physiological events including cell migration,16 proliferation and
differentiation,17 biofilm formation,18 embryonic development,19

immune response20 and so on. In particular, the cell–matrix
adhesion force as a vital physical signal indeed functions in
regulating cell behaviors and maintaining tissue integrity. There-
fore, in-depth investigation of cell–matrix adhesions requires not
only the visualization of adhesion structures and compositions
but also the mapping and further quantification of cell–matrix
adhesion forces, promoting synergistically the study of cell
mechanobiology.

Over the past few decades, many research efforts have been
made for imaging cell–matrix adhesions based on the advanced
microscopy techniques and principles.13,21 A considerable part
of these research studies requires immunofluorescent labelling
of specific proteins in adhesion structures, which remains
challenging for the dynamic analysis of living cells in the
long-term. To address this limitation, the mapping of cell–
matrix adhesions in a label-free manner has been
conducted.22,23 This review will focus on the recent advances
in label-free imaging of cell–matrix adhesions, including electro-
chemiluminescence microscopy (ECLM) and surface plasmon
resonance microscopy (SPRM). Considering the significance of
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revealing when and where cell adhesive force is generated at
cell–matrix interfaces, in this article we will also highlight
molecular tension fluorescence microscopy (MTFM) used for
mapping the cell–matrix adhesion force. Finally, we shall present
an outlook and perspective on the further development of cell–
matrix adhesion imaging.

2. ECL microscopy

ECL is the light emission triggered by electrochemical reac-
tions, which possesses unique advantages of excellent spatio-
temporal controllability, low background and high surface
sensitivity.24–26 ECLM has recently manifested itself as a power-
ful tool in single cell analysis, including the identification of
cellular contents and structures.22,27–29 In previous works,
small molecules in cells or released from cells,30–32 (sub-)cel-
lular structures including cell membranes,33,34 proteins,35–37

mitochondria38 and intracellular hierarchical structures such
as the nucleolus, nucleus and endoplasmic reticulum39 have
been visualized by ECLM.

When cells adhere to the underlying electrode surface, the
formed adhesions can function as the inhibitors for ECL
reactions and thus appear as dark shadows in ECL images.
This mode is often designated as negative imaging.40 Benefiting
from the surface-confined nature of ECL-emitting regions domi-
nated by the direct oxidative-reduction routes,41 ECLM allows
imaging of cell–matrix adhesion in the vicinity of the substrate
surface (Fig. 2a).42 The enhancement effects of silica nanochan-
nel membranes (SNMs) on ECL intensity further favour a distinct

visual contrast between cell adhesions and bare surfaces. With
this methodology, the dynamic variation of cell–matrix adhe-
sions during collective migration was explored. As reported
recently, ECL emitting layers can be rationally modulated by
changing the concentration ratio of ECL luminophore to cor-
eactant to match with the spatial location of different cell
junctions, so that cell–matrix adhesions and cell–cell junctions
can be selectively imaged.43 Ino et al. have studied the difference
of cell adhesions between monolayer and tube network culture
for vascular endothelial cells by ECLM, providing an identifi-
cation method of adhesion states during tube formation.44

Further modifying the SNM rich in silanol groups with Arg-
Gly-Asp (RGD), (3-aminopropyl)triethoxysilane (APTES), and
oligo(ethylene glycol) (OEG), the influence of chemical micro-
environments on cell behaviors was evaluated by imaging
the cell–matrix adhesions.46 The statistical analysis of spatial
distribution, area and strength of adhesions shows that the
surfaces tethered with RGD and OEG groups can mediate the
robust and weakest cell-microenvironment interactions, respec-
tively, and that an intermediate adhesion is distributed on the
APTES-coated surface. Moreover, in conjunction with selective
immune-blocking of different integrin subunits, a6, a5, and a1

subunits are found to function in recognizing SNM, RGD/OEG
and APTES surfaces, respectively.

Xia et al. have recently proposed an approach for positive
imaging of cell adhesions by combined use of a closed bipolar
nanoelectrode array and ECLM.45 The bipolar electrode was
fabricated by electrodeposition of gold into the channels of an
anodic aluminum oxide (AAO) membrane and subsequently
platinizing one of the two terminals. As depicted in Fig. 2b, the

Fig. 1 (a) Schematic illustration of the cell-ECM interactions and associated intracellular structures. Adapted with permission from ref. 2 (Copyright 2014
Nature publishing group). (b) Confocal fluorescence images of different adhesion structures and their component cartoons. FC, FA and FB are shown by
fibroblasts stained with b3 integrin, b1 integrin or tensin, respectively. THP-1 cells and A375M cells are stained with actin/vinculin and phalloidin to define
podosomes and invadopodia, respectively. Reprinted with permission from ref. 13 (Copyright 2010 Company of Biologists Ltd).
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reduction of oxygen beneath cells occurs at the cathodic side,
which is coupled with ECL reactions at the anodic one. A high
concentration of oxygen in the confined space underneath cells
contributes to the enhanced ECL intensity, thus realizing the
imaging of cell adhesions in a positive contrast mode. Cell
morphology and adhesion strength can be also successfully
imaged with this method.

3. SPR microscopy

SPRM has drawn considerable research interest since it was
firstly described by Rothenhäusler et al.47 Under SPR, the
surface plasmon wave travels along the metal-dielectric layer
interface and decays exponentially.48 The evanescent wave is
extremely sensitive to the tiny variation of physical parameters
of the metal-dielectric multilayers, thus making SPR a non-
invasive technique for biosensing near the metal surface.23 It
has been widely used so far to study subcellular structures49–51

and dynamic cellular processes.52–56

Giebel et al. analysed quantitatively the cell-substrate dis-
tance by SPRM, which was found to be 160 � 10 nm for most
parts of the cell, except for the peripheral lamellipodia (only
25 � 10 nm).58 Subsequently renovated SPRMs, lens-imaging-
type SPRM (Fig. 3a, left) and scanning localized SPRM (Fig. 3a,
right), were used to measure the cell-electrode cleft gap
distance.57 The former allows simultaneous large-area observation
of the cellular bottom membrane, by which the strength of cell
adhesions has been assessed qualitatively in terms of the reflected
light intensity contrast (Fig. 3b). The latter is capable of mapping
the cleft gap distance quantitatively with a high spatial resolution
by selecting a region of interest (Fig. 3c), which can be used to
study the difference of cell adhesions on gold surfaces coated with
various peptides or proteins. It has been reported that the
combination of them can contribute to observing an entire cell
adhesion site and identifying regions of interest.59 The measure-
ment accuracy of SPRM was later increased by decoupling the
cell–substrate distance and the refractive index of the cytoplasm,
by which the three-dimensional profiles of the basal membrane

and its dynamics were reconstructed with an actual measurement
accuracy of 2.3 nm.60 SPRM also allows simultaneous mapping of
the cell-substrate adhesion gap, projected area, gap surface area
and gap volume, thus providing a comprehensive analysis of the
cell adhesion behaviors.61 In addition, the local movement of
the cell membrane caused by extracellular osmotic pressure can
be monitored with SPRM, so that the displacement image is
considered to be the distribution of the cell adhesion strength.62

Recently, the impact of chemical fixation required for electron
microscopy on the cell–substrate interface was investigated with
SPRM, showing a retentive structure after chemical fixation.63

Using SPRM, the changes of cell–matrix adhesions mediated
by cell–cell communication and the adhesion dynamics induced
by shear stress were studied in real-time.64 A positive correlation
between the FA mass and protein density was unveiled, showing
a distinct difference for different cell types.65 Wavelength-
scanning SPRM has also been developed for measuring the

Fig. 2 (a) Schematic illustration of imaging cell–matrix adhesions by ECLM in the negative mode (left). The bright field (BF) and corresponding ECL
image of cells (right). Reproduced from ref. 42 with permission from Wiley-VCH. (b) Scheme of ECL imaging of cell–matrix adhesions in the positive
mode by using a closed bipolar nanoelectrode array. Reprinted from ref. 45 with permission from Wiley-VCH.

Fig. 3 (a) Schematic illustration of optical paths nearby the sample for
lens-imaging-type (LISPM, left) and scanning localized (SLSPM, right) SPRM.
(b and c) Representative LISPM (b) and SLSPM (c) images of HEK293 cells
cultured on a poly-L-lysine-coated gold surface. Adapted with permission
from ref. 57 (Copyright 2014 American Chemical Society).
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cell-substrate interaction, with a dynamic range larger than
intensity-based SPRM.66 Plasmonic scattering microscopy
(PSM), with a sub-micrometer spatial resolution and a micro-
second temporal resolution, makes it possible to study cellular
deformations induced by osmotic pressure changes or immune
activation, as well as focal adhesion binding strength and rate,
at the individual focal adhesion level.67,68 In addition, mapping
the cell adhesion spring constants with PSM can provide an
approach for the quantitative analysis of cell adhesion mechan-
ical properties.68

4. MTFM for mapping the cell–matrix
adhesion force

To date, substantial research interests have been drawn to
study cell adhesive force and related physiological functions.
To visualize the miniscule level of force ranging from pN to nN,
different methods have been developed, such as traction force
microscopy (TFM)69–71 and single molecule force spectroscopy
(SMFS) including atomic force microscopy,72–74 optical or mag-
netic tweezers,75,76 etc. Among them, TFM is only sensitive to
forces at the nN level, while the SMFS methods fail to capture
the mechanics of a whole cell because of their low throughput.

MTFM works relying on molecular tension probes labeled
with a fluorophore, fluorophore–fluorophore or fluorophore–
quencher pair.77,78 Cell adhesive force transmits through the
specific interactions between ligands in MTFM probes and
receptors on cell membranes. For instance, the RGD peptide
motif can recognize multiple integrin subtypes.79 Using MTFM,
the cell–matrix adhesive force can be visualized with a sub-
micrometer spatial resolution, pN force sensitivity and high
throughput.80,81 Polyethylene glycol (PEG), peptide and DNA
structures have been extensively used for constructing the mole-
cular tension probes in MTFM. Corresponding information

about force response and signal acquisition of molecular tension
probes is summarized in Table 1.

4.1 PEG-based MTFM

Thanks to the unique properties, such as well-characterized
and reversible mechanical performance, biocompatibility and
stability, PEG has been extensively used in MTFM. For example,
PEG-based MTFM was engineered to map the cell adhesive
force during the initial stages of regulatory endocytosis of the
epidermal growth factor receptor (EGFR) for the first time.82 As
shown in Fig. 4a, the PEG polymer is flanked with a fluores-
cently labeled EGF ligand and a biotin moiety for surface
immobilization. When a cell exerted the force on the ligand,
the PEG linker in the relaxed conformational state can be
extended, thus resulting in the removal of the fluorophore
from proximity to the quencher and the increase of fluores-
cence (FL) intensity (Fig. 4a). Punctate force signals were
observed upon EGFR engagement (Fig. 4b), which was con-
firmed to be associated with the clathrin-mediated EGF ligand
internalization. Based on the high affinity of the RGD peptide
ligand to aVb3 and a5b1 integrins, MTFM was used to study the
integrin-generated force in cell adhesions, which was found to
be sufficient to dissociate streptavidin–biotin tethered
ligands.85 Using gold nanoparticles as a quencher, the
dynamics of tensions exerted by integrin receptors during cell
adhesion can be imaged, showing a translocation from the
center of the cell to its periphery.86 In addition, the immobili-
zation of tension probes on gold nanoparticles (AuNPs)
through gold–thiol binding can minimize the possibility of
probe rupture. Then, combining the above MTFM with block
copolymer micelle nanolithography, a substrate with arrays of
precisely spaced probes was fabricated to study the impact of
integrin clustering on force transmission.87 Critical ligand
spacing (o60–70 nm) helps in sustaining high integrin forces,

Table 1 Molecular tension probes used in MTFM

Tension probe Force range or threshold/pN Fluorophore or FRET donor Quencher or FRET acceptor Ref.

PEG 0–20 Alexa 647 QSY 21 82
B1–30 Alexa 647 QSY 21 85
B25 Alexa 488 AuNP 86
B27 Cy3B AuNP 87

Peptide 1–7 Alexa 546 Alexa 647 83
1–5 Alexa 546 CoA 647 89
2–7/7–11 Alexa 546 Alexa 647 90
B80–200 Alexa 488/647; Cy3 AuNP 84

dsDNA 12–54 Cy3/Cy5 — 97 and 98
43, 54, 4100 Cy3/Cy5 — 99
54 Cy5 BHQ2
12, 54 Cy3 BHQ2 100 and 106
54, 100 Cy3 BHQ2 101
12, 54 Cy3, Atto647N BHQ2 102
12, 54, 160 Cy3B BHQ2 103

PNA/DNA 12 Alexa 488 BHQ2 105
12 Cy5 BHQ2 104

DNA hairpin 4.7 � 1.7, 13.1 � 2.4 Cy3B/Cy5 BHQ1/QSY21 107
4.7, 13.1, 19.3 Cy3B BHQ2 109
12, 19, 56 Cy3B BHQ2, AuNP 110
4.7 Cy3B, Atto647N BHQ2 111

RSDTP 4–60 Cy3B, Atto647N BHQ2 115
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thus facilitating the maturation of focal adhesion, while integ-
rin receptors placed 4100 nm apart significantly reduce the
tension and destabilize the focal adhesion formation. This
work realizes the simultaneous measurement of pN adhesive
forces while regulating receptor nanoclustering.

4.2 Peptide-based MTFM

Peptide molecules can also function as entropic springs for
measuring the adhesive force. Grashoff et al. designed a
tension-sensitive probe composed of repetitive amino-acid
motifs, (GPGGA)8 peptide, which was derived from the spider
silk protein flagelliform for force sensing.88 The elastic domain

linked with two fluorescent proteins as a fluorescence resonance
energy transfer (FRET) pair was genetically inserted into vinculin.
This work revealed that stable focal adhesions required a force of
B2.5 pN transmitted across vinculin. Using the same peptide
sequence flanked with two organic dyes as the FRET pair, Dunn’s
group developed a molecular tension sensor to investigate the
force generated by individual integrins (as seen in Fig. 4c).83,89,90

Defining the ratio of acceptor intensity to the sum of donor
and acceptor intensity as FRET index, a traction force map can
be drawn (Fig. 4d), which reflects the distribution of tension.
In terms of the FRET values, the authors proposed that relatively
modest tensions at the molecular level were sufficient to drive

Fig. 4 (a) The mechanism of PEG-based MTFM with the PEG polymer flanked by a fluorescently labeled (Alexa Fluor 647) EGF ligand and a biotin moiety
for surface immobilization via streptavidin capture. (b) Representative brightfield, reflection interference contrast microscopy (RICM), FL response and
force map converted from the FL image for a cell engaged to a sensor surface modified with the PEG-based tension probes. (a and b) Adapted with
permission from ref. 82 (Copyright 2012 Nature publishing group). (c) Schematic composition of tension probes in peptide-based MTFM for studying the
force generated by individual integrins. (d) Traction force map represented by FRET index obtained for cell spread on the surface modified with peptide-
based tension probes. (c and d) Adapted with permission from ref. 83 (Copyright 2016 American Chemical Society). (e) The mechanism of the disulfide
clamped I27 tension sensor in the presence of dithiothreitol (DTT) or Y-27632. (f) Representative I27-based tension signal for REF cells incubated on the
sensor surface for 2 h before and after treating with 0.25 mM DTT for 10 min and subsequently with Y-27632 (40 mM) for 30 min. FL intensity profiles
along the white lines are displayed in the inset of (e). (e and f) Reproduced from ref. 84 with permission from American Chemical Society.
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robust cell adhesions.83,89 Further analysis indicated that the
addition of synergy sites to a5b1 integrin resulted in increased
integrin recruitment to adhesions, instead of enhancing overall
cellular traction generation.83 The experienced loads of integrins
below their peak capacities guarantee the mechanical integrity of
cells and tissues, which was uncovered by a revised model.90

Limited by the minimal dynamic range of the above-mentioned
peptide-based tension probe (B1–5 pN), the magnitude of integ-
rin forces within cell adhesions remains unclear. A mechanically
stable molecular tension probe consisting of the immunoglobulin
27th (I27) domain of cardiac titin flanked with a fluorophore and
gold nanoparticle was reported (Fig. 4e).84 A threshold force of up
to 4100 pN is required to unfold I27.91 The integrin-mediated
forces were confirmed to be more than 30–40 pN. Subsequently, a
covalent disulfide bridge that can resist pN mechanical unfolding
was added to I27 to ‘‘clamp’’ the probe (as shown in Fig. 4e).
Incubation with a reducing agent (such as dithiothreitol) triggers
the thiol exchange and the opening of the clamp, thus leading to
full de-quenching of the fluorophore. Following Rho-associated
protein kinase (ROCK) inhibition with Y-27632, the FL signal can
diminish again, confirming that the opening of the clamped
probes is driven by myosin and the signal is reversible (Fig. 4f).
The rate of S–S reduction allows estimation of the applied integrin
force in focal adhesions, which is ca. 110 � 9 pN. This work
provides a general approach for studying the high-level integrin
tensions existing in stable cell adhesions.

4.3 DNA-based MTFM

DNA-based MTFM has emerged as a powerful tool for sensing
the cell adhesive force because of its simple and versatile design,
and tunable and programmable mechanical features.78,92 The
tension tolerance (Ttol) of DNA can be regulated by adjusting
the DNA sequence or the force application site on the DNA
backbone.93–95 The probes will rupture once the cell tension
exceeds Ttol. Double-stranded DNA (dsDNA) was used for the
measurement of adhesive force for the first time by Ha et al. and
they termed it as a tension gauge tether (TGT).96 Subsequently, a
range of TGTs with tunable tolerances have been engineered, by
which the force transmitted by a single integrin–ligand during
initial adhesion (a universal peak of about 40 pN) and the
required force for Notch activations (less than 12 pN) can be
determined.96,97 A mixture of TGTs with Ttol values of 12 pN and
54 pN labeled with Cy5 and Cy3 fluorophores, respectively, and
coated on the substrate surface can be used to simultaneously
map the integrin tensions, proving that integrins both inside
and outside focal adhesions contribute to tensions in stable cell
adhesion.98 RGD peptide is a ligand that has affinity to aVb3 and
a5b1 integrins, so the specific identification of the integrin
subtype remains elusive. Recently, Kim et al. developed a novel
TGT probe based on an ATN-16 ligand for specific binding to
a5b1 integrin.99 As seen in Fig. 5a, a force tolerance of 43 pN or 54
pN can be controlled by the location of biotins on the bottom
DNA strand, while Ttol of 4100 pN was estimated by disassocia-
tion of the biotin–streptavidin bond. DNA rupture caused by
integrin tension greater than Ttol resulted in the loss of the FL
signal of the fluorophore (Cy3 or Cy5) conjugated to one terminal

of the upper DNA strand, by which the distribution of integrin
tension was imaged. As shown in Fig. 5b, aVb3 integrin tension
contributed to a ring-shaped ‘‘edge rupture’’ (RGD-TGT surface),
whereas a ‘‘ventral rupture’’ was observed on the ATN-TGT
surface. To evaluate the correlation between ventral rupture
and invadopodia, an ATN-quenched TGT (ATN-qTGT) was devel-
oped on the basis of a fluorescent dye-quencher pair (Fig. 5c). In
this configuration, the FL signal was observed when ATN-qTGT
was dissociated by cellular force (Fig. 5d). Further analysis
indicates that a5b1 integrin tension above 40 pN is required for
the formation and maturation of invadopodia. The qTGTs with
various Ttol values were also applied to map cell adhesive force in
the single platelet100 and migrating keratocytes.101 The spatial
resolution was calibrated to be ca. 0.4 mm. The results provide
direct evidence that high-level integrin tension (454 pN) is
concentrated at the cell rear margin to detach cell adhesion,
thus facilitating the cell rear retraction during the migration
process.101 Ha et al. have revealed the force propagating
mechanism during smooth muscle cell shortening induced by
histamine through real-time imaging of FA dynamics.102 They
proposed that FA reinforcement caused the time delay in cell
shortening. Cell traction forces are of great significance for the
development of functional cardiac muscle cells (CMCs) and the
specific magnitude of integrin tension at pN level remains
ambiguous. qTGT-based MTFM was used to address this knowl-
edge gap.103 It has been shown that adhesion tethers with
greater force tolerance (Ttol 4 56 pN) can lead to functionally
mature CMCs.

To resist the degradation of DNA from DNase on the cell
membrane, a peptide nucleic acid (PNA)/DNA hybrid-based
tension probe was developed for constructing MTFM.104,105

Wang et al. have reported that the formation of a podosome is
independent of extracellular integrin–ligand tensions, although
they are critical for the formation of FA.105 Furthermore, PNA/
DNA-based MTFM with a high spatial resolution of ca. 50 nm
was developed by multiple cycles of molecular tension imaging
and localization (as seen in Fig. 5e).104 Ultranarrow distribution
of integrin tensions at the cell leading edge was revealed for both
migratory cells and stationary cells. The irreversibility of dsDNA
rupture makes it unavailable to image cell adhesive force con-
tinuously, so that the real-time force mapping can be realized by
recording the time-lapse images of tension signals and then
acquiring the new force map with the frame subtraction
method.102,106

DNA hairpin is a single-stranded DNA consisting of intra-
molecular base pairs, which has been employed as a ‘‘switch’’
element for imaging the cell adhesive force. As shown in
Fig. 6a, the fluorophore–quencher pair is conjugated to the
DNA hairpin structure, thus reporting the force distribution by
the FL signal when the DNA hairpin is unfolded. The tension
threshold can be tuned by altering the GC content in the DNA
sequence (Fig. 6b).107 Using DNA hairpin-based MTFM, highly
dynamic and heterogeneous integrin tension has been
visualized.107,108 As shown in Fig. 6c, the force signal is located
at the cell edges and its intensity increases rapidly within
minutes. Further determination of the percentage of unfolded
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probes by calculating the FL intensity of de-quenched dyes
corresponding to a fully opened hairpin probe indicates that a
large density of hairpins of up to 9% have been unzipped at
these regions. A DNA hairpin-based tension probe was also
used to map the force distribution during the process of
platelet activation.109 A tension greater than 19 pN was pro-
duced at the central zone of the platelet, while a weak force
(B4.7–13.1 pN) was located at the cell periphery. In addition,
Salaita et al. have uncovered the important role of cell adhesive
force in T cell activation.110,111 In recent years, super-resolution
visualization of single integrin tension has received consider-
able research attention.112–114 In conjunction with DNA-PAINT
super-resolution microscopy,113 mechanical engagement of
single integrin receptors has been studied.114 It is found that
in cell adhesions the integrin receptor clustering is governed by
a non-random organization with complexes spaced as close as
20–30 nm.

In contrast to dsDNA, the opening of a DNA hairpin trig-
gered by tensions is reversible, thus allowing the continuous
imaging of the cell adhesive force. However, a broader tension
range of dsDNA (10–60 pN) than the DNA hairpin (4–18 pN)

makes it well suited for studying the dynamic behaviors of the
cellular mechanotransduction process.77,80,81 To address the
shortcoming in real-time measurements of cell force with a
value of higher than 20 pN, Liu et al. have developed a
reversible shearing DNA tension probe (RSDTP).115 Fig. 6d dis-
plays the force-response mechanism of RSDTP, the thresholds
of which can be regulated by varying both the GC content and
force application site of the probe. After seeding NIH-3T3 cells
on a RSDTP-functionalized surface for 1 h, the tension signal
was observed at the cell edge (Fig. 6e), in agreement with that
reported previously.86,107,108 Moreover, the tension pattern
obtained with 56 pN RSDTPs indicates that mechanically
strong integrin clusters (456 pN) exist in FAs (Fig. 6e), which
can serve as the ‘‘mechanical hotspots’’ to maintain the archi-
tecture of FAs and facilitate their maturation.

5. Conclusions and outlook

A range of techniques being developed currently and used
successfully have opened an avenue for the studying of cell–

Fig. 5 (a) Schematic diagrams of the dsDNA-based TGT systems. (b) The working principle of dsDNA-based TGT for the measurement of integrin
tensions (left) and corresponding tension signals (right) during cell adhesion. (c) Illustration of the synthesis and tension-induced rupture of ANT-qTGT.
(d) Invadopodia marker (cortactin) and tension response (ATN-qTGT) were co-localized. (a-d) Adapted with permission from ref. 99 (Copyright 2022
Wiley-VCH). (e) The force-activated rupture of PNA/DNA hybrid-based tension probe (top). Single integrin tension mapping in a migrating keratocyte
with a calibrated resolution of 49 nm (bottom). Reprinted with permission from ref. 104 (Copyright 2020 American Chemical Society).
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matrix adhesions, in particular the visualization analysis of their
structures and dynamics. In comparison with the mainstream
fluorescence microscopy that requires immunofluorescent label-
ing of specific adhesive proteins, the label-free approaches are
suitable for observing living cells. ECLM has manifested itself as a
surface-sensitive tool for single cell analysis, by which the imaging
of cell–matrix adhesions with the negative or positive mode has
been realized. Dynamic variations of cell–matrix adhesions during
some biological processes such as collective migration and tube
formation can be mapped using ECLM. SPRM can provide a
quantitative method for the measurement of cell-substrate dis-
tances with a high spatial and temporal resolution, with which the
strength and dynamic evolution of cell adhesions are revealed.
Combined and developed microscopy imaging methods based on
SPRM can further improve the spatiotemporal resolution.

Integrin-mediated cell–matrix adhesions can serve as a bi-
directional conduit between the intracellular environment and

extracellular matrix during cellular mechanotransduction.
MTFM has emerged as a powerful sensor for visualizing and
quantifying the cell adhesive force with a sub-micrometer
spatial resolution, pN force sensitivity and high throughput,
thus uncovering the elusive molecular mechanisms. Among
these biomaterials including PEG, peptide and DNA, DNA and
DNA-like structures are particularly versatile to be employed as
molecular tension probes thanks to their simple and versatile
designs, and tunable and programmable force response thresholds,
which have drawn considerable research interest in real-time
measurement of cell–matrix adhesion force. However, the current
investigations show that the visualization of net orientations of
averaged adhesive forces and even individual molecular tensions by
MTFM is yet to be resolved and still remains challenging.

Certainly, integrins are the major proteins mediating cell–
matrix adhesion, which are clustered and form patterns in
various cell adhesive units such as FCs, FAs, FBs, podosomes

Fig. 6 (a) Schematic illustration of the DNA hairpin-based tension sensor consisting of an anchor strand immobilized onto a surface (blue), a hairpin
strand (black) and a ligand strand representing an adhesive peptide (green). The fluorophore and quencher are bonded to the opposing termini of the
ligand and anchoring strands. (b) The table lists the tension thresholds and quenching efficiency with the variation of the GC content. (c) Representative
RICM and MTFM (4.7 pN probe) time-lapse images at the indicated time points. The percentage of unfolded tension probes (‘‘% unfolded’’ channel)
indicates the fraction of 22% GC hairpins that have been unfolded within each pixel. (a–c) Reproduced with permission from ref. 107 (Copyright 2014
Nature publishing group). (d) The force-application geometries of RSDTPs with different tension tolerances. (e) Time-lapse images of RICM and tension
map during the spreading of NIH-3T3 cells on substrates modified by RSDTPs with different unfolding forces. (d and e) Adapted with permission from ref.
115 (Copyright 2021 Nature publishing group).
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and invadopodia. Imaging cell–matrix adhesions and mapping
cell adhesive force at a single-integrin level rather than the
integrin clusters will contribute to the investigation and under-
standing of the molecular mechanisms in adhesion dynamics.
Nevertheless, the imaging methods mentioned in this article,
ECLM, SPRM and MTFM, are all restricted by the optical
diffraction limits, and are not suitable for imaging cell–matrix
adhesions with super-high spatial resolution down to 200 nm, thus
making super-resolution imaging challenging. Representative
super-resolved imaging techniques such as stochastic optical
reconstruction microscopy (STORM), stimulated emission
depletion (STED) microscopy and photoactivated localization
microscopy (PALM) have already been applied in imaging
biological structures.116 It seems naturally feasible to image
cell–matrix adhesions at the single-molecule level with resolu-
tion beyond the diffraction limit by combining ECLM, SPRM
and MTFM with super-resolution methodologies. In addition,
cryo-electron microscopy has recently made great break-
throughs in studying the adhesion structures and the transmis-
sion of mechanical force within cell adhesion,117–119 which will
facilitate a profound insight into the adhesive mechanisms.
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