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Based on our results, we emphasize that biofilm formation on jerrican surfaces in contact with 
contaminated water is not completely preventable using field-available cleaning methods. An 
unknown number of households may store water in biofilm contaminated jerricans, representing 
a crucial gap in ensuring access to safely managed drinking water for all as outlined under 
Sustainable Development Goal 6.
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ABSTRACT

Jerricans are commonly used to store household drinking water. However, biofilms can grow on 

jerrican surfaces and contaminate water. To investigate mechanisms to inhibit biofilm growth, 72 

5-L jerricans containing E. coli-spiked water were incubated for 10 weeks in the laboratory. 

Jerricans were stratified by: water treatment with chlorine; turbidity; and, regular cleaning with 

NaOCl, rocks, sand, NaOCl/rocks, and NaOCl/sand. At study end, surface E. coli was 

enumerated and biofilms imaged using epifluorescence microscopy; free chlorine residual was 

tested regularly. We found biofilms grew rapidly in jerricans (presence confirmed in 3 weeks), 

and chlorine demand within jerricans increased over time as FCR decreased from 1.16 to 0.59 

mg/L over the course of the study in 5 NTU treated waters. Biofilm growth was significantly 

inhibited by water treatment with chlorine (p=0.03), and was inhibited by cleaning with NaOCl 

or NaOCl/rocks. Cleaning with rocks increased surface roughness, which promotes biofilm 

growth. These results highlight the need for research on locally-appropriate cleaning methods 

and/or alternatives (e.g. replacement, biofilm-resistant surfaces) to ensure jerricans provide safe 

storage of drinking water.
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Abbreviations

CFU Colony forming units

cm Centimeter

DAPI 4’,6-diamidino-2-phenylindole

E. coli Escherichia coli

FCR Free chlorine residual

g Gram

HDPE High-density polyethelene

Hz Hertz

L Liter

LB Lauria-Bertani medium

LMIC Low- and middle-income countries

mg Milligram

nm Nanometer

NTU Nephelometric turbidity units

PBS Phosphate buffered saline

RMS Root mean square

rpm Rotations per minute

WASH Water, sanitation, and hygiene

μm Micrometer
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1 1 INTRODUCTION 

2 In 2017, 5.3 billion people (71%) had access to safely managed water supplies; the remaining 2.2 

3 billion, mainly in low- and middle-income countries (LMIC) relied on basic, limited, 

4 unimproved, or surface water sources 1. Additionally, a recent systematic review found a higher 

5 odds (OR = 1.09, 95% CI = 1.04-1.13) of diarrhea in children under five years with 1-log10 

6 higher fecal indicator bacteria concentrations in drinking water2. Evidence-based strategies for 

7 providing safe water, sanitation, and hygiene (WASH) to populations in LMIC and emergency-

8 affected areas are necessary to uphold dignity and control communicable diseases 3-5. Recent 

9 systematic reviews have found WASH interventions consistently reduce the risk of disease 

10 transmission, and the risk of disease, in humanitarian contexts 6, 7. 

11 Previous research has highlighted the importance of safe water storage: a case-control study 

12 identified safe storage as a protective factor (OR = 0.55, 95% CI = 0.39–0.80), and unsafe storage 

13 a risk factor (OR = 2.8; 95% CI = 2.1–3.7), for cholera transmission; evaluations identified a 

14 clean household water storage container is associated with reduced risk of water contamination 8, 

15 9; and, one impact evaluation showed safe storage reduced diarrhea (OR = 0.84, 95% CI 0.82–

16 0.86) while another found no diarrheal reduction but 69% reduction in fecal coliforms over six 

17 hours of storage10, 11. Evaluations have also documented risks of unsafe water storage practices, 

18 including recontamination of household stored water from filter effluent to storage 12-14, and 

19 increased contamination after transport and storage compared to source water 15.

20 Two commonly implemented safe water storage interventions in LMIC and humanitarian 

21 response are distributions of chlorine tablets to treat household drinking water and jerricans to 

22 safely store household drinking water 6. Chlorine tablets are widely distributed because chlorine 
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23 effectively inactivates most bacterial and viral pathogens; leads to residual protection; is low 

24 cost; and, is easy to use 16. Users add a tablet(s) in an appropriately sized storage container, wait 

25 30 minutes, and drink. Recommendations for tablet dosage depend on water turbidity, volume, 

26 and whether the tablets are deployed for outbreak or household use; commonly recommended 

27 dosages are 1.9 mg/L for clear water and 3.8 mg/L for turbid water17, 18. Reported and confirmed 

28 use of chlorine tablets varies widely; more successful programs deliver tablets of appropriate 

29 dosage with a storage container and training to households already familiar with their use 6, 19. 

30 Chlorine efficacy against common water pathogens has been widely documented; for instance 

31 the Ct factor for E. coli is <0.25 mg•min/L 18.

32 Safe water storage consists of a container, such as a jerrican, with physical barriers to 

33 contamination/recontamination of water (e.g. small opening) that enable users to practice safe 

34 water access behaviors (e.g. pouring) and reduces fecal-oral transmission 20-22. One review found 

35 that safe water storage reduced the risk of diarrhea more than water filtration alone (45% 

36 compared to 33%)23. Prevalent in LMIC and emergency contexts, jerricans are made of opaque 

37 high density polyethylene (HDPE) and manufactured with a small, screw-cap opening that can 

38 protect water from external contaminants during storage, but inhibits cleaning the inside surface. 

39 As cleaning narrow-mouth containers can be difficult 24, users have developed cleaning methods 

40 including adding disinfectants (e.g. chlorine powder) and/or locally-available abrasives (e.g. 

41 sand/rocks) into the jerrican, shaking, and rinsing to clean 11.

42 Evaluations of three short-term jerrican disinfection programs in emergency contexts (using 2.5-

43 50,000 mg/L chlorine solutions at 1-8 time points, and/or abrasives) documented short-term 

44 increases in free chlorine residual (FCR) with reductions in microbiological indicators, and 

45 regrowth of microbiological indicators in hours-to-days 11, 25, 26. Of note is biofilms were 
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46 mentioned as the fundamental cause of contamination of water, but were not directly researched 

47 in these studies. 

48 Biofilms are aggregates of microorganisms attached to a surface and coated within a self-created 

49 extracellular polymeric substance matrix 27. Biofilms develop on all surfaces in contact with non-

50 sterile water and are self-sustaining. Due to their ability to harbor, and shed, infectious 

51 pathogens, biofilms have been extensively researched in hospital settings and drinking water 

52 distribution systems; limited research exists for water storage containers. In South Africa and 

53 Cameroon, samples taken after scrubbing, shaking, or swabbing storage container surfaces had 

54 more contamination than stored water 28-31. One small sample size study found biofilm coliform 

55 concentration ranged 1.85±1.59 CFU/cm2 and was not associated with container shape, primary 

56 drinking water source, reported cleaning mechanism, or ‘time since last washing’ 30. In 

57 subsequent agent based modeling, biofilms were modeled as contributing between 0-5000 

58 coliform CFU/100mL to stored water and were found to have a significant impact on coliform 

59 concentration in stored water (p<0.001) and to be the most important factor in high stored water 

60 coliform concentrations32. On plastic container surfaces in a laboratory, biofilms formed within 

61 24 hours storing raw water, and 3-21 days storing filtered water 33. Overall, while not focusing 

62 specifically on jerricans nor investigating the relationship between chlorine tablet use and the 

63 development of biofilms, prior research has indirectly measured biofilm formation in household 

64 water storage containers and found local cleaning methods ineffective at removing biofilms. 

65 Furthermore, an unknown number of households may store water in biofilm contaminated 

66 jerricans, representing a crucial gap in ensuring access to safely managed drinking water for all 

67 as outlined under Sustainable Development Goal 6 34.
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68 We hypothesized E. coli biofilms would grow in jerricans, and when biofilms grow, chlorine 

69 demand and aqueous E. coli would increase in stored water. Furthermore, biofilm growth would 

70 be conditioned on water treatment, water turbidity, cleaning methods used, and frequency of 

71 cleaning. To test our hypothesis, we first completed pre-testing to develop methods to grow and 

72 measure E. coli biofilm formation in jerricans. A non-pathogenic strain of E. coli (ATCC 11229) 

73 was chosen for this study as it is known to form biofilms, is easy to culture and quantify, has a 

74 short growth period 35. Furthermore, E. coli is a standard indicator bacteria for water quality and 

75 >1000 E. coli CFU/100mL is considered very high risk water 36. We conducted a 10-week 

76 laboratory study divided into three phases (based on cleaning and treatment frequency) with 72 

77 jerricans stratified by chlorine tablet treatment (yes/no), turbidity (5/50 NTU), six cleaning 

78 methods, and daily-to-weekly cleaning. Outcomes included testing end-of-study surface 

79 roughness; end-of-phase epifluorescence imaging and surface E. coli; weekly aqueous E. coli; 

80 and, daily-to-weekly free chlorine residual (FCR) (Figure 1). Lastly, we conducted follow-on 

81 testing of the relationship between household use and cleaning characteristics, surface roughness, 

82 and biofilm growth in previously used jerricans. 

83 2 METHODS

84 This study consisted of three stages: 1) pre-testing to develop methods to grow and confirm 

85 biofilm presence using microbiological testing and imaging; 2) full-scale study to test the 

86 efficacy of household chlorination and cleaning methods at preventing biofilm growth; and, 3) 

87 follow-on study on surface roughness and biofilm growth in field-collected jerricans.

88 2.1 Pre-testing
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89 Coupons (1cm2), a standard method for growing biofilms on a sub-stratum 37, were cut from 

90 smooth, flat sidewalls of new 5 L HDPE jerricans (Air Sea Containers Inc, Miami, FL, USA). In 

91 total, 288 coupons were cut from the containers and stratified by different test parameters: 1) 

92 concentration of E. coli spiking solution (104, 105, 106 CFU/100mL); 2) the liquid environment 

93 the E. coli were developing in (growth media or buffered water; 3) biofilm growth period (10 or 

94 21 days); 4) E. coli removal method for surface enumeration (swabbing or sonicating); and 5) 

95 manufactured surface roughness of coupon (virgin or 120, 240, 400 grit sandpaper). To create 

96 surface scratches, coupons were ground on a polishing table for 1 minute using either 120, 240, 

97 or 400 grit sandpaper; coupons with no scratches were left as control. Surface roughness of 

98 coupons was measured using a Dektak XT-S Profilometer with Vision64 software (Bruker, 

99 Billerica, MA, USA). Surface profiles were collected using a 12.5 µm tip stylus with 29.4 µN 

100 contact force at 166.7 µm/s scan speed by scanning each coupon for 5000 μm in three directions 

101 (x, y, and xy). Root-mean squared (RMS) surface roughness was calculated after leveling the 

102 profile using two points, and entered into Microsoft Excel. Coupons were then sterilized with 

103 70% ethanol, individually placed in 50 mL Falcon tubes, and immersed in 25 mL of either Luria-

104 Bertani (LB) broth or Type-1 laboratory grade water (Milli-Q® Reference, MilliporeSigma, 

105 Burlington, MA, USA) filtered through a 0.22 µm filter, hereafter termed “Milli-Q”, that was 

106 buffered with phosphate buffered saline (PBS) (pH=7.4). E. coli (ATCC 11229) stock was 

107 streaked onto LB agar plates, incubated at 35ºC, and stored at 4ºC. The night before each use of 

108 E. coli, a streak plate colony was used to inoculate 20 mL of LB broth, and incubated at 35ºC for 

109 12-18 hours with shaking at 70 rpm. The culture was then diluted (1:20) in sterile LB broth and 

110 incubated at 35ºC for 3 hours with shaking, or until a concentration of ~1010 cells/mL was 

111 reached, as estimated using a spectrophotometer (OD=600 nm). E. coli was spiked into each tube 
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112 at a concentration of either 104, 105, or 106 CFU/100mL. Falcon tubes were incubated at 35°C on 

113 an orbital shaker at 70 rpm for two days. Coupons were aseptically transferred to new 50 mL 

114 Falcon tubes with 25mL of fresh LB Broth or buffered Milli-Q and spiked with fresh E. coli 

115 culture at the appropriate concentration, every 48 hours. This cycle was repeated for either 10 or 

116 21 days.

117 The growth of E. coli biofilms on coupon surfaces was confirmed using enumeration by E. coli 

118 culture and imaging. Two methods were trialed to remove E. coli from coupon surfaces for 

119 enumeration by culture: swabbing and sonicating 38, 39. Swabbing was conducted by passing a 

120 Sanicult Hygiene Monitoring swab (Starplex Scientific, Etobicoke, Ontario, Canada) over the 

121 coupon surface five times, returning swabs to their peptone broth, vortexing, and storing on ice. 

122 Sonication was conducted by wiping the exterior coupon surface with 70% ethanol to sterilize, 

123 then aseptically placing coupons in sterile Falcon tubes with 25 mL of PBS. Tubes were vortexed 

124 for 30 seconds at 1200 rpm, then sonicated for 5 minutes at 40,000 Hz in ice water. Appropriate 

125 dilutions from each swab or sonicated sample were prepared, filtered through a membrane, 

126 plated on mColiBlue24® media (Hach, Loveland, CO), and incubated at 35°C for 24 hours 

127 following Standard Methods 9222B 40. E. coli colonies were enumerated and recorded. 

128 For imaging, each coupon was rinsed in a sterile field by gently pipetting 2 mL of PBS across the 

129 surface to remove planktonic cells 41, air dried, mounted onto a glass microscope slide. In the 

130 dark, 50 µL of a 600 µM solution of 4’,6 diamidino-2-phenylindole dihydrochloride (DAPI) 

131 stain (MilliporeSigma, Burlington, MA, USA) were pipetted onto each coupon and incubated at 

132 room temperature for 30 minutes. A drop of fluorescent mounting media (MilliporeSigma, 

133 Burlington, MA, USA) was applied as an anti-fading agent to each coupon, and a glass coverslip 

134 placed on top. Slides were wrapped in aluminum foil and stored at 4°C until imaging. Coupons 
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135 were imaged by epifluorescence microscopy, using a Leica SPE confocal microscope (Leica, 

136 Wetzlar, Germany) under 63x objective in immersion oil. Images were acquired by exciting the 

137 DAPI using a 405 nm visible laser diode. The DAPI stain had a peak excitation wavelength of 

138 350 nm and a peak emission wavelength of 470 nm. Three randomly selected fields of view were 

139 imaged for each coupon by scanning at 400 Hz from the surface of the coupon up through to the 

140 biofilm surface. Image slices were recorded at predefined z-step sizes (ranging 0.3-2.0 µm), and 

141 an image stack for each field of view was exported for analysis.

142 2.2 Full-scale

143 2.2.1 Study design

144 The full-scale study was designed based on pre-testing results, and occurred over a 10-week time 

145 period with new 5 L HDPE jerricans. Jerricans were stratified by different test parameters: 1) 

146 turbidity (5 or 50 NTU); 2) chlorine treatment (treated with Aquatabs® (Medentech, Wexford, 

147 Ireland) or non-treated); and, 3) six cleaning methods (125 mL 5% NaOCl (chlorine); 220 g 

148 pebbles (rocks); 150 g sand (sand); 125 mL 5% NaOCl and 220 g pebbles (chlorine/rocks); 125 

149 mL 5% NaOCl and 150 g sand (chlorine/sand); and, no cleaning (control)). Each combination 

150 was tested in triplicate (Figure 1) for a total of 72 jerricans at study beginning. Jerricans were 

151 maintained at 35°C except when being emptied/cleaned/refilled (~3 hours per day) when they 

152 were at 21°C.

153 2.2.2 Empty/clean/refill cycle 
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154 Jerricans were emptied, cleaned, and refilled with 4.5 L of E. coli spiked water daily (Weeks 1-

155 4), 2x/week (Weeks 5-8), and 1x/week (Weeks 9-11). Please note during weeks 5-11, E. coli was 

156 also spiked into every jerrican each non-cleaning day. 

157 Each morning, jerricans were emptied then cleaned using the assigned cleaning material(s). The 

158 chlorine cleaning solution was prepared by diluting 5.25% NaOCl (Austin’s A-1 Bleach, 

159 Pittsburg, PA, USA) to ~0.5% by volume. Rocks (“Pea Pebbles”, Vigoro, Lake Forest, IL, USA) 

160 and sand (“All Purpose Play Sand”, Pavestone, Atlanta, GA, USA) were washed with tap water 

161 to remove excess dust, dried in an oven at 100°C for 24 hours, and stored in sterile containers 

162 until use. After adding the cleaning materials, jerricans were shaken 5 times in each of three 

163 directions: “up -down”, “front-back” and “left-right”. Jerricans were then emptied and rinsed 

164 three times with 300-400 mL of Milli-Q to remove excess cleaning material.

165 After cleaning, jerricans were refilled with test water freshly prepared in four batches in 

166 sterilized tubs by buffering 90 L of Milli-Q with 54 mL 5M NaOCl, 52.2 mL 1M K2HPO4, and 

167 34.8 mL 1M KH2PO4. To create 5 and 50 NTU turbidity waters, creek-bed sediments were 

168 manually mixed into the tubs for 15 minutes using sterile metal stirrers at concentrations of 0.3 

169 g/L sediment for 5 NTU and 4.5 g/L for 50 NTU. Sediments were collected by removing the top 

170 5 cm of material from the Mystic River creek-bed (Medford, MA, USA), and collecting the 10 

171 cm layer beneath. In the laboratory, sediments were sieved through a 18x14 mesh, rinsed, and 

172 allowed to settle for 24 hours. Supernatant was poured off, and remaining solids were dried at 

173 100°C for 72 hours in an oven and stored in sterile containers. After preparation, turbidity was 

174 confirmed to be within 10% of the target (4.5-5.5 NTU; 45-55 NTU) in each tub using a 

175 turbidimeter calibrated daily (Lamotte 2020we, Chestertown, MD, USA). If needed, turbidity 

176 was adjusted/retested.
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177 E. coli cultures (ATCC 11229) were prepared as in 2.1. After spiking 103 CFU/mL into each tub, 

178 the water was manually mixed for 15 minutes, and 4.5 L was dispensed into appropriate 

179 jerricans. The target E. coli concentration from one sample of spiking solution and water samples 

180 from 2-4 randomly selected jerricans was verified using membrane filtration as in 2.1.

181 Lastly, for chlorine treated jerricans, a 17 mg Aquatabs® tablet was added to 5 NTU jerricans 

182 (dose 2mg/L) or a 32 mg tablet was added to 50 NTU jerricans (dose 4mg/L) daily (Weeks 1-8), 

183 or when free chlorine residual (FCR) values were equal or lower than the Week 1-8 average 

184 (Week 9-11). 

185 2.2.3 Testing

186 Each empty/clean/refill day, FCR was measured in triplicate and an average recorded at 1, 4, and 

187 22 hours after treatment using a calibrated colorimeter and DPD-1 instrument grade tablets 

188 (Lamotte 1200, Chestertown, MD, USA), which were expected to be accurate and return 

189 readings with low measurement error 42. Samples were collected by pouring an aliquot from the 

190 container into a rinsed sample collection beaker. Sample from the beaker was poured into the 

191 colorimeter tube, the DPD-1 tablet was added, the vial was wiped with a Kimwipe, and color 

192 was allowed to develop for at least 30 seconds and no more than 2 minutes before being read in 

193 the colorimeter. Weekly, E. coli was enumerated in samples collected 1 and 22 hours after test 

194 water addition, via membrane filtration, as in 2.1. Timings for FCR and E. coli samplings were 

195 chosen to ensure completion of experimental procedures were consistent from day to day. At 

196 end-of-phase, one jerrican per triplicate was destructed and 2 cm2 coupons (two from treated 

197 jerricans, four from non-treated) were cut from the bottom, side, and front surfaces of jerricans 

198 using tinsnips, for a total of six coupons for treated, and 12 coupons for non-treated, jerricans. 
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199 One coupon from treated jerricans and two from non-treated jerricans, from each location, were 

200 prepared using sonication and E. coli in supernatant was enumerated as in 2.1. The remaining 

201 one coupon from treated and two from non-treated jerricans were prepared and imaged as in 2.1. 

202 After imaging, coverslips were discarded, coupons were gently washed with a sponge, soap, and 

203 tap water to remove the biofilm layer, sprayed with 70% ethanol, and surface roughness 

204 measured as in 2.1.

205 2.2.4 Analysis

206 Data were entered into Microsoft Excel 2010 (Microsoft Corporation, Redmond, WA). The 

207 geometric mean of plates in countable range (10-200 colonies) was calculated for each cultured 

208 samples and reported in CFU/100mL for liquid samples and CFU/cm2 for surface samples. 

209 Samples below detection limit were replaced with half the detection limit, zero values were 

210 replaced with 0.5, and samples above detection limit were counted as at detection limit. Data was 

211 analyzed in Excel and Stata, with differences in surface E. coli, biofilm thickness, and roughness 

212 between side and bottom coupons assessed using a paired t-test, and differences by turbidity and 

213 water treatment assessed using independent sample t-tests. Differences in FCR at study 

214 beginning and end, and between E. coli at 1 and 22 hours at study end, were assessed using 

215 paired t-tests. Both parametric and non-parametric tests were checked, with no resulting 

216 difference; thus t-tests are presented. 

217 Images were imported and visualized for qualitative analysis in FIJI/ImageJ 1.52i. Image stacks 

218 were trimmed so that the top of the stack was the first slice with cells in focus and the bottom of 

219 the stack was the last slice with cells in focus for that field of view. Stacks were then converted 

220 to 8-bit black and white, thresheld using the Otsu algorithm, downsampled using a 3D-Gaussian 
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221 Blur algorithm (alpha=0.5 in x, y, z), then dilated once, eroded once, and inverted to remove 

222 background noise. Each image stack was then analyzed using the Particle Analyzer algorithm, E. 

223 coli counts and biofilm thickness recorded, and a density (CFU/µm3) calculated for each image 

224 stack. In denser biofilms, E. coli cells clumped together to form colonies, which the algorithm 

225 falsely counted as one, resulting in calculated density value sometimes being artificially low. 

226 Thus, processed images were also qualitatively evaluated. A rating system was developed to 

227 qualitatively categorize image stacks: no growth; a few disconnected E. coli cells and no 

228 clumping; a small amount of clumping and visually moderate biofilm structure; and, large 

229 clumping and visually dense structure. All images were qualitatively classified separately by two 

230 trained individuals. 

231 2.3 Follow-on

232 Jerricans were collected from households during surveys as part of field evaluations for other 

233 studies (Tufts SBER IRB #1712003 and #1712004, and appropriate local approvals). Enrolled 

234 households were surveyed about their household water storage and handling practices; those that 

235 stored water in a jerrican and reported to clean their jerrican were eligible for inclusion in this 

236 follow-on study. Jerricans were collected from consenting households and replaced with new, 

237 equivalent containers. In the field, jerricans were washed and filled with locally available bleach 

238 to sterilize the containers, before transport to Tufts in checked baggage, and stored at room 

239 temperature for 6-11 months. Prior to study start, jerricans were cleaned with 5.25% bleach and 

240 sets of three 4 cm2 coupons were cut from the center of one side and from the bottom of 

241 jerricans. Coupons were gently hand-washed with soap and tap water, cleaned with 0.5% bleach, 

242 and sterilized with 70% ethanol. A surface profile was collected from a similar location on each 

243 coupon as described in 2.1. 
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244 Coupons were then sterilized with 70% ethanol solution and aseptically transferred into 

245 individual, sterile 50 mL Falcon tubes containing 25 mL of LB Broth spiked with E. coli at a 

246 concentration of 103 CFU/mL prepared as described in 2.1 and were maintained for 21 days. E. 

247 coli concentration in LB Broth was tested 1 and 48 hours after spiking to confirm growth using 

248 membrane filtration methods as described in 2.1.

249 After 21-days, each coupon exterior surface was wiped with 70% ethanol, rinsed by gently 

250 pipetting 2 mL of PBS across the surface, and air dried in a sterile field. Two coupons from each 

251 triplicate were then aseptically transferred into Falcon tubes containing 20 mL of PBS (pH=7.4), 

252 sonicated, and processed via membrane filtration as in 2.1. Data was entered and E. coli  

253 CFU/cm2 concentrations were calculated as in 2.2.4. Data was analyzed in Excel and Stata, with 

254 differences between side and bottom coupons assessed using a paired t-test, use of abrasive 

255 agents assessed using an independent sample t-test, and differences between countries assessed 

256 using a one-way ANOVA and a post-hoc Tukey’s HSD test to identify significant differences.

257 The remaining coupon from each triplicate was processed for imaging via epifluorescence 

258 microscopy and analysis as described in 2.1 and 2.2.4. 

259

260 3 RESULTS

261

262 Results from the study include pre-testing results; full-study results including end-of-phase 

263 surface E. coli testing, end-of-study biofilm imaging and surface roughness results, weekly 

264 aqueous E. coli, and daily-to-weekly FCR; and, follow-on study results.

265 3.1 Pre-testing
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266 E. coli biofilms were grown on HDPE coupon surfaces of varying roughness using two media 

267 and three E. coli concentration spikes changed every 48 hours for two time periods. Additionally, 

268 two removal methods (swabbing and sonication) were tested for enumerating live E. coli 

269 attached to coupon surfaces, and coupons were imaged using epifluorescence microscopy. 

270 Coupon RMS surface roughness ranged from 1.43 µm (virgin) to 1.60 µm (400 grit, fine 

271 scratches) to 5.20 µm (120 grit, coarse scratches). A range of geomean E. coli concentrations 

272 were observed at 10 days (ranges across the four surface roughnesses presented for each spike 

273 concentration): 2.2109-1.61011 CFU/100mL (104 CFU/mL spike) to 8.91012 -9.61012 

274 CFU/100mL (102 CFU/mL spike) in spiked LB broth, and 2.7108-9.1107 CFU/100mL (102 

275 CFU/mL spike) to 6.8108-4.7109 CFU/100mL (104 CFU/mL spike) buffered Milli-Q. At 21 

276 days, concentrations for a 104 CFU/mL spike (across the four surface roughnesses) increased to 

277 range 3.2109- 3.81011 CFU/100mL (LB broth) and 2.1109 -5.31010 CFU/100mL (buffered 

278 Milli-Q). Thus, surface roughness varied by grit and biofilms grew in all conditions (as seen by 

279 increases in media concentrations over time). Biofilms grew at increased rates with LB broth 

280 (compared to buffered Milli-Q) and with longer growth periods (21 compared to 10 days).

281 When sampled by swabbing, geomean E. coli surface concentrations in 104 CFU/mL spiked 

282 Milli-Q varied from 13-2,600 CFU/cm2 (virgin, 240 grit) at 10 days of growth; at 21 days the 

283 concentration increased to 240-63,000 CFU/cm2 (400 grit, 240 grit). When sampled by 

284 sonication, geomean E. coli surface concentrations in 104 CFU/mL spiked Milli-Q varied from 

285 48,000-80,000 CFU/cm2 (240, 400 grit) at 10 days of growth; at 21 days the concentration 

286 increased to 720,000-2,400,000 CFU/cm2 (virgin, 400 grit). Overall, sonication had higher 

287 recovery rates and more consistent results. 
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288 Surface E. coli and imaging results found, after 21 days of growth, E. coli surface concentrations 

289 were an order of magnitude higher in scratched as compared to virgin samples, despite similar 

290 spiking conditions. These results were consistent in imaging, where E. coli cells aligned in 

291 scratches on abraded coupons as compared to virgin surfaces (Figure 2).

292 3.2 Full-study

293 3.2.1 End-of-phase E. coli surface results

294 A total of 432 E. coli surface samples were analyzed during the study. For treated jerricans, 

295 across three phases and three samples, none of 54 samples (0%) in 5 NTU treated jerricans had 

296 >1 CFU/cm2. In the 50 NTU treated jerricans, 13 of 54 locations (24%) had >1 CFU/cm2. 

297 Concentrations >1 CFU/cm2 were seen in control samples, and chlorine, sand, and chlorine/sand 

298 cleaning methods. No sample in rocks or chlorine/rocks cleaning methods was >1 CFU/cm2. Of 

299 the 13 positive samples, six (46%) were in control jerricans (as compared to cleaned jerricans), 

300 and six (46%) were in the third (last) sampling phase (as compared to Phase 1 and 2) (Figure 3). 

301 For non-treated jerricans across three phases, the geometric mean E. coli concentration in 5 NTU 

302 non-treated jerricans across three surface locations was 42 CFU/cm2 (control=77; min=13 (sand); 

303 max=137 (rocks)). In 50 NTU non-treated jerricans, geometric mean E. coli concentrations 

304 across three phases and three surface locations was 1,167 CFU/cm2 (min=694 (control); 

305 max=1,943 (chlorine/rocks)). 

306 E. coli from surfaces was significantly lower in treated jerricans in all phases (all phases, <0.01). 

307 E. coli from surfaces did not differ significantly by turbidity for any phase (p=0.16, p=0.15, 

308 p=0.14 for Phase 1-3, respectively). 
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309 3.2.2 End-of-study biofilm imaging and surface roughness results

310 Across all three phases, 324 coupons were stained and imaged. At study end, in 

311 treated jerricans, biofilms were visually detected on at least 

312 1/3 coupons (bottom, side, or front) in 5/6 (5 NTU) and 6/6 (50 

313 NTU) cleaning methods. In non-treated jerricans, biofilms were 

314 detected in all cleaning methods. No biofilms were detected: in 

315 5 NTU treated jerricans on all surfaces when cleaning with 

316 chlorine, and on bottom and side surfaces when cleaning with 

317 chlorine/rocks (Figure 4); and, in 50 NTU treated jerricans on 

318 bottom and side surfaces when cleaning with chlorine, and on 

319 bottom and front surfaces when cleaning with chlorine/rocks. 

320 Treated jerrican biofilm thickness ranged from 0.0-21 µm (5 NTU) and 0.0-42 µm (50 NTU); 

321 non-treated jerrican biofilm thickness ranged from 1.5-43 µm (5 NTU) and 0.0-40 µm (50 NTU) 

322 (Figure 4). Treated jerrican density ranged from 0.0-690 CFU/µm3 (5 NTU) and 0.0-449 

323 CFU/µm3 (50 NTU); non-treated jerrican biofilm density ranged from 30.4-316 CFU/µm3 (5 

324 NTU) and 0.0-284 CFU/µm3 (50 NTU). Biofilm thickness was significantly less in treated as 

325 compared to non-treated jerricans (p=0.03) and did not differ significantly by turbidity (p=0.28).

326 The surface roughness of the 108 imaged coupons from Phase 3 varied by cleaning method. 

327 Across the three surfaces per jerrican, RMS surface roughness was 1.31-3.27µm in control 

328 jerricans, 2.09-5.95µm in jerricans cleaned with chlorine, 2.73-12.1 µm in rocks, 1.34-5.49 µm 

329 in sand, 2.45-10.4 µm in chlorine/rocks, and 1.00-3.99 µm in chlorine/sand (Figure 5). Water 

330 turbidity and treatment were not associated with surface roughness (p=0.70 and p=0.71, 
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331 respectively). Please note there was insufficient sample size to complete formal statistical 

332 analysis by cleaning method. 

333 3.2.3 Weekly aqueous E. coli results

334 Overall, there were 480 weekly aqueous E. coli results. In 5 NTU treated jerricans, 

335 the geomean E. coli concentration 1 hour after spiking was <1 

336 CFU/100mL (range <1-600); at 22 hours it remained <1 (range <1-

337 40), with 3% of samples >1 and 2% >10 CFU/100mL. In 50 NTU 

338 treated jerricans, the geomean E. coli concentration 1 hour 

339 after spiking was 108  CFU/100mL (range <10-25,000); at 22 hours 

340 it decreased to 12  (range <10-2,906), with 100% of samples >1 

341 and 23% >10 CFU/100mL.

342 Across the 10 weekly samples in non-treated jerricans, all samples were >1 and >10 CFU/100mL 

343 (Figure 6). At 1 hour after spiking in 5 NTU non-treated jerricans, the geomean E. coli 

344 concentration was 1.7105 CFU/100mL (range across cleaning methods 1.1105-2.7105), at 22 

345 hours it increased to 1.2106 CFU/100mL (range 7.2105-2.1106). In 50 NTU non-treated 

346 jerricans, the geomean E. coli concentration was 3.1105 CFU/100mL (range 2.1105-3.9105) 1 

347 hour after spiking, at 22 hours it increased to 1.2107 CFU/100mL (range 2.8106-3.0107) 

348 (Table 1). 

349 Please note 14/480 samples (2.9%) were above detection limit (10/14 in the first two sampling 

350 weeks) and in Week 5 there was a potential error with disinfection residue remaining on 

351 challenge water preparation buckets and/or mixing paddles after sterilization that led to low E. 

352 coli spiking concentrations. 
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353 At study end, non-treated jerricans experienced a significant increase in E. coli concentration 

354 from 1 to 22 hours (p<0.001) and treated jerricans experienced a significant decrease (p<0.001). 

355 There were no significant differences in E. coli concentration at the two time points when 

356 stratified by turbidity (5 NTU p=0.23; 50 NTU p=0.62). Final E. coli concentration (22-hour 

357 measurement at 10-weeks) was significantly higher in non-treated jerricans (p<0.001) and did 

358 not differ significantly by turbidity (p=0.31).

359 3.2.4 Daily-to-Weekly Free Chlorine Residual Results

360 In total, 8,132 FCR measurements were conducted. Please note, results from study days 1-9 

361 (1,296 samples) were discarded as some non-Lamotte DPD-1 tablets were accidentally used 

362 during this time. 

363 In non-treated jerricans across all three time points from day 10-64, average FCR was 0.03 mg/L 

364 (min=0.00, max=0.14) (Figure 7). Five of 900 averaged samples (0.005%) were ≥0.10 mg/L. 

365 Thus, non-treated samples, including samples from cleaning methods that included chlorine 

366 (chlorine, chlorine/rocks, chlorine/sand), did not have FCR in jerrican water on any study day.

367 In 5 NTU treated jerricans (Table 2) 1 hour after spiking, average FCR declined from 1.16 mg/L 

368 to 0.80 to 0.59 over the three study phases; 149/150 (99%) samples met recommended minimum 

369 FCR criteria of ≥0.2 mg/L 36, 43. At 4 hours after spiking, average FCR declined from 0.83 mg/L 

370 to 0.34 over three study phases; 131/150 (87%) samples met criteria. At 22 hours after spiking, 

371 average FCR declined from 0.34 mg/L to 0.17 to 0.04 over three study phases and was 

372 significantly lower on the last day of the study compared to the first (p=0.01); 89/150 (59%) met 

373 criteria. 
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374 In 50 NTU treated jerricans (Table 2), average FCR declined from 0.38 mg/L to 0.07 over the 

375 three study phases; 49/150 (33%) samples met criteria of ≥0.2 mg/L, all in the first phase. At 4 

376 and 22 hours after spiking, all averages were at or below realistic detection limit of 0.10 mg/L; 

377 10/150 (7.0%) samples at 4 hours and 2/150 (1.3%) samples at 22 hours met criteria of ≥0.2 

378 mg/L. FCR at 22 hours was significantly lower on the last day of the study compared to the first 

379 (p=0.03).

380 3.3 Follow-on

381 Jerricans were collected from four different contexts (Mbuji-Mayi, Democratic Republic of 

382 Congo (5 jerricans); Cox’s Bazar, Bangladesh (4); Port-au-Prince, Haiti (5); and, Goma, 

383 Democratic Republic of Congo (5)). All households (100%) reported cleaning their jerricans; 

384 most reported cleaning daily (57%), or 1-2 times per week (31%). Households reported cleaning 

385 jerricans with water with soap (52%), or water and an abrasive (42%). Within each context, 

386 households all obtained jerricans at similar times (either all containers were obtained before or 

387 after emergency onset) and water sources were similar (e.g. all households collected river water 

388 in Mbuji-Mayi; open well in Cox’s Bazar).

389 Biofilms were grown on 114 coupons cut from the 19 HDPE field-collected jerricans. The E. coli 

390 concentration in biofilms grown on side coupons varied from 2.49106 CFU/cm2 (Goma) to 

391 1.48108 (Mbuji-Mayi) and on bottom coupons from 2.00106 CFU/cm2 (Goma) to 4.18108 

392 (Port-au-Prince). No statistically significant differences were identified between E. coli 

393 concentration in biofilms grown on the side and bottom of the same container (paired t-test, 

394 p=0.41), or between surface E. coli from containers cleaned with and without abrasive agents 
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395 (p=0.57). E. coli differed significantly by country of origin (p=0.01), with jerricans from Port-au-

396 Prince having significantly more E. coli than from Goma and Cox’s Bazar.

397 The thickness of biofilms grown on surfaces were 13.7-65.3 µm (Port-au-Prince), 1.0-69.5 µm 

398 (Mbuji-Mayi), 4.5-35.8µm (Goma), and 2.5-46.6 µm (Cox’s Bazar). No trends were observed in 

399 biofilm thickness by location or by country.

400 RMS surface roughness varied on side coupons from 1.76 µm (Port-au-Prince) to 9.54 µm 

401 (Cox’s Bazar), and on bottom coupons from 1.52-11.48 µm (both Mbuji-Mayi). The jerrican 

402 averaged RMS surface roughness varied from 1.92 µm (Port-au-Prince) to 10.51 µm (Mbuji-

403 Mayi). The RMS surface roughness of bottom coupons was significantly greater than that of side 

404 coupons (paired t-test, p=0.04). Side coupons did not differ significantly by household reported 

405 use of an abrasive agent (p=0.13), and bottom coupon roughness was greater in jerricans in 

406 which abrasive agents were reported (p=0.01). Side coupon roughness did not differ by country 

407 of origin (ANOVA, p=0.22), and bottom coupon roughness did differ significantly (p=0.02) with 

408 samples from Mbuji-Mayi significantly rougher than Cox’s Bazar.

409 Overall, field-collected jerricans differed across countries in terms of surface roughness and E. 

410 coli concentration. Additionally, there were differences between side and bottom samples, and 

411 data indicates abrasive cleaning methods may increase the bottom surface roughness of real-

412 world jerricans.
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414 4 DISCUSSION 

415 In this large exploratory laboratory study, we adapted and developed methods to grow and test E. 

416 coli biofilms in jerricans to further understanding of contamination risk in unsafe water storage. 

417 We found: 1) biofilms grew on jerricans rapidly; 2) biofilm growth and aqueous E. coli 

418 concentration were inhibited by chlorine treatment, regardless of turbidity; 3) over the study 

419 time, chlorine demand increased and FCR decreased; 4) there were qualitative indications that, in 

420 particular, abrasive cleaning methods reduced biofilm thickness and increased jerrican surface 

421 roughness; and, 5) in field jerricans, when abrasive cleaning was reported, bottom surface 

422 roughness increased.

423 We found biofilms grew on jerrican surfaces when exposed to E. coli spiked water within days, 

424 as shown in pre-testing results, end-of-phase surface E. coli, and imaging results. These are 

425 consistent with existing research on biofilm development in drinking water systems with chlorine 

426 residual 27, 44, and confirm biofilm growth is a concern in jerricans currently distributed and used 

427 in LMIC and humanitarian contexts. Please note we used a high E. coli-only spike concentration, 

428 which is both a worst-case (high concentration) and conservative (single organism) biofilm 

429 growth scenario (String et al. 2020).

430 As hypothesized, regular water treatment with chlorine significantly inhibited E. coli biofilm 

431 growth and reduced geomean aqueous E. coli concentrations over 10 weeks in 5 NTU stored 

432 water at 22 hours from  1.2106 CFU/100mL in non-treated jerricans to <1 CFU/100mL in 

433 treated jerricans. However, over 10-weeks, there was consistent and statistically significant FCR 

434 decline, to the point where only chlorine treatment in 5 NTU waters maintained FCR ≥0.2 mg/L 

435 at 22 hours. Although not directly linked, attributing FCR decay to biofilm growth is consistent 
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436 with previous research 45. Other possible explanations for increased chlorine demand include 

437 sediment accumulation and increased surface area from scratches. Furthermore, this result 

438 potentially explains an inconsistency in household chlorination literature, where some studies 

439 have found consistent FCR and other studies have noted no FCR and slight E. coli growth in 

440 stored water after treatment 46-48. These results emphasize the importance for practitioners and 

441 researchers to monitor the effectiveness of chlorine treatment, as it may change with container 

442 condition over time. That is also consistent with previous literature, which has documented, even 

443 in absence of FCR, little E. coli in chlorine treated household stored water 49. These results 

444 highlight the benefits of filtering water before chlorination, reducing the number of 

445 microorganisms available to form biofilms. We note, consistent with previous studies, no water 

446 safety benefit was observed by cleaning jerricans with chlorine in the absence of water treatment 

447 6.

448 There were qualitative indications of differences within treatment and cleaning methods: 

449 biofilms were not observed in low turbidity water treated with chlorine and chlorine/rocks 

450 reduced biofilm thickness while increasing jerrican surface roughness. While these results are 

451 not statistically significant due to low sample size, they are consistent across study outcomes, 

452 including: 1) in treated jerricans, no sample cleaned with rocks or chlorine/rocks had enumerable 

453 surface E. coli, however in non-treated jerricans, samples cleaned with rocks or chlorine/rocks 

454 had the highest surface E. coli (which could be attributed to E. coli growing in scratches as seen 

455 in Figure 2); 2) in treated jerricans, no biofilms were detected in images in 5/6 surfaces cleaned 

456 with chlorine and 4/6 surfaces cleaned with chlorine/rocks; and, 3) in non-treated jerricans, 

457 chlorine/rocks had the lowest number of surfaces with visible biofilm (4/6 surfaces had only a 

458 “few cells, no structure”). Additionally, surface roughness was highest in rocks and 
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459 chlorine/rocks cleaning methods; and, bottom coupon roughness was statistically greater in field 

460 jerricans where abrasives were reported used for cleaning. Overall, these results indicate chlorine 

461 and chlorine/rocks are potentially more efficacious than other cleaning methods tested in this 

462 study. However, rock cleaning methods can increase surface roughness, which can present 

463 opportunities for microorganism attachment to the surface and biofilm growth 50. 

464 Although surface E. coli did not vary significantly between bottom and side surfaces on field-

465 collected jerricans, surface roughness did vary by location. As surface roughness can impact 

466 biofilm growth, it is important for researchers and practitioners to consider collecting 

467 microbiological samples from various surfaces within the same container when collecting 

468 household stored water samples to ensure contamination is not under, or over, estimated.

469 The limitations to our work include: 1) biofilms in the full study were grown in jerricans storing 

470 water with E. coli concentrations of 105 CFU/100mL, which is very high risk water36; 2) biofilms 

471 in the follow-on study were grown by placing coupons in culture, which forms a denser biofilm 

472 faster than might be seen in field circumstances 37; 3) biofilms were E. coli-only biofilms, in a 

473 real-world setting biofilms would contain mixtures of organisms; 4) the 50 NTU turbidity might 

474 have been too high, especially because large volumes of settled sediment impacted some of the 

475 imaging; 5) we did not stain for live as compared to dead E. coli cells in imaging, which would 

476 have provided a better indication of recontamination potential of cells being released from the 

477 biofilm, and we recommend future studies stain for viable/non-viable cells; 6) we did not test the 

478 chlorine cleaning solution concentration daily in the full-scale study; and, 7) we had limited 

479 variability in surface roughness in field-collected jerricans. While we acknowledge these 

480 limitations, we highlight that many of these limitations bias the study towards conservative 

481 results. 
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482 Based on our results, we emphasize that biofilm formation on jerrican surfaces in contact with 

483 contaminated water does not appear to be completely preventable. Since biofilms can function as 

484 a reservoir for pathogens 27, water storage containers must be considered as a contamination 

485 pathway. We recommend several actions to inhibit biofilm growth in jerricans used for safe 

486 water storage: regular chlorination of water, noting that chlorination also has other water quality 

487 and health benefits 16, biofilm growth does occur even with daily chlorination (as seen in control 

488 samples), and some biofilms are resistant to chlorination 51, 52; regular cleaning of interior 

489 jerrican surfaces (as all cleaning methods were better than control); replacement of severely 

490 scratched or damaged jerricans, and the possible development of coatings for jerrican surfaces to 

491 prevent biofilm development. Unfortunately, our results do not lead to a simple, universal 

492 recommendation for jerrican cleaning, particularly as cleaning material availability and 

493 acceptance is highly context dependent. However, our results highlight cleaning is necessary, 

494 and suggest, of the methods tested herein, 5% chlorine and 5% chlorine/clean rocks inhibited 

495 biofilm growth better than other tested methods. We note that these would not work against 

496 protozoal biofilms, the rocks used in this study were sterilized and rocks in the field will be 

497 contaminated, and over time abrasives degraded jerrican surfaces. Therefore, there is an 

498 unknown balance between using rocks to remove biofilms, and not damaging the jerrican surface 

499 which can promote biofilm growth.

500 Overall, our results stress the difficulty of cleaning, which is not surprising to those in the water 

501 utility sector trying to remove biofilms from pipelines 53-55, but may be surprising to many in the 

502 WASH in humanitarian response sector, where household cleaning of water storage containers is 

503 often recommended to reduce risk 4. We recommend further laboratory based efficacy research: 

504 1) the inhibition of biofilm development using other disinfectants and dosages; 2) the impact of 
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505 different cleaning methods on biofilms grown in lower turbidity water (1 NTU) and water of 

506 varied organic content; 3) the prevention of biofilm development with different cleaning 

507 frequencies; 4) the impact of disinfectant cleaning methods against biofilms comprised of varied 

508 microorganisms (including protozoa); 5) the impact of different water storage container materials 

509 on biofilm growth and cleaning methods; and, 6) the impact of other, locally-appropriate 

510 cleaning methods such as boiling water, vinegar and the use of a scrub brush (String et al. 2020). 

511 Additionally, we recommend researching alternative methods to prevent/inhibit biofilm growth 

512 in jerricans, such as the addition of antimicrobial additives to jerrican surfaces or the replacement 

513 of jerricans on a regular basis. Furthermore, a targeted longitudinal study varying only cleaning 

514 frequency is needed to clarify these results. We note the methods herein could be applied to 

515 researching cleaning other household water storage containers, such as 1,000 L rooftop 

516 tanks. Moreover, we recommend further field research on actual cleaning methods practiced by 

517 households, the acceptability of cleaning methods, and the surface roughness of local jerricans. 

518 Lastly, we highlight this work was about prevention/inhibition of biofilm growth in jerricans, 

519 and further work on how to effectively clean already-established biofilms from jerricans is 

520 recommended. 

521 5 CONCLUSIONS

522 The benefits of this complex study design were it allowed testing of multiple variables and 

523 hypotheses to answer field-relevant questions, and provided a basis to define a future research 

524 agenda on safe water storage. We found biofilms will develop on water storage container 

525 surfaces, cleaning is complex and nuanced, and field relevant recommendations for inhibiting the 

526 development of biofilms are needed. We hope this study is a platform from which future 
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527 technical research on biofilm formation in water storage containers used in LMIC and 

528 humanitarian response can be investigated to ensure safely managed drinking water for all.
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700 FIGURES

701 Figure 1.  Full-scale study design.

702

703
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704 Figure 2.  Images of E. coli growth on coupons from pre-testing trials on (a) a virgin plastic 

705 coupon surface and (b) a 120-grit scratched plastic coupon surface.

706
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708
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709 Figure 3.  Surface E. coli removed from coupons during destruction at the end-of-phases 1-3. Data stratified in plots by phase, coupon 
710 location, and cleaning method. Plots for each stored water condition: (a) 5 NTU treated; (b) 5 NTU non-treated; (c) 50 NTU 
711 treated; and, (d) 50 NTU non-treated.
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742
743 Figure 4.  Geomean biofilm thickness on coupons at the end-of-study. Plots for each stored water condition:  (a) 5 NTU treated; (b) 5 
744 NTU non-treated; (c) 50 NTU treated; (d) 50 NTU non-treated; and, (e) qualitative imaging results.
745
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760 Figure 5.  Average root mean squared surface roughness measured on coupons at end-of-study. Data stratified by cleaning method, 

761 coupon location, and stored water condition (turbidity and treatment).
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763 Figure 6.  Weekly aqueous E. coli (CFU/100mL) concentrations measured at 1 and 22 hours. Data stratified in plots by cleaning 
764 method and presented for each water storage condition: (a) 5 NTU treated; (b) 5 NTU non-treated; (c) 50 NTU treated; and, 
765 d) 50 NTU non-treated jerricans
766
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767 Figure 7.  Free chlorine residual measured over all three study phases stratified by water 
768 treatment (AT=Aquatabs, N-AT=not treated), turbidity (5 or 50 NTU), and cleaning method. 
769 Measurements plotted here at a) 1 hour; b) 4 hours; and, c) 22 hours after treatment.
770
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771 Figure 8.  Geomean biofilm thickness grown on field collected jerrican coupons, measured at the end of 
772 the experiment. Data stratified by jerrican country of origin:  (a) Port-au-Prince, Haiti (n=5); (b) Mbuji-
773 Mayi, DRC (n=5); (c) Goma, DRC (n=5); (d) Cox’s Bazar, Bangladesh (n=4).
774
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781 Table 1: Weekly aqueous E. coli concentration (CFU/100mL) for jerricans. Stratified here by 
782 treatment, turbidity, and cleaning method.
783

Non-Treated Jerricans
5 NTU 50 NTU

1 hour E. coli (CFU/100 mL) 1 hour E. coli (CFU/100 mL)
Geomean % >1, % >10 Geomean % >1, % >10

Chlorine* 1.5105 100, 100 2.1105 100, 100
Rocks 2.2105 100, 100 3.2105 100, 100
Sand 2.1105 100, 100 3.4105 100, 100
Rocks/chlorine 1.2105 100, 100 3.1105 100, 100
Sand/chlorine 1.1105 100, 100 3.2105 100, 100
Control 2.7105 100, 100 3.9105 100, 100
ALL 1.7105 100, 100 3.1105 100, 100

22 hour E. coli (CFU/100 mL) 22 hour E. coli (CFU/100 mL)
Geomean % >1, % >10 Geomean % >1, % >10

Chlorine 2.1106 100, 100 1.8107 100, 100
Rocks 7.9105 100, 100 4.9106 100, 100
Sand 7.6105 100, 100 1.7107 100, 100
Rocks/chlorine 1.5106 100, 100 2.3107 100, 100
Sand/chlorine 1.8106 100, 100 3.0107 100, 100
Control 7.2105 100, 100 2.8106 100, 100
ALL 1.2106 100, 100 1.2107 100, 100

Treated Jerricans
5 NTU 50 NTU

1 hour E. coli (CFU/100 mL) 1 hour E. coli (CFU/100 mL)
Geomean (min, 

max)
% >1, % >10 Geomean (min, 

max)
% >1, % >10

Chlorine 1.1 (<1, 10) 30, 0 62 (<10, 8,200) 100, 60
Rocks 2.5 (<1, 56) 40, 20 41 (<10, 11,100) 100, 50
Sand 2.2 (<1, 600) 40, 30 84 (<10, 3,700) 100, 70
Rocks/chlorine 1.5 (<1, 117) 20, 20 118 (<10, 1,500) 100, 80
Sand/chlorine 3.5 (<1, 270) 60, 30 107 (<10, 7,600) 100, 70
Control 1.9 (<1, 160) 40, 20 577 (<10, 25,000) 100, 90
ALL <1 (<1,600) 38, 20 108 (<10, 25,000) 100, 70

22 hour E. coli (CFU/100 mL) 22 hour E. coli (CFU/100 mL)
Geomean % >1, % >10 Geomean % >1, % >10

Chlorine <1 (<1, <1) 0, 0 8.3 (<10, 600) 100, 10
Rocks <1 (<1, <1) 0, 0 12 (<10, 474) 100, 20
Sand <1 (<1, 1.8) 10, 0 10 (<10, 93) 100, 30
Rocks/chlorine <1 (<1, 40) 10, 10 6.2 (<10, 50) 100, 10
Sand/chlorine <1 (<1, <1) 0, 0 <10 (<10, <10) 100, 0
Control <1 (<1, <1) 0, 0 125 (<10, 2,906) 100, 70
ALL <1 (<1, 40) 3, 2 12 (<10-2,906) 100, 23

784 *n=10 for each cleaning method, N=60

785
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786 Table 2:  Free chlorine residual measured at 1, 4, and 22 after Aquatabs treatment in jerricans 
787 storing water of both 5 and 50 NTU turbidity. Note: data on non-treated jerricans is not presented 
788 in this table.

789
5 NTU – 1 hour FCR (mg/L)

Average, % ≥0.2 mg/L
50 NTU – 1 hour FCR (mg/L)

Average, % ≥0.2 mg/L
Day

Samples
10-24
(n=15)

25-48
(n=8)

49-64
(n=2)

10-24
(n=15)

25-48
(n=8)

49-64
(n=2)

Chlorine 1.28 (100) 0.98 (100) 0.70 (100) 0.43 (60) 0.07 (0) 0.09 (0)
Rocks 1.18 (100) 0.75 (100) 0.52 (100) 0.44 (53) 0.05 (0) 0.08 (0)
Sand 1.07 (100) 0.73 (100) 0.60 (100) 0.38 (53) 0.05 (0) 0.07 (0)
Rocks/chlorine 1.19 (100) 0.83 (88) 0.50 (100) 0.35 (60) 0.05 (0) 0.06 (0)
Sand/chlorine 1.18 (100) 0.76 (100) 0.60 (100) 0.37 (53) 0.06 (0) 0.09 (0)
Control 1.04 (100) 0.75 (100) 0.61 (100) 0.30 (47) 0.05 (0) 0.06 (0)
ALL* 1.16 (100) 0.80 (98) 0.59 (100) 0.38 (54) 0.05 (0) 0.07 (0)

5 NTU – 4 hour FCR (mg/L)
Average, % ≥0.2 mg/L

50 NTU – 4 hour FCR (mg/L)
Average, % ≥0.2 mg/L

Day
Samples

10-24
(n=15)

25-48
(n=8)

49-64
(n=2)

10-24
(n=15)

25-48
(n=8)

49-64
(n=2)

Chlorine 0.98 (93) 0.70 (88) 0.40 (100) 0.10 (13) 0.07 (0) 0.05 (0)
Rocks 0.79 (87) 0.58 (88) 0.35 (50) 0.12 (13) 0.04 (0) 0.07 (0)
Sand 0.79 (87) 0.58 (88) 0.31 (100) 0.10 (13) 0.05 (0) 0.06 (0)
Rocks/chlorine 0.91 (87) 0.59 (75) 0.26 (50) 0.09 (13) 0.04 (0) 0.07 (0)
Sand/chlorine 0.79 (87) 0.60 (100) 0.35 (100) 0.08 (6.7) 0.04 (0) 0.07 (0)
Control 0.73 (87) 0.55 (88) 0.38 (100) 0.08 (6.7) 0.04 (0) 0.06 (0)
ALL* 0.83 (88) 0.60 (88) 0.34 (83) 0.10 (11) 0.05 (0) 0.06 (0)

5 NTU – 22 hour FCR (mg/L)
Average, % ≥0.2 mg/L

50 NTU – 22 hour FCR (mg/L)
Average, % ≥0.2 mg/L

Day
Samples

10-24
(n=15)

25-48
(n=8)

49-64
(n=2)

10-24
(n=15)

25-48
(n=8)

49-64
(n=2)

Chlorine 0.43 (60) 0.20 (25) 0.05 (0) 0.07 (6.7) 0.04 (0) 0.04 (0)
Rocks 0.34 (53) 0.27 (25) 0.04 (0) 0.05 (0) 0.04 (0) 0.04 (0)
Sand 0.31 (53) 0.14 (25) 0.03 (0) 0.06 (0) 0.05 (0) 0.09 (0)
Rocks/chlorine 0.39 (53) 0.15 (25) 0.03 (0) 0.06 (0) 0.05 (0) 0.14 (50)
Sand/chlorine 0.31 (53) 0.13 (25) 0.04 (0) 0.06 (0) 0.05 (0) 0.03 (0)
Control 0.28 (53) 0.12 (25) 0.05 (0) 0.05 (0) 0.04 (0) 0.00 (0)
ALL* 0.34 (54) 0.17 (24) 0.04 (0) 0.06 (1.1) 0.04 (0) 0.05 (8)

790 * N=90 for day 10-24, 48 for day 25-48, and 12 for day 49-64; 150 samples total 
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