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Nanoparticle mechanics: deformation detection via nanopore resistive pulse 
sensing 

Armin Darvisha,b, Gaurav Goyala,b, Rachna N. Arorac, Ramalingam V. K. Sundarama,c, Kidan Leed, 

Chi Won Ahne, Ki-Bum Kimd, Petia M. Vlahovskaf and Min Jun Kima,b*    

Solid-state nanopores have been widely used in the past for single-particle analysis of 

nanoparticles, liposomes, exosomes and viruses. The shape of soft particles, particularly 

liposomes with a bilayer membrane, can be greatly different inside nanopores compared to 

bulk solution as the electric field inside nanopores can cause liposome electrodeformation. 

Such deformations can compromise size measurement and characterization of particles, but are 

often neglected in nanopore resistive pulse sensing. In this paper, we investigated the 

deformation of various liposomes inside nanopores. We observed a significant difference in 

resistive pulse characteristics between soft liposomes and rigid polystyrene nanoparticles 

especially at higher applied voltages. We used theoretical simulations to demonstrate that the 

difference can be explained by shape deformation of liposomes as they translocate through 

nanopores. Comparing our results with the findings from electrodeformation experiments, we 

demonstrated that the rigidity of liposomes can be qualitatively compared using resistive pulse 

characteristics. This application of nanopores can provide new opportunities to study 

mechanics at nanoscale, to investigate properties of great value in fundamental biophysics and 

cellular mechanobiology, such as virus deformability and fusogenicity, and in applied sciences 

for designing novel drug/gene delivery systems. 
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Introduction 

Solid-state nanopores were developed almost a decade ago as an alternative to protein nanopores1 for 

next-generation sequencing of DNA molecules2, but in recent years they have drawn significant 

attention as a bioanalytical tool3 to study various analytes including nucleic acids4-7, proteins8-11, 

viruses12-14, and nanoparticles15-18. The key sensing paradigm is to monitor ionic current through a 

nanopore in a thin film (Figure 1a) that separates two chambers (cis and trans chambers) (Figure 1b). 

The nanopore behaves as an ohmic resistance and the baseline ionic current through the pore, I0, is 

determined by the size and shape of the pore and the ionic strength of the electrolyte solutions. Once 

analytes (molecules or particles) are added in the solution, they are transported through the pore by 

diffusion and electrokinetic forces. Presence of a particle inside the pore (Figure 1b), changes the 

resistance of the pore and causes unique modulation of the ionic current (resistive pulse or current 

blockade event) (Figure 1c). The amplitude of a single resistive pulse, ΔI, and the translocation time, ΔT, 

(Figure 1d) can be related to the physical properties (e.g. morphology and surface charge) of a single 

particle. 

In the past few years, there has been a growing interest for using nanopores to characterize soft 

nanoparticles such as vesicles19, 20, viruses12, 21, viral capsids22 and exosomes23, but to the best of our 

knowledge their morphology inside nanopores has not been addressed. Several groups have already 

demonstrated that forces inside nanopores24 can stretch DNA molecules25 and unfold proteins26-30. In 

fact force-deformation relationship has been used to study biophysical characteristics of single 

molecules, but the effects on larger particles are poorly understood. Few studies have addressed 

deformation of nanoparticles31 and liposomes32 in a nanopore due to osmotic or hydrostatic pressure, 

however electrodeformation of soft particles in a nanopore has mostly been ignored.  

Electrodeformation, the deformation of vesicles under the influence of electric fields, is a well-studied 

phenomenon and has been previously used for mechanical characterization of microvesicles33, 34 and 
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cells35-37. When vesicles pass through a nanopore, they experience a strong electric field, a process 

analogous to application of a DC pulse. As strong DC pulses can deform vesicles34, 38, 39, liposome 

deformation inside nanopores is expected. In fact, we recently reported a voltage-dependent behavior 

in resistive pulse signal of nanoscale liposomes40, which led us to the hypothesis that 

electrodeformation occurs inside nanopores.  

In this paper we use ~100 nm liposomes as model analytes to study the electrodeformation 

phenomena inside nanopores. The main objective is to better understand the underlying mechanism of 

deformation, describe the shape of the deformed vesicles. Furthermore, by varying the lipid 

composition, we fabricated liposomes of different rigidity, to obtain a more comprehensive 

understanding of vesicle deformation and its correlation with lipid structure of the vesicles. 

Understanding deformation properties of different liposomes allows comparing their elastic properties. 

While the main focus here is on demonstrating proof-of-the-concept experiments and not quantitative 

measurements of biophysical properties, we believe that our findings can potentially transform 

nanopores into a novel analytical tool to study biophysical properties of nanoscale vesicles such as 

viruses, exosomes, liposomes, etc.  

Results and discussion  

We used a round cylindrical nanopore, 250 nm in diameter, drilled in a 200 nm thick silicon nitride 

membrane by using focused ion beam (FIB), to compare translocation dynamics of various soft and rigid 

nanoparticles. For soft nanoparticles, we used liposomes prepared by the extrusion of varied lipid 

solutions. Particularly, we compared the translocation events of four liposome samples: 1,2-Dioleoyl-sn-

glycero-3-phosphocholine (DOPC), 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) as well as 

liposomes made out of 1:2 molar ratio of cholesterol and DOPC (DOPC/Ch) or POPC (POPC/Ch). For rigid 

particles we used two different samples of polystyrene nanoparticles, ~120 nm (NP120) and ~75 nm 

(NP75) in diameter, respectively. Figure 2 shows the size distribution of all six samples measured by 
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dynamic light scattering (DLS) and representative Transmission Electron Microscopy (TEM) images of 

each particle population. As can be seen, the liposomes are generally comparable in size even though 

they are heterogeneous in nature with a positive skewness observed in DLS measurements. We believe 

this skewness is a result of aggregation caused by the salt concentration in phosphate buffer saline (PBS) 

solution (140 mM KCl and pH = 7.4), which was used to imitate the physiological conditions. Nanopore 

resistive pulse measurements were done shortly after DLS measurements to avoid further aggregation. 

TEM images of all samples show very round spherical particles. While the size of rigid polystyrene 

nanoparticles in TEM images is comparable to DLS measurements, liposomes seem smaller under TEM 

due to liposome dehydration as they are dried in preparation for TEM imaging. Since nanopore 

experiments are done in solution, where liposomes are fully hydrated, we use the size measured by DLS 

as particles’ true size in solution. 

 Examples of current traces recorded for each sample is shown in Supplementary Figure S1. All 

liposomes samples and NP75 nanoparticles showed translocation events with minimal clogging events. 

In contrast, NP120 particles showed frequent pore clogging, as shown in Supplementary Figure S1 and 

S2. Even though the clogged pore could be declogged by reversing the voltage or applying a cyclic 

biphasic voltage pulse of up to 4V of peak-to-peak height, we found it difficult to collect as many 

translocation events for NP120 as for other samples (Supplementary Figure S2a). Therefore, the NP120 

data are excluded from our main discussion to avoid possible discrepancies caused by pore clogging and 

low statistics. The results for NP120 after filtering out all the partial clogging events are included in the 

Supplementary Figure S2 and we will refer to it if it helps the discussion. For all other samples, we were 

able to collect over 2000 translocation events at a range of applied voltages from 0.2V to 1V and 

replicated the experiments twice using the same pore shown in Figure 1a. To avoid cross contamination, 

we flushed the fluidic cells with bleach, water and ethanol three times and cleaned the nanopore chip in 

hot piranha solution for 5-10 minutes. The pore conductance was measured before each experiment to 
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ensure the pore condition remains the same and current trace with PBS was monitored to confirm no 

cross contamination between different samples. 

The resistive pulse characteristics show a significant difference between soft liposomes and rigid 

nanoparticles.  

As illustrated in Figure 3a, the most probable ΔI values of liposomes remained almost constant 

regardless of the applied voltage, but increased linearly for NP75. This is similar to what we observed 

previously40, however, in our previous work, we had to use a low ionic strength buffer to maintain 

liposomes’ integrity. At low ionic strengths, the translocation events can look very different since the 

effect of surface charges becomes significant17. Hence, we could not rule out the possible effect of 

experimental conditions in our previous work. Here, we prepared all liposomes in PBS buffer and 

compared them to rigid nanoparticles dispersed in PBS as well. The different trends in ΔI vs. applied 

voltage (Figure 3a) between liposomes and rigid particles can therefore be truly attributed to the 

behavior of liposomes and not the effect of ionic strength. We further discuss several possible scenarios 

to ensure that the difference is caused by liposome shape deformation and not translocation dynamics 

or electrical signal detection. 

Liposome capacitance does not explain their resistive pulse characteristics.  

Unlike rigid nanoparticles liposomes act as a capacitor. Since the lipid bilayer is impermeable to ions, in 

the presence of electric field free charges brought by conduction from the bulk accumulate on the 

membrane surfaces and give rise to a potential difference across the membrane. Thus, just like a 

capacitor, liposomes can take part in the conduction process as they draw current until fully charged. In 

other words, while liposomes charge, the current drop would not be as intense as it is for a pure resistor 

(i.e. solid particles). For an initially charge-free spherical liposome with known radius, a, the capacitor 

charging time, tm, can be calculated from the equation39: 
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𝑡𝑚 = 𝑎𝐶𝑚 (
1

𝜎𝑖𝑛
+

1

2𝜎𝑒𝑥
) (1) 

Where Cm is the membrane capacitance and σin and σex are the solution conductivities inside and 

outside the liposome, respectively. Under the conditions of our experiments, with σin and σex  equal to 

1.489 S.m-1, Cm ~0.01 F.m-2 33, and a ~100-125 nm, the capacitor charging time of the membrane is 

estimated to be ~0.5 ns. The translocation time of liposomes through nanopores, as measured by full 

width at half maximum (FWHM) of the resistive pulse, is 60-200 µs (Figure 3b), which is four orders of 

magnitude larger than the capacitive charging time. In other words, the liposomes are almost 

instantaneously charged and the charging time would play no role in the pore conductance. In addition, 

at a sampling frequency of 250 kHz for current measurements, the temporal resolution is not suuficient 

to observe the effect of liposomes’ capacitive charging. Hence, the difference in ΔI trends between 

liposomes and rigid nanoparticles cannot be explained by the capacitive charging of liposomes.  

Translocation trajectories are not responsible for the observed current blockade trends. 

Another  scenario to consider is the dependence of resistive pulse shape on particle trajectory in a low-

aspect-ratio pore that was recently reported by Tsutsui et al.41 Since the nanopore used in this work was 

200 nm in length and 250 nm in diameter, it can be considered a low aspect ratio pore. As suggested by 

Tsutsui et al41, an off-center translocation through the pore can cause current blockade events with 

larger amplitude than translocation through the center of the pore. These off-center translocations will 

have an asymmetric skewed shape with larger falling time than rising41. If increasing voltage in our 

experiments can force liposomes to go through the center of the pore, we can expect attenuated 

resistive pulse amplitudes, which can manifest as constant ΔI when the increased baseline current at 

higher voltages is considered. We examined the shape of our resistive pulses for asymmetric events like 

those reported by Tsutsui et al.41 Figure 3c illustrates an overlay of over 100 typical resistive pulses for 

DOPC, POPC and NP75 at low, mid and high range voltages. All the events are very symmetric, 

suggesting that the particles are passing through the center of the pore. In fact, the ratio of falling time 
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 7 

to rising time of the resistive pulse signals remains about 1 for all samples at all voltages as depicted in 

Figure 3d. Therefore, the voltage-dependent trend of liposomes current blockades cannot be explained 

by the trajectory of liposomes’ translocation through the pore. 

The event detection algorithm does not bias the data at varied applied voltages.  

A major aspect of resistive pulse sensing is signal processing especially for event detection. The common 

practice is to use a threshold to separate translocation events from the baseline current. At lower 

applied voltages, the signal-to-noise ratio of resistive pulse signal reduces and therefore there is a 

chance that a portion of translocation events are missed in event detection algorithms due to poor 

signal-to-noise ratio. Theoretically it is possible to hypothesize a scenario where small particles go 

undetected at low applied voltages, while at increased voltages with better signal-to-noise ratios, their 

resistive pulse becomes apparent. In other words there is a chance that the event detection algorithms 

for solid-state nanopore signals are biased toward larger particles at low voltages. As a result of such 

bias, the distribution of ΔI can shift to smaller values when the voltage is increased, and because the 

baseline current increases with voltage as well, such shift toward smaller values can produce an artifact 

similar to the constant ΔI observed for liposomes. However, our results with smaller rigid nanoparticles, 

NP75, show that the event detection algorithm can perfectly pick up small ΔI values almost two times 

smaller than the most probable ΔI detected for liposomes at 0.2V. The baseline noise in all our 

experiments was comparable and we used an unbiased event detection algorithm by using the standard 

deviation of baseline noise (See Supplementary Information) to the detect translocation events of all 

samples. Thus, the signal processing and event detection algorithms cannot be responsible for the 

observed trends in the data. 

The difference between soft and rigid particles is caused by liposome deformation.  

As discussed above, liposomes capacitance, translocation dynamics and event detection algorithms 

cannot explain the trends in our ΔI data. Hence, the only possible explanation can be a change in shape 
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 8 

or size of liposomes at higher applied voltages. In fact, at the lowest applied voltage, 0.2V, the most 

probable ΔI values (Figure 3a) are higher for liposomes as is expected from their larger size. In stark 

contrast, at 1V the ΔI value of NP75 is ~3 times higher than that of the liposomes, suggesting that the 

liposomes are undergoing significant deformation. Furthermore, larger NP120 rigid particles, that were 

comparable in size to liposomes (Figure 2), caused pore clogging much more frequently than liposomes 

(Supplementary Figures S1 and S2), confirming that liposomes do in fact undergo deformation as they 

translocate through the pore.  

Next, we investigated the relationship between shape and resistive pulse magnitude to assess 

whether the shape of deformed liposomes can be inferred from their resistive pulse characteristics. 

Ignoring the surface effects, the relationship between resistive pulse and dimensions of a translocating 

globular particle with width (dimension perpendicular to pore axis), r, and length (dimension parallel to 

pore axis), l, can be described by8, 42: 

∆𝐼 = 𝐼0
𝛬

𝐻𝑒𝑓𝑓 𝐴𝑝𝑜𝑟𝑒
[1 + 𝑓(

𝑟

𝐷𝑝𝑜𝑟𝑒
,

𝑙

𝐻𝑒𝑓𝑓
)]    (2) 

Where ΔI is the amplitude of the resistive pulse, I0 is the baseline current, Λ is the volume of the 

particle, Heff is the effective length of the pore, Apore is the cross section area of the pore and the term 

f(r/Dpore, l/Heff) represents a function of l, r, pore diameter (Dpore); and Heff. Since the geometry of a solid-

state nanopore does not change during the experiment, the terms that describe the pore geometry (Heff, 

Apore, Dpore) are all constant. The particle’s volume, Λ, is a function of particles’ dimension and can be 

rewritten in terms of l and r. Thus, equation 2 can be simplified to: 

∆𝐼

𝐼0
= 𝑓′(𝑟, 𝑙)   (3) 

In other words, the normalized current blockade (ΔI/I0) is a function of the geometry of the 

translocating particle (l and r). It is important to note that the ΔI/I0 value does not depend on any 
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 9 

experimental conditions (such as applied voltage or electrolyte strength) and therefore can be used to 

infer the morphology of translocating analyte independent of the experimental conditions. 

Although an analytical solution to equation 3 is not trivial to obtain, numerical simulations can be 

used to find the relationship between ΔI/I0 and particles’ aspect ratio (1/r). Several groups including ours 

have previously used a continuum model to simulate the resistive pulse of a translocating analyte18, 43-45. 

These models use a finite element simulation to solve the coupled Poisson, Nernst-Planck and Navier-

Stokes equations (PNPS). For example, Liu et al.18  used such model to predict the open pore 

conductance of solid-state nanopores fabricated with different methods and Venta et al.44 simulated the 

resistive pulse events due to translocation of gold spheres and nanorods through a small nanopore. 

Here we use a similar method to simulate resistive pulse events of elliptical and spherical particles in 

order to obtain a numerical solution for equation 3. Since general discussion of the assumptions, 

boundary conditions, validity and applications of the PNPS models for nanopore translocation 

experiments can be found elsewhere46, 47, we only discuss the specific details pertaining to our model 

here.  

We used an axis-symmetric model with a cylindrical pore geometry 250 nm in diameter, similar to 

measured diameter under TEM (Figure 1a). Since we use a large pore with a low-aspect ratio of 

thickness (200 nm) to diameter (250 nm), the effect of the pore shape is negligible18 and therefore we 

used a cylindrical shape with round edges. For the flow cells we used cylinders 2 μm away from the pore 

on each side. Voltage bias, concentration and other boundary conditions were applied as described 

elsewhere18, 43, 44. Further details of the simulation procedure can be found at the methods section and 

the supplementary information. 

Figure 4a shows the voltage drop across the nanopore when a bias of 1V is applied across the flow 

cell.  The voltage drop is mainly confined within the nanopore, resulting in localized electric field as 

shown in Figure 4b. The magnitude of the simulated electric field ranges from 5 to 25 kV/cm for applied 
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 10 

voltages between 0.2V and 1V. The ionic current through the pore was calculated by integrating the 

total flow of ions through the cross section of the pore as described elsewhere43, 45. Figure 4c compares 

the experimentally measured pore conductance with the simulation results, showing a good agreement 

between the two. Once we confirmed that the model can accurately predict the open pore 

conductance, we placed an elliptical particle close to one boundary of the flow cell and moved it 

periodically through the pore axis. Figure 4d shows an example of an elliptical particle as it passes 

through the pore. The color gradient shows the strength of the electric field at an applied voltage of 1V 

when the particle is at the center of the pore. Black lines show the electric field lines. Red and yellow 

arrows show the flux of negative Cl- and positive K+ ions, respectively. The presence of the particle inside 

the pore causes a drop in the simulated current by blocking the ion fluxes. The simulation was then 

repeated for elliptical particles of varied aspect ratios and the results are plotted in Figure 4e. Since the 

internal fluid in liposomes is incompressible, we can assume that the liposomes’ volume remains 

constant. Therefore we used ellipsoids of constant volume and different aspect ratios.  The amplitude of 

the simulated resistive pulse decreases as the ellipse goes from an oblate (l/r < 1) to a sphere (l/r = 1) to 

a prolate (l/r >1) geometry. In other words, the normalized current blockade (ΔI/I0) should increase if a 

spherical particle is stretched in the direction perpendicular to the pore axis and drops if the particle is 

stretched parallel to the pore axis. Next, we repeated the simulation for particles of different width (r), 

50-200 nm, and varied aspect ratios (Figure 4f). The red dots in Figure 4f show the simulated ΔI/I0 for 

these particles and the intermediate values were calculated by fitting a cubic polynomial function to 

obtain the gradient colored surface illustrated in Figure 4f. This 3D surface represents a numerical 

solution to equation 3 and can be used to predict the morphology of globular particles within 

nanopores. 

Liposome deformation is caused by the electric field in the pore and the morphologies are prolate 

ellipsoids.  
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In order to compare our experimental data with the simulation results, first we calculated the 

normalized current blockade (ΔI/I0) for each event and plotted the most probable value, calculated from 

the peak of respective histograms, for each sample at all applied voltages (Figure 5a). The ΔI/I0 value 

remains constant at ~1.5 % for solid NP75 nanoparticles, suggesting that their shape was maintained as 

expected for rigid particles. For liposomes, however, the ΔI/I0 decreases significantly, suggesting that the 

liposomes are going under deformation into prolate morphologies, i.e. they are getting stretched in the 

direction parallel to the pore axis.  While deformation has been previously observed for other analytes 

including DNA24, 48, proteins28-30 and polymers31, 49 the best of our knowledge no one has studied 

liposome deformation inside nanopores. Even though, Holden et al.32 reported liposome deformation in 

glass nanopores, their experiments were done with liposomes much larger than the aperture of the pore 

and therefore the deformation was attributed to confinement of liposomes and squeezing through the 

nanopore orifice. This is very different in term of the underlying physics from our observation, where 

liposomes were smaller than the pore diameter. Others have reported hydrogel deformation in a 

polymer nanopore31 due to a drop in local pressure within the pore caused by the electroosmotic flow. 

Local pressure, however, cannot play a significant role in our experiments because in our low aspect 

ratio pore the surface effects are negligible and the pressure inside the pore approaches that of bulk 

solution. Thus, the mechanism for liposome deformation in our work is different from those previously 

reported for soft particles. It is necessary to consider the forces acting on liposomes inside nanopores to 

better understand the underlying mechanism of deformation. Several groups have addressed this issue, 

especially for DNA24 and proteins50. In general, analyte translocation through the nanopore is a result of 

diffusion, electrophoresis and electroosmosis. The diffusion drift is caused by the concentration gradient 

across the pore. The electrophoresis is the result of electric force on charged species in an electric field. 

The electroosmosis arises from the Coulomb force on the electric double layer formed next to the 

charged surface of nanopores. The net force on the translocating analyte is therefore the resultant of 
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the actions of these three processes50. In case of charged species, such as DNA and proteins, the 

electroosmotic force and the electrophoretic force can act in opposite directions; hence it has been 

proposed that these forces can stretch the molecule by pulling it toward opposite directions24, 50. The 

liposomes we used in this work, however, are not charged at neutral pH and therefore the 

electrophoretic forces are negligible. As a result, the translocation is only facilitated by diffusion and 

electroosmosis (Figure 5b). When these two are acting in the same direction, they facilitate liposomes to 

overcome the entropic barrier of confinement inside nanopores and translocation events become much 

more frequent. In fact, translocation events were observed more frequently when liposomes were 

placed in the trans chamber rather than the opposite direction (Supplementary Figure S3). The data 

presented here were all collected for translocation from trans to cis chamber and therefore the forces 

acting on the liposomes were in the same direction. As a result, the stretching effect proposed for DNA 

and proteins cannot be applied to liposomes. Instead, the deformation is a direct result of 

electrodeformation, as is discussed below.   

Electrodeformation and poration are well-established phenomena that have found applications in cell 

transfection51-54 and in mechanical characterization of vesicles35, 55 and cells56. A detailed discussion of 

electrodeformation and its underlying physics is beyond the scope of this paper and can be found 

elsewhere33, 57, but here we look into some of the recent works that explain the morphology of 

liposomes inside electric fields38, 39, 58 and will compare conditions inside nanopores to those 

experiments to investigate whether liposome electrodeformation can occur as they translocate through 

nanopores. Strong DC fields ranging in magnitude from 2 kV/cm to >50 kV/cm have been shown to 

deform liposomes at both micro-36, 39 and nanoscale59, 60. At microscale, where the shape of deformed 

liposomes can be imaged by a high-speed camera61, 62, liposomes deform into ellipsoids of varied aspect 

ratios depending on the experimental conditions. For liposomes filled with solutions of similar 

conductance to the bulk solution (σin/σout = 1), the morphology is a prolate ellipsoid (l/r > 1)57. This is in 
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agreement with our results, where the drop in ΔI/I0 at increased applied voltages (i.e. stronger fields) 

suggests deformation into a prolate ellipsoidal morphology. In fact, a liposome translocating through a 

nanopore undergoes an electric field of the shape shown in Figure 4b, which is essentially similar to 

applying a DC pulse on a stationary particle. Taking the translocation time (50-100 μs) into 

consideration, the nanopore translocation is analogous to applying a pulse of duration 50-100 μs (or an 

AC field of 20-40 kHz) and magnitude of 5-25 kV/cm as shown in Figure 4b. Comparing these numbers 

with theoretical models that describe the morphology of the deformed liposomes57 confirms a prolate 

morphology. While these theoretical models have been developed for microscale liposomes and may 

not directly be applicable at nanoscale, the general mechanisms and morphologies should be similar 

even at nanoscale. In fact, experimental data with liposomes comparable in size to our samples, have 

suggested that electrodeformation occurs at nanoscale59, 60. Even though, due to diffraction limits, the 

exact morphology cannot be imaged at nanoscale, complex optical absorption measurements have 

predicted that the deformed liposomes are prolate ellipses59. Thus, it is reasonable to conclude that 

liposomes will undergo electrodeformation as they pass through nanopores and their morphology 

should be prolate ellipsoids.  

We used our numerical simulation results (Figure 4f) to estimate the effective aspect ratio of the 

deformed liposomes inside nanopores based on their normalized current blockade (ΔI/I0) assuming that 

their shape is prolate ellipsoids. As it is shown in Figure 5c, we predict the aspect ratio of rigid NP75 to 

be ~1 (i.e. a sphere) independent of the applied voltage. This confirms that our simulation is accurately 

modelling the resistive pulse. Considering that the only input in the simulation is the initial diameter of 

the particle, an output of aspect ratio equal to 1 is a good prediction for the shape of rigid particles. For 

liposomes, however, we see an increase in the aspect ratio (i.e. deformation to prolate shapes) as 

voltage is increased. However, the values for the effective aspect ratio are unexpectedly high especially 

at higher applied voltages. Generally, electrodeformation experiments report slightly prolate ellipsoids 
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with aspect ratios in the range of 1-1.539, 59. But, our results show aspect ratios larger than 2 even at 0.3 

V (despite the low field strength of ~6 kV/cm). We do not believe that the estimated effective aspect 

ratios are a true representative of the liposomes’ exact morphology, but rather an indication of the 

extent of liposome deformation. It is important to understand that because of the complicated 

underlying physics inside nanopores, our estimation of liposome’s exact morphology is not ideal. First, 

our numerical simulation assumes constant particle’s volume, which should hold true as long as the 

liposomes do not porate or disintegrate. However, the high membrane curvature of nanoscale 

liposomes favors poration59, therefore loss of volume is possible due to electroporation. In addition, a 

porated liposome can take part in ionic conduction. Smaller volume and lower resistance due to 

poration will likely cause resistive pulses of smaller magnitudes than expected, hence higher aspect ratio 

predictions. Second, unlike electrodeformation experiments in bulk solution, in our experiments 

liposomes are confined inside the nanopore, which can have implications for liposome’s shape. In fact 

pore-liposome interactions may amplify liposome deformation as adsorption on surfaces is known to 

flatten liposomes63, 64. There is even a possibility that liposomes hit the surface of nanopores and burst 

immediately64 to form a bilayer on the pore surface65. We believe the latter is less likely because no 

significant shift in the baseline was observed with liposome translocation (Supplementary Figure S1). 

The shape of the current blockade events and the translocation times of the liposomes did not suggest 

any prolonged liposome-pore interactions, either. Yet, we cannot completely refute the possibility of 

liposomes pore interactions and its possible effects on liposomes’ morphology.  Furthermore, the 

presence of electroosmotic flow and the simple fact that liposomes are in translocation may have 

implications for their deformation. In addition, our aspect ratio prediction is based on the assumption 

that the most probable ΔI/I0 corresponds (the peak in histograms of ΔI/I0 distributions) to the most 

probable particle size (The peak in DLS measurements). However, the liposomes are heterogeneous in 

size with skewed distributions, which can result in varied levels of deformations for different 
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subpopulations within the sample. The bending rigidity of nanoscale liposomes are highly correlated to 

their membrane curvature66-68, which means that with the same applied force, larger particles will 

undergo more deformation. In other words, the deformation can further skew the ΔI/I0 distribution, 

which may complicate the assumption that the most probable ΔI/I0 corresponds to the average size. 

Finally, due to computational limitations, we have used a rather simplistic model that assumes an 

axisymmetric electric field around liposomes at steady-state conditions, which may not be a true 

representative of the conditions in our experiments. The nanopore was not perfectly circular and the 

dynamics of liposome deformation as it passes through nanopores may deviate from steady-state 

conditions. Importantly, our model did accurately predict the aspect ratio of larger NP120 rigid particles 

to be ~1 as well (Supplementary Figure S2d), confirming that the larger size of the liposomes do not 

cause the difference seen in their aspect ratio prediction. As a result we conclude that the trend of 

increasing aspect ratios with applied voltage does in fact illustrate liposome deformation even though 

the actual values may be inaccurate for the reasons discussed above. 

Rigidity of different liposomes can be compared by their resistive pulse properties. 

Despite unexpectedly high estimated aspect ratios for liposomes, the comparative trends between 

various liposomes can still be of great value. For example, DOPC liposomes show more deformation 

(higher aspect ratios) than POPC based liposomes, which is in agreement with the fact that POPC bilayer 

has a higher bending rigidity69, 70. Furthermore, the effect of cholesterol on DOPC liposomes seems 

smaller than the effect on POPC liposomes. Up to 0.7 V, DOPC and DOPC/Ch liposomes show similar 

deformation behavior. At voltages above 0.7 V, the DOPC liposomes show more deformation, but due to 

the higher standard errors in these measurements; the difference between DOPC and DOPC/Ch is not 

significant. POPC liposomes on the other hand show more deformation compared to POPC/Ch at 

voltages above 0.3 V, which suggests that addition of cholesterol to POPC causes stiffening. These 

results are in agreement with the results from electrodeformation and other experiments. As 
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demonstrated by Henriksen et al.71 addition of cholesterol to POPC liposomes increased their stiffness, 

which led to the belief that cholesterol has a universal stiffening effect on lipid bilayers. More recent 

experiments, however, have suggested that the effect is lipid specific72 and in fact for DOPC liposomes, 

addition of cholesterol has no effect on particles bending rigidity. This has been confirmed in 

electrodeformation studies of DOPC microvesicles35. Therefore, our findings for the effect of cholesterol 

are in agreement with the findings in the literature and we can conclude that the trends in our data 

represent liposome electrodeformation. Hence, nanopores can be used to qualitatively compare the 

bending rigidity of liposomes.  

One final point that we find worthy of discussion is the distributions of ΔI values. As illustrated in 

Supplementary Figure S4 the distributions are very different for liposome vs. rigid nanoparticles. The ΔI 

values for rigid polystyrene nanoparticles show a normal Gaussian distribution, which is expected for 

nanopore translocation events45, 73. However, the distributions are very positively skewed for all 

liposome samples. The skewness might be attributed to the fact that the liposome’s size distributions 

were also skewed (Figure 2). But, the NP120 particles, which were skewed in DLS measurements as well, 

did not show skewness in ΔI (See Supplementary Figure S2b). Thus the skewness may not necessarily be 

the result of particle size distribution. Interestingly, skewed ΔI distributions have been increasingly 

observed over the past few years, and in most cases it is attributed to the shape of the translocating 

analyte and its orientation within the pore74. For example, unimodal positively skewed distributions 

similar to what we have observed here, was reported for bovine serum albumin and fibrinogen8. 

Although the authors did not discuss the ΔI distribution, it is noteworthy that the shape of the 

translocating molecules in their work was also elliptical with high aspect ratios8. This is very intriguing 

because to the best of our knowledge it is the only other report with a unimodal positively skewed ΔI 

distribution, and the morphology is similar to what we expect for deformed liposomes. As suggested 

recently74, the resistive pulse signal and the distributions of pulse characteristics can be used to 
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accurately characterize the shape of a single protein molecule. Similar analysis for larger particles such 

as liposomes can be of great interest in order to better predict the shape of deformed liposomes and 

infer quantitative mechanical properties. 

Experimental  

Reagents 

All lipids were purchased from Avanti Lipids Inc. All other reagents were from Sigma Aldrich. 

Nanopore fabrication 

Nanopore chip fabrication began with deposition of a 200 nm thick SixNy film across a 500 µm thick 

silicon wafer. Photolithography and standard KOH wet-etching was then used to make a 50 µm x 50 µm 

window on the silicon wafer leaving a free standing SixNy membrane on the window. Nanopores were 

drilled in the membrane using a FEI Strata DB 235 FIB, using protocols described elsewhere5, 75. 

Liposome production 

Liposomes were prepared by conventional extrusion method. Lipid solutions in chloroform were used to 

make a thin film by rotary evaporation technique. For DOPC and POPC 10 mM concentration of lipid in 

chloroform were used. For Cholesterol-containing liposomes (DOPC/Ch and POPC/Ch), 5mM of 

cholesterol in chloroform was added before evaporation. The thin films were rehydrated in Phosphate 

Buffer Saline (pH = 7.4) and were heated to temperature above the transition point of the lipids. The 

solution was then extruded using membranes with 100 nm pores and a desktop mini-extruder by Avanti 

Lipids Inc.  

Particle size measurements 

The hydrodynamic diameter of all samples were measured by dynamic light scattering (DLS) in a Delsa 

Nano instrument by Beckman Coulter. Diluted samples in PBS were used to measure intensity-weighted 

diameters of analytes and Gaussian distributions were fitted to histograms to find the peaks. Each 

measurement was repeated 4 times and the average was used as hydrodynamic diameter of each 
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sample. Transmission Electron Microscopy was used to examine the shape of liposomes and 

nanoparticles. 10 μl of diluted sample was dispensed on a carbon grid for 20 minutes at 4 C. The grids 

were then floated on a 50 μl drop of fixative solution (1% formaldehyde and 0.1% glutaraldehyde in PBS) 

at 4 C. The grids were then washed once in PBS and several times in water by floating them over 50 μl 

droplets of liquids at room temperature. Subsequently, the excess liquid was removed by wicking with a 

filter paper and the grids were immediately floated on a 20 μl drop of 2% phosphotungstic acid for 

negative staining.  The excess staining solution was wicked with filter paper after 2 minutes and the TEM 

sample was air dried. The sample was imaged using a JOEL 2100 TEM instrument at an operating 

accelerating voltage of 120 keV. A similar protocol without fixing steps was used for TEM imaging of 

polystyrene particles. 

Nanopore resistive pulse sensing 

A nanopore chip was sealed by sandwiching it between two PDMS gaskets and assembling it in an in-

house built flow cell. Cis and trans chambers of the flow cells were filled with the electrolyte (PBS). A 

200 B Axopatch patch-clamp amplifier by Molecular Devices was used with Ag/AgCl electrodes to record 

signals. The samples were then added to the trans chamber and the current was recorded at a sampling 

frequency of 250 kHz. The signal was digitized with an MD Digidata 1440A digitizer and filtered by a 10 

kHz analog low-pass Bessel filter.  The data for all the liposomes and polystyrene beads were recoded 

using the same pore shown in Figure 1a. The conductance of this pore was ~44.6 nS. Before recording 

data for each new sample, the nanopore was thoroughly cleaned in piranha solution (at 80°C) for 10-15 

minutes. The open current (electrolyte without analyte) was monitored for several minutes to ensure 

that the conductance of the pore was the same and no trace of contaminants from previous 

experiments was left in the pore or flow cells. All the experiments (except for NP120) were replicated 

twice. The average value of the two measurements and the standard error of the means were used to 

generate the plots. 
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Signal processing 

All signal processing and data plotting were done in MATLAB using codes and custom graphical 

interfaces developed in-house. For baseline correction, we used a moving average technique. For event 

detection, we used an iterative detection algorithm similar to what was reported by Plesa and Dekker76. 

For more details on signal processing and event detection see the supplementary information. 

Finite element simulation 

Finite element simulation was done in COMSOL following the methods described before43.  We used a 

2D axisymmetric model and solved Poisson, Nernst-Planck and Navier-Stokes equations to determine 

electric field and ionic fluxes. For cis and trans chambers we used spheres of radius 1 μm. The pore was 

modeled by a cylinder with inner diameter, R = 250 nm, and height, h = 200 nm to reflect the dimensions 

of the pore used in the experiments. The ionic current was calculated by integrating ionic fluxes through 

the center of the pore. The constants used for the simulation were: T = 298K for temperature; R = 8.31 

J/(mol·K) for gas constant; F = 96485.3365 C/mol for Faraday constant; Dk = 1.957×10−9 m2/s and Dcl = 

2.032×10−9 m2/s for diffusion coefficient of ions, ε = 80 for relative permittivity of water; η = 10−3 Pa.s 

for viscosity of water; ρ = 103 kg/m3 for density of water, CK = CCl = 140 mM for bulk KCl concentrations; 

ZK = 1 and Zcl = −1 for valence of K+ and Cl- ions; and σ = -0.2 mC/m2 for surface charge on the nanopore. 

Further details about the finite element simulations can be found in the supplementary information. 

Conclusions 

We have demonstrated that nanoscale liposomes can undergo significant deformation as they 

translocate through a solid-state nanopore. This was confirmed by observing the change in normalized 

resistive pulse heights at increasing applied voltages. Based on the pulse heights, we determined that 

liposomes assume a prolate ellipsoid morphology, in agreement with the results from 

electrodeformation experiments35, 38, 39, 57, 59, 60. Finite element simulation was then employed to resolve 

the effective aspect ratio of deformed liposomes, which allowed us to characterize the extent of 
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liposome deformation. Even though the estimated aspect ratios seem uncharacteristically high, we were 

able to compare the qualitative elasticity of various liposomes and describe the effect of cholesterol on 

the rigidity of various nanoscale liposomes. In conclusion, resistive pulse sensing in solid-state 

nanopores can potentially characterize the mechanical rigidity of nanoscale liposomes. Accurate 

quantitative measurements require further in depth analysis of the underlying physics, theoretical 

modeling of liposome electrodeformation, as well as optimization of the experimental technique in 

several fronts beyond the scope of this work, yet the findings here can collectively serve as the proof-of-

the-principle and lay down the framework for future studies. 

The work in this paper can be of great significance for researches in various fields including nanopore 

sensing technology, vesicle characterization and cellular/molecular mechanobiology. Particularly for 

nanopore sensing, it is important to understand the deformation of soft nanoparticles and the 

implications for nanoparticle characterization such as counting and size measurements. As we 

demonstrated in this paper, the shape of liposomes inside nanopores can be very different from that in 

bulk solution, which can influence the size measurement. Generally, one should be cautious about 

estimating the size of particles from resistive pulse signals as the shape can have a significant influence 

on the results. We suggest that resistive pulse sensing should always be compared at varied applied 

voltages to confirm no artifact caused by deformation and if possible sample preparation methods such 

as fixation, etc. should be used to minimize the effects of deformation.  
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FIGURES 

 

 

 

Figure 1. (a) Pseudo-colored TEM image of a nanopore 250 nm in diameter, drilled in a 200 nm 

thick silicon nitride membrane. (b) Schematic illustration of nanopore resistive pulse sensing. 

Two Ag/AgCl electrodes were used to apply a bias voltage across the pore and temporal 

changes in the ionic current through the pore was recorded during particle translocation. (c) 

Example of ionic current measurement with phosphate buffer saline solution before and after 

adding liposomes at an applied voltage of 1 V. (d) Magnified view of a single resistive pulse in 

(c); I0 is the baseline current; ΔI and ΔT denote the height and the full width at half maximum of 

the signal, respectively. 
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Figure 2. Size distribution of particles measured by dynamic light scattering as well as TEM 

images of each sample. All scale bars are 100 nm. 
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Figure 3. Dependence of resistive pulses on applied voltage. (a) Most probable amplitude of 

resistive pulse (ΔI) for liposomes and 75nm polystyrene nanoparticles at varied applied 

voltages. As depicted by the legend in the right, the bars from left to right represent an applied 

voltage of 0.2-1 V with an interval of 0.1V). (b) Most probable translocation time (c) Overlay of 

more than 100 resistive pulse traces at low (0.2 V), mid  (0.6 V) and high (1V) applied voltages 

for DOPC, POPC and NP75. (d) The average rise time to fall time ratio of resistive pulses for all 

samples. All error bars are the standard error of the means from two replicate experiments. 
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Figure 4. Numerical simulation of nanopore conductance; (a) Voltage distribution around a 

nanopore. (b) Magnitude of the electric field inside the pore; The x-axis shows the distance 

from the center of the pore on the pore axis. (c) Comparison of open pore conductance 

between simulation and experiments; black line shows the simulation, and red dots show the 

experimental data.  Error bars show standard error in 5 replicate measurements. (d) 

Translocation of an elliptical particle through the center of the pore. The color gradient shows 

the magnitude of the electric field inside the pore, when the particle is at the center of the pore 

and the black lines show the field streamlines. The yellow and red arrows show the flux of 

negatively charge, Cl-, ions and positively charged, K+, ions, respectively. (e) Simulated resistive 

pulse for elliptical particles of different aspect ratios; Oblate ellipsoids (l/r < 1), spheres (l/r = 1) 

and prolate ellipsoids (l/r > 1) are compared. (f) Comparison of the simulated normalized 

current blockade (ΔI/I0) for elliptical particles with varied size and aspect ratios. Red dots show 

the simulated data points from the model and the color gradient surface shows the 

intermediate values calculated by cubic polynomial fitting. 
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Figure 5. (a) normalized current blockade for all samples at varied applied voltages. As shown in 

the legend, the bars from left to right show an applied voltage of 0.2V to 1V with an interval of 

0.1V. The error bars show standard error from experiments replicated twice. (b) Liposomes get 

charged inside nanopores but the net electrophoretic force on liposomes is zero. Since the 

liposomes were placed in the trans chamber, diffusion and electroosmotic flow are in the same 

direction (c) The effective aspect ratio is estimated for all samples based on the normalized 

current blockade and the numerical simulation results. 
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