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While conventional solid-state nanopore measurements utilize ionic current, there is a growing interest in 

alternative sensing paradigms, including optical detection. However, a limiting factor in the application of 

optical schemes in particular is the inherent background fluorescence created by the solid-state membrane 

itself, which can interfere with the desired signal and place restrictions on the fluorophores that can be 

employed. An ideal device would incorporate a localized reduction in membrane fluorescence using a 10 

method that can be integrated easily with the nanopore fabrication process. Here, we demonstrate that in 

addition to forming nanopores and nanopore arrays, a focused Helium ion beam can be used to reduce the 

fluorescence of a conventional silicon nitride membrane controllably. The reduction in background 

produces low-fluorescence devices that can be used for optical detection of double-strand DNA, as well 

as for conventional resistive pulse sensing. This approach is used to identify the translocation of short 15 

single-strand DNA through individual nanopores within an array, creating potential for a massively-

parallel detection scheme. 

Introduction 

As single-molecule sensors, solid-state (SS-) nanopores1 hold great 

potential in applications ranging from genomic profiling2, 3 to the 20 

detection of bioterrorism agents4. The approach is elegant in its 

simplicity: a single, nanometer-scale opening is fabricated in a 

continuous membrane made of solid-state material (usually silicon 

nitride). Introduction of ionic solution to either side of the 

membrane leaves the opening as a narrow passageway through 25 

which charged molecules like nucleic acids5-7, proteins8-10, and 

solid-state materials11-13 can be transported using an electric field. 

Conventionally, these devices rely on ionic current passing 

through the nanopore as the basis of the measurement; the 

temporary presence of a single molecule in the opening can alter 30 

the transfer of ions significantly through obstruction and other 

effects14. Recently, however, limitations have been identified with 

this strategy as it pertains to the identification of small molecules 

or molecular substructure like genetic sequence2. Chief among 

these limitations is the combination of the relatively large 35 

membrane thickness (typically >20 nm) and the presence of the 

access region15- a volume sensitive to molecular interactions that 

reaches a pore radius into the solution at each mouth of the 

nanopore. As a result, the sensing region is large and cannot be 

used to resolve small features easily. This has propelled the 40 

investigation of alternative detection methods, including the use of 

graphene as an atomically-thin membrane material with 

advantageous electrical properties16-18 and the integration of 

transverse tunneling electrodes surrounding the pore11, 19, 20. 

 One approach that is of particular interest is the use of single-45 

molecule fluorescence to perform optical detection of 

translocations. Here, the passage of fluorescently-labeled 

molecules through the SS-nanopore is monitored using optical 

fluorescence imaging of the membrane during the application of a 

voltage. Optical detection offers the ability to observe molecular 50 

translocation directly and thus avoid questions of interpretation 

that are often encountered with ionic current measurements21, 22. In 

addition, a rich assortment of techniques like total internal 

reflection fluorescence microscopy23, 24 and Förster resonance 

energy transfer25 can be integrated with the basic optical 55 

measurement technique and can add functionality for measuring 

positional and structural information with spatial accuracy that can 

be superior to conventional ionic current measurement26, 27.  

 There are several device characteristics that are important in a 

nanopore optical detection scheme. First, a large range of SS-60 

nanopore diameters should be attainable. Pore diameter has proven 

an important factor in controlling the translocation process, both 

for preventing molecular folding7 and regulating threading speed22, 

28. Second, large arrays of individual SS-nanopores should be 

achievable. A major advantage of optical detection in general is  65 

the ability to perform measurements in a massively-parallel 

fashion through simultaneous monitoring of many nanopores. Such 

a capability is difficult to achieve with conventional ionic current 

measurement, as individual pores are not individually addressable. 

Finally, and most critically, the device itself should have low 70 

inherent fluorescence. Background fluorescence increases the 

noise floor of the measurement, making single-molecule detection 

more challenging and potentially preventing the use of certain 

fluorophores entirely (see Fig. S-2). For maximum resolution and 

experimental flexibility, a membrane with little or no fluorescence 75 

is ideal. 
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 Of the relatively few reports integrating optical microscopy with 

SS-nanopore translocations26, 27, 29-31, most have not addressed the 

issue of membrane fluorescence. Recent work by dela Torre, et 

al.32 showed that background fluorescence can be reduced using 

atomic layer deposition of TiO2 on nanopores formed by focused 5 

ion beam. However, this process required multiple fabrication 

steps and achieved minimum diameters no smaller than ~8 nm. 

Here, we show that a single fabrication process can address all of 

the criteria for an optimized SS-nanopore optical detection scheme 

listed above. We utilize the beam of a commercial Helium ion 10 

microscope (HIM) to first reduce the fluorescence of a thin silicon 

nitride (SiN) membrane in a controllable manner and then produce 

SS-nanopores within that membrane. He+ ion milling is capable33 

of producing nanopores at high resolution (diameters below 3 nm), 

either individually or in arbitrarily large arrays. We show that low-15 

fluorescence devices are capable of conventional resistive pulse 

sensing as well as optical detection of molecular translocations and 

we demonstrate that large SS-nanopore arrays can be addressed 

through parallel monitoring. 

 20 

Results and discussion 

SiN membrane fluorescence is thought to be caused by the 

presence of optically-active defects embedded within the 

material34, 35. These radiative centers may be either amorphous36 or 

crystalline37 domains that emit over a range of 400-800 nm. It has 25 

been shown previously that a HIM beam at high dose (>106 

ions/nm2) is capable of milling through a thin SiN membrane 

entirely to form a pore33 and that intermediate doses (>104 

ions/nm2) can be used to reduce membrane thickness 

controllably38. However, our previous work has demonstrated39 30 

that He+ ions penetrate the membrane easily under typical beam 

conditions, and so significant effects occur internal to the bulk 

membrane at energies well below those required to ablate material 

(i.e. the SiN surface binding energy), including atom-atom 

interaction and implantation. We therefore hypothesize that 35 

exposure with a focused He+ ion beam at low dose (<104 

ions/nm2, Fig. 1a) could be used to remove the source of 

background fluorescence (Fig. 1b) either through ion-induced 

damage of defects40, 41 or through effects like channeling42 while 

leaving the membrane otherwise unaltered. 40 

 To investigate this, we expose a suspended SiN membrane (30 

nm thick) with various doses of He+ ions and then image the 

sample with TIRF microscopy (see Supplementary Information 

Fig. S-1). The inset to Fig. 1c shows a typical image, indicating 

that fluorescence intensity is indeed reduced with increasing 45 

amounts of ion exposure. Image analysis can be used to quantify 

the intensity change relative to the untreated membrane (Fig. 1c), 

revealing that the fluorescence intensity scales exponentially with 

He+ beam dose. At ~300 ions/nm2, membrane fluorescence is 

diminished to less than 10% of its initial value and any additional 50 

reduction above this dose is not measurable due to the limitations 

of the detector. We note that this dose is at least an order of 

magnitude less than the lowest dose investigated previously using 

a membrane of comparable initial thickness39. From these past 

measurements, we expect that the exposure required here would 55 

reduce the average membrane thickness within the exposed region 

by less than 1 nm. This value is lower than the average roughness 

of the membrane (typically 2-3 nm), and so we conclude that the 

low-fluorescence membrane is essentially identical to an untreated 

membrane. 60 

 Having established the efficacy of this technique, we next study 

quenched SiN as a substrate for optical SS-nanopore 

measurements. We first expose a 4 µm square region in a SiN 

membrane with the He+ ion beam at a dose of ~400 ions/nm2 to 

reduce native fluorescence to a minimal level (Fig. 2a). Directly 65 

following this treatment, we expose a spot at the center of the 

pattern with a dose of 12×106 ions/nm2 in order to produce a single 

nanopore with a diameter of ~5 nm (see Supplementary 

Information Fig. S-1 for example). We subsequently investigate 

the passage of a 2.8 kbp dsDNA fragment (derived from λ-phage 70 

DNA) through the device. In order to measure translocations both 

by conventional ionic current and by fluorescence, we end-label 

the DNA with the fluorophore Cy3. Avoiding intercalating dyes 

maintains a DNA structure similar to that studied widely 

elsewhere5, 7, 33, 43 while providing a fluorescent beacon for optical 75 

detection. Fig. 2b shows typical traces of ionic conductance (left) 

and nanopore fluorescent intensity (right) during application of a 

600 mV bias between the two chambers. In the conductance trace, 

we observe a series of downward spikes with average depth of 1.3 

nS, in agreement with past measurements5, 7, 33. In the optical trace, 80 

we observe a series of brief increases in fluorescence intensity, 

each lasting 1-3 video frames (2-6 ms), indicative of the transient 

presence of a DNA-conjugated fluorophore in the narrow optical 

Figure 1 Helium ion bleaching. (a) A silicon nitride membrane 

containing defects that act as radiative centers is exposed by a focused 

He+ ion beam (red). (b) The beam removes the radiative capacity of 

these defects and thus their contribution to background fluorescence. 

(c) Relationship between membrane fluorescence intensity and He+ 

ion dose as measured from 500 nm square patterns. Squares and 

circles are data sets from two separate chips and the solid line is an 

exponential fit to all data. Inset shows fluorescent image of one 

sample (circle data points), with dose increasing L-R. Scale bar is 1 

μm. 
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sensing region of the SS-nanopore. This dwell time is in agreement 

with related measurements31. We note that our system is not 

capable of simultaneous measurement, and so individual events 

cannot be synchronized between optical and electrical signals31. In 

sequential measurements on the same device, we find that the 5 

event frequency in both the electrical and the optical signal yields 

an identical value of 0.45 Hz. Repeating the measurement using 

unlabeled dsDNA of equivalent length results in events only in the 

electrical signal and not the optical. However, molecules can 

occasionally approach the nanopore without necessarily passing 10 

through21, 22, 44, 45, and so some fraction of the events observed in 

both the optical and electrical signals could represent non-

translocative interactions with the system. Therefore, we suggest 

only that the fluorescence intensity spikes likely have the same 

origin as the conductance events. Alternative microscopy 15 

techniques30, 46 may be necessary to identify true molecular 

translocations. 

 Previous work has demonstrated33 that He+ ion milling can be 

used to form large arrays of individual SS-nanopores with 

diameters as low as 5 nm. This capability could be exploited to 20 

allow parallel optical detection of DNA translocations. However, 

an aspect that must be considered is how each nanopore in a large 

array can be localized accurately. Our approach allows this 

obstacle to be addressed inherently. Because the diameter of the 

He+ beam (i.e. the width of its Gaussian intensity profile) is larger 25 

than the SS-nanopores it produces, the region directly surrounding 

each pore is exposed to an ion dose that decreases radially from the 

beam center. As a result, each nanopore should be surrounded by a 

corona of quenched fluorescence. Such a feature would provide a 

direct way of locating SS-nanopores optically. To confirm this, we 30 

expose an untreated SiN membrane with a range of pore-forming 

He+ ion doses and then collect fluorescent images of the sample. A 

typical image of a 5×5 nanopore array is shown in Fig. 3 (inset), 

where the exposure doses range from ~1×107 – 11×107 ions/nm2. 

As expected, we find that each nanopore is marked by a discrete 35 

region of reduced fluorescence. In order to analyze these data, we 

consider the diameter of each spot to be the width of a Gaussian fit 

to its cross-sectional intensity profile. We find that the diameter of 

the quenched region varies logarithmically with the He+ ion dose 

(Fig. 3). Practically, the observation verifies that SiN fluorescence 40 

is quenched strongly at the location of the SS-nanopore as an 

intrinsic effect of our fabrication process. 

 We can therefore investigate He+ ion-milled nanopore arrays as 

the basis of a parallel optical detection technique. To do this, we 

fabricate a 20×20 array of individual pores with diameters of ~5 45 

nm in a SiN membrane that has been treated as described above to 

reduce background fluorescence to ~20% of its initial value (see 

Fig. 1c). Fig. 4a shows a TIRF optical micrograph of the device, in 

which the individual SS-nanopores can be resolved as small dark 

spots. On the far side of the membrane, we introduce 55-base long 50 

single-strand (ss) DNA molecules, each containing 3 Cy3 labels 

and collect video while applying 1 V across the device. Short, 

homopolymeric ssDNA oligonucleotides are used here in order to 

avoid clogging and to demonstrate the efficacy of the approach at 

resolving small molecules. To our knowledge, ssDNA 55 

translocations through SS-nanopores have not been detected using 

an optical approach previously. In the video, we observe transient 

increases in brightness at the locations of the SS-nanopores, 

similar to what was seen in the prior single-pore case. However, 

we are now able to monitor translocations through individual pores 60 

within the array simultaneously. Fig. 4b shows fluorescent 

intensity traces for five representative nanopores within the array, 

each yielding a series of transient spikes in image brightness that 

denote the passage of individual molecules. We attribute the broad 

distribution of fluorescence event amplitudes (Fig. 4c) to the video 65 

capture rate (675 Hz), which is low compared to the speed of the 

DNA translocation. This disparity creates variation in apparent 

fluorophore brightness since a molecule can reside at different 

positions relative to the focal plane during image capture. 

 Free diffusion of a fluorophore into the focal volume of the 70 

microscope can also produce a transient increase in fluorescence 

intensity. Therefore, it is possible that some optical events may be 

attributed to molecules drifting through the area of interest. In 

order to explore this possibility, we perform an additional analysis 

on the data shown in Fig. 4. Considering several individual SS-75 

nanopores from within the array (n =32), we measure an event rate 

Figure 2 Electrical and optical detection of DNA translocations. (a) 

Optical image of a He+ ion-bleached square containing a single SS-

nanopore with diameter 5 nm. Scale bar is 2 μm. (b) Typical raw 

traces taken with the device, showing Cy3-labeled DNA translocation 

events using both conventional ionic conductance (left) and 

fluorescence intensity (right). Scale bar applies to both traces, with a 

horizontal scale of 5 s and a vertical scale of 1 nS (electrical) and 25 

a.u. of gray scale (optical).  

Figure 3 Fluorescence quenching around individual SS-nanopores.

The diameter of fluorescence quenching around individual SS-

nanopores on an untreated silicon nitride membrane plotted against 

both the He+ ion exposure dose of the pore. Solid line is a logarithmic

fit to the data. Inset shows a typical fluorescence image of a 25-pore 

array with He+ ion exposure doses ranging from ~1×107 (lower left) –

11×107 (upper right) ions/nm2. Scale bar is 2 µm. 
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of 0.27 Hz. Repeating the same measurement at 12 (partially 

quenched) areas proximal to the array but not at the location of a 

pore (c.f. black trace in Fig. 4b), we observe that there is a low but 

measureable event rate (0.03 Hz). These events are likely caused 

by random diffusion of translocated material into the focal region 5 

during the measurement, and are comparable to actual 

translocations in terms of amplitude. However, the event rate 

measured at the membrane is roughly an order of magnitude lower 

than that measured at the SS-nanopore locations, and so we 

estimate that no more than 10% of events detected optically at the 10 

location of a nanopore could be attributed to diffusion of material 

through the field of view. Thus, the vast majority of fluorescence 

intensity spikes measured in the nanopore array correspond to 

translocation events or stochastic interactions with the sensing 

region (see discussion above). Synchronous optical and electrical 15 

measurements should be able to differentiate non-translocative 

interactions more fully. 

Conclusions 

We have shown that a focused He+ ion beam is able to reduce the 

fluorescence of a SiN membrane in a manner that integrates 20 

seamlessly with the SS-nanopore fabrication process. We propose 

that the mechanism of this effect is tied to ion beam-induced 

damage to optically-active defects within the SiN. Background 

fluorescence can be reduced or removed accurately using arbitrary 

lithographic patterning. We have also demonstrated that quenched 25 

SS-nanopores can be used for both resistive-pulse sensing as well 

as optical identification of DNA translocations. Finally, we 

showed that the area directly surrounding He+ ion-milled SS-

nanopores is quenched intrinsically by the beam, resulting in an 

optically-addressable device with no further fabrication steps. This 30 

permitted the study of SS-nanopore arrays that could be addressed 

by TIRF imaging. As the number of parallel nanopores is 

increased, the contribution of a single molecular translocation to 

the electrical signal becomes insignificant and therefore 

increasingly difficult to resolve. The fluorescence intensity, 35 

however, remains unaffected for arbitrarily large numbers of 

individual SS-nanopores. As a result, we were able to demonstrate 

for the first time that ssDNA translocations through individual SS-

nanopores within a large (20×20) array can be detected with a 

parallel optical measurement. 40 

 Our approach makes the fabrication of SS-nanopores and 

nanopore arrays for optical applications fast and accurate. These 

devices may find specific near-term use in genetic sequencing 

applications that rely on fluorescent interactions for their central 

measurement26, 27. The controlled, lithographic reduction of 45 

substrate fluorescence may also find use in a variety of 

applications, including distance calibration in fluorescence 

microscopy and optoelectronics. 

Methods 

SS-nanopore fabrication  50 

Si chips each supporting a free-standing SiN membrane 30 nm 

thick were purchased commercially (Protochips, Raleigh, NC) and 

used as delivered. Prior to use, all Si chips were cleaned with 

acetone and ethanol and dried under a Nitrogen stream, after which 

they were exposed to oxygen plasma (10 W) for 3 minutes in the 55 

antechamber of the Helium Ion Microscope (Zeiss Orion Plus, Carl 

Zeiss, Peabody, MA) before being moved into the main chamber 

of the microscope for treatment. The ion beam current was 

adjusted to 5-6 pA through a 20 µm aperture and beam shape and 

focus were optimized at a spot near the suspended SiN membrane 60 

directly prior to membrane exposure. Fluorescence quenching was 

performed by a computer-controlled exposure of a patterned 

square with a set He+ ion dose. SS-nanopores were formed by 

exposing a single spot on the membrane for a prescribed amount of 

time. Diameter was determined by transmission Helium ion 65 

imaging of a calibration array formed on a membrane from the 

same batch. SS-nanopore diameters were confirmed using the 

measured I-V characteristics of a given device and a geometric 

model14. For arrays, all pores were considered parallel resistors 

and the I-V method yielded the mean nanopore diameter. 70 

 

Biomolecule preparation 

For the data in Fig. 2, λ-phage DNA (New England Biolabs, 

Ipswitch, MA) was digested with SfoI which results in two 

fragments with lengths of 45,679 bp and 2,823 bp, respectively. 75 

The 2,823 bp fragment was gel-purified and end-labeled with a 

single Cy3 fluorophore using terminal transferase and Cy3-dCTP. 

Excess Cy3-dCTP was removed by dialyzation against 1X PBS 

overnight at ambient temperature. This procedure has the potential 

to add multiple modified nucleotides to the 3’ terminus, but the 80 

Figure 4 Parallel optical detection of DNA translocations. (a) Fluorescence image of a 20×20 array of ~5 nm diameter SS-nanopores formed in a SiN

membrane with locally-quenched background fluorescence. Image is an average of 100 video frames and contrast has been adjusted for clarity. Scale 

bar is 2.5 μm. (b) Raw fluorescence intensity traces measured simultaneously from video of Cy3-labeled ssDNA translocations through five typical 

nanopores (each outlined in corresponding color) within the array. The black trace is measured on a region of the membrane with reduced-

fluorescence proximal to the array (outlined in black), indicating very few spikes. Scale bar is 0.5 s (horizontal) and 30 a.u. (vertical). (c) Histogram 

of optical event amplitudes (n=191) measured at the locations of individual nanopores within the array. The red line is a log-normal fit to the data. 
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bulky fluorescent group limits incorporation efficiency. Only 1-3 

fluorophores are observed when investigating bleaching behavior 

of labeled DNA with single-molecule imaging. For the data shown 

in Fig. 4, custom 55-base ssDNA oligonucleotides (Integrated 

DNA Technologies, Coralville, IA) were used, each containing 3 5 

Cy3 fluorophores with the following sequence: 5’-Cy3-T20-Cy3-

T20-Cy3-T15-3’. 

 

SS-nanopore measurements  

The Si chip containing the target SS-nanopore or pore array was 10 

loaded into a custom flow cell with PDMS gaskets. The separation 

between the chip and the bottom surface of the flow cell is 5-10 

µm, allowing high-NA optical imaging of the SiN membrane. 

During optical measurements, the TIRF excitation beam is 

delivered to the SiN membrane taking into account the diffractive 15 

index of the fluid in the lower chamber, resulting in total reflection 

of the laser at the interface of the SiN membrane with the upper 

fluid chamber. All translocation experiments were performed in 

solvent conditions of 1 M KCl, 10 mM tris, and 1 mM EDTA. 

Electrical measurements were collected via a patch clamp 20 

amplifier (Axopatch 200B) using Ag/AgCl electrodes at 100 kHz 

and low-pass filtered at 1 kHz.  

 

Fluorescent imaging  

Images for Fig. 1 were captured on an inverted optical microscope 25 

(Zeiss Observer A1) with a filter set of 488 nm (excitation) and 

515 nm (emission). This is near the maximum expected intensity 

for SiN36, 37. All further imaging was performed on a custom 

inverted microscope with a 60X TIRF objective (Olympus APON 

OTIRF, NA 1.49) and a filter set of 532 nm (excitation) and 561 30 

nm (emission), optimized for the target fluorophore (Cy3). The 

excitation source was a diode-pumped solid-state laser (4 mW, 

Laserglow Technologies LRS-0532) and video was collected with 

a CMOS camera (Hamamatsu ORCA-Flash 4.0) at a rate of 500 

Hz for Fig. 2 and 675 Hz for Fig. 4. Optical translocation traces 35 

were produced by plotting the mean gray value brightness of the 

5×5 pixel region surrounding a single nanopore over time. Image 

and video analysis were performed using ImageJ software47. 
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