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Abstract:

The lymphatic vascular function is regulated by pulsatile shear stresses through signaling
mediated by intracellular calcium [Ca?'];. Further, the intracellular calcium dynamics mediates
signaling between lymphatic endothelial cells (LECs) and muscle cells (LMCs), including the
lymphatic tone and contractility. Although calcium signaling has been characterized on LEC
monolayers under uniform or step changes in shear stress, these dynamics have not been
revealed in LMCs under physiologically-relevant co-culture conditions with LECs or under
pulsatile flow. In this study, a cylindrical organ-on-chip platform of the lymphatic vessel
(Lymphangion-Chip) consisting of a lumen formed with axially-aligned LECs co-cultured with
transversally wrapped layers of LMCs was exposed to step changes or pulsatile shear stress, as
often experienced in vivo physiologically or pathologically. Through real-time analysis of
intracellular calcium [Ca®"]; release, the device reveals the pulsatile shear-dependent biological
coupling between LECs and LMCs. Upon step shear, both cell types undergo a relatively rapid
rise in [Ca?*]; followed by a gradual decay. Importantly, under pulsatile flow, analysis of the
calcium signal also reveals a secondary sinusoid within the LECs and LMCs that is very close to
the flow frequency. Finally, LMCs directly influence the LEC calcium dynamics both under step
changes in shear and under pulsatile flow, demonstrating a coupling of LEC-LMC signaling. In
conclusion, the Lymphangion-Chip is able to illustrate that intracellular calcium [Ca**];in
lymphatic vascular cells is dependent on pulsatile shear rate and therefore, serves as an analytical
biomarker of mechanotransduction within LECs and LMCs, and functional consequences.



Page 3 of 30

oNOYTULT D WN =

Analyst

Introduction

The lymphatic vascular system within circulation has a crucial role in maintaining body fluid,
lipid absorption, protein balance, and immune cell transport [1-3]. Using intrinsic and extrinsic
contractility, the lymphatic vessel’s functional unit (lymphangion) collects and returns the
interstitial fluid to the circulatory system while its dysfunction leads to interstitial fluid
accumulation (i.e. lymphedema), fibrosis, and inflammation [4-7]. The mechanical forces such as
shear stress due to lymph flow are known to be uniquely complex and pulsatile and have a
profound effect on lymphangion’s activity including permeability, contraction, tone, and
frequency [8-11]. Further, the lymphatic endothelial cells (LECs) and muscle cells (LMCs)
operate as a unit and the cellular crosstalk between these cell types regulates the mechanical and
biological functions of the lymphatic vessels in both health and disease. Notably, the shear-
induced activation of a variety of cell-surface receptors by vasoactive agents — such as, nitric
oxide (NO) [12, 13] or endothelin-1 [14, 15] — is tightly coupled with the elevation of
intracellular calcium [16, 17], which serves as one of the major players and secondary
messengers in shear-activated vascular signaling [18]. Within blood vessels, it is well known that
endothelial-derived hyperpolarization caused by an elevation in the intracellular Ca?*
concentration functions as a signaling pathway between endothelial cells (EC) as well as
between ECs and smooth muscle cells (SMCs) [19, 20]. This signaling passes through the
endothelial gap junction and spreads a wave through the vessel leading to vasodilation and
contractile modulation [21]. Although there is extensive available literature on mechanical shear
stress effect in blood vessels and the interconnected intracellular calcium signaling, there is little
known regarding such dynamics within lymphatics. Importantly, the prior work that

characterized shear-dependent calcium and electrical dynamics in LECs showed a unique
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mechanosensitivity in these cells compared to the blood vascular ECs [22-26]. In LECs, shear-
mediated calcium signal has been shown to be dependent on the magnitude of the shear and is
dependent on calcium release as well as entry of extracellular calcium (22). Further, analysis of
cytosolic Ca®* using cannulated rat/mouse lymphatic vessel has shown the influence of calcium
flash within the living vessel, but these data cannot specifically show the independent or coupled
role of LECs and LMCs individually [27, 28], due to the complex nature of the in vivo models,
small size and the technical difficulty to separate the two cell types in a functional lymphatic
vessel [29]. There have been no studies that measured the possibly unique intracellular calcium
dynamics of the LECs and LMCs co-cultured in a physiologically-relevant architecture or under
the influence of pulsatile lymph flow [10, 30, 31]. Consequently, there is little knowledge on the
extent of functional coupling between the LECs and the LMCs relative to the blood vessel. We
recently introduced and characterized Lymphangion-Chip as a microphysiological system which
supports co-culture and bidirectional signaling of lymphatic endothelial and muscle cells [32]
(Fig. 1A). In this device, a monolayer of axially-aligned endothelial lumen surrounded by
multiple and uniformly thick layers of circumferentially-oriented muscle cells can be co-cultured
for several days under flow, as only observed in vivo in the past. In this work, we integrated this
device to a step change and pulsatile flow control system, and measured the independent and
coupled intracellular calcium dynamics within LECs and LMCs that is physiologically-relevant
(Fig. 1B-C, Supplementary Video 1). Our findings reveal the differential regulation of flow
profile and LMC-LEC coupling in shear-mediated lymphatic functions. We propose that
intracellular Ca”*calcium may serve as a specific biomarker of mechanotransduction within

LECs and LMCs, and functional consequences (Fig. 1D).

Methods
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Lymphangion-Chip design

The microfluidic devices were fabricated using soft lithography of polydimethylsiloxane
(PDMS, Dow Corning) as previously described [32, 33]. In summary, the mold with a 5 mm
long channel and 900 pm % 900 um cross-section was designed using SolidWorks and 3D
printed with Eden350 setup. PDMS mixture (1:10 base to cross-linker ratio) was poured and
cured in the mold and after removing the slab, inlet and outlets were punched with a 1-mm
biopsy punch (Ted Pella). Then, the microfluidic devices were fabricated by binding slabs to
PDMS-coated glass slides. We treated the devices with oxygen-plasma (120 Watts, Thierry
Zepto, Diener Electronics) followed by silanizing (10% v/v of (3-Aminopropyl) trimethoxysilane
in ethanol, Sigma-Aldrich) for 15 minutes. Then, the devices were washed extensively with
100% ethanol followed by 70% ethanol and kept in an 80° oven for 2 hours. Later, the devices
were filled with 2.5% v/v glutaraldehyde (Sigma-Aldrich) for 15 minutes and washed with 70%

ethanol followed by a final 2 hours drying step in an 80°C oven.

Lymphatic cell culture using gravitational lumen patterning

We isolated LECs and LMCs from rat mesenteric lymphatic vessel using a previously published
technique [34, 35]. In brief, two rat mesenteric lymphatic vessels were dissected and incubated
on two gelatin-coated plastic culture dishes. To isolate LECs, one of the vessels was inverted
before placing on the culture dish. Meanwhile, for LMCs isolation, the dissected vessel was
attached to the plastic tissue culture by gently pressing it onto the surface with forceps. Both
dishes were filled with high-glucose Dulbecco's modified Eagle's medium (DMEM)
supplemented with 20% FBS, 2 mM sodium pyruvate, 2 mM l-glutamine, and antibiotics and
were placed in 5% and 10% CO, for LECs and LMCs isolation, respectively. After 3-4 days, the

cells were proliferated and migrated out of the vessel. At this stage, the vessels were removed,
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and LECs and LMCs were first recognized based on morphology and then with the uptake of
fluorescent acetylated-LDL which is taken up specifically by endothelial cells via the "scavenger
cell pathway" of LDL metabolism (identification and isolation of endothelial cells based on their
increased uptake). The LMC phenotype was also confirmed on the criteria of 95% expression of
specific markers of a-SMA and SM-22a. When the phenotype of the cells was confirmed, the
undesired cells were destroyed physically and the target cells (either LMCs or LECs) were kept
to grow and fill the plate’s surface. The rat cell isolation protocols were all approved by the
Texas A&M University Laboratory Animal Care Committee (IACUC 2019-0284). LECs were
kept in 99% v/v Endothelial Cell Growth Medium MV?2 (full supplemental kit, PromoCell) and
1% v/v antibiotic cocktail (Gibco) in a humidified 37° and 5% CQO?2 incubator while LMCs were
cultured in 89% v/v DMEM/F-12 (Gibco), 10% v/v FBS (Gibco) and 1% v/v antibiotic cocktail

in a 10% CO, incubator.

The cell culture was done using our recently published Gravitational Lumen Patterning (GLP)
technique to form 3D cylindrical lumen within microchannels [32]. This technique harnesses the
control of the gravitational force, buoyant effect, and pressure difference across the microfluidic
channel to form a monolayer of endothelial cells surrounded by multiple layers of muscle cells
embedded in the extracellular matrix. In summary, the devices were first degassed within a
vacuum chamber and then filled with an ice-cold mixture of LMCs and collagen (see next)
followed by rotating the device for 90° and then adding an ice-cold cell medium to the device
inlet. In this case, the cell medium would wash off the hydrogel and make 3D cylindrical
structures within the microfluidic channel. By rotating the devices, we set the gravitational force
in parallel to the microfluidic channel’s axial direction so that the liquid with higher density

(hydrogel) cannot push the liquid with lower density (cell medium) towards the top of the

Page 6 of 30



Page 7 of 30

oNOYTULT D WN =

Analyst

channel before hydrogel polymerization. Thus, we achieve a symmetrical lumen in which the
muscle layer thickness is almost consistent at different angles around the lumen cross-section.
The devices were kept in a 37°C incubator for nearly 40 minutes followed by extensive perfusion
of cell medium to wash off all undesired chemicals that remained within the polymerized
hydrogel. For on-chip cell culture using GLP, LMCs were first trypsinized and mixed with rat
tail type I collagen (9 mg/ml), mixed with the basal buffer (HEPES, NaHCO3, NaOH) to reach
the final concentration of 5x10° cells/ml with pH of 7.4. The cell-hydrogel mixture was then
used in the GLP technique (described previously) to form 3D lumen within the microfluidic
devices. For devices with no LMCs, only the hydrogel mixture was perfused within the channels
before making the lumen using GLP. After waiting one day for LMCs to properly attach and
proliferate within the ECM, LECs were trypsinized and mixed with the co-culture medium (1:3
LMC:LEC medium) with the final concentration of 2.5%10° cells/ml and were consequently
seeded on the inner lumen layer in four steps (40 minutes for each lumen side) to form
endothelium. The lymphangion-Chip devices were kept at 37°C and 5% CO, for nearly 3 days to

be ready for the experiment while the co-culture medium was exchanged every 12 hours.

Flow control and intracellular calcium measurement

We used a pressure-driven flow system in this work (Elveflow). When the confluent endothelial
layer was observed using phase-contract microscopy, for each device, the average lumen inner
diameter was calculated by measuring the diameter in three different locations (one near inlet,
one near outlet, and one in the middle). Considering laminar incompressible parabolic flow
within the cylindrical lumen, the needed flow rate was calculated using the Hagen-Poiseuille
equation based on the target luminal wall shear stress and average lumen inner diameter [36]. For

each device, the resulting flow profile was produced using our microfluidic pump (Elveflow).
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Then, the devices were washed with Phosphate-buffered saline (PBS). We loaded the devices
with Fluo-4 calcium imaging solution (1% PowerLoad concentrate, 0.1% Fluo-4-AM, 89.9%
PBS, ThermoFisher) and incubated at 37°C for 1 hour. Later, the Fluo-4 solution was washed off
the devices extensively with PBS, followed by filling the channels with phenol-red free high-

glucose DMEM-F12 (Gibco). At this stage, the devices were ready for the experiment.

The tubing of the pressure pump was connected to the inlet and outlet of the channel and the
device was placed inside a stage top incubator (Tokai Hit, Japan) to keep the cells in 5% CO,
and 37°C during the experiment. The stage top incubator was placed under the optical lens of the
Zeiss Axio Observer Z1 inverted setup (LD Plan Neofluar, 20X, NA 0.4). Devices were kept in
no-flow condition for at least 10 minutes prior to the experiment. The 15 ml Falcon tubes
containing cell medium were kept in a 37°C water bath to keep cell medium warm while flowing
within the devices. The microscope lens was set to zoom on either LMCs or LECs (identified
based on morphology and location) and fluorescent images were captured with 494 nm
excitation wavelength every 15 s and 0.5 s for step and oscillatory shear experiments,

respectively.

Data processing, curve fitting, and signal analysis

Raw images were processed using ImagelJ Fiji. For each experiment, multiple regions of interest
(~10-20 ROIs) were selected each containing a single cell. At each time point, the background
noise was collected based on an area with no cell and subtracted from all ROIs. The depth of
field for our imaging setup was calculated as 5.8 um, for a light wavelength of 460 nm. Since we
performed the calcium analyses from LMCs that were on average 50-100 pum far from
endothelium (>10X of 5.8 um depth of field), our microscope did not pick much background

from LEC. However, to eliminate the remaining background noise, the plug-in noise reduction
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module of ImageJ was used. The calcium level at each time point (F;) was measured by
averaging the fluorescent intensities measured from all ROIs. The basal calcium level (Fy) was
calculated by averaging the calcium level data between the last 4 time points before starting the
flow. The data were corrected for photobleaching using the exponential fitting method [37]. In
brief, the total intensity value of all time points was curve-fitted with an exponential decay curve.
Then, the decay curve was used to calculate the true fluorescent intensity of each time point.

Finally, the normalized intracellular calcium level was calculated as:

Fy
Normalized intracellular calcium level = F_
0

To further analyze the oscillatory shear-mediated calcium signal, the raw fluorescent data was
curve fitted with cubic spline technique (MATLAB vR2020a), because it preserves the behavior
and characteristic of the original signal [38]. Later, the first-order polynomial fit was performed
on the processed signal to obtain the baseline, and then the secondary oscillatory signal was
calculated by subtracting the baseline from the spline curve-fit signal [39]. To convert the signal
from the time domain to the frequency domain, fast Fourier transform analysis (FFT) was
applied to data [40]. First, the Fourier transform of the signal was computed. Later, the two-sided
and single-sided spectrums of the signal were formed in the sequence based on even-valued
signal length. Finally, the single-sided amplitude spectrum was scanned to obtain the dominant

frequency of the original signal.
Immunohistochemistry

We performed the immunohistochemistry by starting with standard fixation (4%
paraformaldehyde, Sigma) for 20 minutes at room temperature followed by 10 minutes of

permeabilization (0.5% Triton X-100, Sigma). Then, we blocked the devices for 30 minutes
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(10% Bovine Serum Albumin, ThermoFisher Scientific). Later, the fixed devices were incubated
with 1:100 dilution of mouse or rabbit primary antibodies for 90 minutes, including a-smooth
muscle actin (a-SMA, eBioscience), vascular endothelial-cadherin (VE-cadherin, Invitrogen), or
Lymphatic vessel endothelial hyaluronan receptor 1 (LYVE], Invitrogen) followed by 60
minutes of incubation with secondary anti-mouse or anti-rabbit fluorescent antibodies
(Invitrogen, 1:200 dilution). Finally, cell nuclei were stained with Hoechst 33258 (Invitrogen,

1:2000 dilution).

Statistical analysis

GraphPad v9 was used for statistical analysis. The graph bars are shown as the mean value while
the error bars are represented as the standard error of the mean (SEM). To compare two data sets
within the same group, we used student’s t-test. Meanwhile, to compare two data groups, we
used analysis of variance (ANOVA) with post-hoc correction to determine whether there is a
significant difference between the means of the independent groups. We considered P < 0.05 as
the threshold for demonstrating the significant difference. The normality of data was also tested

with Shapiro-Wilk test.

Results and Discussion

Intracellular calcium dynamics in response to step shear

Relative to blood vessels, the lymphatic vessels experience sudden shear transients due to the
complex lymph transport [41]. These instant shear changes vary significantly in different
physiological and pathophysiological conditions [31, 42]. LECs dynamically alter their
morphology and barrier function in response to these sudden changes in shear stress that often

determines progression and outcome of pathology [43]. Therefore, we initiated our experiments
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by exposing Lymphangion-Chip to step shear (i.e., step flow profile) for generating instant shear
change applied to the endothelium. After connecting the flow control system and preparing the
imaging setup (see METHODS), the devices were kept under no shear for 5 minutes (0-5 min)
followed by an instant step increase in shear rate. Then, the devices were kept in constant shear
for 10 minutes followed by a 5 minute “resting” period in which the flow rate was set back to
zero (Fig. 2A). When we analyzed the LECs, we observed that upon initiating the shear pulse for
10 mins (5 - 15 min), the normalized intracellular calcium level [Ca?*]; elevated gradually to a
maximum value followed by a gradual decay back towards the baseline value (Supplementary
Video 2). This calcium signaling dynamics was observed within the time when the shear rate
spike stayed constant. After setting the shear value back to zero at 15 min, the decay in the
calcium signal was persistent until the calcium level recovered and reached back to the basal
value. We found this trend for the entire range of shear values we applied. These trends in data
from the co-cultured Lymphangion-Chip are consistent with observations made in prior studies
in LEC monolayers [22]. However, in this device, we also investigated for the first time, these
calcium dynamics within the muscle cells. We found a similar rise and fall trend of intracellular
[Ca?*]; within the LMCs across the range of shear applied (Fig. 2C, Supplementary Video 3).
Interestingly, relative to the LECs, the magnitudes of intracellular [Ca®']; was truncated. We also
made devices with LMC monoculture and measured the intracellular calcium content of LMCs
both close to the lumen boundary and away from the flow field while exposing the devices to a
step shear profile (10 dyne/cm2). LMCs that were closer to the lumen boundary and could sense
the shear showed an elevation in their cytosolic calcium content. However, LMCs that were
cultured away from the flow field (about 50-100 um from the lumen boundary) did not show a

significant change in their cytosolic calcium level (Supplementary Fig. 1). Overall, these data
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demonstrate that LMCs also respond to the intraluminal shear stress applied to the LECs,

possibly through the mechanosignaling within the LECs.

When we quantitatively analyzed the data of intracellular [Ca®']; across the shear values for both
LECs and LMCs, we observed that the maximum normalized level of calcium was directly
proportional to the shear rate magnitude for both cell types (Fig. 3A-B). For instance, applying
the step shear of 10 dyne/cm? resulted in an increase of 19.8% in cytosolic calcium level of LECs
in co-culture. Meanwhile, the rise in LECs calcium level in co-culture was 11.0% and 4.4% for 1
and 0.1 dyne/cm? shear stress, respectively (Fig. 3A). The intracellular calcium level [Ca?']; for
LMC:s in co-culture was also shear-dependent, similar to that observed in LECs, starting from
2.3% increase in 0.1 dyne/cm?up to 10.0% increase in 10 dyne/cm? (Fig. 3B), revealing that both
the LECs and LMC:s are responsive to shear, and also reinforcing that the Lymphangion-Chip is
able to serve as an experimental system to investigate calcium-dependent mechanobiology in a
typical lymphatic vessel. In most cell types, the Ca’* balance within the cytoplasm alternates
instantly and transitionally since pumps in the endoplasmic reticulum and plasma membrane
continually remove Ca?" from the cytoplasm [44, 45]. Therefore, the average cytosolic calcium
concentration is not the only crucial parameter in calcium signaling and the duration of the
individual Ca?* pulses and how rapid the intracellular calcium reaches the desired level also play
a major role in providing the cell with the opportunity to encode multiple forms of information
[45, 46]. Therefore, as another relevant metric of these dynamics, we defined a parameter named
“response time” which is the time (in minutes) between initiating the flow (i.e., shear) and
reaching the calcium peak. By elevating the shear amplitude, we observed a significant reduction
in LEC response time from 6-8 minutes in 0.1 dyne/cm? to nearly 1 minute in 10 dyne/cm? (Fig.

3C). Same as LECs, the LMCs response time was also inversely proportional with step shear
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amplitude (Fig. 3D). Notably, we found that at physiological or low shear steps, the response
times for both LEC and LMC are nearly the same, but at high shear, the LECs have a quicker
response rate relative to the LMCs whose response time was conserved. This suggests that since
LECs interface with the flow directly, they can quickly respond to sharp changes in shear, but
LMCs possibly sense these mechanical signals through the LECs which is more conserved and
time-dependent. LECs are known to be responsive to flow alterations both temporally and
spatially [47]. However very few studies have evaluated its effects directly on LMCs. In blood
vessels, endothelial-derived hyperpolarization, caused by an elevation in the intracellular Ca**
concentration [15, 16], functions as a signaling pathway between ECs as well as ECs and SMCs.
Thus, ECs and SMCs are coupled electrically leading to vasodilation and contractile modulation
[21, 48]. However, LECs are shown to lack the Ca**-activated K* channels which result in
depolarization (rather than hyperpolarization) in the lymphatics endothelium. In addition, LECs
are shown to be electrically decoupled from LMCs which is believed to result in efficient
conduction of contraction waves in the adjacent LMCs that are required for propulsive lymph
flow [26]. Our data with Lymphangion-Chip shows that LECs and LMCs are coupled through
calcium dynamics. Since calcium and electrical dynamics of vasculature are shown to be
interconnected [49, 50], some form of electrical coupling may potentially exist also between the
lymphatic vascular cells. More rigorous experiments and biological studies are needed to

investigate this possibility.

Intracellular calcium dynamics in response to pulsatile shear

Transporting lymphatic vessels (lymphangions) have valves that pump the lymph such that the
flow rate exhibits an oscillatory pattern with a period of 3-9 seconds [7, 31, 51]. Even though

there are a few numerical studies for Calcium and NO dynamics in oscillatory flow within
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lymphatics [23], prior experimental work has not fully investigated calcium dynamics in
pulsatile flow conditions [22, 26, 52]. Thus, we were inspired to direct our Lymphangion-Chip to
also reveal how pulsatile flow may influence intracellular calcium [Ca?*]; dynamics. An average
shear stress of ~0.5-1 dyne/cm? with a peak of up to 10 dyne/cm? is regularly observed in
lymphatic vessels in vivo [31, 51, 53-55]. Using a programmed microfluidic pressure pump, we
next introduced flow profiles with the frequency of 10 sinusoidal pulses/min (6 s period) and
three shear amplitudes of 0.1, 1, and 10 dyne/cm? to model lymphatics in inflammatory, normal,
and supraphysiological conditions, respectively (Fig. 4A). When the pulsatile shear profile was
introduced from baseline uniform flow (5 min), we observed that the general trend of
intracellular calcium [Ca?"]; was elevated in both the LECs (Fig. 4B) and LMCs (Fig. 4C) for a
few minutes. In LECs however, this increase was more prominent than in LMCs. In the lower
shear rates of 0.1 and 1 dyne/cm2, LMCs demonstrated a relatively lower shear-mediated
calcium sensitivity compared to LECs. However, when the vessel’s endothelium was exposed to
the higher shear amplitude of 10 dyne/cm?, LMCs expressed the same exponential rise and fall in
calcium dynamics as LECs (Fig. 4C). However, in both cell types, the overall trend in
intracellular calcium [Ca?"]; also decayed gradually to a near basal level. This suggested that an
onset of pulsatile flow would raise the calcium but eventually result in a constant average
intracellular calcium [Ca?*]; level in both the LECs and LMCs. Like before, when we
quantitatively analyzed the data of intracellular [Ca?']; across the shear values for both LECs and
LMCs, we observed that the maximum normalized level of calcium was directly proportional to
the amplitude of pulsatile flow for both cell types (Fig. SA, B). Due to the lower shear amplitude
of 0.1 dyne/cm?, LEC intracellular calcium increased only modestly while 10 dyne/cm? shear

magnitude resulted in significantly high elevation in LEC [Ca?'];. Likewise, LMCs maximum
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normalized intracellular [Ca®']; increased directly proportional to pulsatile shear amplitude (Fig.
5B). When we analyzed the response time, we saw that within the LECs, there was a small drop
in response, when the amplitude was raised from 0.1 to 1 dyne/cm? (Fig. 5C). But it was
increased drastically when 10 dyne/cm? was applied. In contrast, within the LMCs, there was a
small and then a more prominent drop in intracellular calcium [Ca?*]; as amplitude was raised
respectively (Fig. 5D). We suspect that the supraphysiological value of 10 dyne/cm? models the
shear applied to LECs around valve leaflets that is two to three times higher than downstream
straight segments and causes a major shift in calcium response time compared to lower shear
amplitudes [56]. However, the average LMC contractile function is shown to be consistent
irrespective of their location within lymphangion which explains the shear-dependent decrease in
LMCs response time even in higher shear amplitudes [57]. Moreover, several mechanosensors
are shown to play a role in shear-dependent calcium dynamics including membrane receptors
[58], matrix adhesion proteins [59], glycocalyx [60], and plasma membrane channels [61].
However, the role of each of these regulators in mediating the responses observed in the
lymphatics is yet to be determined [62]. There is a possibility for a calcium inhibitory pathway
that contributes more effectively in high pulsatile shear which increases in LEC calcium
response time. Future studies using our platform may allow such hypotheses to be tested. It is
also noteworthy that at a shear of 0.1 dyne/cm? that is representative of hydrodynamic conditions
observed in lymphedema, the response time in LECs and LMC calcium dynamics was
significantly high. This observation could partially explain the buildup of interstitial fluid in
edema and associated conditions. As flow gets impaired in lymphedema, a considerable delay
would be produced in LEC calcium response which results in even more delayed LMC

contractile function resulting in a positive feedback and pathological condition.
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Interestingly, unlike in the step shear condition, we observed that in addition to the rise
and fall in intracellular calcium [Ca?*];, a set of secondary oscillations were also present within
the signal amongst both the LECs and the LMCs. We found that the secondary oscillations
observed in the original signal for 0.1, 1, and 10 dyne/cm? shear amplitudes have almost the same
frequency as the input shear profile (0.167 Hz) (Table 1). Therefore, these data from the
Lymphangion-Chip predict that calcium signaling in vivo may have the same frequency as of the
flow. But rapid changes in amplitude and other bulk flow conditions may result in an overall
intracellular calcium [Ca?"]; response where it may increase rapidly and decline gradually,
keeping the local oscillation frequency conserved. This also demonstrates the high sensitivity of
calcium channels and the crucial role of pulsatile shear rate in calcium-operated functions of
lymphatics such as permeability and contraction. By analyzing the calcium signal amplitude in
LMCs and LEC:s, it appears that the LMCs are significantly more sensitive than LECs while the
Lymphangion-Chips were exposed to a high pulsatile shear (10 dyne/cm? amplitude) which
suggests that cytoplasm calcium sources and plasma membrane calcium channels could be more
active within LMCs compared to LECs (Fig. SE). We also observed that the average phase
difference between input pulsatile shear and output calcium signal was 2.3 sec and 4 sec for
LECs and LMC:s, respectively. This nearly 2 sec of lag between LECs and LMCs suggests that
LEC-LMC crosstalk may be influenced by the transport of soluble factors between the two cell
types, which may be evaluated in future. In most animal models, the lymphatic vessel is shown
to exhibit phasic and tonic contractions, which this model did not specifically focus on.
Therefore, our results are foundational to the opportunity to assess contractile behavior through

mechanobiological signaling with the Lymphangion-Chip.

Contribution of lymphatic muscle cell in endothelial calcium dynamics
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A significant feature of the Lymphangion-Chip is that it allows a reductionist approach in
studying vascular physiology. Leveraging this aspect, we focused on identifying the specific
contribution of the presence of LMCs in the shear-dependent intracellular calcium [Ca?'];
response amongst the LECs. The lumen cross-section was slightly elliptical, regardless of
monoculture of LMC or a co-culture with LECs. In particular, the ratio of the lumen height (b)
over lumen width (a) (i.e., b/a) was consistent with or without LMCs (Supplementary Figure 2).
Thus, we could exclude the LMCs from the system without change in shape or shear stress
distribution within the device. We found that in the absence of the LMCs, that is, monoculture of
the LECs, when step changes in flow were introduced the LECs intracellular calcium [Ca?']; was
inhibited compared to when we co-cultured LECs with LMCs. By increasing the step shear value
within Lymphangion-Chips, we observed a more significant difference in LEC intracellular
calcium [Ca?']; between monoculture and co-culture conditions. For instance, the difference
between normalized LECs intracellular calcium [Ca®*]; in monoculture versus co-culture in 10
dyne/cm? was five-fold more than in 0.1 dyne/cm? (Fig. 6A). Overall, due to the significant
differential response in calcium dynamics when LECs were in monoculture versus co-culture
with LMCs, the data suggests that LMCs influence the calcium dynamics and related

mechanosignaling within the LECs.

Secondly, the LECs response time in all 3 step shear values was reduced in co-culture with
LMCs compared to monoculture (Fig. 6B). This difference is significant at physiological step
shear of 1 dyne/cm?, but not under edemagenic low shear or high shear. When pulsatile flow
was introduced, we found the same trend in LECs maximum intracellular calcium and response
time so that LECs in monoculture (no LMCs) responded slower and with a reduced calcium peak

value compared to LECs co-cultured with LMCs (Fig. 6C-D). Our results show that upon co-
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culture with LMCs, the endothelial intracellular calcium content and influx rate increases
significantly compared to its monoculture. The molecular underpinnings of this shear-dependent
phenomenon are beyond the scope of this work, but Lymphangion-Chip provides a tool for

scientists to investigate mechanisms of LEC-LMC crosstalk at the molecular and cellular level.

Conclusions

The combination of intrinsic and extrinsic contractility of the lymphatic vessels subjects them to
a unique mechanical microenvironment regulated by multiple fluid forces that differentiates
them from the blood vasculature. It is known that amongst the blood and lymphatic vascular
cells, select membrane proteins convert extracellularly applied mechanical stimuli into
intracellular calcium signals. These and other chemical signals also operate by opening/closing
channels formed by their transmembrane domains (TMDs) to drive the movement of molecules
across the cell membrane, ultimately guiding cellular response to mechanical forces. In
lymphatics, this interplay of mechanical forces and resulting mechanosensing through
intracellular calcium is expected to be unique because the lymph hydrodynamics are pulsatile
and low shear, but may undergo rapid changes in amplitude due to lymphatic valve pumping,
and other inflammatory signaling due to the extensive immune cell transport that undergoes
within the lymphatics. Therefore, intracellular calcium can be an effective analytical
mechanosensor of lymphatic function. Our Lymphangion-Chip is a microphysiological platform
that supports co-culture of the axially-aligned vascular endothelial and transversally wrapped
mural cells under precisely controlled environmental fluid mechanical forces, as only seen in
vivo in the past. Here, we deployed this system to systematically characterize the independent
and interdependent intracellular calcium dynamics of the LECs and the LMCs. Our observation

of the shear-dependent decrease in LECs response time and the significant difference between
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step and oscillatory flow profiles indicates the crucial rule of cyclic mechanical forces in calcium
dynamics and responsiveness of these vascular cells, and thus in regulating critical lymphatic
functions. In contrast to blood vessels reported in some studies [63], we found the possibility of
the electrical coupling of the LECs and LMCs which results in a reduction of the response time
upon co-culture. However, more experiments are needed to validate the direct relation between
electrical and calcium coupling in this context. This may govern lymphatic vasodilation and
permeability through signaling pathways that may now be explored with this platform in the
future. Lymphangion-Chip platform can also be deployed in future studies to reveal the
molecular signaling pathways between the two cell types and compare the relative contributions

of flow and chemical signaling.

Moreover, we recorded secondary calcium oscillations within both LECs and LMCs under
pulsatile flow. The impact and consequence of these oscillations in lymphatic contractile
function, lymph transport and other physiological responses to external cues is unclear, and has
not been a focus in the in vivo studies so far. Therefore, these in vitro intracellular calcium
dynamics of LEC and LMCs observed in a co-culture setting may also complement and provoke
more in vivo studies directed at the understanding of the unique adaptation mechanism shown by
both of these cell types in response to lymph flow and stasis observed in pathological conditions

such as secondary lymphedema.
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FIGURE CAPTIONS
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Fig. 1 Intracellular calcium analysis of multicellular Lymphangion-Chip. (A) Illustration of the
human lymphatic system along with Lymphangion-Chip as a microfluidic device to include living co-
culture lymphatic endothelial cells (LECs) and lymphatic muscle cells (LMCs). (B) Infographic
describing on-chip co-culture of LECs surrounded by LMCs to study intracellular calcium content within
lymphatic cells under oscillatory shear profile. (C) A picture of the fabricated devices along with 3D
illustration and confocal micrograph of Lymphangion-Chip consisting of co-culture of LECs and LMCs
(top image, green: LY VE-1, red: F-actin, blue: nuclei; bottom image, green: VE-Cadherin, red: F-actin,

blue: nuclei) (D) Illustration of calcium signaling in LECs and LMCs along with the representative
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fluorescent images to show the real-time measurement of intracellular calcium within lymphatic cells

(green: cytosolic calcium). Scale bars: 20 pm.
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Fig. 2 Intracellular calcium dynamics in response to step shear. (A) Applied shear stress step changes

with time introduced within Lymphangion-Chip at variable amplitudes. Normalized intracellular calcium

level of (B) lymphatic endothelial cells (LEC) and (C) lymphatic muscle cells (LMC). Shaded color

shows the 95% confidence interval band; n=7 for all experiments.
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Fig. 3 Maximum intracellular calcium and response time due to step shear. Step changes in shear
induced, maximum intracellular calcium in (A) LECs, and (B) LMCs. Step changes in shear induced,
response time in (C) LECs, and (D) LMCs. *p <0.05, **p < 0.005, ***p <0.001; n = 5-7 for all the

experiments.
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Fig. 4 Intracellular calcium dynamics in response to pulsatile shear. (A) Applied pulsatile shear stress

with time introduced within Lymphangion-Chip at variable amplitudes. Normalized intracellular calcium

level of (B) lymphatic endothelial cells (LECs) and (C) lymphatic muscle cells (LMCs). Shaded color

shows the 95% confidence interval band; n=7 for all experiments.
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38 intracellular calcium and (B) response time in LECs under monoculture or co-culture with LMCs.
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45 experiments.
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Pulsatile shear amplitude (dyne/cm?)

Calcium frequency (Hz)

LEC LMC
0.1 0.162 + 0.007 0.166 + 0.008
1 0.132 + 0.022 0.139+ 0.019
10 0.163 + 0.012 0.168 + 0.006

Input shear frequency= 0.167

Table 1 Secondary oscillations in intracellular calcium dynamics. Local secondary frequencies in
intracelleular calcium for LECs and LMCs are shown for different pulsatile shear amplitudes. The output

frequencies for all different conditions are near the input shear frequency of 0.167 Hz (6 s period). n = 5-7

for all the experiments.
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