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Depolymerization of lignin for biological conversion through 
sulfonation and a chelator-mediated Fenton reaction  
Daniella V. Martinez§1, Alberto Rodriguez†,§1, Miranda A. Juarros§, Estevan J. Martinez§, Todd M. 
Alam, § Blake A. Simmons†,*, Kenneth L. Sale†,§,  Steven W. Singer†,*, Michael S. Kent†,§,** 

Generating value from lignin through depolymerization and biological conversion to valuable fuels, chemicals, or 
intermediates has great promise but is limited by several factors including lack of cost-effective depolymerization methods, 
toxicity within the breakdown products, and low bioconversion of the breakdown products. High yield depolymerization of 
natural lignins requires cleaving carbon-carbon bonds in addition to ether bonds. To address that need, we report that a 
chelator-mediated Fenton reaction can efficiently cleave C-C bonds in sulfonated polymers at or near room temperature, 
and that unwanted repolymerization can be minimized through optimizing reaction conditions. This method was used to 
depolymerize lignosulfonate from Mw = 28,000 g/mol to Mw = 800 g/mol. The breakdown products were characterized by 
SEC, FTIR and NMR and evaluated for bioavailability. The breakdown products are rich in acid, aldehyde, and alcohol 
functionalities but are largely devoid of aromatics and aliphatic dienes. A panel of nine organisms were tested for the ability 
to grow on the breakdown products. Growth at a low level was observed for several monocultures on the depolymerized LS 
in absence of glucose. Much stronger growth was observed in the presence of 0.2% glucose and for one organism we 
demonstrate doubling of melanin production in the presence of depolymerized LS. The results suggest that this chelator-
mediated Fenton method is a promising new approach for biological conversion of lignin into higher value chemicals or 
intermediates. 

1. Introduction 
Lignin constitutes about 15-30% of the dry weight of plant 

biomass and is comprised mostly of three monolignols that are 
polymerized through a variety of interunit C-C and C-O linkages in an 
irregular fashion. Lignin provides structural integrity to the plant cell 
walls, and consequently is highly resistant to deconstruction. Yet 
removing, altering, or depolymerizing lignin is critical to the 
establishment of lignocellulosic biomass-based industries. 
Furthermore, generating value from lignin has the potential to 
contribute significantly to the overall economic viability of a 
lignocellulosic biorefinery [1-3].  

Due to the structural and chemical complexity of lignin, 
depolymerization inevitably leads to a distribution of breakdown 
products. Separating components of the complex mixture for 
upgrading is difficult and expensive. Biological conversion is a 
promising approach to deal with the complexity of the lignin 
breakdown products [4-9]. Yet this approach has its own challenges, 
such as integrating depolymerization processes with fermentation, 
toxicity of some of the breakdown products, a limited molecular 

weight range for rapid internalization by bacteria or fungi, and 
engineering pathways in microbes to funnel the carbon to useful 
products or intermediates in high yield. 

Prior work on depolymerizing lignin has focused on cleaving ether 
bonds to release aromatic monomers [10-16]. However, whereas 
most interunit linkages in native lignin are ether bonds, carbon-
carbon bonds make up a significant fraction of native lignin linkages 
and may be increased during some extraction processes. For lignins 
with 50% b-O-4 content, in theory only about 50% of the lignin can 
be released as monomers and dimers through cleaving ether bonds 
and in practice the yield is typically in the range of 20% or less [14, 
17, 18]. Higher monomer yields have been achieved for lignins 
containing higher b-O-4 content (50-70%) through lignin-first 
processing of intact biomass thereby avoiding isolation processes 
that result in condensation [13, 19-22] or by altering the natural 
lignin synthetic pathways [11]. Catalytic approaches performed at 
high temperature and high pressure may cleave C-C bonds along with 
C-O bonds resulting in increased monomer yields [22-25]. The 
monomer yield is often limited by repolymerization of the 
breakdown products, although this problem has been reduced 
through the use of protecting groups [11, 26] or careful control of 
catalyst and conditions [22]. However, the higher monomer yields 
with lignin-first approaches and catalytic depolymerization 
approaches at high temperature and high pressure come with a 
significant cost [27] and catalyst recycling remains a concern [28].  
Enzymes have also been explored for lignin depolymerization, 
motivated by the overall conversion efficiency of natural 
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lignocellulose breakdown processes, but so far have resulted in very 
low monomer yields and are also plagued by repolymerization of the 
breakdown products [29-34]. Thus, there remains a need for 
economical high yield depolymerization strategies for condensed 
lignins that result from carbohydrate-first pretreatment processes. 

Toward that goal, we report an alternative method to efficiently 
cleave C-C bonds and depolymerize lignins at or near room 
temperature. The method combines sulfonation with a chelator-
mediated Fenton (CMF) reaction. Prior work has shown that the 
Fenton reaction can depolymerize sulfonated polyethylene [35], 
sulfonated polystyrene [36, 37], and lignosulfonate (LS) [38]. In the 
work of Areskogh, et al. [38] the emphasis was on increasing the 
molecular weight of LS for polymeric applications, in contrast to the 
aim of the present work to depolymerize LS. However, that work also 
showed that depolymerization of LS occurs at low concentrations of 
LS for some reaction conditions. Here we focus on optimizing CMF 
for depolymerization of sulfonated lignins. While our interest in this 
work is valorizing lignin, we also report depolymerization of 
polystyrene sulfonate (PSS) because i) PSS has only C-C bonds in the 
backbone and therefore depolymerization unambiguously occurs 
through C-C bond cleavage, ii) the narrow molecular weight 
distribution of PSS standards facilitates establishing trends with 
reaction conditions, and iii) comparison between results for PSS and 
LS provides important insights into reaction mechanisms. We first 
report trends in the molecular weight distribution of PSS with 
reaction conditions and show that repolymerization can be 
minimized through control of reagent concentrations and reaction 
temperature. Then we report depolymerization of LS, showing 
similar trends in the molecular weight distribution with reaction 
conditions as for PSS. This depolymerization approach involving 
hydroxyl radical is non selective [31], and generates a broad 
distribution of products. Characterization by nuclear magnetic 
resonance (NMR) and Fourier Transform Infrared (FTIR) 
spectroscopy indicates that the LS depolymerization products are 
rich in acid, aldehyde, and alcohol functionalities but are devoid of 
aromatic groups and aliphatic dienes. In anticipation of a biological 
conversion approach to upgrade the breakdown products, we report 
initial studies of growth of a panel of microorganisms on the LS 
breakdown stream.  

2. Experimental Section 
2.1 Materials 

Polystyrene sulfonate standards were obtained from Scientific 
Polymer Products (Mw = 5,600 g/mol, PDI 1.02 and 5,200 g/mol, PDI 
1.13) and Polymer Standards Service (63,900, PDI < 1.2). A standard 
purified sodium lignosulfonate sample produced under strong acidic 
conditions was supplied from a commercial supplier. FeCl3 
heptahydrate and 1,2 dihydroxybenzene (DHB) from Aldrich and 
H2O2 (33-37%) from Fisher were used as received. D2O (99.9%) was 
purchased from Sigma. Peroxide test strips obtained from MQuant 
were used to monitor the progress of the CMF reactions. 

 
2.2 Depolymerization of polystyrene sulfonate and lignosulfonate 
with CMF 

CMF reactions with PSS and LS were performed in 10ml glass vials. 
Aliquots of stock solutions of FeCl3 and DHB were added along with 
Millipore water to a 10 ml glass vial containing PSS or LS powder to 
achieve the desired concentrations of substrate and reagents. The 
pH was adjusted to 6 using NaOH. The reaction was initiated by 
addition of H2O2 and the mixture was stirred with a magnetic stir bar. 
Peroxide test strips were used to monitor the progress of the 
reaction by the decrease in H2O2 concentration ([H2O2]). During the 
reaction the pH decreased and was periodically adjusted back to 6.0 
using NaOH. Periodically increasing the pH to 6.0 was required for 
full dissipation of the H2O2.  Reactions were considered completed 
when the H2O2 was reduced to less than 10% of the initial value. The 
accuracy of the peroxide test strips was validated using serial 
dilutions of the H2O2 in Millipore water.    

 
Size Exclusion Chromatography (SEC). Molecular weight 
distributions were determined using an Agilent 1260 HPLC system 
with PL Aquagel-PH30 and PL Aquagel-OH 50 columns in series and 
UV detection at 210 nm and 270 nm. Samples were diluted to 1-5 
mg/ml by addition of water as needed to avoid detector saturation. 
The solutions were centrifuged prior to injecting into the HPLC 
system. The HPLC system contained an in-line filter in front of the 
analysis column and guard column. The eluant was 1 mM phosphate 
buffer at pH 9. Polystyrene sulfonate standards were used for 
calibration. 
   
FTIR. Samples for FTIR analysis were prepared by evaporating 
reaction liquids onto Teflon substrates and then drying the films in 
vacuum. IR spectra were collected with a Bruker LUMOS ATR-FTIR 
microscope using a germanium probe tip contacting the film. For 
each sample three spectra were collected and averaged. Each 
spectrum consisted of 16 averaged scans at a resolution of 4 cm-1. 
Spectra were referenced to a background spectrum collected with no 
sample present and an atmospheric correction was applied to 
remove vapor contributions from water and CO2. 
 
NMR. Samples for analysis by NMR spectroscopy were prepared by 
first lyophilizing the reaction products and then dissolving 50-100 mg 
of the dried powder in 700 μl of D2O. The 1D 13C NMR spectra, 2D 1H-
13C heteronuclear single quantum correlation (HSQC) NMR spectra, 
and 1H-13C Insensitive Nuclei Enhancement by Polarization Transfer 
(INEPT) NMR spectra were collected using a Bruker-Avance III 600 
MHz spectrometer using a 5 mm broadband probes at a sample 
temperature of 50 oC. The single pulse inverse gated Bloch decay 13C 
NMR spectra were collected using WALTZ16 1H decoupling, and a 
recycle delay of 60 s. For the 2D HSQC NMR experiments a 5 mm 
broadband inverse detected probe was used with the Bruker 
standard pulse program hsqcetgsp.2 which incorporates an 
echo/anti-echo TPPI acquisition scheme with gradient selection, and 
shaped inversion pulses on the 13C channel. Spectral widths were 
8000 Hz and 25,000 Hz for 1H and 13C, respectively. Signal averaging 
of 128 scans per t1 increment was performed in the observe 
dimension with 256 t1 time increments recorded, using a recycle 
delay of 1.5 s. The 1H-13C INEPT NMR spectra were obtained using 
standard pulse sequences and optimized for a J(CH) = 150 Hz. The 1H 
chemical shift was referenced to the residual proton signal of the D2O 
solvent (δ = + 4.8 ppm) with respect to tetramethylsilane (TMS) (δ = 
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0.0 ppm), while the 13C NMR chemical shifts were referenced to an 
external TMS reference (δ = 0.0 ppm).  
 
High Pressure Liquid Chromatography (HPLC). Sugars and acids were 
quantified by HPLC using an Agilent 1200 series instrument with an 
Aminex HPX-87H column and a cation H guard column (Bio-Rad, 
Hercules, CA) kept at 60 ◦C during analysis. The mobile phase was 4 
mM H2SO4 at a flow rate of 0.6 mL/min. Compounds were quantified 
using a calibration curve made with pure standards and a refractive 
index detector at 35 ◦C.  
 
Total organic carbon (TOC). TOC analysis was performed by Hall 
Environmental Analysis Laboratory (HallEnvironmental.com). 
Triplicate samples (100 µL) of each reaction mixture was sent to Hall 
Environmental Analysis Laboratory for analysis. The samples were 
diluted with Millipore water as needed (dilution factor ~ 300) to 
perform the TOC analysis using Standard Method 5310B:  Total 
organic carbon by High-temperature combustion. 
 
2.3 Growth of monocultures on depolymerized LS 

The microbial strains used for single-organism cultivations in this 
study can be accessed at the Joint BioEnergy Institute public registry 
https://public-registry.jbei.org with the following names and 
accession numbers: Corynebacterium glutamicum (JPUB_018348), 
Rhodococcus rhodochrous (JPUB_009659), Exophiala alcalophila 
(JPUB_009664), Delftia acidovorans (JPUB_009661), Pseudomonas 
putida (JPUB_009666), Rhodococcus jostii (JPUB_009665), Bacillus 
subtilis (JPUB_018353), Bacillus amyloliquefaciens (JPUB_019870), 
and Rhodosporidium toruloides (JPUB_013663).  

Tryptic soy broth (Sigma-Aldrich) was prepared as 30 g/L in water 
and autoclaved at 121 ºC for 20 minutes. A 10x yeast nitrogen base 
(YNB) medium without amino acids (SIGMA-Aldrich) was prepared 
according to the manufacturer’s specifications and supplemented 
with Complete Supplement Mixture (CSM, MP Biomedicals, USA) at 
a final concentration of 80 mg/L. The pH of the resulting medium 
(YNB+CSM) was adjusted to a value of 6 with 10 N NaOH and the 
solution was filter sterilized (0.45 µm cellulose-acetate membrane). 
The depolymerized lignosulfonate material at a concentration of 5 
mg/mL was also filtered (0.45 µm cellulose-acetate membrane), 
mixed at a 9:1 v/v ratio with the 10x YNB+CSM stock solution, and 
used for microbial cultivations.  

To start the cultivations, all organisms were inoculated from agar 
plates and grown for 24 hours in tryptic soy broth at 30 ºC. The cells 
were then centrifuged, resuspended in water, and transferred at an 
initial OD of approximately 0.1 to 1 to 48-well plates containing 
cultivation medium (500 µL final volume per reaction). The 
cultivations were performed in triplicate. The plates were covered 
with an AeraSeal sealing film (Excel Scientific, USA) and a plastic lid 
to prevent evaporation and incubated at 30 ºC with shaking at 300 
rpm for 60 h. Cell density was determined by measuring absorbance 
at 600 nm with a plate reader (Tecan Spark, Switzerland).  
 
2.4 Assay for melanin production in E. alcalophila 

Melanin production in E. alcalophila cells was quantified by 
fluorescence using a method adapted from Fernandes et al. [39]. 
Seed cultures were grown for 24 h in tryptic soy broth, then 

centrifuged and resuspended in water before transferring the cells 
to 14 mL round bottom tubes containing 5 mL of medium at an initial 
OD of 0.1. Culture samples (1.5 mL) were collected at the beginning 
of the experiment and after incubation at 30 oC with shaking for 24 
h. The cells in these samples were harvested by centrifugation and 
the consumption of compounds in the supernatants was tracked 
using a previously reported HPLC method to detect sugars and acids 
[40]. For melanin analysis, the cell pellets were resuspended in 5 M 
NaOH containing 10% (v/v) of DMSO. The mixture was incubated for 
1 h at 80 ºC with 400 rpm shaking in a Thermomixer R (Eppendorf, 
Germany) and centrifuged at 3000 x g for 3 minutes. 100 µL of the 
supernatant were transferred to a clean tube, mixed with 200 µL of 
30% H2O2, and incubated for 1 h in the dark at room temperature 
using 1.5 mL tubes with loosely closed caps. At the end of the 
incubation, samples were briefly centrifuged, mixed with a pipette, 
and transferred (100 µL) to a 96-well black plate with flat transparent 
bottom (Corning, USA). Fluorescence was immediately measured at 
excitation and emission wavelengths of 470 and 550 nm, 
respectively, using a Tecan Spark plate reader (Tecan, Switzerland). 
Commercial Sepia melanin (Sigma Aldrich, USA) was subjected to the 
same treatment and used to generate a calibration curve. 
Experiments were performed in triplicate. 
 
3. Results   
The chemical structure of PSS and a representative chemical 
structure for LS are given in Figure 1. For PSS, a sulfonic acid group 
exists at the para position of the aromatic ring whereas in our 
lignosulfonate sample the sulfonic acid groups are located on the 
alpha or gamma carbons of the aliphatic chain adjacent to the 
aromatic ring. For lignosulfonates produced under strongly acidic 
conditions, as for the sample used in this work, sulfonation occurs 
mainly on the alpha carbon [41].  

 
3.1 Depolymerization of PSS 

Figure 2 shows the decrease in molecular weight for PSS 67K and 
PSS 5.2K for CMF reactions with [FeCl3] = [DHB] = 1 mM, and [H2O2] 
= 0.5% at room temperature (RT) using UV detection at 210 nm and 
270 nm. The weight averaged molecular weight (Mw) decreases by a 
factor of 75 for PSS 67K (from 75,000 g/mol to 1,000 g/mol) and by a 
factor of 4.4 for PSS 5.2K (UV 210). For the two samples the final Mw 
is comparable at ~ 1000 g/mol which suggests that careful 
optimization of conditions will be required to depolymerize to Mw 
values lower than ~ 1000 g/mol. At 210 nm the UV signal of the post 

 
 a)

) 
b)
) 

Figure 1. Chemical structures of a) polystyrene sulfonate and b) lignosulfonate   

a 
b 

g 

g 
b 

a 
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reaction material is decreased relative to the unreacted material 
whereas at 270 nm the UV signal increased upon reaction. The latter 
indicates an increase in conjugation within the structures after 

reaction. The full UV spectra for these samples are given in the 
supporting information (Figures S1 and S2). Toward the goal of 
optimizing CMF for depolymerization, the dependencies of Mw on 
various reaction conditions were determined. Figure 3 shows 
changes in post-reaction Mw for CMF reactions with PSS5.2K as a 
function of [FeCl3], [PSS], [H2O2], and temperature. The strongest 

impact on Mw occurs with [FeCl3], with Mw increasing strongly with 
[FeCl3] (Fig 3a). Depending on the value of [FeCl3], Mw values greater 
or less than that of the initial sample can be obtained (Figure 3a 

inset). These results suggest that both C-C bond cleavage and 
repolymerization occur, and that repolymerization is minimized at 
lower [FeCl3]. The inset to Figure 3a shows that the final Mw is lower 
than the initial value for [FeCl3] < 11 mM for these reaction 
conditions. 

Figure 3b shows that Mw also increases with [PSS], albeit with a 
much weaker dependence, suggesting that repolymerization is also 
minimized at lower [PSS]. The trend with [H2O2] is more complex as 
a minimum is observed. We suggest that the minimum is a 
competition between the following two effects:  increasing C-C bond 
cleavage occurs with increasing [H2O2] which alone would lead to 
decreasing Mw,  but at some value of [H2O2] repolymerization begins 
to occur and increases with increasing [H2O2] causing an increase in 
Mw. Finally, Figure 3d shows that Mw decreases slightly with 
increasing T. 

Figure 4 shows the FTIR spectra for depolymerized PSS products 
for strongly depolymerizing reaction conditions ([H2O2] = 1%, [FeCl3] 
= [DHB] = 1 mM, RT) measured in attenuated total reflection mode 
after depositing the post reaction solution onto a substrate and 
drying the film in vacuum. The spectrum of unreacted PSS is also 
shown for comparison. Band assignments for PSS were made 
following prior work [42-44]. For PSS strong absorbance at 1184 cm-

1 and 1042 cm-1 correspond to the SO3- asymmetric and symmetric 
stretch vibrations, respectively, and bands at 1130 cm-1 and 1010 cm-

1 correspond to the in-plane skeletal vibration and in-plane bending 
vibrations, respectively, of the substituted benzene ring. The band at 

833 cm-1 is due to CH out-of-plane vibration for para disubstituted 
benzene. The band at 672 cm-1 is due to aromatic ring vibration 
involving C-S stretching. Weaker aromatic skeletal vibrations are 
present at 1598 cm-1, 1514 cm-1, and 1425 cm-1 in unreacted PSS. The 
band at 1460 cm-1 is assigned to C-H deformation combined with 
aromatic ring vibration. Bands at 2800-3000 cm-1 are due to the C-H 
stretch of methyl and methylene groups.   

In the post reaction IR spectrum, the aromatic bands are strongly 
reduced. The broad band centered at 1600 cm-1 in the post reaction 
sample is attributed to the asymmetric stretch of a carboxylate anion 
that is associated with Fe or Na cations. Whereas free carbonyl 

 

Figure 2. a, b) Molecular weight decrease with CMF reaction for [PSS 67K] = 5 mg/ml 
at [FeC3] = [DHB] = 1 mM and [H202] = 0.5% at RT measured at 210 nm and 270 nm, 
respectively.  c, d) Molecular weight decrease with CMF reaction for [PSS 5.2K] = 5 
mg/ml at [FeC3] = [DHB] = 1 mM and [H202] = 0.5% at RT measured at 210 nm and 
270 nm, respectively. 

a) b) 

c) d) 

  

Figure 4. FTIR spectra for PSS 5.2K and after reaction with 

[FeCl3] = [DHB] = 1 mM , [H2O2] = 1% at RT. 

 

 

Figure 3.  Post-reaction Mw for PSS 5.2K as a function of a) [FeCl3] ([H2O2] = 1%), 
b) [PSS] ([FeCl3] = 10 mM, [H2O2] = 1%), c) [H2O2]  ([FeCl3] = 5 mM), and d) 
temperature ([FeCl3] = 1 mM, [H2O2] = 0.5%). Unless otherwise indicated, [LS] = 
5 mg/ml, [DHB] = 4 mM, and temperature = RT. 

 

 

 

a, b) Mw variation for PSS 5.2K at 5 mg/ml as a function of a) FeCl3 concentration (4 mM 
DHB, 1% H2O2), b) PSS concentration (), c) temperature (1 mM FeCl3, 4 mM DHB, 0.5% 
H2O2), and d) H2O2 concentration (5 mM FeCl3, 4 mM DHB).   

a) 

c) d) 

b)
) 
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occurs at 1700-1720 cm-1, the band shifts to 1600 cm-1 upon 
association with a cation in a dried salt, as shown in a prior study of 
malic acid and sodium malate [45]. The broad band centered at 1400 
cm-1 in the post reaction sample is attributed to the symmetric 
carboxylate C-O vibration [45]. Bands at 2800-3000 cm-1 due to the 
C-H stretch of methyl and methylene groups are absent in the post 
reaction sample. Methylene groups are present in the backbone of 
PSS, and their absence in the post reaction sample is consistent with 
extensive oxidative and /or cleavage of backbone C-C bonds. We 
tentatively assign the strong band at 1100 cm-1 in the post reaction 
sample to C-O stretch of tertiary alcohols, esters, or aliphatic ethers 
generated upon oxidative cleavage of C-C bonds. 
 
3.2 Depolymerization of LS 

Figure 5 displays the decrease in molecular weight for CMF reactions 
of LS with [FeCl3] = [DHB] = 0.5 mM, and [H2O2] = 0.5% at 22 oC using 
UV detection at 210 nm and 270 nm. Mw decreased by a factor of > 
10 (from 28,000 g/mol to 2700 g/mol, UV 210 nm) and Mw/Mn 

decreased from 29 to 5 (UV 210 nm). The UV signals at 210 nm and 
270 nm both decrease upon reaction. The latter is in contrast with 
the results for PSS in Figure 2b and Figure 2d where the absorbance 
at 270 nm increased after CMF reaction. The full UV spectra for these 
samples are given in the supporting information (Figure S3). In Figure 
5a a single low molecular weight peak is resolved at 280 g/mol, a 
shoulder occurs at ~500 g/mol, and the peak of the distribution 
occurs at 1400 g/mol.       

Figure 6 shows the variation in post reaction Mw for CMF 
reactions with LS as a function of [FeCl3], [LS], [H2O2], and 
temperature. As for PSS, by far the strongest effect on Mw occurs 
with [FeCl3], with Mw increasing strongly with [FeCl3] (Fig 6a). The 
results show that Mw can be increased or decreased substantially 
depending on [FeCl3]. Figure 6b shows that Mw also increases with 
[LS], suggesting that repolymerization is minimized at lower [LS]. The 
trend of increasing Mw with [LS] is consistent with prior reports for 
the Fenton reaction with LS [38] and for alkali-O2 oxidation of soda 
lignin [46]. Figure 6c shows that very little variation in final Mw occurs 
with [H2O2] from 1 % to 4 % for strongly depolymerizing conditions, 
but the final Mw was slightly greater at [H2O2] = 0.5 %. As for the PSS 
reactions, we suggest that the amount of H2O2 is limiting at 0.5% 
resulting in a decrease in the number of C-C backbone bonds cleaved. 
Figure 6d shows that for strongly depolymerizing conditions, the final 
Mw decreases only slightly with increasing T. While the effects of [LS], 

[H2O2], and T are weaker than for [FeCl3], they are important for 
achieving the lowest possible Mw by minimizing repolymerization. 

While the present work is focused on depolymerization, we note 
that increasing the molecular weight of LS is important for certain 

polymer applications, such as its use as a concrete plasticizer [38, 46]. 
The molecular weight distributions for the highest Mw in Figure 6a 
and Figure 6b are shown in Figure S4 in the supporting information. 
Figure 6a shows that CMF at high [Fe] is a highly effective method to 
increase Mw. Iron is a relatively low-cost reagent, especially in the 

form of iron sulfate which can be used in place of FeCl3 in the CMF 
reaction.  

     

Figure 7. a, b) FTIR spectra for LS as a function of [H2O2] with [LS] = 5 mg/ml, 
and c, d) as a function of [LS] with [H2O2] = 0.5%.  Reactions were performed 
with [FeCl3] = [DHB] = 0.5 mM at 40 oC. 

a) b) 

c) d) 

 

Figure 5.  Molecular weight distribution for [LS] = 5 mg/ml before and after 
reaction with [FeCl3] = [DHB] = 0.5 mM and [H2O2] = 0.5% at RT measured at a) 
210 nm and b) 270 nm. 

a) b) 

 

Figure 6. Post-reaction Mw for LS as a function of a) [FeCl3] ([H2O2] = 1%), b) 
[LS] ([FeCl3] = 10 mM, [H2O2] = 1%), c) [H2O2]  ([FeCl3,] = 5 mM), and d) 
temperature ([FeCl3 ] = 1 mM, [H2O2] = 0.5%). Unless otherwise indicated, 
[LS] = 5 mg/ml, [DHB] = 4 mM, and temperature = RT. 

a) 

c) d) 

b) 
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FTIR spectra are given in Figure 7a and Figure 7b for LS 
depolymerization products from a series of reactions conducted as a 
function of [H2O2] (a and b), and as a function of [LS] (c and d). The 
spectrum of unreacted LS is also shown for comparison. Band 

assignments for LS were made based on prior work [47, 48].   Bands 
at 2800-3000 cm-1, 1540 cm-1, 1460 cm-1, and 1420 cm-1 are assigned 
as for PSS. The band at 1050 cm-1, which is largely unaffected by the 
CMF reaction, is assigned to polysaccharide (C-O and C-C stretching 
and C-OH bending). The band at 1260 cm-1 is assigned to guaiacyl ring 
vibration. The broad band at 1190 cm-1 is assigned to the SO3- 
asymmetric stretch vibration. The SO3- symmetric stretch vibration 
expected at 1040 cm-1 apparently overlaps with the polysaccharide 
band. The band at 640 cm-1 is assigned to S-O stretch of the sulfonic 

acid groups. As in the case of CMF reactions with PSS, for LS the 
aromatic vibrations at 1514 cm-1, 1469 cm-1, and 1420 cm-1 are 
reduced substantially in the post reaction spectrum and strong bands 
from symmetric and asymmetric stretch of carboxylate anion 
centered at 1600 cm-1 and at 1400 cm-1 are present in the post 
reaction spectra.  Bands at 2800-3000 cm-1 for unreacted LS due to 
the C-H stretch of methyl and methylene groups are reduced in the 
post reaction spectra. Methoxy groups in unreacted LS are the likely 
source of these bands. Their absence in the post reaction sample is 
consistent with oxidation of methoxy groups to generate methanol 
which is evaporated during sample drying. Oxidation of methoxy 
groups to generate methanol has been reported previously for 
oxidative treatments of lignin [49-51]. A band at 1130-1135 cm-1 is 
present in the post reaction spectra, which is not present in 
unreacted LS. We tentatively assign that band to the C-O stretch of 
secondary or tertiary alcohols generated upon oxidative cleavage of 
C-C bonds.  

Two-dimensional 1H-13C HSQC NMR spectra for LS in D2O before 
and after the CMF reaction is shown in Figure 8a and Figure 8b, 
respectively. The spectrum before reaction contains signals 
characteristic of guaiacyl groups (δ13C = 110 to 120 ppm) but shows 
little syringyl content (δ13C = 105 to 108 ppm) [52]. Strong signals are 
observed for methoxy groups (δ1H ~3.5-4.0 ppm, δ13C ~ 55 ppm) and 
for A type b-O-4 ethers (Ab: δ1H ~5.1-5.4 ppm, δ13C ~ 78  - 80 ppm; 
Aa: δ1H ~4.5-4.7 ppm, δ13C ~ 66 ppm) [52]. For the post reaction 
sample the 2D HSQC NMR spectrum is entirely devoid of aromatic 
signals. This is also supported by the lack of aromatic signal δ13C = 
100 to 120 ppm in the 1D NMR spectrum (see below). The aliphatic 
region of the spectrum indicates a nearly complete elimination of 
methoxy groups and b-O-4 ether linkages. The majority of the signals 
have not been assigned, although weak signals for ethanediol are 
assigned (δ1H ~1.35 ppm, δ13C ~ 22 ppm; δ1H ~5.3 ppm, δ13C ~ 88 
ppm) following a prior study [6]. Signals corresponding to 
methanediol, acetic acid, and acetaldehyde [6] were not detected.  

Quantitative 1D 13C NMR and 1H-13C Insensitive Nuclei 
Enhancement by Polarization Transfer (INEPT) NMR spectra for LS in 
D2O after CMF reaction are given in Figure 9. Integration of the 13C 
NMR spectra over the ranges 200 to 150 ppm (carbonyls, 56%), 150-

 

aliphatic, 
oxygenated 

aromatic 

aliphatic, 
nonoxygenated 

Figure 8. Two dimensional 1H-13C HSQC 
NMR spectra for a) LS and b) 
depolymerization products for CMF 
reaction of LS with [FeCl3] = 1 mM, [DHB] = 
10 mM,  [H2O2] = 1% at 40 oC.   The aliphatic 
region is expanded and overlayed for the 
two samples in c), with the post-reaction 
spectra shown in red. 

 

Figure 9.   INEPT NMR spectra (top) and quantitative 13C NMR 
(bottom) for depolymerization products of CMF reaction of LS with 
[FeCl3] = 1 mM, [DHB] = 10 mM, and [H2O2] = 1% at 40 oC. 
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100 ppm (aromatics and alkenes, 0%), and 90-65 ppm (oxygenated 
carbons, ethers, alcohols, esters, and alkanes, 8%) and 65 – 0 ppm 
(alkanes, 36%) indicates that the majority of carbon environments 
are carbonyls. The very low diene content indicates that virtually no 
muconic acid-type structures are present, in contrast to the case of 
milder oxidizing treatments [53]. The 1H-13C INEPT NMR spectrum 
indicates whether the number of protons bonded to each C 
environment is odd (CH3, CH positive) or even (CH2 negative). These 
data indicate that the 13C signal at 171.6 ppm is from aldehyde as it 
has a direct CH coupling, while the remainder of the 13C resonance in 
this region are not observed in the INEPT sequence (i.e. no CH bonds) 
and must therefore arise from a carbonyl environment in an acid, 
ester or ketone species. Integration of that region in the 13C NMR 
spectrum indicates that ~9% of the C are aldehydes.     

To estimate the amount of material lost as CO2 or other low 
molecular weight volatile species such as methanol and 
formaldehyde during the CMF reaction, samples of the post reaction 
solution were freeze-dried and then weighed and compared to the 
total mass of LS, DHB, and FeCl3 added to the reaction mixture. For 
comparison, unreacted LS was dissolved in water and then freeze-
dried and weighed in the same manner. For unreacted LS, the mass 
recovered after freeze-drying was 89 +/- 3% and for the post CMF 
reaction samples ([LS] = 5 mg/ml, [FeCl3] = [DHB] = 0.5 mM, [H2O2] = 
0.5%, at 40 oC) the mass recovered after freeze-drying was 91 +/- 3%. 
This suggests that the mass of carbon lost as CO2 is small. However, 
a precise determination of carbon lost is not possible by this method 
since the mass of oxygen added to the LS breakdown products during 
the CMF reaction is unknown. Total organic carbon (TOC) 
measurements were also performed for products of reactions with 
varying [H2O2] for [LS] = 5 mg/ml, [FeCl3] = [DHB] = 0.5 mM at 40 oC. 
The results, shown in Supporting Information Figure S5, indicate < 
20% loss of TOC at [H2O2] = 0.5%.  

3.3 Growth of organisms on the products of LS depolymerization 

The depolymerization products were screened for bioavailability by 
measuring the growth of a panel of microorganisms on the LS 

depolymerization products alone and with 0.2% glucose. For these 
assays, 5 g of LS in 1 liter water were depolymerized with [FeCl3] = 1 
mM, [DHB] = 13 mM, [H2O2] = 1.2% at 40 oC. The molecular weight 
distribution the resultant depolymerized material is shown in Figure 
S6. The Mw and Mw/Mn were 770 g/mol and 3.6, respectively.  Based 
on integrating the area under the curve in Figure S6 5% was resolved 
as a peak at 250 g/mol, 8% was resolved as a peak at 500 g/mol, and 
39% of the material had molecular weight < 1000 g/mol.  

Figure 10 shows OD600 for monocultures of the panel of 
microorganisms in microliter plates growing on 5 mg/mL LS 
depolymerization products alone and supplemented with 0.2% 
glucose (Glc). Also shown are the OD600 values obtained for 0.2% 
glucose alone and for the base medium (YNB+CSM) that was added 
to all conditions. The results show that several organisms can grow 

on the LS material, alone or in combination with glucose. These reach 
maximum cell density within 24 h. However, different growth 
profiles were observed. For example, the simultaneous presence of 
LS and glucose resulted in an additive effect in E. alcalophila, and B. 
subtilis and R. toruloides, while a synergistic effect (higher OD than 
the sum of the values obtained with only LS or glucose) was observed 
with C. glutamicum, R. rhodochrous, P. putida and R. jostii. Growth 
with only LS was modest but reproducible, indicating that some 
components in the depolymerized stream can be consumed. The 
substantial growth with LS + glucose suggests that the LS material 
imposes low toxicity to these organisms and that there may be 
compounds in the breakdown stream that can be assimilated but 
cannot sustain growth without an additional carbon or energy source 
such as glucose. Other interesting effects were observed with D. 
acidovorans and R. jostii. D. acidovorans, which is known to be 
unable to metabolize glucose grew noticeably on depolymerized LS. 
R. jostii only grew in presence of both LS and glucose.  

Finally, we assayed for melanin production in E. alcalophila in the 
presence of 0.2% glucose with and without addition of 
depolymerized LS. E. alcalophila produces melanin from malonyl-
CoA through the constitutively expressed 1,8-dihydroxynaphtalene 
(DHN) pathway [54]. Melanin production was measured with a 

 
 
 
 

Figure 10. Growth of monocultures in the LS breakdown stream or base medium in the presence or 
absence of glucose.  Bars represent the average of three replicates and the error bars indicate the 
standard deviation. 
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fluorescence method described in the Methods section. The results 
shown in Figure 11 indicate nearly twice as much melanin was 
produced in the presence of depolymerized LS compared with 
glucose alone. This strongly suggests that some components of the 
depolymerized LS stream are being utilized by E. alcalophila. HPLC 
data (SI Figure S7) shows a decrease in organic acids content 
following incubation of E. alcalophila on depolymerized LS for 24 h, 
suggesting that E. alcalophila utilizes organic acids in the 
depolymerized LS. 

 

 
 
4.  Discussion 
Cleaving C-C bonds is essential to achieve high yield 
depolymerization of natural lignins. Cleaving C-C bonds generally 
requires high temperatures. However, some specific enzymes, such 
as aldolases [55] and b-diketone hydrolases [56] perform this feat at 
room temperature by creating a local environment that drastically 
lowers the energy barrier for bond cleavage. Nonspecific oxidative 
enzymes such as lignin peroxidase can also cleave C-C bonds at 
ambient conditions [57-59], but the process is very inefficient. Here 
we report a method to cleave C-C bonds efficiently in polymers 
containing sulfonic acid groups at or near room temperature. 
Depolymerization of PSS by CMF shows unambiguously that C-C 
backbone bonds are cleaved under mild conditions using this 
method. Depolymerization of sulfonated PE, PSS, and LS by Fenton 
reactions has been demonstrated in prior work [35-38]. In the 
present work we show that depolymerization of PSS and LS proceeds 
efficiently with CMF reactions that were optimized to use low 
amounts of H2O2 and we demonstrate bioavailability of some of the 
products. The molecular weight distribution of LS depolymerized by 
CMF does not contain as many resolved low molecular weight peaks 
as is typically reported for other depolymerization methods [9, 15, 
30, 60]. We expect that cleaving C-C bonds nonspecifically in the 
present approach results in a larger range of breakdown products 

and a more continuous molecular weight distribution than occurs 
with methods that cleave mainly ether bonds.  
 At low reaction severity depolymerization occurs for both PSS 
and LS, and the trends of Mw with reaction conditions are similar for 
the two sulfonated polymers even though the chemical structures of 
these polymers differ greatly. In particular, the location of 
sulfonation is entirely different in LS and PSS, with sulfonation 
occurring on aromatic rings in PSS and on aliphatic OH groups in the 
LS sample. Sulfonation appears to be a requirement for efficient 
backbone C-C bond cleavage by CMF, as CMF reaction with lignin in 
absence of sulfonation results in aromatic ring opening but little 
decrease in molecular weight for these conditions [61]. The presence 
of aromatic groups is not required for C-C bond cleavage in 
sulfonated polymers by the Fenton reaction, as sulfonated 
polyethylene can also be depolymerized with this method [35]. 
Together, these findings suggest that the positively-charged Fe ions, 
alone or in complex with DHB, associate strongly with negatively-
charged sulfonic acid groups such that hydroxyl radical is generated 
in very close proximity to the polymer chain. Hydroxyl radicals are 
highly reactive and are believed to react within 1-5 molecular 
diameters of their site of formation in the crowded environment of 
living cells [62]. We suggest that generating hydroxyl radical near a 
lignin chain greatly increases the probability of a productive reaction.  

The strength of the sulfonic acid group seems to be critical for 
effective C-C bond cleavage using CMF. Lignin (absent sulfonation) is 
known to chelate Fe through interaction with hydroxy groups [50, 
63], however CMF reaction does not lead to extensive 
depolymerization in that case. We propose that the efficient and 
extensive C-C bond cleavage for CMF with polymers functionalized 
with SO3H is due to strong electrostatic interactions between 
positively charged Fe ions and negatively charged sulfonic acid 
groups that occurs in the pH range > 2, generating intensive 
interactions of hydroxyl radicals with the polymer chains.  

The role of DHB in the CMF reactions reported here is somewhat 
enigmatic. Since the reaction of Fe(III) with H2O2 is 3 orders of 
magnitude slower than that of Fe(II) with H2O2 [64], Fe chelators such 
as DHB that efficiently reduce Fe(III) to Fe(II) have been used [65-67], 
motivated by the mechanism for degrading wood by brown rot fungi 
[68, 69]. The coordination number of complexes of Fe and DHB is pH 
dependent, and only monocomplexes can reduce Fe(III) [64, 70]. 
Whereas the rate of the Fenton reaction is greatest at low pH (2-3), 
the use of DHB or other Fe-chelators increases the pH range for 
reactivity of Fenton systems to pH > 5 [64, 66, 70, 71]. Catecholates 
have been reported to reduce 5-6 moles of Fe(III) per mole of 
chelator [71]. Most of the CMF reactions in the present work 
involved 0.5-1.0% H2O2 (147 mM to 294 mM). Since DHB was added 
at only 4 mM (Figure 3 and Figure 6), the amount of H2O2 consumed 
is far greater than can be accounted for if H2O2 reacts only with Fe(II) 
and if Fe(III) is only reduced to Fe(II) by DHB. We conclude that 
oxidized LS and oxidized PSS have substantial Fe(III)-reducing 
capability, in agreement with prior work [50].   

Achieving the maximum reduction in Mw requires careful 
moderation of the reaction conditions. Our data show that 
repolymerization occurs with increasing reaction intensity (higher 
[FeCl3] and [H2O2]) and with increasing concentration of LS. Higher 
reaction intensity will result in a greater density of lignin fragments 
that contain radicals, therefore increasing the prevalence of 

  

Figure 11. Production of melanin in E. alcalophila grown on 
glucose, depolymerized LS, glucose + depolymerized LS, 
and base medium.   More than twice the melanin was 
produced when depolymerized LS was included along with 
glucose.  Bars represent the average of three replicates and 
the error bars indicate the standard deviation.  
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condensation reactions. With increasing [LS] the probability that 
lignin fragments containing radicals come into contact before the 
radicals dissipate increases.  

To quantitatively evaluate the efficiency of ring-opening and 
backbone bond cleavage reactions with respect to H2O2 
consumption, we consider the case of Mw reduction in PSS 67K by a 
factor of 75 in Figure 2a and Figure 2b, achieved with 0.5% H2O2 (147 
mM). Since 5 mg/ml PSS corresponds to 27 mM monomer, and since 
one hydroxyl radical is generated for each molecule of H2O2 that 
reacts in the Fenton reaction, 27 mM H2O2 is the stoichiometric 
requirement for opening all the aromatic rings, assuming a single 
hydroxyl radical is sufficient to open an aromatic ring. For reduction 
in Mw by a factor of 75 we estimate at least 64 backbone bonds per 
chain must be cleaved on average. A chain of 67K has 366 monomers 
and so backbone bonds must be cleaved in 17% of the monomers 
(64/366 ~ 0.17). Therefore, we estimate that the stoichiometric 
amount of H2O2 required to cleave the backbone bonds is ~ 5 mM 
H2O2 (0.17 x 27 mM monomers), again assuming that a single 
hydroxyl radical is sufficient to cleave a backbone C-C bond). 
Assuming that repolymerization is negligible at 0.5% H2O2 we 
estimate that the amount of H2O2 consumed was at most a factor of 
4.5 (147 mM/(27mm + 5mM)) greater than the stoichiometric 
requirement. We consider this value to be an upper limit as we 
expect that more than one hydroxyl radical is required to open a 
single aromatic ring and or to cleave a single backbone C-C bond. 
Further study into the mechanism is required to determine if indeed 
a single hydroxyl radical is sufficient to open a single aromatic ring 
and or to cleave a single backbone C-C bond, but we consider the 
factor of 4.5 to indicate an efficient reaction with respect to H2O2 
consumption.  

Abdelaziz et al. recently reported oxidative depolymerization of 
LS using heterogeneous catalysts at elevated temperature and 
pressure [6],  which invites comparisons with the present approach. 
Regarding the extent of depolymerization, they reported a shift from 
a very broad distribution with peak molecular weight (Mp) ~ 3000 
g/mol to a much narrower distribution with Mp = 1400 g/mol (UV 
detection at 280 nm). The present work (Figure 5b) shows a decrease 
from Mp = 9000 g/mol to Mp = 1300 g/mol and the lowest Mp 
achieved in the present work for this LS sample is 850 g/mol. This 
comparison suggests that repolymerization may be more readily 
minimized using the present method. In agreement with the present 
work, the products reported by Abdelaziz et al. were mostly de-
aromatized, and a strong loss of methoxy groups was also observed. 
Abdelaziz et al. reported that the low molecular weight products 
methanol (d1H ~ 3.35-3.45 ppm, d13C ~ 48-50 ppm), acetaldehyde 
(d1H ~ 2.20-2.30 ppm, d13C ~ 30 ppm), 1,1-ethanediol (d1H ~ 1.32 
ppm, d13C ~ 23 ppm; d1H ~ 5.25 ppm, d13C ~ 88 ppm), methanediol 
(d1H ~ 4.85 ppm, d13C ~ 82 ppm), and acetic acid (d1H ~ 2.08-2.25 
ppm, d13C ~ 20-21 ppm) were present in the reaction products. 
Larger compounds identified as reaction products included 
polyhydroxylated carbonyl-containing aliphatic ring compounds such 
as b-hydroxy-g-butyrolactone (d1H ~ 3.95 ppm, d13C ~ 62.5 ppm; d1H 
~ 4.35 ppm, d13C ~ 77 ppm; d1H ~ 4.55 ppm, d13C ~ 77 ppm) and 
(tentatively) the b-sulphonate derivative of g-butyrolactone (d1H ~ 
2.85-2.95 ppm, d13C ~ 31 ppm; d1H ~ 3.10-3.20 ppm, d13C ~ 31 ppm; 
d1H ~ 4.0 ppm, d13C ~ 54 ppm; d1H ~ 4.7 ppm, d13C ~ 69 ppm). Despite 
the fact that the aromatic signal in the 2D 1H-13C HSQC NMR 

spectrum was strongly decreased, low levels of the aromatic 
monomers vanillin, p-hydroxybenzaldehyde, vanillic acid, and p-
benzoic acid were detected by supercritical fluid chromatography 
mass spectrometry following extraction with ethyl acetate and 
subsequent concentration. The lactones detected by Abdelaziz et al. 
were not detected by 1H-13C HSQC NMR in the breakdown stream in 
the present work. Opening of aromatic rings should lead to muconic 
acid structures and these form lactones via ring closure for neutral or 
acidic conditions [46, 72]. Since we observed virtually no diene 
structures in our product stream and we did not observe the lactones 
detected by Abdelaziz et al., we suggest that hydroxyl radicals or 
other species react rapidly with the dienes before ring closure and 
lactone formation can occur. The fact that the low Mw compounds 
methanol, methanediol, acetaldehyde, and acetic acid were 
identified in the reaction products of Abdelaziz, et al. but were not 
detected in the present work may be due to the fact that in the 
present work the samples were freeze-dried prior to dissolving in 
D2O for NMR analysis, whereas the reaction mixtures were added 
directly to D2O for NMR analysis in the work of Abdelaziz and co-
worker. Many other differences exist in the 1H-13C HSQC NMR signals 
for the two product streams indicating that the reaction pathways 
are substantially different.  

Most prior work on biological conversion of lignin has focused on 
releasing aromatic monomers and dimers from lignins and utilizing 
conversion hosts with suitable native or engineered metabolic 
pathways to convert the aromatic compounds into useful chemicals 
or intermediates [4-9]. This is motivated by natural processes of 
lignin depolymerization and utilization in the environment. While 
this occurs very slowly in nature, as an industrial process this 
approach is most promising for engineered lignins that contain a very 
high content of ether bonds [11]. For natural lignins this approach 
has had limited success due to several factors including low yield of 
aromatic monomers, toxicity of some of the aromatic breakdown 
products, and the tendency for polymerization to occur 
simultaneous with depolymerization. The yield of aromatic 
monomers is fundamentally limited by the presence of C-C bonds. 
 In this work we introduce an alternative, or complementary, 
approach. We have shown that CMF reaction with sulfonated lignin 
cleaves C-C bonds efficiently at or near room temperature at ambient 
pressure. We also show that under suitable conditions 
repolymerization can be minimized. These reaction conditions open 
the aromatic rings and the breakdown products consist of low 
molecular weight species rich in acid, aldehyde, and alcohol groups. 
While our data for growth of a panel of monocultures on the LS 
breakdown stream shows encouraging evidence of its utilization, 
especially in the presence of a small amount of glucose, it remains to 
be seen whether robust microbial hosts can be found, evolved, or 
engineered to efficiently utilize a high fraction of this diverse stream 
of breakdown products, and whether the carbon can be efficiently 
funneled into pathways that produce a high yield of useful chemicals 
or intermediates. Another question for further research is whether 
the chemical nature of the breakdown products can be tailored with 
reaction conditions. Our work suggests that organic acids are being 
taken up and consumed by the microbial hosts (Fig S6). We expect 
that generating more acids and less aldehydes will lead to greater 
biological utilization. Further decrease in Mw is also likely to be 
possible with further optimization of reaction conditions.  
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While many questions remain to be answered for this approach, 
we offer some preliminary comments regarding economics. One key 
factor is the ratio of low molecular weight products generated per 
amount of H2O2 consumed during depolymerization. In our present 
work with LS, to achieve 100% conversion from Mw = 28,000 to Mw = 
950 g/mol one gram of H2O2 (pure basis) was consumed per 0.44 g of 
LS and to achieve Mw = 770 g/mol one gram of H2O2 was consumed 
per 0.30 g of LS ([FeCl3] = [DHB] = 0.5 mM, T= 40 oC). These values do 
not seem prohibitive, and higher yields will likely result with further 
optimization. Another concern is the amount of carbon lost as CO2 in 
the process. We established an upper bound of 20 % of the original 
carbon that was lost as CO2 or other volatile compounds such as 
methanol or formaldehyde. Considering that ~10% of the carbon is 
in the form of methanol from oxidation of methoxy groups, we 
conclude that very little carbon is lost as CO2 in this process. Whereas 
a large amount of relatively low-cost LS is currently available from 
the pulp and paper industry, a far greater amount of kraft lignin is 
available. To utilize this process with kraft lignin and lignin from a 
lignocellulosic biorefinery, the lignins would need to be sulfonated, 
adding to the process cost. Another factor impacting the economics 
of the process is the rate of throughput. The results in Figure 3 and 
Figure 6 indicate that repolymerization of fragments after C-C bond 
cleavage are minimized at low [Fe] and low [LS], but these conditions 
will lower the rate of reaction and throughput. However, based on 
our results we estimate that 5 mg/ml LS can be depolymerized from 
28,000 g/mol to roughly 770 g/mol in ~48 hrs at 40 oC. Given the rate 
of biological growth and conversion this rate of throughout in the 
depolymerization step may not be prohibitive. Finally, CMF 
depolymerization of LS need not be considered in isolation, but 
rather could be employed subsequent to a process that releases 
aromatic monomers. The fact that depolymerization occurs in 
aqueous solutions at mild conditions should allow the 
depolymerization and fermentation processes to be coupled, 
lowering processing costs. 

 

5. CONCLUSIONS 

Depolymerization of lignin followed by biological conversion of the 
breakdown products has the potential to supply valuable compounds 
that are currently derived from petroleum. However, for natural 
lignins isolated from carbohydrate-first pretreatment processes 
cleaving C-C bonds will be essential to recover a high fraction of the 
mass as low molecular weight products. Current approaches face 
challenges due to high cost, difficulty in avoiding repolymerization, 
toxicity of some of the products, and low bioconversion. Here we 
introduce an alternative approach, demonstrating that a chelator-
mediated Fenton reaction efficiently cleaves C-C bonds in 
lignosulfonate at or near room temperature. We also show that 
repolymerization can be minimized through careful control of 
reagent concentrations and reaction temperature. Initial studies of 
growth of monocultures on the lignosulfonate depolymerization 
products show promise, especially when supplemented with a small 
amount of glucose.   
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