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Double Membrane Formation in Heterogeneous Vesi-
cles

Dima Bolmatov,∗abc Jan-Michael Y. Carrillo,‡de Bobby G. Sumpter,de John Katsaras,abc

Maxim O. Lavrentovich§bc

Lipids are capable of forming a variety of structures, including multi-lamellar vesicles. Layered
lipid membranes are found in cell organelles, such as autophagosomes and mitochondria. Here,
we present a mechanism for the formation of a double-walled vesicle (i.e., two lipid bilayers)
from a unilamellar vesicle through the partitioning and phase separation of a small molecule.
Using molecular dynamics simulations, we show that double membrane formation proceeds via a
nucleation and growth process – i.e., after a critical concentration of the small molecules, a patch
of double membrane nucleates and grows to cover the entire vesicle. We discuss the implications
of this mechanism and theoretical approaches for understanding the evolution and formation of
double membranes.

1 Introduction
Amphipathic molecules in bulk solution can self-assemble into a
wide variety of stable structures, such as micelles, lamellae, vesi-
cles (liposomes), and bicontinuous foamy phases. The study of
vesicles is of interest both from a theoretical and experimental
point of view, due to the fact that they serve as prototypical mod-
els for biological membranes.1–10 Specifically, amphipathic phos-
pholipids with hydrophilic headgroups and hydrophobic acyl tails
tend to primarily form bilayers in aqueous solution in order to
sequester their hydrophobic tails from unfavorable interactions
with water. Cell membranes also contain macromolecules (e.g.,
proteins, carbohydrates) that enable a wide variety of functions,
including transport across the membrane and cell-cell commu-
nication,11 and have been implicated in the formation of com-
plex membrane structures, such as the double membrane of au-
tophagosomes.12,13 In this work, we focus on the double lipid
bilayer and propose one possible mechanism for the formation of
this structure. Apart from the autophagosome, other eukaryotic
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cell organelles, including the nucleus, mitochondria, and chloro-
plasts are also surrounded by double membranes.14 A physical
understanding of the structure and dynamics of double lipid bi-
layers may thus aid our understanding of a wide range of biolog-
ical phenomena.

Double-membrane organelles can either be long-lived or tran-
sient, and they are found across all branches of life.15–18 Tran-
sient double-membrane organelles are formed under specific con-
ditions and enable unique cellular processes, such as the fore-
mentioned autophagosomes that form during the self-digestion
process (macroautophagy)19,20. The double membrane of the
autophagosome serves an important function in the self-digestion
process, as the outer membrane has to fuse with a lysosome con-
taining digestive enzymes, which then degrade the inner lipid
membrane of the autophagosome.21 Apart from autophagosomes
found in animal cells, plant cells contain chloroplasts with a char-
acteristic double-membrane envelope, which has likely been de-
veloped from an engulfed cyanobacterial endosymbiont,22 simi-
lar to the mitochondria in mammalian cells. In addition to or-
ganelles, all gram-negative bacteria have double-membrane en-
velopes, as well. These envelopes confer the bacteria with certain
advantages, such as the ability to resist antibacterial agents and
to adapt to a wide range of environmental conditions.23 Although
much is known about the machinery involved in the assembly of
the membrane, the role of lipids and the basic physical mecha-
nisms involved in the formation of such structures remain mys-
terious.24 The evolutionary origin of such structures is also an
active area of research.25

Here, we present a model of one possible physical mecha-
nism for the spontaneous formation of double membrane vesi-
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cles via an interaction with headgroup-anchored molecules. Our
approach is not specific to any particular organelle or small
molecule, but rather gives some evidence of how double mem-
brane formation may proceed. We thereby supply some phys-
ical insight into one plausible avenue for the formation of this
commonly-found, biologically-relevant structure. This work,
which treats membrane dynamics at a coarse-grained scale (al-
lowing us to probe the long time scales associated with lipid phase
separation, for example), complements recent simulation results
of entire, specific organelles at shorter time scales.26,27

Understanding how double membranes are formed has both
practical applications28–30 and fundamental implications, for ex-
ample, in virus-induced double-walled vesicles.17,31–35 Use of
double-membrane vesicles for drug delivery36 may allow for bet-
ter release control of their cargo.37 Importantly, membrane struc-
ture and dynamics can be changed in the presence of exogenous
headgroup-anchored molecules, such as melatonin.38,39 We will
consider the effects that these small molecules, such as short-
chain alcohols, vitamins, and hormones, have on single-layer vesi-
cles. In addition, we assume that the small molecules have some
degree of orientation and prefer to arrange head-to-tail when
in large concentrations, mimicking melatonin’s behavior.40 It is
also known that membranes deform in the presence of small
molecules, which may or may not be a desirable feature. For
instance, photostabilizing agents used in fluorescence measure-
ments have been shown to modify the mechanical properties of
lipid bilayers.41

A key feature of biological membranes is their ability to
form lateral lipid heterogeneities.42 In living cells, these het-
erogeneities are currently thought to be highly dynamic and
nanoscopic, making them difficult to observe directly.43,44 How-
ever, it is known that in model lipid membranes with composi-
tions similar to the plasma membrane, the corresponding lipid
mixtures phase separate and form macroscopic domains.45 Also,
recent work on reconstituted membranes of the endoplasmic
reticulum shows that lipid domains may be implicated in con-
tact sites with other organelles.46 So, although the direct ob-
servation of lipid domains in living membranes and organelles,
in particular, remains elusive,47 we may expect heterogeneous
lipid compositions in both the plasma membrane and in mem-
branes of organelles, an aspect which we will explore in this
study. In the fluid state, any phase separation is likely to be of the
liquid-liquid type, where lipids partition into liquid-ordered and
liquid-disordered regions. These liquid phases are typically rich
with unsaturated (low-temperature melting) and saturated (high-
temperature melting) lipids. Importantly, cholesterol is predom-
inantly found within the liquid-ordered domains.48,49 Here, we
simulate heterogeneities in the membrane by considering models
with specific lipid interactions that can be tuned to favor either
the phase-separated or mixed phase.

We will develop a physical model which includes small
molecule-lipid interactions, lipid heterogeneity, and liquid-liquid
phase separation dynamics. The paper is organized as follows:
In the next section, we describe our simulation methods. In Sec-
tion 3, we show that double membrane formation at high small
molecule concentrations occurs via the nucleation and growth of

a double bilayer region. We also analyze the elasticity of the mem-
brane at smaller concentrations of the small molecule and show
that the membrane bending modulus decreases with increasing
small molecule concentration. We argue that the transition to the
double membrane has a first-order character and is mediated by
enhanced membrane undulations. We conclude with some discus-
sions of the implications of this proposed mechanism in Section 4.

2 Methods

We take a coarse-grained approach to simulate the lipid mem-
brane using a simple three-bead model developed by Deserno and
colleagues.50,51 We consider three different lipid types (green A,
red B, and yellow C), shown in Fig. 1. Since we model the sol-
vent implicitly by introducing thermal fluctuations to the lipid
molecules, we also mimic the amphiphilic nature of the lipids
using the appropriate interaction potentials between the beads
constituting each molecule. We do this by choosing purely repul-
sive head-head and head-tail interactions, and attractive tail-tail
interactions. Each bead experiences thermal fluctuations through
a Langevin thermostat52 with the friction coefficient τ−1 imple-
mented in LAMMPS.53,54 In the simulations, and the following
analysis, all units are reduced, where τ = σ

√
(m/kBT ), σ , m = 1,

and kBT are the standard Lennard-Jones time, distance, mass,
and thermal energy, respectively.

All of the repulsive interactions are described by a modi-
fied Lennard-Jones (LJ) potential, called the Weeks-Chandler-
Anderson (WCA) potential,55 given by:

UWCA(r) = 4εw[(b/r)12− (b/r)6 +1/4]θ(rc− r), (1)

where θ(x) is the step function, εw = 1 kBT is the potential
strength, and rc ≡ 21/6b is the cutoff distance, given in terms of
the effective size b of the interaction regions. This distance is cho-
sen to terminate the potential just before the attractive portion.
We choose b = 0.95σ for any headgroup interactions and b = 1 for
tail-tail interactions. The tail-tail interactions have, in addition,
an attractive potential component given by:

Ucos(r) =


−εc, r < rc

−εc cos2[π(r− rc)/2wc], rc ≤ r ≤ rc +wc

0, r > rc +wc

, (2)

where εc = 1 kBT is the attractive well depth. It follows, then,
that for r > rc the potential smoothly approaches zero over a dis-
tance of wc. The distance wc will depend on the lipid type and
is shown in Fig. 1. The three lipid beads and the two small
molecule beads are connected by finitely extensible nonlinear
elastic (FENE) bonds described by:

UFENE(r) =−
1
2

kbondr2
o ln

[
1−
(

r
ro

)2
]
, (3)

with kbond = 30 kBT/σ2 and ro = 1.5 σ . In the case of the lipids,
a bending potential is also included to maintain the molecular
shape:

Ubend(α) = kbend [1+ cos(α)] , (4)
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where α is the angle between the two unit vectors defined by
the orientation from the middle lipid bead to the other two lipid
beads (see schematic in Fig. 1). The minimum of Eq. (4) is at
α = π, which favors a co-linear lipid bead configuration. A kbend of
20 kBT is used, which results in an approximate lipid persistence
length of 19 σ .56

In order to maintain membrane fluidity, the membrane attrac-
tive interactions in Eq. (2) have to be carefully chosen. Cooke
et al. showed that wc = 1.3 σ is at the boundary of the unstable
phase, while wc = 1.7 σ is at the boundary of the gel phase.50

In this study, we constrain wc in the range from 1.3 σ to 1.7 σ

for fluid membrane systems. The specific values of wc for lipid
tail-tail interactions are given in Fig. 1. Simulations are run up to
time 3× 105 τ, a value which is well into the coarsening kinetics
regime via patch coalescence for a liquid-liquid phase separating
system.50 To perform the data analysis, the final 2× 104 τ of the
simulation runs is extracted with a sampling interval of 50 τ, or
401 trajectory frames. The vesicle patch size remains relatively
unchanged over these last frames.

Fig. 1 In the molecular dynamics simulations we consider four types
of molecules, i.e., a ternary lipid mixture and a small molecule. Lipids
are modeled using the coarse-grained approach by Cooke et al.. 50 A
small molecule with a blue headgroup and a purple tail interacts with all
the lipids with a truncated and shifted Lennard-Jones potential ULJT S(r)
[Eq. (5)]. The head mH prefers to bind to the lipid heads with the potential
parameter ε = 1.5 (in units of kBT ). The other values of ε for the mT
interactions with the other lipid tails are given in the table. We also list
the cutoff values wc of the tail-tail interactions given by Eq. (2) (ε0 = 1 kBT
here). All other interaction parameters are given in the main text.

The small molecules described here are designed to have short-
range attractions between different types of lipid beads, thus
mimicking different degrees of lipophilic interactions between the
small molecule tail and lipid tails, and attractive interaction be-
tween the heads of small molecules and lipid heads, thereby bi-
asing the small molecule’s orientation towards the orientation of
the lipid. That is, the tail-to-head direction of the small molecule
is similar to the tail-to-head direction of neighboring lipids. This
is similar to the orientations observed in small concentrations of
lipid-associated small molecules and indoles, in particular. The
interaction between small molecule beads to all other beads is

described by a truncated and shifted Lennard-Jones potential,

ULJT S(r) = 4ε

[(
b
r

)12
−
(

b
r

)6
−
(

b
rc

)12
+

(
b
rc

)6
]

θ(rc− r),

(5)
with rc = 2.5 b and b = 0.95 σ , and the energy scale ε listed in
Fig. 1. Note that these parameters introduce an attractive por-
tion that mimics the hydrophobicity of the small molecule, which
we expect to partition into the lipid bilayer, as opposed to the
surrounding fluid.57 In addition, small molecule hydrophobicity
would favor aggregation.58 To control this, we set the interac-
tion between the head mH and tail mT with ε = 2.0 kBT (and
b = 0.95 σ , rc = 2.5 b), which tends to favor small molecule aggre-
gates with head-to-tail arrangements. Similar aggregates are con-
jectured for highly concentrated melatonin molecules near lipid
headgroups.40

The initial spherical vesicle configuration consists of N = 18996
sites preassembled with an approximate radius of 30 σ and an
area per lipid of 1 σ2 for both inner and outer leaflets.59 The ini-
tial location of A lipids is in the matrix, B and C lipids in the
patches, and the small molecules m are randomly distributed.
The tested ranges of concentrations or number fractions for φA,
φB, φC, and φm are {0.622− 0.479}, {0.266− 0.205}, 0.105, and
{0.007−0.211}, respectively. This is done so that there is always
a constant number of patches, which is determined by the inter-
action between the C and B lipids. The amounts of matrix lipids
A and excess lipids B are adjusted with increasing amounts of the
small molecules m, while maintaining a φA : φB ratio of 0.7 : 0.3.
For comparison, we also consider homogeneous lipid membranes,
where all the lipids are of the A type.

3 Results & Discussions
To explore the effect of small molecules on lipid phase separa-
tion and double-membrane formation, we consider four different
lipid-small molecule interactions shown in Table 1. The two pri-
mary cases of interest are a single lipid type (Case 1) versus a
three-component, phase-separating lipid mixture (Case 4), where
the small molecule favors one of the lipid phases. As control sys-
tems, we consider the cases where the small molecule has no
preference for the lipid phase (Case 2) and when m molecules
prefer two of the lipid types, but where the lipids do not phase
separate (Case 3). In addition to serving as a control on the
effects of lipid phase separation, we expect the Case 3 to pro-
vide some insights into membranes of living cells, which tend to
contain small transient domains, reminiscent of a disordered mi-
croemulsion phase.60

We also keep track of the critical concentration φ∗m at which we
observe the formation of a double membrane and compare the
four cases. The cases where the small molecule partitions (Cases
3 and 4) have approximately half the critical value for φ∗m com-
pared to cases where the small molecule interacts the same way
with all lipids (Cases 1 and 2). This advantage of partitioning is
independent of lipid phase separation. The different critical con-
centration values φ∗m for the different cases of lipid mixing and
phase separation are shown in Table 1. Note that the value of
φ∗m is likely dependent on the simulation run, due to the first-
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Case Lipid m molecule φ∗m
1 mixed no preference 0.158
2 phase separated no preference 0.145
3 mixed prefers B/C 0.076
4 phase separated prefers B/C 0.074

Table 1 The four different cases of lipid-small molecule m interactions.
Case 1: single lipid type A; Case 2: all three lipid types with the small
molecules interacting with the different lipids as if they were all type A;
Case 3: the reverse of Case 2; and Case 4: all three lipid types and the
small molecule m preferring the B/C lipid patches.

order-like behavior of the transition, something that we will dis-
cuss later on in the manuscript.

3.1 Small molecule partitioning
To begin, we need to test that our parameters for the small
molecules m induce partitioning of m into the yellow/red lipid do-
mains. This is shown in Fig. 2, where we calculate the density of
m, where m has different interactions between B/C lipids versus A
lipids (blue triangles) and compared to interactions as if all lipids
are of type A (orange squares). These are, respectively, Cases 4
and 2, discussed previously (see Table 1). Recall that the attrac-
tive interactions between m and the lipids are given by Eq. (5),
which has an attractive potential depth of ε. Furthermore, Fig. 1
shows that m has ε = 1.5 kBT for the red/yellow B/C lipid tails
versus ε = 0.5 kBT for the green A lipids (in Case 3 and 4). There-
fore, we expect that the relative density of m in the domains ver-
sus the patches can be approximated as: ρdomain

m /ρmatrix
m ≈ e≈ 2.7.

However, Fig. 2 shows that the ratio ρdomain
m /ρmatrix

m is a bit larger
than 3, implying additional preferential interactions such as a self-
interaction of m due to the large ε = 2.0 kBT responsible for the
head-to-tail interaction. In addition, the ratio ρdomain

m /ρmatrix
m re-

mains relatively constant as a function of the m concentration φm.

Fig. 2 We measured the areal density ratios of the small molecule m
in the domains (red areas) and matrix (green areas) of lipid vesicles. In
one case, we considered a vesicle, where m favors to partition into the
domains (top line). In the other case (bottom line), m is insensitive to the
lipid type. It is worth noting how different the densities are between the
two cases. Additionally, we observe that not only does m prefer to parti-
tion into domains, it also facilitates the onion-like formation of vesicles.

One may also verify, qualitatively, that once the double mem-

brane is formed, m preferentially resides between the two bilay-
ers of the double-membrane vesicles, surrounded by lipid head-
groups. This is clear for Case 1: Molecular dynamics simulation
snapshots of double membrane formation (Fig. 3) show that as
the double membrane forms, the molecules m (darker purple re-
gions) partition into the middle of the double layer. The result is
an overall decrease of m concentration on the outside of the vesi-
cle, as can be verified by comparing the outer surfaces in panel
i. and iv. of Fig. 3. The double membrane formation process is
initiated by the nucleation and growth of a patch of double mem-
brane, which we indicate with red arrows in Fig. 3.

A vesicle with a heterogeneous lipid composition also under-
goes double membrane nucleation and the subsequent growth
process, with an overall decrease of the m concentration on the
outside of the vesicle. This process is shown in Fig. 4, where
the initial double membrane patches are indicated with red ar-
rows. We shall see later on that lipid composition heterogeneity
promotes the formation of such structures (regardless of whether
or not the lipids phase separate) as long as the small molecule
prefers to bind to one of the lipid components. Note that the final
double membrane vesicle in panel iv. has small molecules mostly
sequestered between the two lipid bilayers.

Fig. 5 shows quantitative behavior of the small molecule m be-
tween bilayers in double-membrane vesicles for both uniform and
heterogeneous lipid mixtures. Specifically, there is a sharp central
peak in the density ρ(δ r) located near the midline of the vesi-
cle double membrane, together with two smaller peaks near the
outer leaflet headgroups. The dashed lines show the lipid head-
group densities, with the three peaks corresponding to the two
outer leaflet headgroups and the layer between the two mem-
branes where two sets of headgroups meet. We thus confirm that
the majority of the small molecules reside between the two bilay-
ers once the double layer vesicle has formed.

3.2 Elasticity considerations

In this section we focus on the elastic considerations in the transi-
tion from a single-membrane spherical vesicle to a double mem-
brane. This, of course, is not the only possibility, and previous
mechanical models of this type have focused on double mem-
brane formation starting with a flat double-membrane sheet.18

In our case, the double membrane forms only when there is a suf-
ficient number of small molecules present. Moreover, fluctuations
in the concentration of small molecules nucleate the beginnings
of a double membrane. The process is shown for a homogeneous
membrane (all green type-A lipids) in Fig. 3 using a series of sim-
ulation snapshots. Note the small piece of double membrane in
panel iii. of Fig. 3. Due to the strong mH −AH interactions (see
Fig. 1), the small molecules prefer to sequester between the mem-
branes where there is a high density of lipid headgroups.

The energetically favorable location of the small molecules be-
tween the two membranes is compensated by an increase in
bending energy for double-membrane lipid vesicles. A single-
membrane lipid vesicle resists bending, and the bending energy
associated with forming a spherical vesicle is given by the integral
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Fig. 3 Double-membrane formation in a green, homogeneous lipid vesicle in the presence of a small molecule m (blue/purple), that favors to reside
near the lipid headgroups (Case 1 in Table 1), which are all of type A (see Fig. 1). The m fraction is φm = 0.198. Various molecular dynamics snapshots
are shown (going left to right from i. to iv.): 0, 106, 1.2×106, and 5×106 time steps. The panels on top show the outer surface, while those in the bottom
are cross sections through the vesicle. At intermediate times (panels ii. and iii.), we find various stages of formation during which the small molecule m
clusters into small domains and eventually nucleates a double membrane which spreads and forms the full double-membrane vesicle. The red arrows
indicate the nucleation and propagation of a patch of two bilayers “glued” together by the purple small molecules.

of the energy over the membrane surface A, written as follows:

Eb =
∫

dA
κ

2
(c1 + c2)

2 = 8πκ, (6)

where c1,2 = 1/R are the principal curvatures of a spherical sur-
face with radius R, and where κ denotes the bending modulus.
The bending modulus can be explicitly evaluated by flicker spec-
troscopy50,59 and neutron spin echo spectroscopy.61 Importantly,
the bending energy is independent of the vesicle radius R. One
may also include a Gaussian curvature term proportional to the
Gaussian curvature modulus κ̄. This term is only relevant when
the membrane topology changes, which would be at large φm near
the phase transition between the single- and double-membrane
vesicle. Also, the modulus κ̄ requires special techniques to mea-
sure.62

The bending rigidity κ depends on the concentration φm of the
small molecule and is different for a single-membrane versus a
double-membrane vesicle. In a double-membrane vesicle, if the
two membranes were completely decoupled, we would naturally
have κ2 = 2κ. However, since the small molecules reside in the in-
terstitial region, the two membranes are not free to slide one rela-
tive to the other. In this case, we would expect the bending rigid-
ity to be larger due to the suppression of shear. For a membrane
made of a homogeneous elastic material, we know that κ ∝ h3,
where h is the membrane thickness. Lipid membranes, however,
are known to have bending rigidity parameters that scale like
κ ∝ h2.63 Hence, we can expect that double membranes have
some range of bending rigidities, i.e., κ2 = (2− 8)κ. Therefore,
the double membrane configuration requires some mitigation of
the bending energy via the sequestering of the small molecules

between the lipid bilayers.

A proper estimate of the double-membrane vesicle elasticity is
beyond the reach of our simple analysis, due to the large rear-
rangements of the membrane that occur during the double bilayer
formation (see Fig. 3 and Fig. 4). Our elastic model is limited to
nearly-spherical membrane shapes and the transition region likely
involves topological changes. An elastic model of the transition
region would require an estimate of the Gaussian bending modu-
lus κ̄. Instead, we will now analyze the elasticity of the spherical
vesicle away from the transition, at small concentrations φm < φ∗m.
Here, we expect to find an approximately spherical vesicle for
which we can perform flicker spectroscopy analysis. We shall see
in the following that, surprisingly, the vesicle maintains a spheri-
cal shape all the way up to the transition point, i.e. φm ≈ φ∗m, ren-
dering our flicker spectroscopy analysis valid over a wider range
of concentrations than anticipated.

We check the membrane elasticity considerations by measuring
the effective bending rigidity κ for small concentrations φm (i.e.,
before the double-membrane transition). In this case, the vesicle
has one bilayer and is thin enough that one may determine κ via
flicker spectroscopy. In particular, we may analyze the midline
R(θ ,φ) of the membrane. To begin with, we assume that mem-
brane undulations are small and do not modify the vesicle topol-
ogy. Therefore, we can expand R(θ ,φ)=RV [1+∑`,m um

` Y m
` (θ ,φ)]r̂,

where RV is the radius of a sphere that yields the vesicle volume
V = 4πR3

V /3 and Y m
` (θ ,φ) are spherical harmonics. The modes um

`

for `= 0,1,2, . . . and m =−`,−`+1, . . . , ` describe the membrane
undulations which perturb the vesicle from its spherical shape.
Substituting this parameterized shape into the Helfrich free en-
ergy of the kind in Eq. (6), along with a surface tension term ΣA
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Fig. 4 Double-membrane formation in a phase-separating vesicle in the presence of a small molecule m (blue/purple), that favors partitioning into
the red/yellow patches of lipids (Case 4 in Table 1). The m fraction is φm = 0.211. Molecular dynamics simulation snapshots (from left to right) for: 0,
0.4× 106, 0.6× 106, and 107 time steps. The panels on top show the outer surface, while the bottom ones are cross sections through the vesicle. At
intermediate times, we find various stages of double-membrane formation during which the small molecule m “sticks” two bilayers at different locations
of the double-membrane. These places are indicated by the red arrows in the bottom panel of ii. Note that the vesicle becomes highly irregular at step
ii., consistent with our observation of reduced membrane rigidity with increasing φm.

Fig. 5 The relative density ρ of small molecule headgroups mH (solid
lines) and lipid headgroups (dashed lines) as a function of distance δ r
from the midline of the double membrane. ρ for both molecules is nor-
malized so that

∫
dr ρ(r) = 1. The large solid line peaks near δ r = 0 show

that most of the small molecules reside between the two bilayers as these
solid line peaks coincide with the central dashed line peaks which corre-
spond to the lipid headgroups located between the two bilayers of the
double membrane.

that penalizes membrane stretching, yields a total (free) energy
for the modes um

` , which can be written64 as follows:

E = const+
κ

2 ∑
`,m
|um
` |

2(`+2)(`−1)[`(`+1)+ σ̄ ], (7)

with σ̄ = Σ̄R2
V /κ. The energy E can now be used as a Boltzmann

weight to estimate the magnitude of fluctuations of a particular
mode um

` .65 By monitoring the fluctuations and taking an average
〈|um

` |
2〉, we can fit the mode averages to the bending rigidity κ and

the re-scaled surface tension σ̄ . Specifically:

〈|um
` |

2〉= kBT
κ

[(`+2)(`−1)[`(`+1)+ σ̄ ]−1 . (8)

Fig. 6 shows a plot of the bending rigidity κ decreasing mono-
tonically with φm. First, we note that at very small φm, our results
are consistent with previous work50,59 showing that the bending
modulus of the model membrane is ∼ 10kBT - for our choice of
parameters. As we increase φm, the bending rigidity κ decreases.
Indeed, near the critical concentrations φ∗m (see Table 1), and par-
ticularly for Case 1 and 2, the bending rigidity is significantly
smaller than the membrane without any small molecules. In Case
3 and 4, the decrease is not as dramatic. Two reasons for this
are: (i) We measure κ over a much smaller range of φm as the
phase transition (where our approximation breaks down) occurs
at smaller φm for Cases 3 and 4; and (ii) In these cases, the small
molecule preferentially binds to the B/C lipids and it is likely that
κ is not homogeneous throughout the membrane due to increased
clustering of the small molecules. We see evidence of this in the
larger error bars for κ at higher φm for these cases (bottom panel
of Fig. 6). We will explore this aspect later when we discuss the
distribution and orientation of the small molecules. Nevertheless,
in all cases, our results point to a decrease in effective κ, imply-
ing large fluctuations as being an explicit feature of a transition
in vesicle topology. This behavior is consistent with the transi-
tions shown in Figs. 3 and 4. The membrane locally undulates
and rearranges to nucleate a double membrane.

A limitation of our flicker spectroscopy analysis is that we as-
sume the vesicle shape does not deviate to any great extent from a
sphere. We have verified that for all the concentrations φm shown
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Fig. 6 The bending rigidity κ (in units of kBT ) for the four different cases
tabulated in Table 1, plotted as a function of the small molecule concen-
tration φm. The data are presented up to the critical value φ∗m, when the
double-membrane transition occurs. The values of κ are calculated by
averaging the mode fluctuations over different time frames of the simu-
lations [see Eq. (8)]. The error bars are standard deviations calculated
based on a bootstrapping method. Note how κ decreases with φm, facil-
itating the membrane undulations responsible for generating the double
membrane.

in Fig. 6, the average radial position of the molecules does not
deviate from RV by more than 15%. Indeed, the vesicle remains
roughly spherical all the way up to the double layer transition
for a sufficiently large φm. The smaller bending rigidity indi-
cates a propensity for larger undulations away from the spherical
shape as φm increases, but the spherical geometry is maintained
for φm < φ∗m. This is an indication that the spherical shape re-
mains stable up to the double membrane transition and is likely
metastable near the transition region, which is a signature of a
first-order transition. One may also speculate on the temperature
dependence of our results. For our particular lipid model, chang-
ing the value of wc can tune κ between kBT at high temperatures
and 30kBT at lower temperatures (within the range of parame-
ters where the membrane maintains fluidity).50,59 Thus, we may
expect that double membrane formation occurs more readily at
higher temperatures, where the bending modulus is smaller. In
the future, it would be interesting to run a temperature scan to
examine this effect in more detail.

Topological changes in fluid membranes are known to be con-
trolled both by the bending rigidity κ and pressure difference be-
tween the inside and outside of the vesicle.66 First-order tran-
sitions between vesicle and branched polymer-like phases, and
between open and closed topologies, are common and generally

expected to be first-order.67 The single to double-membrane tran-
sition is an example of such a transition, and our measurement of
κ suggests that it is precisely the decrease in the effective κ that
drives the transition. It would be interesting to also measure the
pressure change across the vesicle. However, the use of an im-
plicit solvent precludes a precise measurement of this quantity.

3.3 Metastable states and dynamics near φ∗m

It is intriguing to consider vesicles at large values of φm and near
the transition φm ≈ φ∗m (see Table 1). Recall that at increasing con-
centrations of m, we find reduced bending rigidities κ and greater
probability to come across undulated and highly deformed vesi-
cles. Due to the large deformations, the value of κ is difficult to
measure at the transition φm ≈ φ∗m. So, instead of calculating κ,
we simulated multiple vesicles at large values of φm, with final
results shown in Fig. 7. The morphologies that we find at large
φm > φ∗m are not necessarily perfectly-shaped double membranes,
but include some interesting “intermediate” morphologies shown
in Fig. 7. These morphologies are apparently metastable (persist-
ing up to the longest simulation times) and occur in both uniform
[Fig. 7(a)] and phase-separating lipid mixtures [Fig. 7(b)], and
appear to be some combination of single and double-membrane
morphologies, including lamellar structures with lipid bilayers al-
ternating with high concentrations of m [see center and right pan-
els of Fig. 7(a), for example].

The various transition states in Fig. 7 suggest that there are
local free energy minima associated with the double-membrane
transition, which is likely hysteretic and a first-order transition.
Fig. 7 indicates that we may find very different intermediate
states given just small variations in φm, meaning that the double-
membrane free energy landscape is populated with many local
minima. We also find coexistence between single-membrane and
double-membrane structures, as seen in the left panel of Fig. 7(a)
and in the structures in Fig. 7(b). This is indicative of a first-order
transition between the two kinds of membrane structures. Note
that the presence of the small molecules can generate areas of
high curvature, as shown by the red arrow in the left panel of
Fig. 7(b). Here, the particles may serve as curvature-generating
inclusions for the lipid membrane. It may thus be possible to un-
derstand some of these intermediate states in an elastic model by
incorporating a coupling between the small molecule concentra-
tion and the membrane curvature.68

We may now consider the dynamics of vesicles at these high
φm values. Fig. 8(a) shows the pair-wise interaction energies for
simulation runs near and above the critical φ∗m as a function of
time. The transition to a double membrane is marked by a rapid,
spontaneous decrease in the interaction energies, and sharp drops
indicate where the double membrane forms – no signature of the
first-order transition is observed prior to any drop. This suggests
that the process of double membrane formation is driven by mem-
brane fluctuations rather than some deterministic flow of the sim-
ulation trajectory from a single- to double-membrane morphol-
ogy. The transition takes place when the membrane fluctuations
nucleate a patch of double membrane that eventually propagates
across the entire membrane. We can compare, for example, the
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Fig. 7 Different morphologies of uniform (a), at small molecule concentrations φm = 0.164,0.166,0.185 going from left to right and of phase separated
vesicles (b) for concentrations φm = 0.076,0.079,0.092 from left to right. Small variations in the small molecule fraction φm can lead to substantial
changes in simulation results, suggesting that the energy landscape for these systems has many local minima, which include combinations of double-
membranes and single bilayer vesicles. The simulation periodic boundary conditions also allow for lamellar structures to form. A partial lamella is
observed for φm = 0.079 [middle panel of (b)]. Note that in the case of (b), small molecules prefer to aggregate in the red/yellow patches, which are also
more likely to nucleate the double-membrane structure. All figures are snapshots from simulations with at least 107 time steps. The red arrow in the left
panel of (b) indicates a place where the small molecules induce a sharp change in the membrane curvature.

pair energies in Case 4 shown for φm = 0.074 and φm = 0.079 in
Fig. 8(a). Note how the curve for the latter concentration drops
down sharply at around τ ≈ 2.5× 105. This corresponds to the
formation of a multilamellar patch, which nucleates and then
grows. The middle panel of Fig. 7(b) shows the final state of
the φm = 0.079 case, where we see that the system gets stuck in
an intermediate state with both a single- and double-membrane
portion.

In Fig. 8(b) we show the pair-wise interaction energy for the
same simulation shown in Fig. 3. The vertical dashed lines indi-
cate the times at which we take the simulation snapshots in panel
ii. and iii. in Fig. 3. Note that as soon as the double membrane
nucleates (panel ii. in Fig. 3), the pair-wise energy drops and
eventually approaches a new constant, corresponding to the dou-
ble membrane vesicle. The transition happens relatively rapidly,
and there is no clear indication when precisely the double mem-
brane patch will first nucleate. This is indicative of a first-order
transition behavior, where the single-layered structure becomes
metastable at the transition and requires fluctuations to overcome
the free energy barrier to the formation of a local double mem-
brane patch.

3.4 Molecule orientation and concentration

It is also interesting to look into the density and orientation of the
small molecules and lipids during the single- to double-membrane
transition. We monitor the density of lipids and small molecules
m for small and large values of φm in Fig. 9 for homogeneous,
single-membrane lipid vesicles. We notice that at low φm, the

small molecule density is registered with the lipid headgroups
across the two membrane leaflets: i.e., see the two peaks in the
blue curves shown in Fig. 9 where the dashed and solid lines
have the same shape. This makes sense as the small molecule
does not differentiate between lipids, but simply favors to re-
main near the lipid headgroups. At increased φm (red curves),
the densities become asymmetric, which is a signature of local
bending of the bilayer. We also see that the bilayer dilates (on av-
erage), likely corresponding to the formation of locally-deformed,
double-membrane regions. Similar density profiles can be found
for the cases with heterogeneous lipid mixtures (i.e., Case 2-4),
although the various lipid types and the small molecules have a
non-uniform distribution in these cases, making a spherical aver-
age (as was done in Fig. 9) difficult to interpret.

At high concentrations of φm, we also expect that the small
molecules will reorient and align perpendicular to the membrane.
This orientation then facilitates the preferential head-to-tail ar-
rangement of the small molecules in our simulations. One way
to track small molecule orientation is to measure the P2 order
parameter, given by:

P2 =
1
2

[
3
〈
(m̂ · r̂)2

〉
−1
]
, (9)

where r̂ is the radial direction (the normal, on average, to the
spherical vesicle membrane) and we average over all orientations
(head-to-tail directions) m̂ of the small molecules. We see that the
parameter ranges from P2 =−1/2 for when molecules are perpen-
dicularly oriented r̂ ⊥ m̂ and P2 = 1 for parallel orientation r̂ ‖ m̂
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Fig. 8 (a) We show the pair-wise interaction energy between atoms ob-
tained from molecular dynamics simulations as a function of reduced
time τ, which is the integration time step (0.01) multiplied by the num-
ber of simulation time steps. Simulation runs with small molecule frac-
tions φm around the critical density φ∗m are shown. For Case 4 plots, the
different states at the longest simulation times are shown in Fig. 7. (b)
Zoomed in trace of the pair-wise interaction energy for the Case 1 vesicle
with φm = 0.198, for which we showed snapshots in Fig. 3. The vertical
dashed lines indicate the times of the corresponding snapshots in Fig. 3.
As soon as the double membrane nucleates and spreads across the sur-
face, the free energy decreases to a new minimum corresponding to a
double membrane vesicle.

– a random orientation would yield P2 = 0. We observe in Fig. 10
that as we increase φm, the small molecules tend to reorient in a
direction that, on average, is less parallel to the lipid direction.
A dramatic difference is seen when the small molecules partition
preferentially into one of the lipids [see the blue and purple (Case
3,4) lines in Fig. 10 versus the red and orange ones (Case 1,2)].
This is likely due to the fact that the molecules m are locally highly
concentrated in Case 3 and 4 and should be more likely to self-
interact and form head-to-tail aggregates. Also, this reorientation
most likely favors double membrane formation, a notion that is
borne out in the differences in critical concentrations φ∗m between
the partitioning and non-partitioning cases (see Table 1). In the
double-membrane configuration, the small molecule orientations
are close to random, as can be seen by the points to the right of
the vertical lines in Fig. 10, which indicate the critical φ∗m.

Biomolecule reorientation is commonly observed in many small
lipid-associated molecules, including melatonin, cholesterol, and
steroids.69 The nature of the reorientation transition, though, is
sensitive to the lipid and small molecule types.70,71 The small

Fig. 9 The relative density ρ of small molecule headgroups mH (solid
lines) and lipid headgroups AH (dashed lines) as a function of distance
δ r from the center of mass of the lipid bilayer, averaged over the entire
(single membrane) vesicle and over the last 401 frames of our molecular
dynamics simulation for Case 1 (see Table 1). ρ was normalized such
that

∫
dr ρ(r) = 1. Small (blue) and large (red) concentrations φm near φ∗m

of the small molecule are shown. As φm increases, the distribution widens
and the molecule/lipid distribution becomes more asymmetric due to the
enhanced undulations that facilitate double-membrane formation.

molecules in our simulations mimic melatonin’s behavior, which
has been shown to reorient from a parallel to a perpendicular ori-
entation, with respect to the lipid molecules in the bilayer, with
increasing concentration.40 However, we note that our model is
purely phenomenological and does not correspond to a specific
small molecule. Finally, these results also indicate that a relatively
simple interaction can lead to morphological transformations and
complex behavior, including a collective reorientation of small
biomolecules accompanying the single- to double-membrane vesi-
cle transition.

4 Conclusions
We examined, in detail, the formation of double-membrane vesi-
cles from single-membrane vesicles in the presence of small hy-
drophobic biomolecules. We showed that small molecules induce
a first-order-like phase transition, where the double-membrane
morphology nucleates and then propagates over the entire vesicle
surface. Small molecules facilitate these processes by decreasing
the effective bending rigidity of the membrane, thus increasing
the probability for large scale membrane fluctuations and mem-
brane reorganization to take place. One interesting possibility
is that local concentration fluctuations of the small molecules
serve as curvature-inducing inclusions for the lipid membrane.
One might be able to verify this by comparing our molecular-
scale model to a fully elastic model, where the small molecule-
membrane interactions would be treated as coupling terms in a
Helfrich free energy of the kind described by Eq. (4).68 The prop-
erties of the initial nucleus of the double membrane would be
interesting to explore, as well. We would expect a free energy
barrier to the formation of this nucleus, which could be explored
focusing on the small patch of the vesicle that first forms the dou-
ble layer.

We have also examined the effects of a heterogeneous lipid
composition on the double layer formation. We found that as
long as the small molecules prefer to bind to one of the lipid
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Fig. 10 Orientation parameter P2 of the small molecule m as a function
of small molecule fraction φm of m in the vesicle’s composition. Increas-
ing the amount of m tends to force the small molecules to transition from
an orientation that is parallel to the lipids (P2 ∼ 1) to one that is more
random or perpendicular (P2 < 0). The vertical lines show the critical con-
centration φ∗m beyond which we find double-membranes for the different
interaction parameters (see Table 1). The single points to the right of
each vertical line are the orientations of the small molecules in a double-
membrane vesicle corresponding to the given case.

components, the double layer formation is enhanced (the criti-
cal value of φ∗m decreases by about a factor of 2), whether or not
the lipids phase separate. Thus, we may expect that such small
molecules would also enhance double membrane formation in liv-
ing membranes where the lipid composition is heterogeneous but
not necessarily phase separated into large domains.

We found that double-membrane formation is accompanied by
small molecule reorientation and aggregation between lipid bi-
layers. We expect to find such behavior in a wide range of sys-
tems where small hydrophobic molecules interact with lipid head-
groups. In this regard, it is intriguing to compare the obtained
results from our coarse-grained simulations to those of all-atom
simulations.71 Current simulation techniques are able to capture
entire organelles with atomic resolution, albeit at limited time
scales.27 It would be interesting to compare our work with these
more detailed simulations. The advantage of our approach is that
we are able to simulate the small molecule-lipid interactions over
much larger time and length scales, thus capturing the collective
membrane undulations. In the future, it would be possible to use
atomistic simulations to inform the interaction parameters for our
coarse-grained model. In addition, it may be possible to couple
multiple time- and length-scales using recently developed multi-
scale simulation approaches.26
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1

Coarse-grained models show double membrane formation from single-membrane, heterogeneous liposomes in the
presence of small, hydrophobic molecules.
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