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Harnessing the power of photosynthesis to catalyze novel light-driven redox chemistry requires a way to
intercept electron flow directly from the photosynthetic electron transport chain (PETC). As a proof of concept,
an in vivo fusion of Photosystem I (PSI) and algal hydrogenase was created by insertion of the HydA sequence
into the PsaC subunit. The PSI and hydrogenase portions are co-assembled and active in vivo, effectively
creating a new photosystem. Cells expressing only the PSI-hydrogenase chimera make hydrogen at high rates
in a light-dependent fashion for several days. In these engineered cells, photosynthetic electron flow is
directed away from CO2 fixation and towards proton reduction, demonstrating the possibility of driving novel
redox chemistries using electrons from water splitting and the photosynthetic electron transport chain.

Broader context
Re-engineering fundamental processes in photosynthetic microorganisms offers a cheap and renewable platform for creating biofactories capable of driving difficult redox transformations, powered only by the sun and using water as the electron source. To
maximize the usefulness of such engineered systems, we require a way to intercept intracellular electron flow at the most
reductive potential. We have taken the approach of positioning redox enzymes to directly capture electrons from Photosystem I
(PSI) before they enter the general cellular pool. In this paper, we describe a functional fusion of PSI with the hydrogenase enzyme
to re-direct electrons from carbon fixation to proton reduction. This results in a large fraction of the electrons from water oxidation
by Photosystem II being used to make dihydrogen. Perhaps most importantly, we have identified a site in PSI where redox enzymes
can be attached to intercept electrons from the photosynthetic electron transport chain.

Introduction
Conversion of algal cells into solar-powered biofactories
generating high-energy product molecules is a promising
avenue for addressing the ever-increasing global energy
demand, due to its environmental friendliness and cheap
replication. Hydrogen (H2) is an attractive target product for
several reasons. It is an important commodity with over 60
million tons produced globally, but ~95% of it is produced from
steam reformation of fossil fuels, thus contributing to the rise
of atmospheric CO2.1 The [FeFe] hydrogenase enzyme catalyzes
the rapid and reversible reduction of protons (2 H++ 2 e-  H2).
The active site of the enzyme is a metallic cofactor that is O2sensitive and must be inserted by maturation factors.2 These
characteristics are shared with many important redox enzymes,
making hydrogenase an ideal test case for synthetic biology
manipulations.
In the thylakoid membranes of the chloroplast, the
photosynthetic electron transport chain (PETC) performs lightdriven electron transport from water to ferredoxin (Fd) and
pumps protons across the membrane, ultimately providing
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metabolic energy (ATP) and low-potential reductant (NADPH) to
drive CO2 fixation by the Calvin-Benson-Bassham (CBB) cycle
(Fig. 1A).3 Algal hydrogenases are particularly attractive as
producers of a solar fuel due to their structural simplicity (e.g.,
a single catalytic domain)4 and ability to couple sunlight to
hydrogen production by using reducing equivalents from the
PETC. The active site of the enzyme consists of a [4Fe-4S] cluster
coupled to a di-iron subsite containing CO and CN- ligands;
insertion of the latter requires three maturase proteins.5 Algal
hydrogenases normally function to dispose of excess reductant
under anoxic conditions, to facilitate fermentative processes in
the dark or the initiation of photosynthetic linear electron flow
during dark-to-light transitions.6 Despite various attempts to
improve hydrogen production in green algae, it has not yet
become economically feasible due primarily to two major
issues: inactivation of the hydrogenase by oxygen and
competition for reductant with other processes.7,8
It has recently been shown that algal hydrogenases compete
poorly for reduced Fd.9 The primary competitor, Fd:NADP+
oxidoreductase (FNR), not only has a cellular abundance ~70
times that of hydrogenase,10 but it also has a higher affinity for
Fd (Km = 0.8-2.6 µM)11,12 than does hydrogenase (Km = 3.4-35
µM)13–15. As the estimated Fd concentration in the chloroplast
is ~120 µM†, both enzymes should be operating near saturation
when the Fd pool is mostly reduced. Thus, the competition
between them should be largely dependent on the
concentrations and kcat values of the respective enzymes, and
one would predict that roughly 14 times as many electrons
would be used to reduce NADP+ via FNR than to reduce protons
via hydrogenase†. Thus, it is unsurprising that H2 production in
algae decreases upon activation of the CBB cycle.16,17
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Fig. 1 The photosynthetic electron transport chain (PETC) in WT cells (A), the proposed system (B), and a model of PSI-HydA (C). (A) The PETC in the thylakoid membrane
drives linear electron flow, with water being oxidized by the oxygen evolving complex (OEC) of PSII and Fd being reduced by PSI, accompanied by formation of proton
motive force. Two electrons will exit the PETC for each H2O oxidized. Under most conditions, NADPH is the major product, made by FNR. H2 is a minor and/or transient
product under anoxic conditions. (B) In the system described here, hydrogenase (HydA) is directly attached to PSI, which should direct most electrons to H2 production
at the expense of Fd reduction. (C) A model of PSI core subunits (PsaA – red, PsaB – blue) as ribbon diagrams, with PsaC-HydA2 (cyan), PsaD (yellow) and PsaE (magenta).
Antenna pigments (chlorophyll (Chl) a and β-carotenes) are shown as green stick models, while FeS clusters and the H-cluster are shown as space-filling models. The
predicted edge-to-edge distances between the inorganic substituents of the FeS clusters and the H-cluster (in Å) are shown to the left of the model.

In order to circumvent this problem, we sought a way to divert
electrons from the PETC towards H2 production. PSI is the ideal
choice for the diversion point for several reasons. The terminal
cofactors of PSI are at a very low potential (-450/-490 mV vs.
SHE),18 thus maximizing the driving force of the engineered
redox chemistry. In addition, allowing electrons originating
from water oxidation by PSII to transit the PETC maximizes the
proton pumping carried out by the PETC, and thereby ATP
production by the thylakoid, thus maintaining viability of the
cellular bio-factory. Diversion at an earlier point would diminish
this advantage, while diversion after PSI would be much less
effective – once electrons enter the Fd and NADPH pools, many
metabolic processes can draw upon them.
Using a unicellular green alga (Chlamydomonas reinhardtii) as
an experimental system, we created an in vivo fusion of PSI and
the [FeFe] hydrogenase expressed by the organism (see Fig. 1B).
While the structural gene for this hydrogenase is in the nuclear
genome19 and the core photosystem subunits are chloroplast
encoded, it has been shown that active hydrogenase can be
made from a gene transplanted into the chloroplast
chromosome.20,21 We show that photosynthetic flow in the reengineered chloroplast is diverted from CO2 fixation to proton
reduction and results in sustained biohydrogen production.

Experimental
Chimeric protein design and homology modeling
The site of insertion of the hydrogenase domain corresponds to
residues 32-36 (DGCKA) of C. reinhardtii PsaC. Residue Asp32

was replaced with Gly for additional flexibility and residues
Cys34 and Lys35 were replaced with “trimmed” HydA2
sequence, such that PsaC-Gly33 was connected directly to the
N-terminus of mature HydA2 (Ala63) and the C-terminus of
HydA2 (Gly500) was connected to PsaC-Ala36 (see Fig. S1).
Trimming of the HYDA2 sequence consisted of removal of the
transit peptide from the N-terminus (first 62 residues) and the
last 5 residues (which are not conserved) from the C-terminus.
To model the structure of PSI-HydA, the protein structure
prediction webtool Phyre222 (intensive algorithm) was used to
model individual subunits of C. reinhardtii PSI (PsaA, PsaB, PsaC,
PsaD, PsaE and PsaF) and HydA2, based on the sequences of the
polypeptides from protein data bank. Following removal of
residues D32-K35 of PsaC in Pymol, the docking of HydA2 was
performed using the ClusPro2 23 server with distance restraints
of 10 Å, corresponding to the amino acid residues involved in
the junctions in the chimeric protein (Trp31 of PsaC to the Nterminal Gly of the modified HydA2 and the C-terminal Gly of
the modified HydA2 to Ala36 of PsaC). The most plausible model
based on ClusPro2’s energy minimization algorithm was chosen
and, after formation of two peptide bonds between PsaC and
HydA2, the connecting loops were allowed to relax, using the
ModLoop server.24 PsaD and then PsaE were then docked to the
PsaC-HydA2 chimera with ClusPro2 as well.
Generation of cells expressing PSI-hydrogenase
The psaC-hydA2 fusion sequence (see Fig. S1) was synthesized
by Genscript (Piscataway, NJ USA) and inserted via flanking NdeI
and BglII sites into the pBS-EP5.8 aadA vector 25 digested with
NdeI and BglII. The resulting pAK10G plasmid neatly replaces
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the psaC gene with the designed psaC-hydA2 fusion gene. This
plasmid was introduced into the hydA 26 and PBC4-2 strains of
C. reinhardtii by particle-mediated transformation. The latter
strain combines two mutations in the chloroplast genome:
deletion of psaC 27 and the hexahistidine-tagged psaA exon 1.28
The transformants were initially selected on TAP plates with 100
mg/L spectinomycin in the dark. Individual colonies were
passaged alternately on plates containing 100 mg/L
streptomycin or 300 mg/L spectinomycin in the dark and colony
purified until they became homoplasmic, as determined by PCR
(see method below). The amplified PCR products were verified
by Sanger sequencing to ensure that no mutations in the
introduced psaC-hydA2 gene had arisen during the process. The
same transformation and verification steps were performed on
the strain expressing a hexahistidine-tagged (H6) version of
PSI.29
PCR analysis of algal transformants
PsaC-HydA2 detection PCR was performed with flanking
primers (PsaC5’: TAATATGGAGATGACATATTTAG and PsaC3’:
GATCTCACCAAGATACTCCC) as well as with gene-specific
primers (PsaC5’int: TCAATGTGTACGTGCTTGTCC and PsaC3’int:
ACAACGTTTGCAACCTACACA) on 100 ng of genomic DNA using
MeanGreen 2x Taq DNA polymerase master mix (Syzygy
Biotech). Reactions (50 µL) were cycled 35 times (95 °C for 15 s,
51 °C for 15 s, 72 °C for 90 s) using initial primer concentrations
of 0.5 µM. To determine the limits of detection of the PCR for
the psaC gene, test PCR templates were generated by diluting
genomic DNA from the hydA strain (containing psaC) into
genomic DNA from the psaCΔ mutant (lacking psaC)27 at the
same concentration, in order to emulate conditions of
heteroplasmy (10%, 1% psaC) and homoplasmy (100%, 0%
psaC).

Thylakoid membranes were prepared as previously described,25
with minor modifications outlined below. Cells were grown in 4L flasks and centrifuged at 3500 x g at 4 °C for 10 min. The pellet
was washed with H1 buffer (25 mM HEPES-KOH, 5 mM MgCl2,
0.3 M sucrose, pH 7.5), flash-frozen in liquid nitrogen, and
stored at –80 °C. Subsequent steps were performed in the dark
and samples were kept at 4 °C. Cells were resuspended at 2-4
x108 cells mL-1 in H1 containing 1 mM phenylmethane sulfonyl
fluoride to inhibit proteolysis. Cell breakage was accomplished
with a French Press (Aminco) at ~1.7 tons pressure. Unbroken
cells were pelleted by centrifugation at 2000 x g for 1 min, and
the supernatant was centrifuged at 20000 x g for 10 min. The
pelleted membranes were washed in 50 mL of H2 buffer (5 mM
HEPES-KOH, 10 mM EDTA, 0.3 M sucrose pH 7.5) and
resuspended in H3 buffer (5 mM HEPES-KOH, 10 mM EDTA, 1.8
M sucrose, pH 7.5). A discontinuous sucrose gradient was
prepared using H3 buffer containing suspended thylakoid
membranes, which was in turn overlaid with 1.3 M sucrose and
0.5 M sucrose solutions. After 1 hour of centrifugation in an SW28 rotor at 25,000 rpm, the upper green band (0.5/1.3 M
interface) was collected and washed with 3x volume of H6
buffer (5 mM HEPES-KOH, 10 mM EDTA pH 7.5). Purified
thylakoids were concentrated by centrifugation (90,000 x g for
30 min) and resuspended in H6 + 20% glycerol and were either
stored at 200 K after flash-freezing in liquid N2 or solubilized for
PSI purification.
PSI particles were purified from thylakoid membranes on
sucrose gradients after solubilization with β-dodecyl maltoside
(β-DDM), as described in Li et al.29 Purification of hexahistidinetagged PSI was performed as described previously,28 except that
a Ni(II)-iminodiacetic acid (IDA) resin (G-biosciences, St. Louis,
MO U.S.A.) was used.

Growth conditions

Anoxic PSI-HydA2 isolation

Unless otherwise specified, algae were grown in liquid Trisacetate-phosphate (TAP) medium with revised mineral nutrient
supplement30 in Erlenmeyer baffled cell-culture flasks under
low ambient light conditions (~5 µmol photons m-2 s-1 PAR) with
agitation (150 rpm). Larger cultures (1 L and greater) were
grown with continuous stirring and sparging with sterile filtered
air. For autotrophic growth, Tris-bicarbonate phosphate (TBP)
medium was prepared by substituting 25 mM sodium
bicarbonate (pH 7.0) for acetate (~16.6 mM) in the medium.

Concentrations of Chl a and b were determined as described in
Porra et al.31

Twelve liters of cells grown aerobically in TAP to mid-log phase
were harvested and resuspended in fresh TAP to ~200-300
µg/mL of total Chl and sparged with Ar for ~ 4 h. After this point,
all preparation steps were done in an anaerobic glovebox (Coy)
filled with a 5% H2/95% N2 gas mixture. Sodium dithionite was
added to 2mM final concentration and 5-mL aliquots were
pelleted and stored in liquid nitrogen. Once thawed, each pellet
was resuspended in breaking buffer (0.1 M Tris-HCl, pH 8.0), 10
mM EDTA-KOH, 1 mM PMSF and 2 mM Na2S2O4) in a total
volume of 30 mL. Cell lysis was accomplished using a Branson
sonifier S-450 operated at amplitude 3, 50% duty cycle for a
total of 6 min (2 minutes sonication followed by 2 min waiting)
on chilled beads (-20 to -10 oC) to achieve complete cell lysis.
Crude thylakoids were pelleted (208,000 xg, 15 min, 4 oC), and
resuspended in solubilization buffer (25 mM Tricine-KOH, pH
8.0, 300 mM KCl, 10% glycerol) containing 2 mM sodium
dithionite. Solubilization and IMAC purification steps were done
as described above with the exception of using Ni-PentaTM resin
(Marvelgent Biosciences), Tricine-KOH buffer (pH 8.1) and 200
mM imidazole for elution. Purified PSI was stored in 25 mM
Tricine-KOH (pH 8.1), 300 mM KCl, 10 % glycerol, 0.03 % β-DM.
Aliquots were flash frozen and stored in liquid nitrogen.

Thylakoid and PSI preparation

Laser-flash spectroscopy

An FMT-150 (Photon Systems International, Brno, Czech
Republic) photobioreactor (PBR) system equipped with pH and
Clark-type O2 electrodes was used to obtain growth curves at
constant temperature (24 °C). Starter cultures were pre-grown
in TAP and washed twice with TBP. Cells were resuspended in
TBP to a final OD680 of 0.1. At the beginning of each run, the
photobioreactor vessel was sparged with N2 for ~1 hour.
Afterwards, the cultures were sealed and stirred for the
duration of the experiment.
Chlorophyll (Chl) measurement
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Samples of thylakoid membranes (60 µg Chl mL-1 in 5 mM
HEPES-KOH, pH 7.5) or PSI particles (6 µg Chl mL-1 in 5 mM
Tricine-KOH pH 8.0, 0.03 % β-DDM) were diluted with the same
buffer containing 10 mM sodium ascorbate in the dark. A JTS10 (Bio-Logic) kinetic spectrophotometer was used to monitor
absorbance changes at 696 nm. Excitation was provided by a
frequency-doubled Nd/YAG laser (532 nm) generating ~6-ns
pulses (~25 mJ per pulse).
A saturating laser flash was used to create the P700+(FA/FB)charge-separated state, which occurs in <1 µs.32 Absorbance
changes at 696 nm were monitored with dim 10-µs flashes
before and after the laser flash (starting 250 µs after the flash)
to monitor creation and decay of P700+. To eliminate actinic
effects of the probing light and electronic artifact due to
changing data collection rates, a background transient (with the
laser shutter closed) was subtracted. The decay of P700+ was fit
to a sum of 2-6 exponential decay components using the
Levenberg-Marquardt iteration algorithm.
Anaerobic adaptation
To allow activation of the hydrogenase enzyme, cells were
harvested in early/mid-logarithmic phase (2-6 µg Chl mL-1) by
centrifugation (3500 x g for 5 min) and resuspended in fresh TAP
medium at ~1-2 µg Chl mL-1 (for in vivo H2 measurements). Ten
mL of the cell suspension was placed in a 25-mL clear glass
bottle sealed with stoppers, wrapped in aluminum foil and
bubbled with argon (flow rate 10-15 mL min-1) for 90 min in the
dark, unless otherwise indicated, prior to the start of the H2
production period. Once sparging was terminated, cells were
agitated on a shaker at 160 rpm.
In vitro hydrogenase activity
Cells were centrifuged and resuspended at ~30 µg Chl mL-1 in
anaerobic adaptation buffer (50 mM potassium phosphate pH
7.2, 3 mM MgCl2) and sparged with water-saturated argon for
variable times in the dark in the initial experiments; the
standard time was 90 min thereafter. For each reaction, 1 mL of
reaction buffer (100 mM Tris-HCl, pH 7.3, 1 M NaCl, 10 mM
methyl viologen, 0.2% Triton X-100) was mixed with 0.2 mL of
100 mM Na2S2O4 (dissolved in 30 mM NaOH) in an anoxic
glovebox (Coy) and sealed; the headspace of the vial was
sparged with argon for 20 min to remove any residual H2 from
the glovebox gas and warmed to 37 °C prior to injection of 100
µL of cell suspension into the reaction mixture. The vial was
mixed well, temperature was maintained at 37 °C with mild
shaking, and aliquots of the headspace gas were removed at
intervals and analyzed by gas chromatography (see below).
Gas chromatography (GC) measurements
A model SRI 310 GC equipped with a thermal conductivity
detector (TCD) and molecular sieve (13X or 5A) was used for all
gas measurements. A sample (80 µL) of the headspace gas was
removed with a 1710RN airtight Hamilton 100-µL syringe (that
had been flushed with argon) and injected into the GC. A 1%
H2/99% N2 gas mixture (Supelco) was used to create a standard
curve for H2, and air was used as a standard for O2 and N2. The
O2:N2 ratio was used to monitor for air contamination during
sampling, as the headspace of all samples was primarily Ar.
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Immunoblotting
Polypeptide separation and immunoblotting was performed as
described previously.20 Isolated PSIH6 or PSI-HydAH6 were loaded
on the basis of P700 photobleaching activity (see below): 1.6
pmol of P700 for detection of small polypeptides (PsaC, PsaD,
PsaC-HydA2) or 0.4 pmol of P700 for detection of larger
polypeptides (PsaA).
Membrane inlet mass spectrometry (MIMS) measurements
Cells grown to early log phase were spun down and
resuspended to 15 µg Chl mL-1 in a total volume of 5 mL in TAP
or TP medium (with or without acetate, respectively); 50 mM
HEPES (pH 7.2) and 2 mM NaHCO3 were included to maintain
pH and CO2 levels. Cell were loaded into a closed temperaturecontrolled (24.5° C) and stirred MIMS cuvette. Anaerobiosis was
achieved in approximately 1 hour due to respiration in the dark;
relevant gas masses were monitored continuously. After
approximately 1 h, cells were exposed to various intensities of
red light (635 nm via the actinic module of the DUAL-PAM 100
from Heinz Walz GmbH) for 2 min interspersed with 2 min
darkness. Rates were calculated from the slope of the best
linear fit over a 1-min period. H2 and O2 analysis was done by
MIMS.33 Enforced anaerobiosis with glucose oxidase and
glycolaldehyde treatment were performed as described
previously.16

Light-to-hydrogen conversion efficiency
PAR was determined with Li-COR photon counter equipped with
quantum sensor (LI-190R). Efficiency calculations were
performed as previously described34 with slight modifications.

(
𝜂(%) =

∆𝐺° ― 𝑅𝑇ln
𝐸𝑖𝐴𝑡

𝑃°
𝑃

)

𝑣𝐻2
100

, where ∆𝐺° is the standard Gibbs free energy for water
oxidation (237.2 kJ mol-1 at 25 ℃ and 1 atm), R is the universal
gas constant, T is absolute temperature (K), P° and P are the
hydrogen partial pressures (standard and observed,
respectively), vH2 = amount of H2 produced (mol), Ei = energy
flux of the incident light (J m-2 s-1), A = illuminated surface area
(m2), t = duration of illumination (s). Energy for the incident light
was either calculated using the Planck-Einstein relation for red
light at 630 nm or measured using a LI-200R pyranometer (LICOR Biosciences, Lincoln, NE, USA) for white light.
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Fig. 2 Immunoblots of isolated PSI and PSI-HydA from WTH6 or ΨH1H6, demonstrating assembly of PsaC-HydA2 into PSI-HydA. Equimolar amounts of PSI and PSI-HydA were probed
with α-PsaC (A, left), α-HydA (A, right), or α-PsaA (B) antibodies. Sizes of marker polypeptides are indicated to the left. Integration of α-PsaA cross-reactive bands gave a ratio of
1.00:1.09 (WT:chimera).

Results and discussion
Chimeric protein design and creation
Based on the crystal structure of cyanobacterial PSI (1JB0)35 and
a homology model of HydA2,36 we selected the turn of a βhairpin over the terminal FB cluster in PsaC as the optimal
insertion point for the hydrogenase domain. The entire
sequence of the mature HydA2 hydrogenase from C. reinhardtii
was inserted into this site as an in-frame fusion that would
effectively split PsaC into two polypeptide segments. (See
Experimental for details and Fig. S1 for exact sequence of the
chimeric polypeptide). The N- and C-termini of HydA2 are in
close proximity,36 in principle allowing this type of chimeric
polypeptide to fold as two domains, with the HydA domain
presumably folding first, allowing the two PsaC fragments to
fold together. According to our modeling studies, this design
would place the [4Fe-4S] cluster of HydA2 relatively close to the
FB cluster of PSI (14.8 Å edge-to-edge distance, see
Experimental for details). The fusion gene and protein are
henceforth referred to as psaC-hydA2 and PsaC-HydA2,
respectively. When co-assembled with PSI, the chimeric protein
is called “PSI-HydA” (see Fig. 1C for a model).
The psaC-hydA2 gene was introduced into the chloroplast
genome by particle-mediated gene transfer using flanking
sequences to direct homologous recombination such that it
would replace the endogenous psaC gene.25 Serial cloning
under selective conditions was maintained until a homoplasmic
state was achieved (i.e., all copies of psaC replaced by psaChydA2), as verified by PCR (Fig. S2). The amplified PCR products
were sequenced to ensure that no mutations in the chimeric
gene had arisen during the process. The psaC-hydA2 gene was
introduced into two strains: a hydA1-1 hydA2-1 mutant lacking

endogenous hydrogenases26 as well a strain expressing a
hexahistidine-tagged (H6) version of PsaA, a core subunit of
PSI.28 Note that in the former, PSI-HydA is the only significant
contributor to hydrogen production; in both strains, WT PSI
would be replaced by PSI-HydA. For brevity, the congenic D66
control strain is referred to as wild-type (WT), the hydA1-1
hydA2-1 strain is called hydA, and the hydA1-1 hydA2-1[psaChydA2] transformant is referred to as ΨH1. The strains
expressing H6-tagged PSI are called WTH6 (with normal PsaC) or
ΨH1H6 (with PsaC-HydA2).
Subunit composition of PSI-HydA chimera
PSI and PSI-HydA were purified from WTH6 and ΨH1H6,
respectively, via immobilized metal affinity chromatography.28
Purified complexes were denatured with SDS and equivalent
amounts of PSI were analyzed by immunoblotting with
antibodies against PSI subunits and hydrogenase, to assess the
subunit composition of the complexes. The anti-PsaC antibody
recognized a ~9-kDa polypeptide in WT PSI (Fig. 2A, left),
consistent with its predicted size (8.8 kDa). This polypeptide was
not observed in the PSI-HydA complex; instead, a new ~52-kDa
polypeptide was seen, similar to the predicted size of the PsaCHydA2 polypeptide (56 kDa). Probing with anti-HydA antibodies
revealed a polypeptide of the same size in PSI-HydA complexes,
but not in WT PSI (Fig. 2A, right). Thus, PSI complexes in this
strain incorporate PsaC-HydA2 rather than PsaC.
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Fig. 3 In vitro characterization of the PSI-hydrogenase chimera. (A) Transients of flash-induced P700 photobleaching and recovery in thylakoid membranes (60 µg Chl) isolated from
hydA (black) and ΨH1 (red) cells that had been grown aerobically. The inset displays transients normalized to the maximal bleaching and using a log time scale. (B) Hydrogenase
activity (expressed as % of maximal activity attained) assayed with reduced MV on whole cells, as a function of the anaerobic adaptation period. Inset: In vitro H2 production with
dithionite/MV in detergent-permeabilized hydA (black), WT (blue), and ΨH1 (red) cells after 1.5 h anaerobic induction. Error bars represent standard error (n=3).

Roughly equal amounts of PsaA were detected in PSI and PSIHydA (1.0:1.1; Fig. 2B) when the lanes were loaded on the basis
of equal photochemical activity (see Fig. 3A), implying that
>90% of the PSI-HydA in the ΨH1 cells is photochemically active.
We would not expect any unassembled PsaA polypeptide to be
present, as it has been shown that the quality control system of
the chloroplast keeps the level of unassembled subunits of PSI
or other multi-subunit complexes very low.37
Based on the structure of cyanobacterial PSI,35 as well as
mutagenesis38 and modeling39 studies, it is thought that the Fddocking site of PSI is formed by PsaC in concert with PsaD. The
structure of PSI reveals an intimate interaction between PsaC
and a long C-terminal extension of PsaD, and the addition of the
HydA domain in the fusion had the potential to interrupt this
interaction and prohibit assembly of PsaD into the complex.
However, we found that the level of PsaD in the purified PSI
complexes was similar in both preparations (Fig. S3), consistent
with our model of PSI-HydA (Fig. 1C).
Activities of the PSI-HydA chimera in vitro
Laser-flash spectroscopy experiments were performed to
assess the photochemical activity of the PSI portion of the PSIHydA chimera. P700 is a pair of Chl a molecules serving as the
primary electron donor in PSI. Excitation of PSI produces a
charge-separated state in which P700 is oxidized (P700+) and the
terminal acceptor is reduced. In the absence of an electron
acceptor, the rate of charge recombination is characteristic of
the charge-separated state; for example, charge recombination
of P700+(FA/FB)- occurs in 40-200 ms, but is >50 times faster from
the prior charge-separated state (P700+FX-).18 In the absence of
the PsaC subunit, the PsaA/PsaB heterodimer is degraded and
does not accumulate in C. reinhardtii.40 Therefore, the level of
photoactive PSI can be used to assess the ability of PsaC-HydA2

to assemble with and stabilize the PSI core. The amount of
photo-bleachable P700 in thylakoid membranes isolated from
ΨH1 was ~15% that of WT (Fig. 3A). The lowered accumulation
of PSI-HydA was not unexpected, given that point mutations of
single residues in PSI can result in more drastic effects.25 The
kinetics of fast P700+ decay (Fig. 3A inset) are very similar in PSI
and PSI-HydA, indicating that the FA and FB clusters must be
properly assembled within the PsaC domain of the chimeric
protein (Table S1, Supplementary text). Oxygen can readily
accept electrons from PSI effectively quenching back reactions
with longer lifetimes and contributing to overall “electron
escape” that must be replenished by an exogenous electron
donor (i.e., ascorbate). In order to get a better understanding of
charge recombination kinetics in the PSI-HydA2 chimera, we
prepared PSI complexes anoxically from anaerobically adapted
WTH6 and ΨH1H6 cultures. As seen in Fig. S4A, electron escape
is reduced in both preparations to ~24% (Fig. S4B), and there is
the typical biphasic kinetics of charge recombination from the
P700+(FA/FB)– state in the 40-200 ms time range. In the PSI-HydA2
chimera, there are 3 new kinetic phases. The fastest two
represent charge recombination of the P700+FX– state, and
together represent ~12% of the total decay, indicating that the
association of PsaC-HydA2 with PSI may be weaker than PsaC
and some of it dissociates during purification. There is also a
new component with a lifetime of 550-600 ms, representing
~9% of the total decay. We tentatively assign this to charge
recombination from the [4Fe-4S] cluster of the HydA2 domain.
The HydEF/G maturases are required for insertion of the di-iron
site into the HydA domain after assembly of the [4Fe-4S] cluster
by the chloroplast SUF machinery41, and it was unclear if the
maturases would be able to access the HydA domain in the new
chimeric context. The hydrogenase activity of cells expressing
PSI-HydA was assessed in detergent-permeabilized cells with
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reduced methyl viologen (MV) as electron donor. We found that
maximal hydrogenase activity was attained within 1.5 hours
after a shift to anaerobiosis, similar to what was shown for WT
hydrogenases in C. reinhardtii. 15 (Fig. 3B). The parental hydA
strain exhibited a very slow rate of H2 production (~4.1 ± 0.2
µmol h-1 (mg Chl)-1), as expected, while the WT rate was 770 ±
50 µmol h-1 (mg Chl)-1). The H2 production rate in permeabilized
H1 cells was linear with time over the 20-min time course,
similar to the permeabilized WT cells, indicating that the
hydrogenase domain in PSI-HydA was not unstable (Fig. 3B
inset). They produced H2 at a rate of ~380 ± 80 µmol h-1 (mg
Chl)-1. Since the hydrogenase activity in the parental strain is
~1% of this, nearly all of the H2 produced by the H1 cells can
be attributed to the PSI-HydA chimera. Using the extinction
coefficient of P700,42 we estimate the amount of PSI-HydA in the
ΨH1 strain as 1 per 5650 Chl. If each PSI-HydA had an active
hydrogenase, the turnover frequency for PSI-HydA would be
~530 ± 110 H2 s-1. This number is comparable with the reported
specific activity of HydA1 using a similar assay (380 ± 97 μmol
H2 min−1 mg−1),10 which is equivalent to a turnover frequency of
~300 H2 s-1. Thus, it seems likely that all of the HydA domains in
the PSI-HydA chimeric complexes are fully active after the
anaerobic induction period.
Addition of the large HydA domain to PsaC was expected to
block its access to electron acceptors such as Fd. This was tested
in vitro by assaying the purified protein for light-dependent
reduction of low-potential electron acceptors in the presence of
ascorbate, a high-potential electron donor. The PSI-HydA
chimera exhibited a ~9-fold drop in light-driven reduction of
cyanobacterial flavodoxin (Fig. S5A). This protein replaces Fd in
cyanobacteria grown in low iron, and has been shown to bind
to both cyanobacterial and algal PSI in the same mode as Fd.43
In contrast, the ability of PSI-HydA to reduce algal Fd (in a
coupled assay) was reduced by only 50% (Fig. S5B).
Photoreduction of O2 to superoxide (i.e., Mehler reaction) was
~2-fold higher in PSI-HydA (Fig. S5C), proving that overall
electron flow was not compromised by addition of the HydA
domain. These assays were performed in air, where the di-iron
site would be inactivated (i.e., no competition with proton
reduction), but the [4Fe-4S] cluster should still be present in the
HydA domain.4 Both algal Fd and cyanobacterial flavodoxin bind
the same site on PsaC involving Lys35,44,45 which is absent in PSIHydA; thus, one would expect both proteins to have lost their
high-affinity binding site on PSI. An explanation for the
difference between their behavior with PSI-HydA is that it is the
HydA domain that reduces them, rather than PsaC. The algal
hydrogenase is reversible; the HydA domain binds Fd, oxidizing
it when producing H2, and reducing it when oxidizing H2.16
Access to the Fd-binding site of HydA2 is not expected to be
blocked in the PSI-HydA chimera. Thus, Fd reduction by PSIHydA likely proceeds via the HydA [4Fe-4S] cluster to Fd bound
to its interaction site on HydA. The algal HydA domain would
not be expected to bind the cyanobacterial flavodoxin very well,
explaining the much lower photoreduction rate with this
electron acceptor. The higher O2 photoreduction rate of PSIHydA may reflect a higher rate of O2 reduction from the HydA
[4Fe-4S] cluster than from the FA/FB clusters of PsaC.

Production of H2 and O2 in vivo
The ability of the hydrogenase domain in PSI-HydA to carry out
H2 production during dark fermentative conditions, in which Fd
is largely reduced by pyruvate:Fd oxidoreductase,46 was
assessed by gas chromatography using a thermal conductivity
detector (GC-TCD). Slow accumulation of H2 in the headspace
was observed in the cultures incubated in the dark (Fig. 4A).
Hydrogen did not accumulate to detectable levels in the hydA
culture until after 6 h and the rate was extremely low thereafter
(8 ± 5 nmol H2 h-1 (mg Chl)-1). The rate of H2 production by ΨH1
was roughly 60% of the WT rate [330 ± 10 nmol H2 h-1 (mg Chl)-1 vs 507 ± 30 nmol H h-1 (mg Chl)-1] and remained fairly
2
constant throughout the 6-hour experiment (see Fig. 4A). This
ratio of activities is similar to the ratio of maximal H2 production
rate measured in these cells (Fig. 3B), indicating that the HydA2
domain in the PSI-HydA chimera is fully able to accept electrons
via its normal physiological donor (Fd), consistent with the
conclusion above that the HydA2 domain of the PSI-HydA
chimera can bind and reduce Fd.
Illumination of the anoxic WT culture resulted in transient H2
production, as observed previously.16,47 The average rate was
28 ± 8 µmol H2 h-1 (mg Chl)-1 during the first hour, but rapidly
dropped to negligible levels thereafter (Fig. 4B). The hydA strain
did not make any detectable H2. In contrast, ΨH1 produced H2
continuously for 6 h, with an initial rate of ~25 ± 6 µmol H2 h-1
(mg Chl)-1 in the first hour and an average rate of 21 ± 6 µmol H2
h-1 (mg Chl)-1 over the entire time course.
Like many redox enzymes catalyzing low-potential redox
reactions, the algal hydrogenase is inactivated by O2. One of the
reasons for sustained H2 production by ΨH1 is that O2 does not
accumulate in the sealed culture, unlike WT or hydA (Fig. S6).
To test the hypothesis that the ΨH1 strain consumes O2 faster
than it is produced, we measured net O2 rise/fall in aerobic
cultures. The compensation point is the light intensity at which
O2 production by PSII is matched by O2 consumption. Even up
to the brightest light used, the ΨH1 culture with acetate never
reached this point, while the culture lacking acetate required a
light intensity ~5 times that of the parental strain to reach
compensation. Acetate decreases net O2 evolution via its effects
on photosynthesis and mitochondrial respiration.48 Lightdependent net O2 evolution rates were ~35% lower in ΨH1
compared to the parental strain (Fig. S7). This could stem from
either higher respiration rates or lower photosynthesis rates. In
fact, we did not observe higher dark respiration rates in ΨH1
(Fig. S7A). Lower rates of water oxidation could be due to either
lower PSII activity or to limitations in electron flow downstream
of PSII. We found that addition of phenyl-1,4-benzoquinone
(PPBQ) as an artificial PSII electron acceptor resulted in similar
light-dependent O2 evolution rates in the two strains (Fig. S7B),
consistent with the latter hypothesis. Additionally, the quantum
yield of PSII drops to low values at fairly low light intensities in
the light saturation curve (Fig. S7C), consistent with a highly
reduced plastoquinone pool and a limitation in downstream
electron flow. This is almost certainly due to the PSI-HydA
chimera, whose abundance is ~7-fold lower than WT PSI. Thus,
it appears that the bottleneck induced by lowered accumulation
of the chimeric protein had the effect of constraining PSII O2
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Fig.4 Accumulated H2 in the headspace of sealed bottles produced by WT (blue), hydA (black), or ΨH1 (red) cultures in dark (A) or light (B, 200 μmol photons m-2 s-1), as
measured by GC-TCD (n=3). Values are normalized to the initial Chl content of the cultures. Please note the different scales.

evolution activity such that respiration and other O2-consuming
processes could keep up with it. While this was an unintended
consequence of the PSI-HydA design, it resulted in preserving
hydrogenase activity for sustained H2 production. However, as
many other redox enzymes are sensitive to O2 and lowered
abundance of chimeric proteins is a likely occurrence, this
actually bodes well for the approach of fusing such enzymes to
PSI.
To quantify the instantaneous rates of H2 and O2 production by
the algal cells, an online membrane inlet mass spectrometry
(MIMS) technique was used to measure dissolved gasses during
short illumination times (<2 min). The ΨH1 cells exhibited a
significantly higher H2 evolution than WT at photon fluxes above
~300 µmol m-2 s-1 and did not saturate until over ~1000 µmol
photons m-2 s-1 (Fig. 5A). In stark contrast, H2 production by WT
cells saturated at lower light intensities (~100 µmol photons m-2
s-1) with a maximum rate of 11 ± 4 µmol H2 h-1 (mg Chl)-1,
regardless of the presence of acetate. There was no detectable
H2 production by hydA cells. For ΨH1 cells, the highest observed
rates were 76 ± 11 or 49 ± 6 µmol H2 h-1 (mg Chl)-1 in media with
or without acetate, respectively. To eliminate the effect of O2
inhibition on hydrogenase activity, we added glucose, glucose
oxidase, and catalase to the medium to scavenge O2.16 With
saturating light, the highest observed rate was 90 ± 5 µmol H2
h-1 (mg Chl)-1, representing a ~20% improvement (Fig. 5C).
Fitting of the data to a hyperbolic curve allowed us to estimate
Vmax to be 120 µmol H2 h-1 (mg Chl)-1 with half-saturation at 340
µmol photons m-2 s-1. (In order to compare this maximal rate to
those of chemotrophs or abiotic materials, it is equivalent to 2.7
mmol H2 h-1 per g dry weight of cells.) To put this in context,
such a strain could perform well even on a cloudy day (~600
µmol m-2 s-1) and still reach saturation on a sunny day (≥2000
µmol m-2 s-1).49 Although the algal [FeFe] hydrogenase is known
to be irreversibly inhibited by O2 in a matter of seconds50 and
PSII is producing O2 in the same membrane, O2 scavenging only
improved H2 production in the ΨH1 culture by 20%. This

demonstrates that keeping the enzyme in its cellular context
allows maintenance of its activity for much longer periods than
might be expected.
We now turn to the possible sinks in ΨH1 cells for electrons
from PSII. A major motivation for our design was to intercept
electrons from the PETC before they reached the Fd pool.
Examination of Figure 5 allows one to conclude that the
majority of these electrons are used to make H2 in the ΨH1
strain. In the absence of acetate, maximal net O2 production in
the WT culture is ~45 µmol O2 h-1 (mg Chl)-1. Although we do not
know the respiration rate in these short-term experiments, it
cannot be high, as the cultures start out anoxic before
illumination. Moreover, we know that PSII is much more
constrained in ΨH1 cells than in WT cells. Therefore, we would
not expect the rate of gross O2 production by PSII in the ΨH1
culture to be higher than ~50 µmol O2 h-1 (mg Chl)-1, leading to
an estimated maximal H2 production rate ≤100 µmol O2 h-1 (mg
Chl)-1, if all electrons from water oxidation were used to
produce H2. In the presence of acetate, maximal net H2
production in the ΨH1 culture was ~75 µmol H2 h-1 (mg Chl)-1.
To test this hypothesis further, we assessed the impact of
competition with CO2 fixation by using a phosphoribulokinase
inhibitor (glycolaldehyde) to block the CBB cycle.51 In the WT
culture, the H2 evolution rate quickly dropped after ~1 minute,
decreasing over 10-fold from the peak rate within 5 minutes
(Fig. 5D). This drop was largely due to the activation of the CBB
cycle, as addition of glycolaldehyde resulted in a much lower
drop (~50%) in H2 evolution, which persisted during the
experiment (10 min), as previously reported.16 In contrast, the
ΨH1 culture exhibited very stable H2 production rates over the
time course, and a ~20% decrease in H2 evolution rate was seen
after addition of glycolaldehyde. Nevertheless, we found that
the ΨH1 strain was able to grow photoautotrophically, albeit
much more slowly than strains containing WT PSI, and only if
the culture was first rendered anoxic (Fig. S9). These results are
consistent with the hypothesis that PSI-HydA reduces Fd in vivo
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poorly, and directs most, but not all, of the electrons from the
PETC to proton reduction, at least under high light (discussed
further below). We also found that cyclic electron flow around
PSI was negligible in ΨH1 cells (Fig. S10), consistent with this
idea. Thus, both linear and cyclic electron transport pathways
are strongly affected in ΨH1 cells, demonstrating that
photosynthetic electron flow has effectively been redirected in
these cells by replacement of PSI with PSI-HydA. When one
considers that the amount of PSI is ~7-fold lower (Fig. 3A) and
the total amount of hydrogenase activity is ~2-fold lower (Fig.
3B) in the ΨH1 strain compared to WT, and yet the
instantaneous light-saturated H2 production rate is almost 7fold higher than WT in this strain, it is difficult to imagine how
this could be, unless electrons from PSI were being directly
delivered to the hydrogenase active site, as intended by the
chimeric protein design.

We tested the utility of this system for long-term H2 production.
After anoxia was imposed in a sealed bottle, the culture
produced H2 continuously for 5 days at an average rate of 14.0
± 1.7 µmol H2 h-1 (mg Chl)-1 (Fig. S8A). A similar experiment was
run without imposing anoxia, and within 2 days the ΨH1 culture
had become hypoxic (~4% O2 in the headspace) and started
producing H2 (Fig. S8B). We also set up long-term experiments
using a PBR in turbidostat mode, which was flushed
continuously with argon. Hydrogen was monitored in the efflux
gas, allowing calculation of the rate of H2 production by the
culture. Cultures were maintained at high density (~ 30 mg Chl
L-1) under continuous illumination (600 µmol photons m-2 s-1).
The production rate was 86.6 ± 2.4 mL H2 d-1 per L culture (n=3).
These rates, whether in sealed bottles or in a PBR, are at least
comparable to rates reported in this species using the
endogenous hydrogenases in concert with other methods to

Fig. 5. Membrane inlet mass spectrometry (MIMS) data. Rates of H2 (A) or O2 (B) production in cultures of WT (blue), hydA (black), and ΨH1 (red) under indicated light intensities in
media containing acetate (solid symbols/lines) or lacking acetate (hollow symbols/dashed lines). Rates were determined as the slope of concentration change over 1 min of time. (C)
Effect of enforced anoxia using glucose oxidase/catalase on H2 evolution rate in an anaerobically adapted ΨH1 culture with acetate. Light-saturation data were fitted to a hyperbolic
curve with Vmax (dotted line) ~120 µmol of H2 h-1 (mg of Chl)-1. Error bars in A-C represent standard error of the mean (biological replicates, n=3). (D) Instantaneous H2 production
normalized to Chl under enforced anoxia of ΨH1 (red) or WT (blue) cultures with (dashed lines) or without (solid lines) 60 mM glycolaldehyde under continuous 200 µmol m-2 s-1 red
light (average of 3 biological replicates).
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lower steady-state O2 levels and/or direct electrons to H2
production.8 In order to compare this rate to H2 production
rates using chemotrophs or abiotic materials, we normalized to
dry weight of cells rather than Chl to obtain a rate of 164 ± 5 mL
H2 d-1 g-1. The light-to-hydrogen conversion efficiency of HI
cultures reached 1.75% under the best conditions (i.e., short
term with acetate and enforced anoxia, using 6.65 W m-2 of 630nm photons), which is just over 10% of the theoretical
maximum. While this is encouraging, we are still far from
realizing the full potential of the system on a long-term basis, as
light-to-hydrogen conversion efficiency was only about 0.12% in
the aforementioned PBR experiment.
It is somewhat surprising that marrying two very different
proteins resulted in such an active chimeric protein. Using the
maximal rate estimated from the MIMS experiment, and taking
into account the PSI-HydA cellular abundance, one arrives at a
H2 production rate of ~170 H2 s-1 for each PSI-HydA (i.e., ~340
electrons s-1). This is in line with previously reported electron
throughput rates for PSI.52 It also compares favorably with the
PSI-hydrogenase assembly created in vitro that is currently the
best in vitro H2 photoproduction device (~50 H2 s-1).53 In both
cases, the overall throughput is likely limited by electron
donation to P700. The PSI-HydA chimera may have an advantage
there, as algal Pc can reduce P700 in <50 µs.54 Based on these
calculations, we conclude that the PSI-HydA chimera reported
here is actually a very efficient light-driven proton
photoreduction machine, capable of producing a dihydrogen
every ~6 ms in vivo.
It is important to realize that the addition of the hydrogenase
domain to PSI has created a photosystem that is fundamentally
different from PSI, which is a type I reaction center that oxidizes
and reduces 1-electron carriers. The PSI-HydA chimera requires
2 electrons to produce 1 H2. Thus, it first needs to accumulate
one electron on the HydA domain; after re-reduction of P700+ by
plastocyanin and excitation of the reaction center, a second
electron can be sent to the hydrogenase active site (see Fig. 1C),
resulting in reduction of 2 protons to a dihydrogen molecule.
This is more akin to the action of a type II photochemical
reaction center, which accumulates 2 electrons to reduce a
quinone to quinol (also consuming 2 protons), although in this
case the product is a gaseous molecule. Thus, it is not an
overstatement to say that we have created a novel
photochemical reaction center by fusing hydrogenase to PSI. It
is also important to consider the competition between
reduction of Fd (requiring 1 electron) and protons (requiring 2
electrons). The longer the delay between the first and second
electron arriving at the H-cluster, the more time that Fd has to
bind to the HydA domain and “steal” the electron. This almost
certainly explains the very high light flux required to saturate H2
production in the ΨH1 cultures (Fig. 5A), as higher light
intensities will result in shorter average delays between
consecutive excitations of PSI-HydA. Thus, as such a culture
went through a day-night cycle, it would be biased towards Fd
reduction at the beginning and end of the day, allowing it to
fulfill basic physiological needs, but be biased towards H2
production in the middle of the day, storing some of the energy
of the extra photons as molecular hydrogen.
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Future efforts to increase H2 production with this system will
focus on use of more O2-tolerant hydrogenases. This would in
turn allow use of PSI-HydA chimeras that accumulated to higher
levels. While that would increase H2 production, it would allow
more O2 production. However, as long as the steady-state level
of O2 present in the flow PBR system were not higher than the
tolerance of the hydrogenase domain, the system should be
able to produce H2 continuously at a rate significantly higher
than reported here. It should also be possible to modulate the
partitioning of electrons between reduction of Fd and protons
by modifying the Fd binding site of the HydA domain.

Conclusions
Use of the PSI-HydA chimera offers at least 4 advantages: (1) it
constitutively expresses the chimeric protein; (2) it directs the
majority of electrons from water oxidation to H2 production; (3)
it constrains O2 evolution from PSII, preserving hydrogenase
activity for sustained H2 production over many days, obviating
the need to use nutrient deprivation, PSII inhibitors or
mutations; and (4) it preserves the proton pumping and ATP
production carried out by the PETC, thus maintaining cell
viability. By rewiring photosynthesis to deliver electrons from
PSI directly to hydrogenase – thus cutting out the Fd
‘middleman’ – one is no longer at the mercy of cellular
metabolic networks. With the system entirely encoded by the
algal chloroplast genome, the use of directed evolution
techniques to improve the system also becomes possible.
Perhaps more important than this particular example, however,
is the discovery of a site in PSI that allows in-frame fusion of a
protein to intercept electrons from PSI. The FA/FB clusters of PSI
are at a lower reduction potential than any soluble electron
carrier in the cell (e.g., Fd, NADPH, thioredoxin). This opens the
ability to drive novel redox chemistries not native to plants and
algae at high flux by using a large fraction of the electrons from
water-splitting and the PETC.
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