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Molecular Diffusion and Nano-Mechanical Properties of Multi-
Phase Supported Lipid Bilayers
Tatsuhiro Maekawa,#a Hokyun Chin,#b Takashi Nyu,a Tun Naw Sut,b Abdul Rahim Ferhan,b 

Tomohiro Hayashi*ac, and Nam-Joon Cho*bd

Understanding the properties of cell membranes is important in the fields of fundamental and applied biology. While the 
characterization of simplified biological membrane mimics comprising of liquid-phase lipids has been routinely performed 
due to the ease of fabrication, the characterization of more realistic membrane mimics comprising of multi-phase lipids 
remains challenging due to more complicated fabrication requirements. Herein, we report a convenient approach to fabricate 
and characterize multi-phase supported lipid bilayers (SLBs). We employed the solvent-assisted lipid bilayer (SALB) 
formation method to fabricate mixed lipid bilayers comprising of liquid phase 1,2-dioleoyl-sn-glycero-3-phosphocholine 
(DOPC) and gel phase 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) lipids at room temperature. The fabrication 
procedure was performed inside a newly designed microfluidic chamber, which facilitated the subsequent characterization of 
the SLBs without exposure to air. The SLBs were then characterized via fluorescence microscopy, fluorescence recovery after 
photobleaching (FRAP), atomic force microscopy (AFM) and AFM-based force-distance measurements. Interestingly, results 
from these characterization techniques revealed that regardless of the gel phase composition, the SALB formation method 
consistently yielded uniform SLBs at room temperature, even though the transition temperature of DPPC is considerably 
higher. Furthermore, the composition ratio of DOPC and DPPC in the precursor solution is well reproduced in the fabricated 
SLBs. We also identified from diffusivity measurements that a high ratio of gel-phase lipid revitalizes lipid-lipid interactions, 
which led to reduced molecular fluidity and the suppression of thermal undulation within the SLBs. Taken together, our results 
highlight the robustness of SALB formation method that allows the fabrication of complex lipid bilayers with a high degree 
of precision, which is suitable for functional studies of biological membranes.  

Introduction

The importance of understanding the properties of cell 
membranes in various fields of fundamental and applied biology 
has motivated the development of complex model membranes 
that can accurately mimic the structure of biological membranes 
in its native form.1-4 In order to investigate a complex model 
membrane, it is necessary to fabricate supported lipid bilayers 
(SLBs) comprising of various lipid compositions, which may 
exist in different phases, including the gel phase.5 Numerous 
strategies have been developed to prepare SLBs including 
Langmuir-type deposition,6, 7 bubble-collapse deposition,8, 9 dip-
pen nanolithography,10, 11 spin coating,12, 13 lipid wetting14, 15 and 
vesicle fusion.16, 17 Vesicle fusion, which involves the adsorption 
and spontaneous rupture of precursor phospholipid vesicles on a 
solid support, represents one of the most popular approaches due 

to its simplicity.16-20 However, when the vesicles contain 
phospholipids in the gel phase, which has a comparatively high 
transition temperature (i.e., above room temperature), the large 
bending rigidities of the gel-phase phospholipids hinder the 
rupture process when vesicle fusion is attempted at room 
temperature, preventing the formation of uniform SLBs.21, 22 
Several works have circumvented this problem by raising the 
temperature (i.e., above the transition temperature of the gel 
phase lipid) during the adsorption and vesicle rupture stages of 
the process and cooling the system down to room temperature 
only after the SLB has been completely formed.23-25 Although 
these steps are rather straightforward within the context of SLB 
fabrication per se, the temperature changes greatly complicate 
SLB characterization using surface-based techniques that are 
sensitive to the bulk environment due to large thermal 
fluctuations that make it difficult to extract reliable kinetic 
information.                                                                         

To overcome the aforementioned limitation, the solvent-
assisted lipid bilayer (SALB) formation method has been 
developed to fabricate SLBs on a support substrate in a flow 
channel following a solvent exchange process from organic 
solvent (e.g., isopropanol, methanol, ethanol) to aqueous solvent 
(e.g., water and buffer).21, 26-29 In organic solvents, the lipid 
molecules exist as monomers or form reverse micelles. During 
the solvent exchange step, the concentration of the organic 
solvent in the flow channel gradually decreases, leading to the 
transition of lipid molecules to form normal micelles and 
vesicles.30, 31 This ultimately leads to the formation of SLB on 
the support substrate, when the solvent in the flow channel has 
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been fully exchanged to the aqueous solution.31 Most notably, 
the SALB method can form SLBs with complex components and 
comprising of gel phase phospholipids at the room temperature 
without requiring vesicles.29, 32

The establishment of the SALB method, therefore, spurs us 
to investigate more complex SLBs comprising of lipids in 
different phases. To achieve this, it is imperative to utilize a 
fluidic chamber that enables the solvent exchange step to be 
performed with the precise control over the solution flow rate 
and with a perfect sealing environment at the micron level. At 
the same time, the dimensions of the chamber should allow 
optical access of microscopes and enable an atomic force 
microscope (AFM) tips to approach the SLBs. Commercially 
available liquid chambers or open-ended petri dish systems do 
not satisfy all of the conditions above and introduces several 
drawbacks such as the ease of forming defects by means of 
generating air bubbles on the bilayer surface due to the lack of 
proper sealing.16, 23, 33 To address this issue, we design a 
microfluidic chamber that can be integrated with a commercial 
optical microscope (Eclipse TE 2000, Nikon) as well as an AFM 
(Asylum Research MFP-3D-BIO, Oxford Instruments, USA) 
system. Conceptually, the novelty of our AFM-compatible 
microfluidic chamber lies in the ability to precisely control the 
flow rate inside the flow channel without hindering operations 
on the optical microscope and AFM setup.33 In addition, the 
robust microfluidic chamber permits multiple solvent exchange 
steps without solvent leakage in a liquid environment. 

In order to confirm the feasibility of forming multi-phase 
SLBs inside the microfluidic chamber, we fabricate SLBs 
comprising of liquid phase 1,2-dioleoyl-sn-glycero-3-
phosphocholine (DOPC, transition temperature = -17 ºC) and gel 
phase 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC, 
transition temperature = 41 ºC) (Fig. 1). To this end, the 
formation of SLBs comprising of DOPC and DPPC under 
ambient conditions has been challenging using the vesicle fusion 
method since the transition temperature of DPPC is higher than 
room temperature.34, 35 In order to form SLBs with a relatively 
high fraction of DPPC, the experiment would have to be 
performed above the transition temperature. As mentioned 
earlier, this would hamper effective characterization of the SLB 
since the high temperature would affect the signal-to-noise ratio 
in most analytical tools, including the AFM. Herein, we employ 
the SALB formation method to fabricate multi-phase DOPC-
DPPC SLBs in our newly designed microfluidic chamber. We 
then perform a series of downstream characterization steps on 
the SLBs including fluorescence microscopy imaging, 
fluorescence recovery after photobleaching (FRAP), AFM 
visualization and AFM-based force-distance measurements to 
compare the biophysical properties of pure liquid phase SLBs 
and multi-phase SLBs, and investigate the effect of increasing 
the gel phase composition on the biophysical property of the 
SLB. 

Materials and Methods
Lipid solution preparation
DOPC, DPPC, and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-
N-(lissamine rhodamine B sulfonyl) (ammonium salt) (Rhod PE) 
were purchased from Avanti Polar Lipids (Alabaster, AL, USA). 
Chloroform solutions of DOPC, DPPC, and Rhod PE were mixed in 
glass vials to prepare lipids solutions at different composition ratios. 
The composition ratios of the lipids mixtures are summarized in Table 
1. The solution mixtures were then dried with a nitrogen gas stream, 
and the dried lipids films were placed in a vacuum chamber overnight. 
The dried lipids films were rehydrated in 2 mL Isopropanol (Fujifilm 
Wako Pure Chemical Corporation, Japan) to obtain a lipid 
concentration of 0.5 mg/mL.

Table 1. Composition ratios of the lipid mixtures used in the 
fabrication of SLBs by the SALB method.

DOPC
(mol%)

DPPC
(mol%)

Rhodamine-PE
(mol%)

100 0 0.7

80 20 0.7

60 40 0.7

40 60 0.7

20 80 0.7

Microfluidic chamber design 

To observe the lipid bilayer under the fluorescence microscope and 
seamlessly perform AFM measurements post-fabrication without 
exposure to air, we designed a microfluidic chamber device wherein 
SLBs can be fabricated via the SALB technique (Fig. 2). All 
experiments were conducted using the new microfluidic chamber, 
which has a rectangular flow channel measuring 26 mm in length, 6 
mm in width, and 0.5 mm in height. The entire chamber consists of 
six components. The top cover of the chamber is tightly fixed to the 
flow channel section with six bolts to prevent the solvent leakage. 
Two rubber O-rings of different sizes, absorb the pressure to the 
coverslip (22 mm × 50 mm) from the bottom cover, acting as a sealant 
for the chamber. There are inlet and outlet ports leading into and out 
of the flow channel for insertion of tubes. Overall, the chamber 
measures 62 mm in length and 33 mm in width and can be easily 
mounted and magnetically fixed onto the AFM stage.

Supported lipid bilayer fabrication 

A coverslip (22 × 50 mm) (Fisher Scientific, USA) was 
ultrasonically cleaned for 20 min in DI water, followed by drying 
under a stream of nitrogen gas. The active surface of the 
coverslip (i.e., where the SLB is fabricated on) was made 
hydrophilic by treating it to an oxygen plasma glow discharge 
using the hydrophilizing treatment device (HDT-400, JEOL 
Datum, Tokyo, Japan) for 1 min immediately before use. The 
microfluidic chamber was assembled with the inlet and outlet 
tubes and the coverslip. Tris buffer (10 mM Tris (Wako, Japan), 
150 mM NaCl (Wako, Japan), pH 7.5) was first injected to the Figure  1. Chemical structures of (a) DOPC and (b) DPPC.
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microfluidic chamber at a flow rate of 200 μL/min using a 
peristaltic pump (Ismatec Reglo Digital ISM 833, Germany). 
After that, Tris buffer was replaced by introducing isopropanol 
at the same flow rate, phospholipids dissolved in isopropanol (4 
mL) were injected into the microfluidic chamber at a flow rate 
of 100 μL/min for 25 min. Finally, the solvent exchange step was 
performed by injecting Tris buffer into the chamber at a flow rate 
of 50 μL/min for 30 min, resulting in the formation of SLB on 
the coverslip.

Epifluorescence microscopy and fluorescence recovery after 
photobleaching

An inverted epifluorescence Eclipse TE 2000 microscope (Nikon) 
equipped with a 60× oil immersion objective (numerical aperture, NA 
= 1.49) and an Andor iXon+ EMCCD camera (Andor Technology, 
Belfast, Northern Ireland) was employed to observe the lipid film 
with Rhod PE after SLB formation is completed. All 
fluorescence micrographs were acquired from at least three 
different areas per sample. The resolution was 512 × 512 pixels 
with a scan area of 136 × 136 μm2. The samples were illuminated 
through the TRITC filter set by a mercury lamp (Intensilight C-
HGFIE, Nikon, Tokyo, Japan). The fluorescence intensities of 
the micrographs were computed using the ImageJ software. 
Fluorescence recovery after photobleaching (FRAP) 

measurements were performed on the same platform. A laser 
beam (532 nm, 100 mW) was irradiated onto the SLB for 5 
seconds, resulting in the photobleaching of a circular region ~35 
μm in diameter. The recovery of fluorescence intensity in the 
bleached region was recorded at every two-second interval over 
a total duration of 3 minutes. The diffusivities of the SLBs were 
calculated in MATLAB using a Hankel transform method.36

Atomic force microscopy  

A commercial atomic force microscope system (Asylum 
Research MFP-3D-BIO, Oxford Instruments, USA) was 
employed to perform the AFM height scan and force 
spectroscopy experiments. A single-crystal silicon cantilever 
(NSG03, NT-MDT, Moscow, Russia) with a nominal tip 
curvature of 6 nm in radius and a resonance frequency of about 
90 kHz in air, and 30-50 kHz in aqueous buffer, was utilized for 
all experiments. The nominal spring constant was 2.0 N/m, 
which was calibrated by measuring the thermal noise.37 All 
height scans were obtained in Tris buffer at room temperature 
(25 ºC). The scans were conducted in contact mode over an area 
of 10 × 10 μm2 and a scan rate of around 0.3-0.5 Hz was used to 
reduce the possibility of damaging the multi-phase SLBs during 
the scan and minimize signal noise. All force measurements were 
performed in Tris buffer at room temperature (25 ºC), and force 
maps were recorded in contact mode. The trace and retrace 
speeds of the cantilever was fixed at 4 mm/sec, and a maximum 
loading force of 30 nN was applied. The resolution was set to 
100 × 100 points with a scan area of 10 × 10 μm2, generating 
10000 force curves for every single run of force mapping (100 × 
100 nm2 per point). To translate the deflection signal of the 
cantilever to the tip-surface separation, we defined the separation 
of zero at the point where linearity in the constant compliance 
region began in the force-displacement curve.38 To analyze the 
sample thickness, we defined the point where the cantilever 
received a repulsive force as the bilayer-probe contact point at 
which the value of force increased by three consecutive points 
and taking a value of force larger than a force detected by thermal 
fluctuation. The force curves were processed using the Igor Pro 
software.

Results and Discussion
Fluorescence microscopy and diffusion coefficient measurement 
analysis 

Fluorescence microscopy images taken from SLBs comprising of 
different ratios of DOPC and DPPC lipids are shown in Fig. 3a-e. 
Since the DOPC lipids are dye-labeled, the fully liquid phase SLB 
comprising of only DOPC exhibits a uniform fluorescence intensity 
over the scanned surface (Fig. 3a). In the presence of gel phase DPPC 
lipids, which are unlabelled, distinct regions of lower fluorescence 
intensity (dark domains) start to become observable (Fig. 3b). As the 
fraction of DPPC increases, the dark domains grow in coverage (Fig. 
3c-e).39, 40 The appearance of dark regions that become more apparent 
with increasing amount of rigid phase constituent is consistent with 
our previous works where cholesterol-containing SLBs also 

Figure  2. (a) Three-dimensional drawing of the different parts of the 
microfluidic chamber. (b) Reverse (bottom-up) perspective of the 
three-dimensional drawing. (c) Cross-sectional view of the 
microfluidic channel area. (d) Photograph of the assembled 
microfluidic chamber for MFP-3D AFM. 
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demonstrate similar behaviors with increasing fraction of 
cholesterol.21, 22 However, in this case, it is interesting to note that 
when the DPPC fraction was increased up to 40 mol%, the dark 
domains significantly grow in size while maintaining its spatial 
distribution (Fig. 3c). Upon further increase in DPPC fraction from 
40% mol% to 60 mol%, the dark domains become dispersed into 
smaller circular regions that are rather homogenous in size and are 
uniformly spread over scanned surface (Fig. 3d). At the highest tested 
DPPC fraction of 80 mol%, the dark regions become merged, 
sprawling across the surface, resulting in a dramatic increase in lateral 
coverage (Fig. 3e).

We proceeded to check the composition of lipids in the SLB based 
on the average fluorescence intensities. Since the SLBs comprise of 
dye-labeled DOPC and unlabelled DPPC lipids, the fluorescence 
intensity will be directly correlated to the fraction of DOPC lipid. 
Specifically, the maximum fluorescence intensity will be observed for 
SLB comprising of 100 mol% DOPC lipid and zero fluorescence 
intensity will be observed for SLB comprising of zero mole percent 
DOPC lipid (i.e., 100 mol% DPPC lipid). Conversely, in a plot of 
fluorescence intensity against DOPC mole fraction (Fig. 3f), the 
straight line connecting the origin to the experimentally determined 
maximum intensity originating from SLB comprising of 100 mol% 
DOPC lipid (i.e., 2000 intensity a.u.) serves as a reference to obtain, 

the expected fluorescence intensity for a certain DOPC mole fraction 
in the SLB. Hence, by comparing the actual fluorescence intensity 
obtained using a certain DOPC mole fraction in the precursor lipid 
mixture to the expected fluorescence intensity in the formed SLB 
based on this linear correlation, we can determine the degree of 
compositional reproducibility during the SLB formation process. In 
particular, if the observed fluorescence intensity lies on the straight 
line, the DOPC mole fraction in the formed SLB perfectly matches 
the DOPC mole fraction in the precursor lipid mixture. If the observed 
fluorescence intensity lies below the straight line, the DOPC mole 
fraction in the formed SLB is lower than expected (i.e., lower than the 
DOPC mole fraction in the precursor lipid mixture), and vice versa. 
Based on this, we deduce from the plot in Fig. 3f that the 
experimentally determined fluorescence intensities all lie close to the 
‘Ideal intensity’ line, supporting that the composition of lipids in the 
precursor solution mixture is well reproduced on the substrate when 
the SLB is fabricated following the SALB formation method. It is 
worthy to note that the slight mismatch between the ratio of dark and 
bright regions to the lipid fraction can be attributed to the lack of 
spatial resolution of the optical microscope (i.e., around 500 nm in 
lateral dimension), which is not sufficient to observe domains with 
dimensions in the 100-nm range.

Figure 3. Fluorescence micrographs of the SLBs fabricated following the SALB formation method. The DOPC:DPPC lipid composition 
ratios of the SLBs shown in the micrographs are (a) 100:0 mol%, (b) 80:20 mol%, (c) 60:40 mol%, (d) 40:60 mol%, and (e) 20:80 mol%, 
each containing 0.7 mol% fluorescent Rhod PE dye lipid. Each micrograph measures 136 × 136 μm2. (f) Fluorescence intensities at different 
DOPC mole fractions in the precursor mixtures. (g) Molecular diffusivities evaluated by FRAP measurements. In (f) and (g), the error bars 
represent standard deviation (n = 5). Fluorescence micrographs immediately after photobleaching (left) and after a 3 min recovery period 
(right) from SLBs comprising of (h) 100% DOPC and (i) DOPC:DPPC = 60:40 mol%. (j) Recovery curves corresponding to the bright and 
dark areas. Each symbol correspond to the respective annotated area in (h) and (i).  
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We then proceeded to measure the membrane diffusivities of the 
SLBs comprising of different DOPC/DPPC compositions to 1) 
evaluate the diffusivity of SLBs obtained via the SALB formation 
method in comparison to SLBs obtained via vesicle fusion and more 
importantly 2) investigate the effect of increasing gel phase on the 
overall membrane diffusivity. We calculated the diffusivities of the 
SLBs using the Hankel transform method, and the calculations were 
implemented in MATLAB. In brief, the Hankel transform method 
employs circular averaging of the analyzed data (in this case the 
fluorescence intensity of the photobleached area of the SLB) to obtain 
a mathematical curve fitting of the fluorescence recovery profile 
before the diffusivity value is extracted from the fitted curve.36 Our 
calculations revealed a gradual decrease in the overall diffusivity of 
the membrane with an increasing fraction of DPPC (Fig. 3g), in 
agreement with previous observations.41, 42 For fully liquid phase 
SLBs comprising of 100% DOPC lipids, the calculated diffusivity was 
2.6 ± 0.1, which agrees well with previously reported values.26, 43, 44 
Conversely, this further testifies that SLBs fabricated following the 
SALB formation method possess the same physicochemical 
properties (i.e., molecular density and diffusivity) as SLBs prepared 
via the vesicle fusion method.  

The high mobility of the lipid molecules in the film is one of the 
characteristics of liquid phase SLBs, which is difficult to observe for 
unordered aggregated or randomly adsorbed lipid molecules.45, 46 
Hence, to understand the effect of increasing gel phase fraction on the 
reduced overall membrane diffusivity, it is imperative first to prove 
that the dark domains are indeed regions of lipid bilayers in the rigid 
phase. The lipids in this region should still possess some degree of 
mobility, albeit considerably reduced. Following this line, we show 
representative sets of raw fluorescence micrographs from 
photobleached SLBs comprising of 100% DOPC (Fig. 3h) and 
photobleached SLBs comprising of 60% DOPC and 40% DPPC (Fig. 
3i), before and after fluorescence recovery. In the case of the latter, 
the photobleached area included a large dye-labeled region as well as 
a small portion of the dark region. Based on the fluorescence recovery 
profiles taken from the different regions (Fig. 3j), our results clearly 

show a recovery of fluorescence intensity in the area of mixed bilayer 
after the photobleaching, indicating that the lipid molecules freely 
diffuse within the film, which is an important characteristic of SLBs. 
It is worthy to note that this is also a testimony that a complete SLB 
has been formed and the dark regions are not bilayer defects or 
“holes”. However, while the diffusivity of the dye-labeled region did 
not differ significantly between the two SLBs, the diffusivity of the 
dark region (i.e., which is bleached) in the SLB comprising of 60% 
DOPC and 40% DPPC was significantly lower. We attribute the 
differences in diffusivities to the fact that DPPC possesses two 
palmitic acid groups with a linear carbon chain. As such, they are 
packed at high density in the bilayer due to attractive van der Waals 
interaction between the chains. On the other hand, the chains of DOPC 
includes a carbon double bond, which leads to steric hindrance that 
deters them from packing densely. Therefore, the observed overall 
diffusivity of the SLB is lower when it contains higher fractions of 
DPPC.

Nano-mechanical properties of multi-phase supported lipid 
bilayers evaluated by AFM 

To evaluate the morphological and nano-mechanical properties of the 
multi-phase lipid bilayer in detail, we conducted a set of quantitative 
nanomechanical analysis by AFM using the originally designed 
microfluidic chamber. We first performed a conventional raster scan 
to observe the surface morphology of the SLBs. As expected, slight 
differences in surface morphology were observed for SLBs 
comprising of different ratios of DOPC and DPPC. For a pure DOPC 
SLB, a smooth surface with height variations of less than 0.5 nm was 
observed (Fig. 4a), which verifies the uniformity of the bilayer. In the 
presence of DPPC, phase domains were clearly visible, confirming the 
sucessful formation of a liquid-gel phase mixture. For the SLB 
comprising of 80 mol% DOPC and 20 mol% DPPC, isolated domains 
with lateral dimensions in the range of 1 µm were observed  (Fig 4b). 
The height variations across the scanned surface were in the range of 
3-4 nm. In comparison, for the SLB comprising of 60 mol% DOPC 

Figure 4. Comparison of AFM height retraces and their corresponding cross-sectional height profiles across the surface, denoted by the red 
line, obtained from SLBs with different DOPC:DPPC compositions. The DOPC:DPPC lipid composition ratios of the SLBs shown in the 
height retraces are (a) 100:0 mol%, (b) 80:20 mol%, and (c) 60:40 mol%. 
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and 40 mol% DPPC, slightly larger domains were observed with 
greater lateral coverage (Fig 4c). The height variations across the 
scanned surface were in the range of 4-5 nm. Taken together, the 
overall trend observed through the AFM height scans agrees well with 
observations from fluorescence microscopy. We then conducted 
penetration force measurements on the SLBs to evaluate changes in 
bilayer rigidity using the AFM probe tip. 

With reference to the force-distance (f-d) curve, the penetration 
force is defined as the amount of force required to disrupt the bilayer 
after the first point of contact by the AFM tip (Fig. 5a). In brief, when 
the tip comes into contact to the bilayer with typical separation depth 
of 5 to 10 nm, a repulsive force arises.47, 48 Upon the further approach 
of the tip towards the substrate, the repulsive force increases as a result 
of bilayer compression. After compression of the bilayer, the film 
collapses at a separation of 2 to 3 nm, which leads to the tip jumping 
into hard contact with the underlying substrate.49 The penetration 

depth is therefore defined as the distance between these two points - 
one is the point at which the repulsive force begins to rise after the 
initial contact between the tip and the bilayer, and the other is the point 
at which hard contact occurs between the tip and substrate.50-52 
Supported lipid bilayers are known to be formed on a hydration layer 
with a thickness of about 1 nm.51, 53 As such, the penetration depth 
evaluated from the f-d curves is the sum of the thicknesses of 
hydration layer and the bilayer, which is typically around 4-5 nm.54-56 
Representative force-distance curves obtained from SLBs clearly 
show differences in penetration force and penetration distance for 
SLBs with different DOPC/DPPC compositions (Fig. 5b), which is in 
the range of 5-7 nm, in close agreement with previous works.

The plot of calculated averaged penetration force against 
compositional ratio shows a direct relationship between these two 
parameters (Fig. 5c). With an increasing fraction of gel phase DPPC, 
the penetration force is higher, indicating that DPPC increases the 
rigidity of the bilayer. The increase in the rigidity at high fractions of 
DPPC can be explained by the intermolecular interactions that are 
strengthened by the presence of DPPC.35, 39At higher fractions of 
DPPC, the penetration depth of the bilayers is smaller compared to 
that of pure DOPC bilayer. As earlier discussed, the results from 
FRAP and force spectroscopy measurements suggest that the bilayer 
rigidity is higher and the diffusivity of the molecules in the bilayer 
decreases because of the strong intermolecular interactions between 
the DOPC and DPPC lipid molecules. As a consequence, the thermal 
undulation also decreases, resulting in lower penetration depths.

Conclusion

We fabricated  SLBs comprising of both liquid phase DOPC and 
gel phase DPPC at different composition ratios following the 
SALB formation method inside a newly developed microfluidic 
chamber at room temperature. This enabled us to seamlessly 
perform a series of physical characterizations on the SLBs 
without exposure to air. Our multi-pronged analysis using the 
fluorescence microscope and AFM testified the ability of the 
SALB method to form uniform multi-phase SLBs even when 
they comprise of a significantly high fraction of gel phase lipids 
(i.e., up to 80 mol% DPPC), which is challenging using the 
conventional vesicle fusion method. The composition of lipids in 
the precursor solution was well reproduced on the substrate, 
indicating that the SALB formation method allows the precise 
control of the lipid composition in the fabricated SLBs. Using 
the SLBs that have been obtained with precise control over its 
composition (i.e., from zero up to 80 mol% DPPC, at 20 mol% 
intervals), we investigated the effect of increasing gel phase 
fraction on the biophysical properties of the SLBs. We found that 
with increasing fraction of DPPC, the overall diffusivity of lipid 
molecules in the SLBs decreases and the rigidity of the films 
increases. This observation was attributed to differences in 
molecular structure, which governs the molecular organization 
and influences intermolecular interactions between liquid phase 
and gel phase lipid molecules. Taken together, the results in this 
work demonstrate that the SALB formation method represents a 
promising approach to fabricate high-quality complex multi-

Figure  5. (a) Definitions of penetration depth and penetration force 
in this work. (b) Representative force-separation curves recorded from 
SLBs fabricated following the SALB formation method in Tris buffer 
solution. (c) Average values of the penetration force observed from 
SLBs containingat different ratios of DOPC and DPPC. Error bars 
represent standard deviation (n = 5). 
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phase model membranes that mimic biological membranes of 
living systems. More importantly, it paves the way for more 
detailed qualitative and quantitative investigations on such 
biological mimics.
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