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Integrated diesel production from lignocellulosic 
sugars via oleaginous yeast† 
Violeta Sànchez i Nogué1§, Brenna A. Black2§, Jacob S. Kruger1§, Christine A. Singer1, Kelsey 
J. Ramirez2, Michelle L. Reed2, Nicholas S. Cleveland1, Emily R. Singer1, Xiunan Yi1, Rou Yi 
Yeap1, Jeffrey G. Linger1, and Gregg T. Beckham1,* 

 
Abstract: Oleaginous microbes are promising platform strains for the production of renewable diesel 
and fatty-acid derived chemicals given their innate capacity to produce high lipid yields from 
lignocellulose-derived sugars. Substantial efforts have been conducted to engineer model 
oleaginous yeasts primarily on model feedstocks, but to enable lipid production from biomass, 
judicious strain selection based on phenotypes beneficial for processing, performance on realistic 
feedstocks, and process integration aspects from sugars to fuels should be examined holistically. To 
that end, here we report the bench-scale production of diesel blendstock using a biological-catalytic 
hybrid process based on oleaginous yeast. This work includes flask screening of 31 oleaginous yeast 
strains, evaluated based on baseline lipid profiles and sugar consumption with corn stover 
hydrolysate. Three strains were down-selected for bioreactor performance evaluation. The cultivation 
results reveal that Cryptococcus curvatus ATCC 20509 and Rhodosporodium toruloides DSM-4444 
exhibit equivalent fatty acid methyl ester (FAME) yield (0.24 g g-1), whereas the highest overall FAME 
productivity (0.22 g L-1 h-1) was obtained with C. curvatus, and R. toruloides displayed the highest final 
FAME titer (23.3 g L-1). Time-resolved lipid profiling (including neutral and polar lipid classing) 
demonstrated triacylglycerol accumulation as the predominant lipid class in all strains. When 
evaluating tolerance mechanisms to inhibitory compounds, all strains can reduce and oxidize 5-
(hydroxymethyl)furfural, illustrating parallel detoxification mechanisms. The R. toruloides strain is also 
capable of growth on four aromatic compounds as a sole carbon source, suggesting its use as a 
strain for simultaneous sugar and lignin conversion. Lipids from R. toruloides were recovered using a 
mild acid treatment and extraction, hydrogenated, and isomerized to produce a renewable diesel 
blendstock. The blendstock exhibited a cloud point of -14.5°C and simulated distillation showed that 
approximately 75% of the product was in the diesel range with a T90 consistent with No. 2 diesel fuel. 
Taken together, these results demonstrate an integrated process for renewable diesel production, 
identify oleaginous strains for further development, and highlight opportunities for improvements to 
an oleaginous microbial platform for the production of renewable diesel blendstock. 
 

Introduction  
The continued drive towards renewable transportation fuels 
will rely on lignocellulosic biomass as a primary feedstock.1 
Over the last several decades, a massive body of work has 
been conducted towards the development and deployment 
of lignocellulosic ethanol, especially accelerated in the last 

decade, and now pioneer plants are emerging, albeit slowly 
and not without serious technical challenges at the industrial 
scale.2 Beyond ethanol production, there is a need for the 
production of a more comprehensive renewable fuels 
portfolio to satisfy the diesel, jet fuel, and gasoline markets. 
Many conversion pathways are being evaluated today to 
produce hydrocarbon fuels from lignocellulosic biomass. 
These pathways include multiple deconstruction 
technologies to produce biomass-derived sugars followed 
by biological, catalytic, or hybrid biological-catalytic 
approaches to upgrade sugars to fuel molecules.3-9 

Biological routes to upgrade sugars directly to fuels beyond 
ethanol are quite varied. Peralta-Yahya et al. broadly 
categorized advanced biofuels directly available from 
biological routes according to their respective metabolic 
pathway as alcohol, fatty acid, isoprenoid, and polyketide-
derived fuels.10 Certainly other biologically derived 
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intermediates can be produced outside of this categorization 
that can then be catalytically converted to fuels, but the 
catalytic steps are usually more involved than simple 
hydrogenation or hydrodeoxygenation reactions (e.g., in the 
case of farnesene to farnesane).11 To date, fuel precursors 
derived from fatty acid biosynthesis in particular have 
received significant attention, given that many microbes 
produce lipids in the C16-C20 range, which is an ideal 
carbon chain length for diesel. Fatty acids have to be either 
biologically or catalytically converted to esters, alcohols, or 
preferably branched alkanes before being used as diesel.12-

15 

For any given biotechnological application, microorganism 
selection will dictate the challenges faced during process 
development. In the case of lipid production as a diesel 
blendstock, selection among oleaginous microorganisms for 
strains with high flux would be highly beneficial, as they 
naturally accumulate a considerable fraction of their cell 
weight as lipids, and its composition is generally quite 
similar to that of common biodiesel feedstock. Moreover, 
the use of lignocellulosic biomass as a feedstock ideally 
demands for two additional crucial traits which will 
potentially accelerate the development to economic 
feasibility: i) the capability of the organism to 
simultaneously consume all present sugars, including 
hexoses and pentoses, and ii) a high tolerance to 
lignocellulosic-derived inhibitors present in the 
hydrolysates.16 Given the growing interest in the production 
of diesel-range hydrocarbons from renewable feedstocks, 
many oleaginous microbes have been well studied in the last 
decade, including Yarrowia lipolytica,17-20 Cryptococcus 
curvatus,21, 22 Rhodosporidium toruloides,23-27 Rhodotorula 
glutinis (the anamorph of R. toruloides),28-30 and Lipomyces 
starkeyi31-33 as they naturally possess several of these 
desired traits. Oleaginous microbes are typically not as 
genetically tractable as model bacteria and yeast, but 
metabolic engineering in Y. lipolytica has recently led to 
dramatic improvements in lipid titer, rate, and yield on clean 
sugars.17, 20, 34, 35 Significant improvements in genetic 
engineering strategies to increase the expression of enzymes 
involved in different aspects of lipid biosynthesis has also 
been accomplished in R. toruloides.36 As an alternative, 
many studies focusing on fatty acid-derived fuels have 
examined metabolic engineering strategies to increase 
production of fatty acids (mainly triacylglycerides) in model 

microorganisms such as Saccharomyces cerevisiae or 
Escherichia coli.37-46 These studies have led to substantially 
higher lipid yields in these model organisms, but carbon 
flux is still quite limited relative to oleaginous 
microorganisms, which naturally accumulate lipids 
intracellularly as a stress response during nutrient 
deprivation.47, 48 

Despite exciting advances in the production of microbial 
lipids, significant work remains to realize the potential of 
renewable diesel production, especially regarding process 
integration between the bioconversion step and the catalytic 
lipid conversion into diesel blendstock. Moreover, 
technoeconomic analyses have identified the need of 
product recovery due to intracellular accumulation, and the 
aerobic cultivation conditions during the bioconversion 
process among the primary cost drivers.49, 50  

In this work, we report on bench-scale production of diesel 
blendstock using a biological-catalytic hybrid process by 
converting lignocellulosic-based sugars to lipid fuel 
precursors using the oleaginous yeast R. toruloides and 
upgrading them via a hydrotreating process (Figure 1). 
Specifically, we screened a total of 31 different oleaginous 
yeast strains on corn stover hydrolysate for lipid production 
capabilities. Three strains were selected and further 
characterized in terms of lipid profiling, including neutral 
and polar lipid classing, demonstrating the accumulation of 
neutral lipids, mainly triacylglycerols (TAGs), over the 
course of the cultivation on corn stover hydrolysate. 
Moreover, the detoxification capability of the selected 
oleaginous strains to inhibitory compounds present in 
lignocellulosic-based hydrolysate was evaluated using a 
mock hydrolysate, demonstrating their capability of 
reducing and oxidizing aldehydes, and converting aromatic 
compounds. Furthermore, R. toruloides DSM-4444 was the 
only strain capable of using four different aromatic 
compounds as a sole carbon source. Cells of R. toruloides 
DSM-4444 were employed in a cell lysis and extraction 
process to isolate the lipid fraction, which was subjected to 
catalytic conversion (consisting of hydrodeoxygenation 
(HDO) and hydroisomerization (HI)) leading to a product 
within the range for diesel fuel. To our knowledge, this is 
the first report describing an integrated process for the 
production of diesel blendstock from lignocellulosic-based 
sugars using a biological-catalytic hybrid process.

 

 
Figure 1. Process steps for the production of diesel blendstock from lignocellulosic biomass. In this work, bioconversion of lignocellulosic-based sugars to 
lipid fuel precursors is presented.
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Results 
Yeast screening on de-acetylated, dilute-acid pretreated, 
enzymatically hydrolyzed (DDAP-EH) corn stover 
hydrolysate 
Small-scale strain screening is a useful strategy to evaluate 
a large number of strains in a systematic manner and to be 
able to quickly down-select the top performing candidates 
for a given application. However, the outcome of any 
screening procedure is highly dependent on the substrate of 
choice and cultivation conditions. This becomes especially 
critical when the final composition of the cultivation media 
triggers multiple synergistic effects regarding inhibition of 
metabolic events due to an increased pressure by 

compounds present in the growth medium. The importance 
of this was clearly exposed by Slininger et al.51 in a 
screening to select good candidates for producing single cell 
oil from hydrolysates, when three of the top seven 
performing strains on synthetic medium reported by Dien 
and co-workers52 did not grow on AFEX pretreated corn 
stover hydrolysate.51, 52 Thus, in this study, the yeast 
screening to identify the strain with the best lipid production 
potential was performed using the same DDAP-EH corn 
stover hydrolysate to be used in the bioreactor evaluations. 
A total of 31 different yeast strains (listed in Table S1), 
belonging to seven different species, were screened in shake 
flasks on DDAP-EH corn stover hydrolysate diluted to an 
initial composition of 100 g L-1 monomeric sugars (glucose,

 
Figure 2. Lipid profiling measured as Fatty Acid Methyl Ester (FAME) determination, and sugar consumption from shake flask yeast screening on DDAP-EH 
corn stover hydrolysate. FAME content (%)(A), FAME titer (B), and FAME productivity (Q) (C), total sugar consumed at 96 h of cultivation (D), maximum 
glucose (E), xylose (F) consumption rates (rmax, sugar).   The selected strains for further evaluation are highlighted with the symbol l.
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xylose, arabinose, and galactose) and supplemented with 
growth factors (yeast extract and peptone) (Figure 2).  

Over the course of this study, some yeast species names 
have been updated based on ribosomal sequencing53 and 
revisions on taxonomy (Dr. Kyria Boundy-Mills, personal 
communication). Since not all yeast culture collections have 
undergone a taxonomical revision, old species names have 
been maintained throughout the main text for clarity, and 
the updated names are included in Table S1. 

All strains were inoculated at an optical density at 600 nm 
(OD600) of 1.0 and monitored for growth and sugar 
consumption. Upon sugar depletion, a yeast biomass sample 
was taken, lyophilized, and its baseline lipid profiling was 
measured as fatty acid methyl ester (FAME). Candidate 
strains to be evaluated in fully controlled bioreactors were 
down-selected considering first FAME parameters, and then 
sugar consumption (Figure 2). To capture consumption of 
multiple sugars, the percentage of utilized sugars after 96 
hours of cultivation was chosen as the criterion to compare 
the strains, as glucose and xylose depletion was observed 
for all strains between 72 and 192, and 120 and 216 hours 
of cultivation, respectively (data not shown). The strain 
Cryptococcus curvatus ATCC 20509 (strain #2 in Figure 2) 
consistently displayed the highest values, with a 62.12 % of 
FAME content (Figure 2A), up to 21.49 g L-1 final FAME 
titer (Figure 2B), and a FAME productivity of 0.22 g L-1 h-

1 (Figure 2C). Thus, it was selected for further evaluation 
in fully controlled bioreactors. Among all tested 
Rhodosporidium strains included in this screening, four 
different R. toruloides strains (Y-27012, Y-27013, DSM-
4444, and DSM-70398 – strains #21, #22, #23, and #25, 
respectively in Figure 2) were the best performers. Since 
they displayed similar values of FAME parameters, sugar 
consumption was also taken into consideration to down-
select among those R. toruloides strains. After 96 h of 
cultivation, up to 99% of total sugars were consumed by the 
DSM-4444 strain, whereas less than 95% was consumed by 
the Y-27012 and Y-27013 strains. In the case of the DSM-
70398 strain, less than 72% of total sugar was consumed 
after 96 h of cultivation (Figure 2D). Given the differences 
in sugar consumption rates, the DSM-4444 strain was 
selected as the candidate among the Rhodosporidium strains 
tested. In addition, Trichosporon guehoae UCDFST 60-59 
strain (strain #28 in Figure 2) was also selected to be further 
evaluated in fully controlled bioreactors. This strain 
displayed a lower level of FAME content (51.97%) 
compared to the selected C. curvatus and R. toruloides 
strains, but similar to the Lipomyces starkeyi strains 
included in this screening (strains from #4 to #7 in Figure 
2A). The UCDFST 60-59 strain was selected over 
Lipomyces strains, due to higher values of FAME titer 
(Figure 2B), FAME productivity (Figure 2C), and total 
sugar consumption after 96 h of cultivation relative to 
Lipomyces strains (Figure 2D). Regarding sugar 
consumption, most of the strains included in the screening 
displayed a maximum glucose consumption rate between 
0.5 and 1 g L-1 h-1, and only 3 strains exhibit values higher 
than 1 g L-1 h-1: C. curvatus ATCC 20509 (1.23 g L-1 h-1), 
R. sphaerocarpum UCDFST 68-43 (2.46 g L-1 h-1), and the 

Saccharomyces cerevisiae strain D5A (2.40 g L-1 h-1) 
(strains #2, #17, and #26, respectively in Figure 2E). 
Regarding maximum xylose consumption rate, all tested 
strains exhibit values below 0.5 g L-1 h-1, except L. starkeyi 
UCSFST 78-23, which displayed the highest maximum 
xylose consumption rate of nearly 0.7 g L-1 h-1 (strain #7 in 
Figure 2F). 

Selection of promising strains is highly dependent on the 
initial candidate strains under evaluation and the 
experimental conditions, especially when different 
lignocellulosic hydrolysates are used. Thus, comparison of 
screening processes in reported literature is quite 
challenging. For example, Slininger and coworkers 
evaluated 38 strains in the sequential screening on AFEX 
corn stover hydrolysate, and AFEX switchgrass hydrolysate 
using 96-well plates. The top performing strains, which 
were further evaluated in shake flask cultures using a two-
stage lipid production strategy, were a R. toruloides strain 
and two Lipomyces sp. strains.51 In the present work, R. 
toruloides strains were also identified as top candidates, but 
the tested Lipomyces strains were not ranked as the top 
performing strains because of low FAME accumulation, 
and thus not considered for further evaluation in fully 
controlled bioreactors. Instead, a C. curvatus strain and a T. 
guehoae strain were identified as top candidates. This 
example also clearly illustrates the importance of defining 
the screening conditions as analogous as possible to the 
application conditions, especially when complex substrates 
such as lignocellulosic-based feedstocks are being utilized. 

Bioreactor cultivations on DDAP-EH 
As shake flask screenings represent a fast and simple 
approach to obtain essential information, the larger, 
homogeneous volume when using a fully controlled 
bioreactor enables a more complete lipid analysis in a time-
course fashion. Cultivations using the three strains selected 
for further evaluation (C. curvatus ATCC 20509, R. 
toruloides DSM-4444, and T. guehoae UCDFST 60-59) 
were thus performed in a 0.5 L controlled bioreactor on 
DDAPH-EH corn stover hydrolysate diluted to an initial 
composition of 100 g L-1 monomeric sugars (glucose, 
xylose, arabinose, and galactose) (Table 1). Seed cultures 
propagated for 24 hours on Yeast Nitrogen Base (YNB) 
medium supplemented with 50 g L-1 glucose and N-rich 
media components were used to inoculate the bioreactors at 
an OD600 of 1.0. In addition to growth and sugar 
consumption monitoring, cultures were sampled every 24 
hours for FAME, free fatty acids, neutral lipids, and polar 
lipids analysis. 

Table 1. Initial monomeric sugar concentrations in DDAP-EH corn stover 
hydrolysate and mock hydrolysate used in this study 

Concentration Glucose Xylose Arabinose Galactose 

g L-1 58.17 34.63 5.11 2.09 

 

C. curvatus ATCC 20509 displayed a sequential sugar 
consumption pattern where glucose was fully consumed  
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Figure 3. Bioreactor cultivations on DDAP-EH corn stover hydrolysate for C. curvatus ATCC 20509 (left column), R. toruloides DSM-4444 (middle column), 
and T. guehoae UCDFST 60-59 (right column) strains. Cultivation performance (A-C), FAME profiling (D-F), total lipid composition of total extractable 
lipids (G-I). Abbreviations:  CDW: cell dry weight, FAME: fatty acid methyl ester, TEL: total extractable lipids
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Figure 4. Bioreactor cultivations on DDAP-EH corn stover hydrolysate for C. curvatus ATCC 20509 (left column), R. toruloides DSM-4444 (middle column), 
and T. guehoae UCDFST 60-59 (right column) strains. Neutral lipids classing (A-C), and polar lipids classing (D-F). Abbreviations: NL: neutral lipids, PL: polar 
lipids, MAG: monoacylglycerol, DAG: diacylglycerol, TAG: triacylglycerol, SE: steryl ester, FFA: free fatty acid, PA: phosphatidic acid, PS: 
phosphatidylserine, PE: phosphatidylethanolamine, PC: phosphatidylcholine, PI: phosphatidylinositol, and PG: phosphatidylglycerol.

within 72 h, and clear xylose consumption was only 
observed when glucose levels were below 20 g L-1. At the 
end of the cultivation, the FAME content of the C. curvatus 
strain was 63.1%, and up to 21.4 g L-1 FAME was obtained, 
representing a FAME yield of 0.24 g g-1 consumed sugars 
and overall FAME productivity of 0.22 g L-1 h-1 (Figure 3A, 
Table 2). Also, sequential sugar consumption was observed 
with R. toruloides DSM-4444. In this case, however, the 
glucose and xylose consumption rate were slower compared 
to the C. curvatus strain. As a consequence, the arabinose 
present in the cultivation media was not consumed after 120 
h of cultivations. At the end of the cultivation, a slightly 
lower overall FAME productivity, and FAME content, 0.17 
g L-1 h-1 and 60.8%, respectively, were observed. The final 
obtained FAME titer was 23.3 g L-1, representing a FAME 
yield of 0.24 g g-1 consumed sugars (Figure 3B, Table 2). 
Differences in terms of sugar consumption were observed 

with the T. guehoae UCDFST 60-59 strain, where glucose 
and xylose, in addition to the minor sugars arabinose and 
galactose were co-consumed. Despite this pattern, glucose 
and xylose were not depleted after 120 h of cultivation, as 
all sugar consumption rates were slower than the ones 
observed with the C. curvatus and R. toruloides strains. At 
the end of the cultivation, a final FAME titer of 14.2 g L-1 
was obtained, representing a FAME yield of 0.16 g g-1 
consumed sugars. A significantly lower overall FAME 
productivity, 0.12 g L-1 h-1, was obtained with T. guehoae 
compared to C. curvatus. Also, the final FAME content was 
significantly lower, 48.3 %, compared to that obtained with 
the other strains (Figure 3C, Table 2). 

The strain C. curvatus ATCC 20509 has previously been 
evaluated on other lignocellulosic-based feedstocks. A 
higher yield was obtained but a lower lipid content was 
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Table 2. Cultivation performance parameters on DDAP-EH corn stover hydrolysate 

Strain % FAME FAME [g L-1] Q FAME [g L-1 h-1] Y FAME [g g-1] Y biomass [g g-1] 

C. curvatus ATCC 20509 63.1 ± 3.7 21.4 ± 3.6 0.22 ± 0.03 0.24 ± 0.03 0.37 ± 0.03 

R. toruloides DSM-4444 60.8 ± 1.1 23.3 ± 1.8 0.17 ± 0.04 0.24 ± 0.05 0.39 ± 0.08 

T. guehoae UCDFST 60-59 48.3 ± 4.0 14.2 ± 3.3 0.12 ± 0.03 0.16 ± 0.05 0.33 ± 0.08 

      

achieved when the performance of this strain was evaluated 
on sorghum stalk (0.29 g g-1 sugar and 60%, respectively) 
and switchgrass hydrolysate (0.27 g g-1 sugar and 58%, 
respectively) compared to the results obtained in the present 
study.54 A much lower lipid performance was obtained with 
this strain when using dilute acid pretreated wheat straw 
hydrolysate. In this case, a lower FAME productivity (0.03 
g L-1 h-1), also coupled to a lower FAME content (33.5%) 
and yield (0.17 g g-1 sugar), demonstrating the presence of 
a higher level of inhibitors in this substrate.55 Other 
Cryptococcus species have been also tested in other 
lignocellulosic-based feedstocks, such as corncob 
hydrolysates. In this case, and although a similar lipid 
content was obtained, much lower productivities and final 
titers were achieved, even when using fed-batch 
strategies.56, 57 Overall, the results obtained with the C. 
curvatus strain on DDAP-EH corn stover hydrolysate 
positions the performance reported in this work among the 
best reported on lignocellulosic feedstocks. In the case of R. 
toruloides, different feeding strategies have been reported 
to improve the cultivation performance. The strain DSM-
4444 was tested using the C6 fraction of corn stover 
hydrolysate, and compared to batch conditions, an increase 
of 43% in FAME productivity and 53% in yield was 
reported when the residual level of glucose was maintained 
at 10 g L-1 over the course of the cultivation.58 The best 
performance to date on lignocellulosic-based hydrolysates 
has been reported with the R. toruloides Y4 strain, where up 
to 39.6 g L-1 of lipid titer and a productivity of 0.33 g L-1 h-

1 was achieved under fed-batch conditions using 
concentrated Jerusalem artichoke hydrolysate.59 Other 
oleaginous yeast have been tested on toxic hydrolysates or 
challenging conditions. For example, L. starkeyi 
performance was evaluated on thermochemical pretreated 
birch hydrolysate using a pH regulated fed-batch 
cultivation. In this case, acetic acid was co-consumed with 
xylose, and a final lipid titer of 8 g L-1 (representing a lipid 
yield of 0.1 g g-1) coupled with a 51.3% lipid content was 
obtained.60 Up to 5.78 g L-1 FAME were obtained when 
Trichosporon cutaneum was evaluated on corn stover at 
20% solids.61 Taken together, the obtained bioreactor results 
confirm that the screening conditions were optimal to 
identify the best lipid producing strains, as the results 
obtained for the three strains during the screening on shake 
flasks correlate well with the results obtained using fully 
controlled bioreactors. 

Daily sampling, including yeast biomass, enabled FAME 
determination over the course of the bioreactor cultivations. 

FAME profiles for the three evaluated strains consisted 
essentially of the saturated palmitic (C16:0) and stearic 
(C18:0) acids, and the unsaturated oleic (C18:1n9) and 
linoleic (C18:2n6) acids. In the case of the C. curvatus 
cultivation, where the main fatty acids were palmitic and 
oleic acid, an increase of palmitic acid between 24 and 48 
hours was observed, and the same level was maintained 
during the remainder of the cultivation. For the C18 fatty 
acids, a tendency to gain saturation over time was detected 
by decreasing levels of linoleic over oleic acid (Figure 3D). 
The FAME profiles in the case of the R. toruloides were 
more stable over time than in the two other evaluated 
strains. In this case, however, the highest fraction 
corresponded to oleic acid, at the expense of palmitic and 
stearic acid content (Figure 3E). In the T. guehoae 
cultivation, palmitic acid levels remained at the same levels 
over the course of the cultivation. Also, similarly to the C. 
curvatus strain, T. guehoae tended to gain saturation over 
time for the C18 fatty acids, where stearic and oleic acid 
content increased, and linoleic acid decreased between the 
24 and 48 hours sampling point (Figure 3F). The presence 
of unsaturated linoleic acid in the FAME profile of all three 
oleaginous strains suggests the participation of at least two 
independent desaturase enzymes (Δ-9 fatty acid desaturase 
and Δ-12). Corresponding to the linoleic acid content in C. 
curvatus and T. guehoae, both Δ-9 and Δ-12 desaturase 
appeared to be more active in early exponential growth, and 
towards stationary phase of T. guehoae Δ-9 desaturase 
activity dropped resulting in less oleic and more saturated 
species. An increase in saturation of lipids with culture age 
has been previously observed in Y. lipolytica and other 
microorganisms.62, 63 

In addition to the FAME profiles, total lipid composition (as 
a percentage of the total extractable lipids) was also 
analyzed over the course of the yeast cultivations. Since 
acid catalyzed FAME can be produced from the acyl chains 
of neutral lipids, polar lipids, and free fatty acids, it is 
important to understand the lipid source, not only because 
the backbone carbon waste from each lipid class is not 
equivalent, but heteroatoms such as phosphorus from the 
polar lipid class can be toxic to chemical catalysts. In the 
case of C. curvatus, free fatty acid levels remained minimal 
and stable over time, whereas neutral lipids increased during 
96 h of cultivation and plateaued in the last sampling time 
point (120 h). An inverse tendency was observed in the case 
of polar lipids, with levels reduced after 48 h and remaining 
constant for the subsequent duration of the cultivation 
(Figure 3G). In the case of the R. toruloides strain, the 
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neutral lipid fraction increased monotonically over the 
course of the cultivation, but the overall increment was 
relatively lower, since the initial time point had a higher 
content than the other evaluated strains. Similar to C. 
curvatus, polar lipid levels of R. toruloides were reduced 
after 48 h, and remained at similar levels for the rest of the 
cultivation. Also, in this case, free fatty acid levels remained 
minimal and stable over time (Figure 3H). Additionally, 
like C. curvatus, the content of neutral lipids in the T. 
guehoae strain increased monotonically during the first 96 
h of cultivation, and then plateaued in the last sampling time 
point (120 h), whereas the polar lipid fraction remained 
relatively stable over time. The main difference between T. 
guehoae and the other tested strains is the presence of a 
higher fraction of free fatty acids, which increased over the 
course of the cultivation (Figure 3I). This initial relative 
increase in polar lipid concentration in all strains likely 
accounts for the role that phosphatidic acid (PA) has on both 
neutral and polar lipid biosynthesis in the exponential 
growth phase wherein polar lipid synthesis is activated to 
contribute to cell membrane phospholipids. 
Simultaneously, PA also acts as an acyl-donor at this growth 
phase to assist in the formation of TAG. However, similarly 
with other oleaginous yeasts,64 TAG synthesis increases 
through a neutral lipid pathway, thus increasing total neutral 
lipids over the cultivation time. Finally, the accumulation of 
free fatty acids of the T. guehoae strain over the harvest time 
indicates increased lipase activity of the organism compared 
to C. curvatus and R. toruloides. 

Neutral and polar lipid classing was also performed in a 
time-resolved fashion. The C. curvatus strain displayed 
increasing levels of TAG over time between 24 and 48 hours 
and remained at more stable levels over time as the main 
neutral lipid class. This was coupled to a net decrease level 
of monoacylglycerols (1(3)-MAG, and 2-MAG), whereas 
the diacylglycerols (1,2-DAG and 1,3-DAG) levels 
remained essentially stable. Steryl ester and free fatty acid 
levels remained minimal and stable over the course of the 
cultivation (Figure 4A). In the case of the R. toruloides 
strain, TAG was also the main neutral lipid class, which 
increased over the first 72 h and maintained these levels 
until the end of the cultivation. This was combined with 
decreasing levels of 2-MAG over time, which plateaued in 
the last sampling point (120 h), whereas 1(3)-MAG and 
diacylglycerol levels remained stable over the course of the 
cultivation. Similarly to C. curvatus, steryl ester and free 
fatty acid levels remained minimal and stable over time for 
the R. toruloides strain (Figure 4B). The presence and 
subsequent decrease of MAG with the accumulation of 
TAG over the harvest time suggests the incorporation of 
MAG, either directly or indirectly, to TAG. To date, acyl-
CoA:monoacylgycerol acyltransferases have not been 
described for yeast, although this re-esterification of MAG 
to DAG is an important step in plant and mammalian lipid 
metabolism.65 MAG species comprising the neutral lipid 
pathway for TAG accumulation in these yeast strains 
warrants future study. As observed with the other two 
strains, TAG was also the main neutral lipid class in the T. 
guehoae strain cultivation. In addition, a similar trend as for 

the C. curvatus strain was observed, where increasing TAG 
levels were observed between 24 and 48 hours and remained 
at more stable levels during the course of the cultivation. 
This was coupled to an inverse trend of MAG levels. In 
addition, and a slight increase of DAG levels were observed 
over time. Similarly, with the other two strains, steryl ester 
levels remained minimal and stable over time, but contrary 
to the other strains, the T. guehoae strain clearly exhibits an 
increase of free fatty acid levels over the course of the 
cultivation (Figure 4C). The decrease in TAG with a 
corresponding increase in DAG and free fatty acids, 
indicates breakdown of TAG into its components and 
further strengthens the hypothesis of increased lipase 
activity towards the 120 h time point. Of the neutral lipid 
classing, TAG was further speciated to offer insight above 
that of FAME profiling (as shown in Figure S2). 

Regarding polar lipid classing, phosphatidylethanolamine 
(PE) and phosphatidylcholine (PC) were initially the main 
classes observed in the C. curvatus strain. The initial levels 
of PC decreased at 48 h and remained stable over time, and 
the level of PE peaked at the 72 hours sampling point. This 
was coupled to an increase of phosphatidylinositol (PI) 
levels at the end of the cultivation, and a relatively stable 
level of PA (Figure 4D). Along with the absence of 
phosphatidylglycerol (PG), these observations follow the 
cytidine diphosphate diacylglcerol (CDP-DAG) pathway 
for yeast, where PA is converted to either PI or 
phosphatidylserine (PS), PS continues to be converted to 
PE, and finally to PC.64, 66 With this in mind, the C. curvatus 
strain initially partitioned the CDP-DAG pathway towards 
PC, but towards the end point of the cultivation, PI 
additionally accumulates as well.  For R. toruloides, there 
was only the presence of four different polar lipid classes 
(PE, PS, PI, and PC) at roughly similar levels, which 
remained stable over the course of the cultivation indicating 
that PA was being utilized rapidly (Figure 4E). Similarly to 
R. toruloides, levels of PA, PE, PS, PI, and PC remained 
relatively stable over the course of cultivation with the T. 
guehoae strain (Figure 4F). Similarly to TAG, polar lipid 
classes were also speciated, as reported in Figure S3. 

The top three yeast strains selected for further evaluation 
exhibit similar lipid growth profiles. A thorough 
characterization of lipid production and sugar utilization 
over the course of cultivation shows that at 96 h, the 
majority of sugars were consumed for all three strains and 
lipid profiles were mature and did not alter with additional 
fermentation time (FAME, neutral, polar lipids), with the 
exception of lipase activity from T. guehoae. In addition to 
FAME profiling, lipid class profiling was necessary to 
determine fatty acid origin, and therefore, to ensure carbon 
to fuel precursor efficiency. Based on ideal fuel precursor 
(lipid class and fatty acid profile), as well as production 
parameters (yield, productivity, and titer), the optimal 
strains for further conversion would be R. toruloides and C. 
curvatus. 

Cultivations on mock hydrolysate 
When lignocellulosic biomass is hydrolyzed to release 
monomeric sugars, degradation compounds are also 
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formed. Aldehydes, such as 5-(hydroxymethyl)furfural (5-
HMF) and furfural, are generated via sugar dehydration. In 
addition, aromatic compounds are released as result of 
lignin degradation. The presence of these compounds in the 
resulting hydrolysate can negatively impact the metabolism 
of microorganisms. To evaluate potential toxicity tolerance 
mechanisms, the selected strains were inoculated into a 

synthetic hydrolysate containing 100 g L-1 of total initial 
sugars (at the same ratio of glucose, xylose, arabinose, and 
galactose present in DDAP-EH corn stover hydrolysate) 
(Table 1), in addition to 8 different inhibitory compounds 
(5-HMF, 4-hydroxybenzaldehyde, vanillic acid, caffeic 
acid, syringic acid, vanillin, p-coumaric acid, and ferulic 
acid).  

 
Figure 5. Shake flask cultivations on mock hydrolysate for C. curvatus ATCC 20509 (left column), R. toruloides DSM-4444 (middle column), and T. guehoae 
UCDFST 60-59 (right column) strains. For clarity, profiles of lignocellulosic degradation compounds are presented in different graphs.
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To extend the conversion time profiles and asses 
conversion, concentrations of inhibitory compounds were 
doubled based of the ones present in DDAP-EH corn stover 
hydrolysate. 

Strains were inoculated at the same OD600 of 1.0, and 
samples were taken over time for sugar assimilation and 
inhibitory compound conversion until the sugars were 
depleted (sugar profiles are summarized in Figure S4). In 
the case of the C. curvatus strain, 5-HMF was completely 
converted within 9 hours of cultivation. Although 5-HMF 
was simultaneously converted to 5-(hydroxymethyl)furfural 
alcohol (5-HMF alcohol) and 5-(hydroxymethyl)furfural 
acid (5-HMF acid), different trends where observed for 
these two compounds when 5-HMF was fully depleted. 
Specifically, the maximum 5-HMF alcohol concentration 
was observed when 5-HMF was fully depleted, and the 5-
HMF acid level continued increasing due to a molar 
conversion of 5-HMF alcohol to 5-HMF acid. The level of 
5-HMF acid remained stable for the rest of the cultivation 
(Figure 5A). Like 5-HMF, vanillin was also assimilated 
within 8 hours of cultivation. In the case of the aromatic 
acids, vanillic acid and ferulic acid were completely 
depleted after 60 and 87 hours of cultivation, respectively 
(Figure 5D). Similarly, decreasing profiles were observed 
for all the other inhibitors. Namely, 4-
hydroxybenzaldehyde, caffeic, and p-coumaric acid were 
converted within the first 16 hours of cultivation, and up to 
133 hours were required to have full conversion of syringic 
acid in the C. curvatus strain cultivation (Figure 5G). 

Some important differences were observed with the R. 
toruloides strain. Initially, 5-HMF was also converted 
simultaneously to 5-HMF alcohol and 5-HMF acid within 
the first 4 hours of cultivation. Further conversion of 5-
HMF alcohol to 5-HMF acid was slower than in C. 
curvatus, as 5-HMF alcohol was still detected when sugars 
were fully depleted (Figure 5B).  

Overall, the R. toruloides strain showed a higher capability 
of inhibitor conversion, as all other degradation compounds 
initially present in mock hydrolysate were completely 
converted within 12 hours of cultivation (Figure 5E and 
H). In the case of T. guehoae, 5-HMF was also 
simultaneously converted to 5-HMF alcohol and 5-HMF 
acid, in this case within 24 hours of cultivation. Similarly to 
the C. curvatus strain cultivation, 5-HMF alcohol was 
completely depleted when sugars were still present in the 
media (Figure 5C). In addition, a unique catabolic pathway 
was observed for this strain, as ferulic acid was converted 
first to vanillic acid within 24 hours, and then re-assimilated 
over the course of the cultivation (Figure 5F). Conversion 
of ferulic acid to vanillic acid through the b-oxidation 
pathway has been extensively reported in bacteria, 
including among them, the oleaginous bacteria Rhodocous 
opacus.67 In the case of fungal systems, this conversion is 
described via propenoic chain degradation instead,68 and to 
the best of our knowledge the conversion of ferulic to 
vanillic acid is first shown for the oleaginous yeast T. 
guehoae in the present study. The accumulation of vanillic 
acid, however, would indicate a low efficiency on further 

assimilation. On the other hand, p-coumaric acid was also 
fully converted within 24 hours, and it required up to 8 hours 
in the case of 4-hydroxybenzaldehyde. Caffeic acid was 
assimilated within 6 hours, whereas it required up to 169 
hours of cultivation in the case of syringic acid (Figure 5I). 

Due to similar chemical structures, detoxification 
mechanisms and assimilation pathways for 5-HMF and 
furfural are often equivalent, and previously reported 
evidence can help to elucidate the different assimilation 
pathways in other microorganisms. Exclusive conversion of 
furfural to 2-furoic acid, not to furfuryl alcohol, has been 
observed in the case of P. putida and E. coli,69 whereas the 
degradation of 5-HMF via HMF acid and its further 
metabolism through the furfural assimilation route has been 
described in the bacterium Cupriavidus basilensis.70 
Similarly to what was observed for 5-HMF with all the 
evaluated strains, simultaneous conversion of 5-HMF and 
furfural to its corresponding acids and alcohols has been 
also observed with the fungi Amorphotheca resinae ZN171 
and Pleurotus ostreatus.72 In the case of T. fermentans, 
another oleaginous yeast, this organism initially reduces 
furfural to furfuryl alcohol during the lag phase, and then 
the concentration of furfuryl alcohol decreases while the 
concentration of furoic acid increases,73 as observed here 
with all tested strains. This capability to reduce and oxidize 
furanic compounds under aerobic conditions would suggest 
a versatility of detoxification mechanisms, contrary to S. 
cerevisiae, in which furfural was reported to be exclusively 
converted to furoic acid during respiratory growth, and to 
furfuryl alcohol during anaerobic growth.74 Similarly to 
Pleurotus ostreatus,72 Cupriavidus basilensis,75 and an 
engineered P. putida strain,76 the tested strains showed the 
potential ability to assimilate furaldehyde compounds to 
enhance carbon conversion of lignocellulosic streams. 

Cultivations on mineral medium with aromatic 
compounds as carbon source 
Valorization of lignin-rich streams in a biorefinery will be 
essential for the overall economic viability of lignocellulose 
conversion.50 To assess if oleaginous yeasts could 
potentially be used as organisms for microbial lignin 
valorization strategies,77 ferulic acid, vanillic acid, p-
coumaric acid, and 4-hydroxybenzoic acid were tested as a 
sole carbon source. They have previously been identified in 
the lignin-enriched streams obtained from corn stover 
subjected to an alkaline pretreatment, and are often used as 
model aromatic lignin compounds.78 In addition, the ability 
to metabolize aromatic compounds also present in 
lignocellulosic-based hydrolysates would contribute to an 
improvement of total carbon conversion. The selected 
strains, C. curvatus ATCC 20509, R. toruloides DSM-4444, 
and T. guehoae UCDFST 60-59, were inoculated into YNB 
medium supplemented with p-coumaric acid, ferulic acid, 
vanillic acid, or 4-hydroxybenzoic acid. All strains were 
inoculated at the same OD600, and samples were taken over 
time to monitor potential aromatic compound assimilation 
(OD600 profiles are summarized in Figure S5). 

Only R. toruloides was capable of using all tested lignin-
derived acids. It was able to consume 4-hydroxybenozoic 
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acid and vanillic acid within 72 and 96 hours, respectively. 
Conversely, full consumption of ferulic and p-coumaric 
acid by R. toruloides was only observed after 120 and 168 
hours of cultivation, respectively. These results are in 
agreement with Yaegashi and co-workers, who also recently 
reported the capability of another R. toruloides strain (IFO 
0880) of utilizing the same lignin-derived compounds as a 
sole carbon source.27 In the case of C. curvatus and T. 
guehoae strains, they were only capable of using 4-
hydroxybenzoic acid as a sole carbon source, as even after 
one week of cultivation, no consumption of p-coumaric, 
ferulic, or vanillic acid was observed (Figure 6). The 
consumption profile of 4-hydroxybenzoic acid was different 
for each strain. Whereas the R. toruloides strain fully 
consumed the aromatic compound within 72 hours, up to 
168 hours were required for the other two strains. Moreover, 
although C. curvatus followed a similar consumption 
profile as R. toruloides during the first 48 hours, its 
consumption slowed considerably for the remainder of the 
cultivation. In the case of the T. guehoae strain, the 
consumption profile of 4-hydroxybenzoic acid was 
drastically lower over the course of the whole cultivation 
(Figure 6). Yaguchi et al. recently demonstrated not only 
the capability of C. curvatus 20509 to grow on different 
lignin-derived aromatic compounds, including 4-
hydroxybenzoic acid, but also to remain oleaginous during 
the cultivation, showing its potential as an organism of 
choice for the production of biofuels from depolymerized 
lignin.79 Moreover, the capability of utilizing the tested 
compounds as a sole carbon source has also been reported 
for other oleaginous yeast and bacteria.80, 81 Assimilation of 
other aromatic compounds via the central intermediates 
catechol, and protocatechuate via the b-ketoadipate 
pathway have been demonstrated for different oleaginous 
yeast species including Rhodotorula graminis82 and 
Trichosporon cutaneum,83 and oleaginous bacteria such as 
Rhodococcus jostii.84  

The use of lignin model compounds, including oligomers, 
polymers and lignin degradation products, represents a 
fundamental platform to elucidate the metabolism of 
aromatic compounds by oleaginous microorganisms. 
However, at the same time, the utilization of real lignin 
streams, as recently reported for extracted lignin from alkali 
pretreated corn stover using Rhodotorula mucilaginosa, 
Rhodococcus opacus, and Rhodococcus jostii strains,78, 85-87 
will help to assess the feasibility of using oleaginous 
microorganisms for the biological conversion of biomass-
derived lignin to lipids in a more holistic biorefinery. 

Lipid extraction 
In the interest of demonstrating a fully integrated process, 
lipid extraction from mixed sugars- and hydrolysate-
cultivated yeast was also explored. Harvested yeast cells 
were washed, lysed with aqueous acid, and extracted with 
hexane using the method developed by Kruger et al.88 
Briefly, the harvested cells were diluted to 8 wt% yeast 
solids in water and lysed at 170°C for 60 min with 1 wt% 
H2SO4. Following the acid treatment, the lysed cell slurries 
were extracted with an equal volume of hexane four 
sequential times, the hexane was evaporated, and the 

recovered lipids were analyzed for FAME content89 and 
compared to the FAME content of the starting cell mass. As 
shown in Figure 7, greater than 90% of the lipids could be 
recovered from all of the strains by this protocol, whether 
the yeast was cultivated on mixed sugars or hydrolysate. 

 
Figure 6. Shake flask cultivations on YNB media supplemented with p-
coumaric acid (A), ferulic acid (B), vanillic acid (C), or 4-
hydroxybenzoic acid (D) as a sole carbon source for C. curvatus ATCC 
20509, R. toruloides DSM-4444, and T. guehoae UCDFST 60-59 strains. 

Surprisingly, the extraction trend varied significantly across 
species and cultivation media. In mixed sugars media 
(Figure 7), C. curvatus lipids were readily extractable, with 
93.7% recovered in the first extraction, and greater than 
99% after the second extraction. In contrast, only 43.9% and 
38.0% of the lipids from R. toruloides and T. guehoae, 
respectively, were recovered in the first extraction, and 
neither gave a recovery yield above 90% until the fourth 
extraction. When the cultivation medium was changed to 
biomass hydrolysate (Figure 7B), however, C. curvatus 
lipids became much less extractable, with only 42.7% 
recovered in the first extraction. Hydrolysate-cultivated T. 
guehoae also exhibited a low recovery yield of 55.5% in the 
first extraction, while R. toruloides exhibited an 83.3% 
recovery yield.  

The reason for these differences is not well understood at 
this point, but may arise from the stress response of each 
strain —either the nutrient limitation required for lipid 
accumulation or toxic components in the hydrolysate.90-94 It 
is also possible that the superior ability of R. toruloides to 
utilize aromatic compounds in the hydrolysate, delayed its 
stress response and subsequent recalcitrance to lipid 
extraction. The observation that greater than 90% of the 
lipids could be recovered in all cases suggests that acid 
hydrolysis is effective across strains and cultivation media, 
but that different components in the post-lysis slurries may 
inhibit the hexane extraction. These differences underscore 
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the importance of integrated studies of full biorefinery 
process flows, as changes in lipid extractability will affect 
the size and solvent consumption in the extraction unit 
operation. Further exploration of these effects is outside the 
scope of this study, but because of the superior performance 
of R. toruloides in hydrolysate (including a higher capability 
of inhibitor conversion), the ability of growth on four 
aromatic compounds as a sole carbon source, and the 
provision of genetic tools for metabolic engineering 
strategies, we elected to scale up this strain for conversion 
of the yeast lipids into diesel blendstock. 

Lipid conversion into diesel blendstock 
To generate sufficient lipid mass for hydroprocessing 
experiments, R. toruloides was cultivated in mixed sugars 
media. YNB medium supplemented with an initial 
composition of 100 g L-1 of total sugars (at the same ratio of 
glucose, xylose, arabinose, and galactose present in DDAP-
EH corn stover hydrolysate) was used to perform a 10 L  

 
Figure 7. Lipid extraction yields from harvested oleaginous yeast grown 
in mixed sugars (A) and biomass hydrolysate (B). 

batch cultivation, which was carried out until sugar 
depletion. The broth was centrifuged, and the yeast pellet 
was washed with water and stored at -80°C until 
pretreatment and extraction. 

Figure 8 shows the steps of the conversion process. 
Pretreatment was carried out in a Zipperclave reactor in 
batch mode at an initial concentration of yeast of ca. 8% wt, 
and 1% wt H2SO4 at 170°C for one hour. The resulting 
slurry was transferred to a round bottom flask, and hexane 
was added to the same initial yeast concentration (8% wt) to 
perform the lipid extraction step. The system was stirred 
overnight to facilitate the extraction to the hexane phase. 
Upon phase separation, the organic phase was transferred 
into a second round-bottom flask where hexane was 
evaporated under vacuum, yielding a semi-solid paste at 
room temperature (Figure 8B). The initial color of the lipid 
extract was orange due to an extraction of carotenoid 
compounds with the lipids. Although present in relatively 
small amounts, removal of carotenoids prior to 
hydrotreating would be advantageous, as they represent a 
valuable coproduct,95 and their presence increases the 
hydrogen consumption due to a high degree of unsaturation. 

The lipid extract was dissolved in hexane to be pumped into 
the hydrotreating reactor (Figure 8C). The HDO reaction 
liquid-phase yields averaged 79.9% through 35 h time-on-
stream (TOS). Online GC analysis showed that the reaction 
reached steady state after about 10 h TOS, after which CO 
and CO2 production were around 0.05 and 0.02 g g-1 oil, 
respectively. Similarly, apparent hydrogen consumption 
averaged roughly 0.01 g H2 g-1 oil (Figure 9). 

 
Figure 8. Pictures illustrating the process of lipid conversion into diesel 
blendstock. 

The liquid phase (Figure 8D) contained C15-C18 n-
alkanes, primarily C15 and C17, (two largest peaks in 
Figure S1A, respectively), indicating that the major 
pathways for oxygen removal were through 
decarbonylation and decarboxylation. This is consistent 
with previous research on lipid deoxygenation over Pd/C 
catalysts showing Cn-1 normal alkanes as the primary 
products from Cn fatty acid chains.96 Under similar 
conditions, an oleic acid control reaction without catalyst 
gave high conversion, but only partial deoxygenation and 
partial saturation of double bonds.96 The liquid product also 
contained lighter and heavier alkanes from cracking and 
recombination reactions, respectively, which is likely due to 
the severe conditions of the HDO reactor. Fatty acids are 
increasingly prone to thermal cracking reactions above 
300°C,97, 98 and the high pressure may be favorable for 
oligomerization reactions of unsaturated compounds, which 
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oligomers can then also subsequently crack to yield 
compounds in the C20-C35 range.  

Upon separation of the organic phase and evaporation of the 
hexane solvent, this mixture of alkanes exhibited a cloud 
point near room temperature (22.6°C) (Figure 8E), but 
could be kept liquid for prolonged periods by immersing its 
container in warm water. This mixture of alkanes was 
hydroisomerized, giving a clear liquid product in 67.9% 
yield after 7.5 h time-on-stream (Figure 8F). 

After isomerization, the liquid product initially exhibited a 
cloud point of 5.6°C, measured by differential scanning 
calorimetry, which is significantly decreased from the HDO 
product, reflecting the isomerization of paraffins into 
isoparaffins (Figure 10A), and the cracking of heavier 
components into diesel and naphtha range components 
(Figure 10B and Figure S1). However, the cloud point was 
higher than expected, and was likely due to the presence of 
a small fraction of heavy alkanes in the HDO product that 
were not converted in the HI step. These components 
formed wax crystals that could be easily filtered out with 
minimal yield losses by dissolving the HI product in hexane, 
holding the solution at -20°C and filtering while cold. After 
this cold filtration step, the cloud point was measured to be 
-14.5°C. 

Simulated distillation of the HI product yielded the boiling 
curve where approximately 75% of the product was in the 
diesel range, using a cutoff temperature of 175°C to 
distinguish between gasoline and diesel fractions. Similarly, 
the T90 of the material was within the acceptable range 
(282-338°C) for No. 2 diesel fuel (Figure 10C). 

 
Figure 9. De-COx product formation and H2 consumption during R. 
Toruloides oil deoxygenation. Reaction conditions: 450 °C, 1300 psig H2, 
LHSV = 1 hr-1.   

The hydrotreating conditions were relatively harsh 
compared to what has been required for deoxygenation of 
lipid feedstocks in previously reported studies.99 The 
conditions used in the present experiments were informed 

by our previous work with crude, hexane extracted algal 
lipids, which required high temperature and pressure to 
remove impurities, particularly nitrogen.96 Since the 
nitrogen content of the yeast lipid extract was unknown,  
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Figure 10. R. toruloides DSM-4444 strain lipid conversion. Hydrocarbon 
speciation (A), and hydrocarbon distribution according to molecular 
weight (B) of hydrodeoxygenation (HDO) and hydroisomerization (HI) 
liquid product characterization by GC/MS. Simulated distillation curve 
measured for deoxygenated, isomerized product (C). 

conservative conditions were employed to ensure a 
successful conversion to diesel blendstock. Therefore, 
conditions could likely be improved if more detailed 
analysis of the yeast lipid extracts suggested low impurity 
levels. The origin of the heavy fraction is not well 
understood at this point, but may be partly due to 
recombination of thermal decomposition products.100 

Discussion 
In this work, we have demonstrated an integrated, bench-
scale process for converting lignocellulosic sugars in an 
industrially-relevant hydrolysate stream to a fungible diesel 
blendstock by converting the sugars, both pentoses and 
hexoses, to a lipid fuel precursor in oleaginous yeast, lysing 
the yeast cells to recover the lipids via hexane extraction, 
deoxygenation of the crude recovered lipids over a Pd/C 
catalyst, and isomerizing the deoxygenated lipids over a 
Pt/SAPO-11 catalyst. Accordingly, this work demonstrates 
the relatively high technical readiness level of the combined 
biological-catalytic processing of the sugars-lipids-fuel 
approach to drop-in cellulosic biofuels. Previous economic 
analyses have shown that this approach is likely capable of 
producing biofuel with a minimum selling price in the range 
of $4-5/gallon of gasoline equivalent.49, 88 Some of the main 
contributing factors to this selling price are the relatively 
expensive cultivation of the yeast due to strict aerobic 
requirements, the relatively low metabolic yield of sugars to 
lipids, the ongoing need for acid (and alkali for post-
extraction neutralization) to lyse the cells, solvent losses in 
the extraction step, and capital costs for the hydroprocessing 
reactors due to the relatively severe conditions employed 
here. While the furthest downstream process expenses can 
likely be improved by judicious engineering (e.g., 
increasing lipid recovery yields by using a continuous 
countercurrent extraction column, decreasing solvent losses 
by using a multi-component extractant, and decreasing 
hydroprocessing severity by catalyst and process 
development), the mid- and upstream processes are likely to 
remain significant cost drivers due to the fundamental 
nature of lipids as an aerobic intracellular product. At 
production scale, microbial performance is often highly 
dependent on mass and heat transfer. High mixing times 
lead to gradients in temperature, pH, gradients in nutrients, 
substrates and gas, as well as the hydrostatic pressure in the 
bioreactor. These effects may become even more acute 
when the cellular pathway is oxygen dependent, as it is for 
lipid production.101, 102 Moreover, the accumulation of lipids 
as an intracellular product introduces two key challenges: a 
significant fraction of sugars is converted to cell mass 
instead of fuel precursor, and the cells must be lysed to 
release and recover the lipids. 

There are multiple scientific approaches to overcome these 
challenges. First, the use of a combined approach to screen 
for strains with high lipid production capabilities in a short 

period of time will continue to be essential to increase the 
size of the screening. Over the last years, researchers have 
used an initial qualitative  assessment, such as thin layer 
chromatography103 or Nile Red staining,104 with a 
quantitative determination of lipid production to identify 
superior candidate strains for the production of lipids. In 
addition, lipid accumulation can be promoted by 
bioprocessing optimization. The use of fed batch strategies 
can uncouple the growth phase and the lipid accumulation 
phase by having a substrate limited in nitrogen or other 
nutrient during the feeding period.23 Second, the yeast may 
be engineered to secrete lipid fuel precursors, such as fatty 
alcohols105 or aldehydes, despite the fact that metabolic 
engineering of non-model organisms has proven to be much 
more difficult. A stronger preference for non-homologous 
end-joining and low activity for integration via homologous 
recombination is presumably the cause, since many of the 
genetic tools rely on the high capacity of the microorganism 
to undergo homologous recombination (for a recent review 
see Shi and Zhao106). Third, the yeast may be triggered to 
autolyse instead of requiring an explicit set of unit 
operations for cell lysis. This activity has been observed in 
S. cerevisiae strains employed to enhance the flavor profile 
in sparkling wine,107 but also facilitating the 
polyhydroxyalkanoate recovery in the bacterium 
Pseudomonas putida.108 Fourth, the yeast may be cultivated 
as a biofilm instead of in a bioreactor to enhance gas transfer 
rates to the growing yeast in a less expensive manner than 
bubbling compressed air through a growth medium. This 
approach would also decrease the energy intensity of the 
harvesting step because the yeast could be scraped off the 
biofilm instead of being processed in a centrifuge. Fifth, the 
lipid fraction of yeast biomass which does not consist of 
lipid fuel precursors could be valorised by recovering 
coproducts (e.g., sterols, trehalose or carotenoid 
pigments).109 

It is also worth noting that the relatively low metabolic yield 
of sugars to lipids is offset by the resemblance of lipids to a 
finished fuel. That is, the typical metabolic yield of sugars 
to lipids of 0.24 g lipid/g sugar combined with a theoretical 
lipid recovery yield of 100% and a theoretical 
deoxygenation/hydroisomerization efficiency of 85-90% 
(depending on the speciation of the fatty acid chains and the 
chemistry of oxygen removal as H2O, CO, or CO2) to give 
a theoretical sugar-to-fuel yield of roughly 0.2 g fuel/g sugar 
input. The high conversion efficiencies are possible because 
the lipids contain only ~10% oxygen. For comparison, 
ethanol can be produced at a theoretical metabolic yield of 
0.51 g/g sugar (commercial plants using sugar cane can 
operate at roughly 90% of this value),110, 111 but contains 
~35% oxygen. Conversion of ethanol into hydrocarbon 
fuels frequently results in primarily gasoline-range 
mixtures,112-114 although a few efforts have focused on 
producing diesel-range materials. In general, these 
approaches involve dehydration to ethylene and 
oligomerization to the appropriate carbon number range. 
The oligomerization of light olefins is typically able to 
generate 50-70% yield to diesel range hydrocarbons.115-117  
Assuming a 70% efficient ethylene oligomerization strategy 
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to produce diesel-range carbon chains, the overall efficiency 
would be ~0.2 g diesel-range fuel/g sugar from ethanol. 
Thus, overall, the lipid pathway for cellulosic biofuels is in 
the range of alcohol-based pathways in terms of mass 
efficiencies, but further process development is necessary to 
improve the economics of the overall process. 

Moreover, we have demonstrated, consistent with several 
previous studies, that oleaginous yeasts were not only able 
to metabolize several of the inhibitors present in 
lignocellulosic-based hydrolysates, but also to use aromatic 
compounds as a sole carbon source. However, there is a 
need of systematic studies to elucidate the aromatic 
catabolic pathways in these oleaginous yeasts as it has been 
conducted in aromatic degrading bacteria.77, 118, 119 Also, 
improved genome and functional annotation would also 
allow a more comprehensive understanding of the multiple 
lignin degradation pathways in oleaginous yeast strains. 
Ultimately, in a broader context such as in biorefineries, 
polysaccharide and lignin valorization in parallel or 
simultaneously will be key to maximize the economic 
profitability of lignocellulosic biorefining.  

Experimental 
Material and Methods section can be found in Electronic 
Supplementary Information.  
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Integrated diesel production from lignocellulosic 

sugars via oleaginous yeast† 
Violeta Sànchez i Nogué1§, Brenna A. Black2§, Jacob S. Kruger1§, Christine A. Singer1, 

Kelsey J. Ramirez2, Michelle L. Reed2, Nicholas S. Cleveland1, Emily R. Singer1, Xiunan Yi1, 
Rou Yi Yeap1, Jeffrey G. Linger1, and Gregg T. Beckham1,* 
 

Abstract: Oleaginous microbes are promising platform strains for the production of renewable diesel 
and fatty-acid derived chemicals given their innate capacity to produce high lipid yields from 
lignocellulose-derived sugars. Substantial efforts have been conducted to engineer model 
oleaginous yeasts primarily on model feedstocks, but to enable lipid production from biomass, 
judicious strain selection based on phenotypes beneficial for processing, performance on realistic 
feedstocks, and process integration aspects from sugars to fuels should be examined holistically. To 
that end, here we report the bench-scale production of diesel blendstock using a biological-
catalytic hybrid process based on oleaginous yeast. This work includes flask screening of 31 
oleaginous yeast strains, evaluated based on baseline lipid profiles and sugar consumption with 
corn stover hydrolysate. Three strains were down-selected for bioreactor performance evaluation. 
The cultivation results reveal that Cryptococcus curvatus ATCC 20509 and Rhodosporodium 
toruloides DSM-4444 exhibit equivalent fatty acid methyl ester (FAME) yield (0.24 g g-1), whereas the 
highest overall FAME productivity (0.22 g L-1 h-1) was obtained with C. curvatus, and R. toruloides 
displayed the highest final FAME titer (23.3 g L-1). Time-resolved lipid profiling (including neutral and 
polar lipid classing) demonstrated triacylglycerol accumulation as the predominant lipid class in all 
strains. When evaluating tolerance mechanisms to inhibitory compounds, all strains can reduce and 
oxidize 5-(hydroxymethyl)furfural, illustrating parallel detoxification mechanisms. The R. toruloides 
strain is also capable of growth on four aromatic compounds as a sole carbon source, suggesting 
its use as a strain for simultaneous sugar and lignin conversion. Lipids from R. toruloides were 
recovered using a mild acid treatment and extraction, hydrogenated, and isomerized to produce 
a renewable diesel blendstock. The blendstock exhibited a cloud point of -14.5°C and simulated 
distillation showed that approximately 75% of the product was in the diesel range with a T90 
consistent with No. 2 diesel fuel. Taken together, these results demonstrate an integrated process for 
renewable diesel production, identify oleaginous strains for further development, and highlight 
opportunities for improvements to an oleaginous microbial platform for the production of 
renewable diesel blendstock. 
 

Introduction  
The continued drive towards renewable transportation 
fuels will rely on lignocellulosic biomass as a primary 
feedstock.1 Over the last several decades, a massive body 
of work has been conducted towards the development and 
deployment of lignocellulosic ethanol, especially 
accelerated in the last decade, and now pioneer plants are 
emerging, albeit slowly and not without serious technical 
challenges at the industrial scale.2 Beyond ethanol 

production, there is a need for the production of a more 
comprehensive renewable fuels portfolio to satisfy the 
diesel, jet fuel, and gasoline markets. Many conversion 
pathways are being evaluated today to produce 
hydrocarbon fuels from lignocellulosic biomass. These 
pathways include multiple deconstruction technologies to 
produce biomass-derived sugars followed by biological, 
catalytic, or hybrid biological-catalytic approaches to 
upgrade sugars to fuel molecules.3-9 

Biological routes to upgrade sugars directly to fuels 
beyond ethanol are quite varied. Peralta-Yahya et al. 
broadly categorized advanced biofuels directly available 
from biological routes according to their respective 
metabolic pathway as alcohol, fatty acid, isoprenoid, and 
polyketide-derived fuels.10 Certainly other biologically 
derived intermediates can be produced outside of this 
categorization that can then be catalytically converted to 
fuels, but the catalytic steps are usually more involved than 
simple hydrogenation or hydrodeoxygenation reactions 
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(e.g., in the case of farnesene to farnesane).11 To date, fuel 
precursors derived from fatty acid biosynthesis in 
particular have received significant attention, given that 
many microbes produce lipids in the C16-C20 range, 
which is an ideal carbon chain length for diesel. Fatty acids 
have to be either biologically or catalytically converted to 
esters, alcohols, or preferably branched alkanes before 
being used as diesel.12-15 

For any given biotechnological application, microorganism 
selection will dictate the challenges faced during process 
development. In the case of lipid production as a diesel 
blendstock, selection among oleaginous microorganisms 
for strains with high flux would be highly beneficial, as 
they naturally accumulate a considerable fraction of their 
cell weight as lipids, and its composition is generally quite 
similar to that of common biodiesel feedstock. Moreover, 
the use of lignocellulosic biomass as a feedstock ideally 
demands for two additional crucial traits which will 
potentially accelerate the development to economic 
feasibility: i) the capability of the organism to 
simultaneously consume all present sugars, including 
hexoses and pentoses, and ii) a high tolerance to 
lignocellulosic-derived inhibitors present in the 
hydrolysates.16 Given the growing interest in the 
production of diesel-range hydrocarbons from renewable 
feedstocks, many oleaginous microbes have been well 
studied in the last decade, including Yarrowia lipolytica,17-

20 Cryptococcus curvatus,21, 22 Rhodosporidium 

toruloides,23-27 
Rhodotorula glutinis (the anamorph of R. 

toruloides),28-30 and Lipomyces starkeyi31-33 as they 
naturally possess several of these desired traits. Oleaginous 
microbes are typically not as genetically tractable as model 
bacteria and yeast, but metabolic engineering in Y. 
lipolytica has recently led to dramatic improvements in 
lipid titer, rate, and yield on clean sugars.17, 20, 34, 35 
Significant improvements in genetic engineering strategies 
to increase the expression of enzymes involved in different 
aspects of lipid biosynthesis has also been accomplished in 
R. toruloides.36 As an alternative, many studies focusing 
on fatty acid-derived fuels have examined metabolic 
engineering strategies to increase production of fatty acids 
(mainly triacylglycerides) in model microorganisms such 
as Saccharomyces cerevisiae or Escherichia coli.37-46 

These studies have led to substantially higher lipid yields 
in these model organisms, but carbon flux is still quite 
limited relative to oleaginous microorganisms, which 
naturally accumulate lipids intracellularly as a stress 
response during nutrient deprivation.47, 48 

Despite exciting advances in the production of microbial 
lipids, significant work remains to realize the potential of 
renewable diesel production, especially regarding process 
integration between the bioconversion step and the 
catalytic lipid conversion into diesel blendstock. 
Moreover, technoeconomic analyses have identified the 
need of product recovery due to intracellular accumulation, 
and the aerobic cultivation conditions during the 
bioconversion process among the primary cost drivers.49, 50  

In this work, we report on bench-scale production of diesel 
blendstock using a biological-catalytic hybrid process by 
converting lignocellulosic-based sugars to lipid fuel 
precursors using the oleaginous yeast R. toruloides and 
upgrading them via a hydrotreating process (Figure 1). 
Specifically, we screened a total of 31 different oleaginous 
yeast strains on corn stover hydrolysate for lipid 
production capabilities. Three strains were selected and 
further characterized in terms of lipid profiling, including 
neutral and polar lipid classing, demonstrating the 
accumulation of neutral lipids, mainly triacylglycerols 
(TAGs), over the course of the cultivation on corn stover 
hydrolysate. Moreover, the detoxification capability of the 
selected oleaginous strains to inhibitory compounds 
present in lignocellulosic-based hydrolysate was evaluated 
using a mock hydrolysate, demonstrating their capability 
of reducing and oxidizing aldehydes, and converting 
aromatic compounds. Furthermore, R. toruloides DSM-
4444 was the only strain capable of using four different 
aromatic compounds as a sole carbon source. Cells of R. 
toruloides DSM-4444 were employed in a cell lysis and 
extraction process to isolate the lipid fraction, which was 
subjected to catalytic conversion (consisting of 
hydrodeoxygenation (HDO) and hydroisomerization (HI)) 
leading to a product within the range for diesel fuel. To our 
knowledge, this is the first report describing an integrated 
process for the production of diesel blendstock from 
lignocellulosic-based sugars using a biological-catalytic 
hybrid process.

 

 

Figure 1. Process steps for the production of diesel blendstock from lignocellulosic biomass. In this work, bioconversion of lignocellulosic-based sugars to 

lipid fuel precursors is presented.

 Results 
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Yeast screening on de-acetylated, dilute-acid 

pretreated, enzymatically hydrolyzed (DDAP-EH) corn 

stover hydrolysate 

Small-scale strain screening is a useful strategy to evaluate 
a large number of strains in a systematic manner and to be 
able to quickly down-select the top performing candidates 
for a given application. However, the outcome of any 
screening procedure is highly dependent on the substrate 
of choice and cultivation conditions. This becomes 
especially critical when the final composition of the 
cultivation media triggers multiple synergistic effects 
regarding inhibition of metabolic events due to an 
increased pressure by compounds present in the growth 
medium. The importance of this was clearly exposed by 

Slininger et al.51 in a screening to select good candidates 
for producing single cell oil from hydrolysates, when three 
of the top seven performing strains on synthetic medium 
reported by Dien and co-workers52 did not grow on AFEX 
pretreated corn stover hydrolysate.51, 52 Thus, in this study, 
the yeast screening to identify the strain with the best lipid 
production potential was performed using the same 
DDAP-EH corn stover hydrolysate to be used in the 
bioreactor evaluations. A total of 31 different yeast strains 
(listed in Table S1), belonging to seven different species, 
were screened in shake flasks on DDAP-EH corn stover 
hydrolysate diluted to an initial composition of 100 g L-1 
monomeric sugars (glucose,

 

Figure 2. Lipid profiling measured as Fatty Acid Methyl Ester (FAME) determination, and sugar consumption from shake flask yeast screening on DDAP-

EH corn stover hydrolysate. FAME content (%)(A), FAME titer (B), and FAME productivity (Q) (C), total sugar consumed at 96 h of cultivation (D), 

maximum glucose (E), xylose (F) consumption rates (rmax, sugar).   The selected strains for further evaluation are highlighted with the symbol �.
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xylose, arabinose, and galactose) and supplemented with 
growth factors (yeast extract and peptone) (Figure 2).  

Over the course of this study, some yeast species names 
have been updated based on ribosomal sequencing53 and 
revisions on taxonomy (Dr. Kyria Boundy-Mills, personal 
communication). Since not all yeast culture collections 
have undergone a taxonomical revision, old species names 
have been maintained throughout the main text for clarity, 
and the updated names are included in Table S1. 

All strains were inoculated at an optical density at 600 nm 
(OD600) of 1.0 and monitored for growth and sugar 
consumption. Upon sugar depletion, a yeast biomass 
sample was taken, lyophilized, and its baseline lipid 
profiling was measured as fatty acid methyl ester (FAME). 
Candidate strains to be evaluated in fully controlled 
bioreactors were down-selected considering first FAME 
parameters, and then sugar consumption (Figure 2). To 
capture consumption of multiple sugars, the percentage of 
utilized sugars after 96 hours of cultivation was chosen as 
the criterion to compare the strains, as glucose and xylose 
depletion was observed for all strains between 72 and 192, 
and 120 and 216 hours of cultivation, respectively (data 
not shown). The strain Cryptococcus curvatus ATCC 
20509 (strain #2 in Figure 2) consistently displayed the 
highest values, with a 62.12 % of FAME content (Figure 
2A), up to 21.49 g L-1 final FAME titer (Figure 2B), and a 
FAME productivity of 0.22 g L-1 h-1 (Figure 2C). Thus, it 
was selected for further evaluation in fully controlled 
bioreactors. Among all tested Rhodosporidium strains 
included in this screening, four different R. toruloides 
strains (Y-27012, Y-27013, DSM-4444, and DSM-70398 – 
strains #21, #22, #23, and #25, respectively in Figure 2) 
were the best performers. Since they displayed similar 
values of FAME parameters, sugar consumption was also 
taken into consideration to down-select among those R. 
toruloides strains. After 96 h of cultivation, up to 99% of 
total sugars were consumed by the DSM-4444 strain, 
whereas less than 95% was consumed by the Y-27012 and 
Y-27013 strains. In the case of the DSM-70398 strain, less 
than 72% of total sugar was consumed after 96 h of 
cultivation (Figure 2D). Given the differences in sugar 
consumption rates, the DSM-4444 strain was selected as 
the candidate among the Rhodosporidium strains tested. In 
addition, Trichosporon guehoae UCDFST 60-59 strain 
(strain #28 in Figure 2) was also selected to be further 
evaluated in fully controlled bioreactors. This strain 
displayed a lower level of FAME content (51.97%) 
compared to the selected C. curvatus and R. toruloides 
strains, but similar to the Lipomyces starkeyi strains 
included in this screening (strains from #4 to #7 in Figure 
2A). The UCDFST 60-59 strain was selected over 
Lipomyces strains, due to higher values of FAME titer 
(Figure 2B), FAME productivity (Figure 2C), and total 
sugar consumption after 96 h of cultivation relative to 
Lipomyces strains (Figure 2D). Regarding sugar 
consumption, most of the strains included in the screening 
displayed a maximum glucose consumption rate between 
0.5 and 1 g L-1 h-1, and only 3 strains exhibit values higher 
than 1 g L-1 h-1: C. curvatus ATCC 20509 (1.23 g L-1 h-1), 

R. sphaerocarpum UCDFST 68-43 (2.46 g L-1 h-1), and the 
Saccharomyces cerevisiae strain D5A (2.40 g L-1 h-1) 
(strains #2, #17, and #26, respectively in Figure 2E). 
Regarding maximum xylose consumption rate, all tested 
strains exhibit values below 0.5 g L-1 h-1, except L. starkeyi 
UCSFST 78-23, which displayed the highest maximum 
xylose consumption rate of nearly 0.7 g L-1 h-1 (strain #7 in 
Figure 2F). 

Selection of promising strains is highly dependent on the 
initial candidate strains under evaluation and the 
experimental conditions, especially when different 
lignocellulosic hydrolysates are used. Thus, comparison of 
screening processes in reported literature is quite 
challenging. For example, Slininger and coworkers 
evaluated 38 strains in the sequential screening on AFEX 
corn stover hydrolysate, and AFEX switchgrass 
hydrolysate using 96-well plates. The top performing 
strains, which were further evaluated in shake flask 
cultures using a two-stage lipid production strategy, were a 
R. toruloides strain and two Lipomyces sp. strains.51 In the 
present work, R. toruloides strains were also identified as 
top candidates, but the tested Lipomyces strains were not 
ranked as the top performing strains because of low FAME 
accumulation, and thus not considered for further 
evaluation in fully controlled bioreactors. Instead, a C. 
curvatus strain and a T. guehoae strain were identified as 
top candidates. This example also clearly illustrates the 
importance of defining the screening conditions as 
analogous as possible to the application conditions, 
especially when complex substrates such as 
lignocellulosic-based feedstocks are being utilized. 

Bioreactor cultivations on DDAP-EH 

As shake flask screenings represent a fast and simple 
approach to obtain essential information, the larger, 
homogeneous volume when using a fully controlled 
bioreactor enables a more complete lipid analysis in a 
time-course fashion. Cultivations using the three strains 
selected for further evaluation (C. curvatus ATCC 20509, 
R. toruloides DSM-4444, and T. guehoae UCDFST 60-59) 
were thus performed in a 0.5 L controlled bioreactor on 
DDAPH-EH corn stover hydrolysate diluted to an initial 
composition of 100 g L-1 monomeric sugars (glucose, 
xylose, arabinose, and galactose) (Table 1). Seed cultures 
propagated for 24 hours on Yeast Nitrogen Base (YNB) 
medium supplemented with 50 g L-1 glucose and N-rich 
media components were used to inoculate the bioreactors 
at an OD600 of 1.0. In addition to growth and sugar 
consumption monitoring, cultures were sampled every 24 
hours for FAME, free fatty acids, neutral lipids, and polar 
lipids analysis. 

Table 1. Initial monomeric sugar concentrations in DDAP-EH corn 

stover hydrolysate and mock hydrolysate used in this study 

Concentration Glucose Xylose Arabinose Galactose 

g L-1 58.17 34.63 5.11 2.09 
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C. curvatus ATCC 20509 displayed a sequential sugar consumption pattern where glucose was fully consumed  

Figure 3. Bioreactor cultivations on DDAP-EH corn stover hydrolysate for C. curvatus ATCC 20509 (left column), R. toruloides DSM-4444 (middle column), 

and T. guehoae UCDFST 60-59 (right column) strains. Cultivation performance (A-C), FAME profiling (D-F), total lipid composition of total extractable 

lipids (G-I). Abbreviations:  CDW: cell dry weight, FAME: fatty acid methyl ester, TEL: total extractable lipids
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Figure 4. Bioreactor cultivations on DDAP-EH corn stover hydrolysate for C. curvatus ATCC 20509 (left column), R. toruloides DSM-4444 (middle column), 

and T. guehoae UCDFST 60-59 (right column) strains. Neutral lipids classing (A-C), and polar lipids classing (D-F). Abbreviations: NL: neutral lipids, PL: 

polar lipids, MAG: monoacylglycerol, DAG: diacylglycerol, TAG: triacylglycerol, SE: steryl ester, FFA: free fatty acid, PA: phosphatidic acid, PS: 

phosphatidylserine, PE: phosphatidylethanolamine, PC: phosphatidylcholine, PI: phosphatidylinositol, and PG: phosphatidylglycerol.

within 72 h, and clear xylose consumption was only 
observed when glucose levels were below 20 g L-1. At the 
end of the cultivation, the FAME content of the C. 
curvatus strain was 63.1%, and up to 21.4 g L-1 FAME 
was obtained, representing a FAME yield of 0.24 g g-1 
consumed sugars and overall FAME productivity of 0.22 g 
L-1 h-1 (Figure 3A, Table 2). Also, sequential sugar 
consumption was observed with R. toruloides DSM-4444. 
In this case, however, the glucose and xylose consumption 
rate were slower compared to the C. curvatus strain. As a 
consequence, the arabinose present in the cultivation 
media was not consumed after 120 h of cultivations. At the 
end of the cultivation, a slightly lower overall FAME 
productivity, and FAME content, 0.17 g L-1 h-1 and 60.8%, 
respectively, were observed. The final obtained FAME 
titer was 23.3 g L-1, representing a FAME yield of 0.24 g 
g-1 consumed sugars (Figure 3B, Table 2). Differences in 

terms of sugar consumption were observed with the T. 
guehoae UCDFST 60-59 strain, where glucose and xylose, 
in addition to the minor sugars arabinose and galactose 
were co-consumed. Despite this pattern, glucose and 
xylose were not depleted after 120 h of cultivation, as all 
sugar consumption rates were slower than the ones 
observed with the C. curvatus and R. toruloides strains. At 
the end of the cultivation, a final FAME titer of 14.2 g L-1 
was obtained, representing a FAME yield of 0.16 g g-1 
consumed sugars. A significantly lower overall FAME 
productivity, 0.12 g L-1 h-1, was obtained with T. guehoae 
compared to C. curvatus. Also, the final FAME content 
was significantly lower, 48.3 %, compared to that obtained 
with the other strains (Figure 3C, Table 2). 

The strain C. curvatus ATCC 20509 has previously been 
evaluated on other lignocellulosic-based feedstocks. A 
higher yield was obtained but a lower lipid content was 
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Table 2. Cultivation performance parameters on DDAP-EH corn stover hydrolysate 

Strain % FAME FAME [g L-1] Q FAME [g L-1 h-1] Y FAME [g g-1] Y biomass [g g-1] 

C. curvatus ATCC 20509 63.1 ± 3.7 21.4 ± 3.6 0.22 ± 0.03 0.24 ± 0.03 0.37 ± 0.03 

R. toruloides DSM-4444 60.8 ± 1.1 23.3 ± 1.8 0.17 ± 0.04 0.24 ± 0.05 0.39 ± 0.08 

T. guehoae UCDFST 60-59 48.3 ± 4.0 14.2 ± 3.3 0.12 ± 0.03 0.16 ± 0.05 0.33 ± 0.08 

      

achieved when the performance of this strain was 
evaluated on sorghum stalk (0.29 g g-1 sugar and 60%, 
respectively) and switchgrass hydrolysate (0.27 g g-1 sugar 
and 58%, respectively) compared to the results obtained in 
the present study.54 A much lower lipid performance was 
obtained with this strain when using dilute acid pretreated 
wheat straw hydrolysate. In this case, a lower FAME 
productivity (0.03 g L-1 h-1), also coupled to a lower 
FAME content (33.5%) and yield (0.17 g g-1 sugar), 
demonstrating the presence of a higher level of inhibitors 
in this substrate.55 Other Cryptococcus species have been 
also tested in other lignocellulosic-based feedstocks, such 
as corncob hydrolysates. In this case, and although a 
similar lipid content was obtained, much lower 
productivities and final titers were achieved, even when 
using fed-batch strategies.56, 57 Overall, the results obtained 
with the C. curvatus strain on DDAP-EH corn stover 
hydrolysate positions the performance reported in this 
work among the best reported on lignocellulosic 
feedstocks. In the case of R. toruloides, different feeding 
strategies have been reported to improve the cultivation 
performance. The strain DSM-4444 was tested using the 
C6 fraction of corn stover hydrolysate, and compared to 
batch conditions, an increase of 43% in FAME 
productivity and 53% in yield was reported when the 
residual level of glucose was maintained at 10 g L-1 over 
the course of the cultivation.58 The best performance to 
date on lignocellulosic-based hydrolysates has been 
reported with the R. toruloides Y4 strain, where up to 39.6 
g L-1 of lipid titer and a productivity of 0.33 g L-1 h-1 was 
achieved under fed-batch conditions using concentrated 
Jerusalem artichoke hydrolysate.59 Other oleaginous yeast 
have been tested on toxic hydrolysates or challenging 
conditions. For example, L. starkeyi performance was 
evaluated on thermochemical pretreated birch hydrolysate 
using a pH regulated fed-batch cultivation. In this case, 
acetic acid was co-consumed with xylose, and a final lipid 
titer of 8 g L-1 (representing a lipid yield of 0.1 g g-1) 
coupled with a 51.3% lipid content was obtained.60 Up to 
5.78 g L-1 FAME were obtained when Trichosporon 
cutaneum was evaluated on corn stover at 20% solids.61 
Taken together, the obtained bioreactor results confirm 
that the screening conditions were optimal to identify the 
best lipid producing strains, as the results obtained for the 
three strains during the screening on shake flasks correlate 
well with the results obtained using fully controlled 
bioreactors. 

Daily sampling, including yeast biomass, enabled FAME 
determination over the course of the bioreactor 
cultivations. FAME profiles for the three evaluated strains 

consisted essentially of the saturated palmitic (C16:0) and 
stearic (C18:0) acids, and the unsaturated oleic (C18:1n9) 
and linoleic (C18:2n6) acids. In the case of the C. curvatus 
cultivation, where the main fatty acids were palmitic and 
oleic acid, an increase of palmitic acid between 24 and 48 
hours was observed, and the same level was maintained 
during the remainder of the cultivation. For the C18 fatty 
acids, a tendency to gain saturation over time was detected 
by decreasing levels of linoleic over oleic acid (Figure 
3D). The FAME profiles in the case of the R. toruloides 
were more stable over time than in the two other evaluated 
strains. In this case, however, the highest fraction 
corresponded to oleic acid, at the expense of palmitic and 
stearic acid content (Figure 3E). In the T. guehoae 
cultivation, palmitic acid levels remained at the same 
levels over the course of the cultivation. Also, similarly to 
the C. curvatus strain, T. guehoae tended to gain saturation 
over time for the C18 fatty acids, where stearic and oleic 
acid content increased, and linoleic acid decreased 
between the 24 and 48 hours sampling point (Figure 3F). 
The presence of unsaturated linoleic acid in the FAME 
profile of all three oleaginous strains suggests the 
participation of at least two independent desaturase 
enzymes (∆-9 fatty acid desaturase and ∆-12). 
Corresponding to the linoleic acid content in C. curvatus 
and T. guehoae, both ∆-9 and ∆-12 desaturase appeared to 
be more active in early exponential growth, and towards 
stationary phase of T. guehoae ∆-9 desaturase activity 
dropped resulting in less oleic and more saturated species. 
An increase in saturation of lipids with culture age has 
been previously observed in Y. lipolytica and other 
microorganisms.62, 63 

In addition to the FAME profiles, total lipid composition 
(as a percentage of the total extractable lipids) was also 
analyzed over the course of the yeast cultivations. Since 
acid catalyzed FAME can be produced from the acyl 
chains of neutral lipids, polar lipids, and free fatty acids, it 
is important to understand the lipid source, not only 
because the backbone carbon waste from each lipid class is 
not equivalent, but heteroatoms such as phosphorus from 
the polar lipid class can be toxic to chemical catalysts. In 
the case of C. curvatus, free fatty acid levels remained 
minimal and stable over time, whereas neutral lipids 
increased during 96 h of cultivation and plateaued in the 
last sampling time point (120 h). An inverse tendency was 
observed in the case of polar lipids, with levels reduced 
after 48 h and remaining constant for the subsequent 
duration of the cultivation (Figure 3G). In the case of the 
R. toruloides strain, the neutral lipid fraction increased 
monotonically over the course of the cultivation, but the 
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overall increment was relatively lower, since the initial 
time point had a higher content than the other evaluated 
strains. Similar to C. curvatus, polar lipid levels of R. 
toruloides were reduced after 48 h, and remained at similar 
levels for the rest of the cultivation. Also, in this case, free 
fatty acid levels remained minimal and stable over time 
(Figure 3H). Additionally, like C. curvatus, the content of 
neutral lipids in the T. guehoae strain increased 
monotonically during the first 96 h of cultivation, and then 
plateaued in the last sampling time point (120 h), whereas 
the polar lipid fraction remained relatively stable over 
time. The main difference between T. guehoae and the 
other tested strains is the presence of a higher fraction of 
free fatty acids, which increased over the course of the 
cultivation (Figure 3I). This initial relative increase in 
polar lipid concentration in all strains likely accounts for 
the role that phosphatidic acid (PA) has on both neutral 
and polar lipid biosynthesis in the exponential growth 
phase wherein polar lipid synthesis is activated to 
contribute to cell membrane phospholipids. 
Simultaneously, PA also acts as an acyl-donor at this 
growth phase to assist in the formation of TAG. However, 
similarly with other oleaginous yeasts,64 TAG synthesis 
increases through a neutral lipid pathway, thus increasing 
total neutral lipids over the cultivation time. Finally, the 
accumulation of free fatty acids of the T. guehoae strain 
over the harvest time indicates increased lipase activity of 
the organism compared to C. curvatus and R. toruloides. 

Neutral and polar lipid classing was also performed in a 
time-resolved fashion. The C. curvatus strain displayed 
increasing levels of TAG over time between 24 and 48 
hours and remained at more stable levels over time as the 
main neutral lipid class. This was coupled to a net decrease 
level of monoacylglycerols (1(3)-MAG, and 2-MAG), 
whereas the diacylglycerols (1,2-DAG and 1,3-DAG) 
levels remained essentially stable. Steryl ester and free 
fatty acid levels remained minimal and stable over the 
course of the cultivation (Figure 4A). In the case of the R. 
toruloides strain, TAG was also the main neutral lipid 
class, which increased over the first 72 h and maintained 
these levels until the end of the cultivation. This was 
combined with decreasing levels of 2-MAG over time, 
which plateaued in the last sampling point (120 h), 
whereas 1(3)-MAG and diacylglycerol levels remained 
stable over the course of the cultivation. Similarly to C. 
curvatus, steryl ester and free fatty acid levels remained 
minimal and stable over time for the R. toruloides strain 
(Figure 4B). The presence and subsequent decrease of 
MAG with the accumulation of TAG over the harvest time 
suggests the incorporation of MAG, either directly or 
indirectly, to TAG. To date, acyl-CoA:monoacylgycerol 
acyltransferases have not been described for yeast, 
although this re-esterification of MAG to DAG is an 
important step in plant and mammalian lipid metabolism.65 
MAG species comprising the neutral lipid pathway for 
TAG accumulation in these yeast strains warrants future 
study. As observed with the other two strains, TAG was 
also the main neutral lipid class in the T. guehoae strain 
cultivation. In addition, a similar trend as for the C. 

curvatus strain was observed, where increasing TAG 
levels were observed between 24 and 48 hours and 
remained at more stable levels during the course of the 
cultivation. This was coupled to an inverse trend of MAG 
levels. In addition, and a slight increase of DAG levels 
were observed over time. Similarly, with the other two 
strains, steryl ester levels remained minimal and stable 
over time, but contrary to the other strains, the T. guehoae 
strain clearly exhibits an increase of free fatty acid levels 
over the course of the cultivation (Figure 4C). The 
decrease in TAG with a corresponding increase in DAG 
and free fatty acids, indicates breakdown of TAG into its 
components and further strengthens the hypothesis of 
increased lipase activity towards the 120 h time point. Of 
the neutral lipid classing, TAG was further speciated to 
offer insight above that of FAME profiling (as shown in 
Figure S2). 

Regarding polar lipid classing, phosphatidylethanolamine 
(PE) and phosphatidylcholine (PC) were initially the main 
classes observed in the C. curvatus strain. The initial levels 
of PC decreased at 48 h and remained stable over time, and 
the level of PE peaked at the 72 hours sampling point. This 
was coupled to an increase of phosphatidylinositol (PI) 
levels at the end of the cultivation, and a relatively stable 
level of PA (Figure 4D). Along with the absence of 
phosphatidylglycerol (PG), these observations follow the 
cytidine diphosphate diacylglcerol (CDP-DAG) pathway 
for yeast, where PA is converted to either PI or 
phosphatidylserine (PS), PS continues to be converted to 
PE, and finally to PC.64, 66 With this in mind, the C. 
curvatus strain initially partitioned the CDP-DAG pathway 
towards PC, but towards the end point of the cultivation, 
PI additionally accumulates as well.  For R. toruloides, 
there was only the presence of four different polar lipid 
classes (PE, PS, PI, and PC) at roughly similar levels, 
which remained stable over the course of the cultivation 
indicating that PA was being utilized rapidly (Figure 4E). 
Similarly to R. toruloides, levels of PA, PE, PS, PI, and PC 
remained relatively stable over the course of cultivation 
with the T. guehoae strain (Figure 4F). Similarly to TAG, 
polar lipid classes were also speciated, as reported in 

Figure S3. 

The top three yeast strains selected for further evaluation 
exhibit similar lipid growth profiles. A thorough 
characterization of lipid production and sugar utilization 
over the course of cultivation shows that at 96 h, the 
majority of sugars were consumed for all three strains and 
lipid profiles were mature and did not alter with additional 
fermentation time (FAME, neutral, polar lipids), with the 
exception of lipase activity from T. guehoae. In addition to 
FAME profiling, lipid class profiling was necessary to 
determine fatty acid origin, and therefore, to ensure carbon 
to fuel precursor efficiency. Based on ideal fuel precursor 
(lipid class and fatty acid profile), as well as production 
parameters (yield, productivity, and titer), the optimal 
strains for further conversion would be R. toruloides and 
C. curvatus. 

Cultivations on mock hydrolysate 

Page 26 of 36Green Chemistry



 9 

When lignocellulosic biomass is hydrolyzed to release 
monomeric sugars, degradation compounds are also 
formed. Aldehydes, such as 5-(hydroxymethyl)furfural (5-
HMF) and furfural, are generated via sugar dehydration. In 
addition, aromatic compounds are released as result of 
lignin degradation. The presence of these compounds in 
the resulting hydrolysate can negatively impact the 
metabolism of microorganisms. To evaluate potential 

toxicity tolerance mechanisms, the selected strains were 
inoculated into a synthetic hydrolysate containing 100 g L-

1 of total initial sugars (at the same ratio of glucose, xylose, 
arabinose, and galactose present in DDAP-EH corn stover 
hydrolysate) (Table 1), in addition to 8 different inhibitory 
compounds (5-HMF, 4-hydroxybenzaldehyde, vanillic 
acid, caffeic acid, syringic acid, vanillin, p-coumaric acid, 
and ferulic acid).  

 

Figure 5. Shake flask cultivations on mock hydrolysate for C. curvatus ATCC 20509 (left column), R. toruloides DSM-4444 (middle column), and T. 

guehoae UCDFST 60-59 (right column) strains. For clarity, profiles of lignocellulosic degradation compounds are presented in different graphs.
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To extend the conversion time profiles and asses 
conversion, concentrations of inhibitory compounds were 
doubled based of the ones present in DDAP-EH corn 
stover hydrolysate. 

Strains were inoculated at the same OD600 of 1.0, and 
samples were taken over time for sugar assimilation and 
inhibitory compound conversion until the sugars were 
depleted (sugar profiles are summarized in Figure S4). In 
the case of the C. curvatus strain, 5-HMF was completely 
converted within 9 hours of cultivation. Although 5-HMF 
was simultaneously converted to 5-
(hydroxymethyl)furfural alcohol (5-HMF alcohol) and 5-
(hydroxymethyl)furfural acid (5-HMF acid), different 
trends where observed for these two compounds when 5-
HMF was fully depleted. Specifically, the maximum 5-
HMF alcohol concentration was observed when 5-HMF 
was fully depleted, and the 5-HMF acid level continued 
increasing due to a molar conversion of 5-HMF alcohol to 
5-HMF acid. The level of 5-HMF acid remained stable for 
the rest of the cultivation (Figure 5A). Like 5-HMF, 
vanillin was also assimilated within 8 hours of cultivation. 
In the case of the aromatic acids, vanillic acid and ferulic 
acid were completely depleted after 60 and 87 hours of 
cultivation, respectively (Figure 5D). Similarly, 
decreasing profiles were observed for all the other 
inhibitors. Namely, 4-hydroxybenzaldehyde, caffeic, and 
p-coumaric acid were converted within the first 16 hours 
of cultivation, and up to 133 hours were required to have 
full conversion of syringic acid in the C. curvatus strain 
cultivation (Figure 5G). 

Some important differences were observed with the R. 
toruloides strain. Initially, 5-HMF was also converted 
simultaneously to 5-HMF alcohol and 5-HMF acid within 
the first 4 hours of cultivation. Further conversion of 5-
HMF alcohol to 5-HMF acid was slower than in C. 
curvatus, as 5-HMF alcohol was still detected when sugars 
were fully depleted (Figure 5B).  

Overall, the R. toruloides strain showed a higher capability 
of inhibitor conversion, as all other degradation 
compounds initially present in mock hydrolysate were 
completely converted within 12 hours of cultivation 
(Figure 5E and H). In the case of T. guehoae, 5-HMF was 
also simultaneously converted to 5-HMF alcohol and 5-
HMF acid, in this case within 24 hours of cultivation. 
Similarly to the C. curvatus strain cultivation, 5-HMF 
alcohol was completely depleted when sugars were still 
present in the media (Figure 5C). In addition, a unique 
catabolic pathway was observed for this strain, as ferulic 
acid was converted first to vanillic acid within 24 hours, 
and then re-assimilated over the course of the cultivation 
(Figure 5F). Conversion of ferulic acid to vanillic acid 

through the β-oxidation pathway has been extensively 
reported in bacteria, including among them, the oleaginous 
bacteria Rhodocous opacus.67 In the case of fungal 
systems, this conversion is described via propenoic chain 
degradation instead,68 and to the best of our knowledge the 
conversion of ferulic to vanillic acid is first shown for the 
oleaginous yeast T. guehoae in the present study. The 

accumulation of vanillic acid, however, would indicate a 
low efficiency on further assimilation. On the other hand, 
p-coumaric acid was also fully converted within 24 hours, 
and it required up to 8 hours in the case of 4-
hydroxybenzaldehyde. Caffeic acid was assimilated within 
6 hours, whereas it required up to 169 hours of cultivation 
in the case of syringic acid (Figure 5I). 

Due to similar chemical structures, detoxification 
mechanisms and assimilation pathways for 5-HMF and 
furfural are often equivalent, and previously reported 
evidence can help to elucidate the different assimilation 
pathways in other microorganisms. Exclusive conversion 
of furfural to 2-furoic acid, not to furfuryl alcohol, has 
been observed in the case of P. putida and E. coli,69 
whereas the degradation of 5-HMF via HMF acid and its 
further metabolism through the furfural assimilation route 
has been described in the bacterium Cupriavidus 

basilensis.
70 Similarly to what was observed for 5-HMF 

with all the evaluated strains, simultaneous conversion of 
5-HMF and furfural to its corresponding acids and 
alcohols has been also observed with the fungi 
Amorphotheca resinae ZN171 and Pleurotus ostreatus.72 In 
the case of T. fermentans, another oleaginous yeast, this 
organism initially reduces furfural to furfuryl alcohol 
during the lag phase, and then the concentration of furfuryl 
alcohol decreases while the concentration of furoic acid 
increases,73 as observed here with all tested strains. This 
capability to reduce and oxidize furanic compounds under 
aerobic conditions would suggest a versatility of 
detoxification mechanisms, contrary to S. cerevisiae, in 
which furfural was reported to be exclusively converted to 
furoic acid during respiratory growth, and to furfuryl 
alcohol during anaerobic growth.74 Similarly to Pleurotus 
ostreatus,

72 Cupriavidus basilensis,75 and an engineered P. 
putida strain,76 the tested strains showed the potential 
ability to assimilate furaldehyde compounds to enhance 
carbon conversion of lignocellulosic streams. 

Cultivations on mineral medium with aromatic 

compounds as carbon source 

Valorization of lignin-rich streams in a biorefinery will be 
essential for the overall economic viability of 
lignocellulose conversion.50 To assess if oleaginous yeasts 
could potentially be used as organisms for microbial lignin 
valorization strategies,77 ferulic acid, vanillic acid, p-
coumaric acid, and 4-hydroxybenzoic acid were tested as a 
sole carbon source. They have previously been identified 
in the lignin-enriched streams obtained from corn stover 
subjected to an alkaline pretreatment, and are often used as 
model aromatic lignin compounds.78 In addition, the ability 
to metabolize aromatic compounds also present in 
lignocellulosic-based hydrolysates would contribute to an 
improvement of total carbon conversion. The selected 
strains, C. curvatus ATCC 20509, R. toruloides DSM-
4444, and T. guehoae UCDFST 60-59, were inoculated 
into YNB medium supplemented with p-coumaric acid, 
ferulic acid, vanillic acid, or 4-hydroxybenzoic acid. All 
strains were inoculated at the same OD600, and samples 
were taken over time to monitor potential aromatic 
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compound assimilation (OD600 profiles are summarized in 
Figure S5). 

Only R. toruloides was capable of using all tested lignin-
derived acids. It was able to consume 4-hydroxybenozoic 
acid and vanillic acid within 72 and 96 hours, respectively. 
Conversely, full consumption of ferulic and p-coumaric 
acid by R. toruloides was only observed after 120 and 168 
hours of cultivation, respectively. These results are in 
agreement with Yaegashi and co-workers, who also 
recently reported the capability of another R. toruloides 
strain (IFO 0880) of utilizing the same lignin-derived 
compounds as a sole carbon source.27 In the case of C. 
curvatus and T. guehoae strains, they were only capable of 
using 4-hydroxybenzoic acid as a sole carbon source, as 
even after one week of cultivation, no consumption of p-
coumaric, ferulic, or vanillic acid was observed (Figure 6). 
The consumption profile of 4-hydroxybenzoic acid was 
different for each strain. Whereas the R. toruloides strain 
fully consumed the aromatic compound within 72 hours, 
up to 168 hours were required for the other two strains. 
Moreover, although C. curvatus followed a similar 
consumption profile as R. toruloides during the first 48 
hours, its consumption slowed considerably for the 
remainder of the cultivation. In the case of the T. guehoae 
strain, the consumption profile of 4-hydroxybenzoic acid 
was drastically lower over the course of the whole 
cultivation (Figure 6). Yaguchi et al. recently 
demonstrated not only the capability of C. curvatus 20509 
to grow on different lignin-derived aromatic compounds, 
including 4-hydroxybenzoic acid, but also to remain 
oleaginous during the cultivation, showing its potential as 
an organism of choice for the production of biofuels from 
depolymerized lignin.79 Moreover, the capability of 
utilizing the tested compounds as a sole carbon source has 
also been reported for other oleaginous yeast and 
bacteria.80, 81 Assimilation of other aromatic compounds 
via the central intermediates catechol, and protocatechuate 

via the β-ketoadipate pathway have been demonstrated for 
different oleaginous yeast species including Rhodotorula 
graminis

82 and Trichosporon cutaneum,83 and oleaginous 
bacteria such as Rhodococcus jostii.84  

The use of lignin model compounds, including oligomers, 
polymers and lignin degradation products, represents a 
fundamental platform to elucidate the metabolism of 
aromatic compounds by oleaginous microorganisms. 
However, at the same time, the utilization of real lignin 
streams, as recently reported for extracted lignin from 
alkali pretreated corn stover using Rhodotorula 

mucilaginosa, Rhodococcus opacus, and Rhodococcus 
jostii strains,78, 85-87 will help to assess the feasibility of 
using oleaginous microorganisms for the biological 
conversion of biomass-derived lignin to lipids in a more 
holistic biorefinery. 

Lipid extraction 

In the interest of demonstrating a fully integrated process, 
lipid extraction from mixed sugars- and hydrolysate-
cultivated yeast was also explored. Harvested yeast cells 
were washed, lysed with aqueous acid, and extracted with 

hexane using the method developed by Kruger et al.88 
Briefly, the harvested cells were diluted to 8 wt% yeast 
solids in water and lysed at 170°C for 60 min with 1 wt% 
H2SO4. Following the acid treatment, the lysed cell slurries 
were extracted with an equal volume of hexane four 
sequential times, the hexane was evaporated, and the 
recovered lipids were analyzed for FAME content89 and 
compared to the FAME content of the starting cell mass. 
As shown in Figure 7, greater than 90% of the lipids could 
be recovered from all of the strains by this protocol, 
whether the yeast was cultivated on mixed sugars or 
hydrolysate. 

 

Figure 6. Shake flask cultivations on YNB media supplemented with p-

coumaric acid (A), ferulic acid (B), vanillic acid (C), or 4-

hydroxybenzoic acid (D) as a sole carbon source for C. curvatus 

ATCC 20509, R. toruloides DSM-4444, and T. guehoae UCDFST 60-59 

strains. 

Surprisingly, the extraction trend varied significantly 
across species and cultivation media. In mixed sugars 
media (Figure 7), C. curvatus lipids were readily 
extractable, with 93.7% recovered in the first extraction, 
and greater than 99% after the second extraction. In 
contrast, only 43.9% and 38.0% of the lipids from R. 
toruloides and T. guehoae, respectively, were recovered in 
the first extraction, and neither gave a recovery yield 
above 90% until the fourth extraction. When the 
cultivation medium was changed to biomass hydrolysate 
(Figure 7B), however, C. curvatus lipids became much 
less extractable, with only 42.7% recovered in the first 
extraction. Hydrolysate-cultivated T. guehoae also 
exhibited a low recovery yield of 55.5% in the first 
extraction, while R. toruloides exhibited an 83.3% 
recovery yield.  

The reason for these differences is not well understood at 
this point, but may arise from the stress response of each 
strain —either the nutrient limitation required for lipid 
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accumulation or toxic components in the hydrolysate.90-94 
It is also possible that the superior ability of R. toruloides 
to utilize aromatic compounds in the hydrolysate, delayed 
its stress response and subsequent recalcitrance to lipid 
extraction. The observation that greater than 90% of the 
lipids could be recovered in all cases suggests that acid 
hydrolysis is effective across strains and cultivation media, 
but that different components in the post-lysis slurries may 
inhibit the hexane extraction. These differences underscore 
the importance of integrated studies of full biorefinery 
process flows, as changes in lipid extractability will affect 
the size and solvent consumption in the extraction unit 
operation. Further exploration of these effects is outside 
the scope of this study, but because of the superior 
performance of R. toruloides in hydrolysate (including a 
higher capability of inhibitor conversion), the ability of 
growth on four aromatic compounds as a sole carbon 
source, and the provision of genetic tools for metabolic 
engineering strategies, we elected to scale up this strain for 
conversion of the yeast lipids into diesel blendstock. 

Lipid conversion into diesel blendstock 

To generate sufficient lipid mass for hydroprocessing 
experiments, R. toruloides was cultivated in mixed sugars 
media. YNB medium supplemented with an initial 
composition of 100 g L-1 of total sugars (at the same ratio 
of glucose, xylose, arabinose, and galactose present in 
DDAP-EH corn stover hydrolysate) was used to perform a 
10 L  

 

Figure 7. Lipid extraction yields from harvested oleaginous yeast 

grown in mixed sugars (A) and biomass hydrolysate (B). 

batch cultivation, which was carried out until sugar 
depletion. The broth was centrifuged, and the yeast pellet 
was washed with water and stored at -80°C until 
pretreatment and extraction. 

Figure 8 shows the steps of the conversion process. 
Pretreatment was carried out in a Zipperclave reactor in 
batch mode at an initial concentration of yeast of ca. 8% 
wt, and 1% wt H2SO4 at 170°C for one hour. The resulting 
slurry was transferred to a round bottom flask, and hexane 
was added to the same initial yeast concentration (8% wt) 
to perform the lipid extraction step. The system was stirred 
overnight to facilitate the extraction to the hexane phase. 
Upon phase separation, the organic phase was transferred 
into a second round-bottom flask where hexane was 
evaporated under vacuum, yielding a semi-solid paste at 
room temperature (Figure 8B). The initial color of the 
lipid extract was orange due to an extraction of carotenoid 
compounds with the lipids. Although present in relatively 
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small amounts, removal of carotenoids prior to 
hydrotreating would be advantageous, as they represent a 
valuable coproduct,95 and their presence increases the 
hydrogen consumption due to a high degree of 
unsaturation. 

The lipid extract was dissolved in hexane to be pumped 
into the hydrotreating reactor (Figure 8C). The HDO 
reaction liquid-phase yields averaged 79.9% through 35 h 
time-on-stream (TOS). Online GC analysis showed that 
the reaction reached steady state after about 10 h TOS, 
after which CO and CO2 production were around 0.05 and 
0.02 g g-1 oil, respectively. Similarly, apparent hydrogen 
consumption averaged roughly 0.01 g H2 g-1 oil (Figure 
9). 

 

Figure 8. Pictures illustrating the process of lipid conversion into diesel 

blendstock. 

The liquid phase (Figure 8D) contained C15-C18 n-
alkanes, primarily C15 and C17, (two largest peaks in 
Figure S1A, respectively), indicating that the major 
pathways for oxygen removal were through 
decarbonylation and decarboxylation. This is consistent 
with previous research on lipid deoxygenation over Pd/C 
catalysts showing Cn-1 normal alkanes as the primary 
products from Cn fatty acid chains.96 Under similar 
conditions, an oleic acid control reaction without catalyst 
gave high conversion, but only partial deoxygenation and 
partial saturation of double bonds.96 The liquid product 
also contained lighter and heavier alkanes from cracking 
and recombination reactions, respectively, which is likely 
due to the severe conditions of the HDO reactor. Fatty 
acids are increasingly prone to thermal cracking reactions 
above 300°C,97, 98 and the high pressure may be favorable 
for oligomerization reactions of unsaturated compounds, 
which oligomers can then also subsequently crack to yield 
compounds in the C20-C35 range.  

Upon separation of the organic phase and evaporation of 
the hexane solvent, this mixture of alkanes exhibited a 
cloud point near room temperature (22.6°C) (Figure 8E), 
but could be kept liquid for prolonged periods by 
immersing its container in warm water. This mixture of 
alkanes was hydroisomerized, giving a clear liquid product 
in 67.9% yield after 7.5 h time-on-stream (Figure 8F). 

After isomerization, the liquid product initially exhibited a 
cloud point of 5.6°C, measured by differential scanning 
calorimetry, which is significantly decreased from the 
HDO product, reflecting the isomerization of paraffins into 
isoparaffins (Figure 10A), and the cracking of heavier 
components into diesel and naphtha range components 
(Figure 10B and Figure S1). However, the cloud point 

was higher than expected, and was likely due to the 
presence of a small fraction of heavy alkanes in the HDO 
product that were not converted in the HI step. These 
components formed wax crystals that could be easily 
filtered out with minimal yield losses by dissolving the HI 
product in hexane, holding the solution at -20°C and 
filtering while cold. After this cold filtration step, the cloud 
point was measured to be -14.5°C. 

Simulated distillation of the HI product yielded the boiling 
curve where approximately 75% of the product was in the 
diesel range, using a cutoff temperature of 175°C to 
distinguish between gasoline and diesel fractions. 
Similarly, the T90 of the material was within the 
acceptable range (282-338°C) for No. 2 diesel fuel (Figure 
10C). 

 

Figure 9. De-COx product formation and H2 consumption during R. 

Toruloides oil deoxygenation. Reaction conditions: 450 °C, 1300 psig 

H2, LHSV = 1 hr-1.   

The hydrotreating conditions were relatively harsh 
compared to what has been required for deoxygenation of 
lipid feedstocks in previously reported studies.99 The 
conditions used in the present experiments were informed 
by our previous work with crude, hexane extracted algal 
lipids, which required high temperature and pressure to 
remove impurities, particularly nitrogen.96 Since the 
nitrogen content of the yeast lipid extract was unknown,  
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Figure 10. R. toruloides DSM-4444 strain lipid conversion. Hydrocarbon 

speciation (A), and hydrocarbon distribution according to molecular 

weight (B) of hydrodeoxygenation (HDO) and hydroisomerization (HI) 

liquid product characterization by GC/MS. Simulated distillation curve 

measured for deoxygenated, isomerized product (C). 

conservative conditions were employed to ensure a 
successful conversion to diesel blendstock. Therefore, 
conditions could likely be improved if more detailed 
analysis of the yeast lipid extracts suggested low impurity 
levels. The origin of the heavy fraction is not well 
understood at this point, but may be partly due to 
recombination of thermal decomposition products.100 

Discussion 
In this work, we have demonstrated an integrated, bench-
scale process for converting lignocellulosic sugars in an 
industrially-relevant hydrolysate stream to a fungible 
diesel blendstock by converting the sugars, both pentoses 
and hexoses, to a lipid fuel precursor in oleaginous yeast, 
lysing the yeast cells to recover the lipids via hexane 
extraction, deoxygenation of the crude recovered lipids 
over a Pd/C catalyst, and isomerizing the deoxygenated 
lipids over a Pt/SAPO-11 catalyst. Accordingly, this work 
demonstrates the relatively high technical readiness level 
of the combined biological-catalytic processing of the 
sugars-lipids-fuel approach to drop-in cellulosic biofuels. 
Previous economic analyses have shown that this approach 
is likely capable of producing biofuel with a minimum 
selling price in the range of $4-5/gallon of gasoline 
equivalent.49, 88 Some of the main contributing factors to 
this selling price are the relatively expensive cultivation of 
the yeast due to strict aerobic requirements, the relatively 
low metabolic yield of sugars to lipids, the ongoing need 
for acid (and alkali for post-extraction neutralization) to 
lyse the cells, solvent losses in the extraction step, and 
capital costs for the hydroprocessing reactors due to the 
relatively severe conditions employed here. While the 
furthest downstream process expenses can likely be 
improved by judicious engineering (e.g., increasing lipid 
recovery yields by using a continuous countercurrent 
extraction column, decreasing solvent losses by using a 
multi-component extractant, and decreasing 
hydroprocessing severity by catalyst and process 
development), the mid- and upstream processes are likely 
to remain significant cost drivers due to the fundamental 
nature of lipids as an aerobic intracellular product. At 
production scale, microbial performance is often highly 
dependent on mass and heat transfer. High mixing times 
lead to gradients in temperature, pH, gradients in nutrients, 
substrates and gas, as well as the hydrostatic pressure in 
the bioreactor. These effects may become even more acute 
when the cellular pathway is oxygen dependent, as it is for 
lipid production.101, 102 Moreover, the accumulation of 
lipids as an intracellular product introduces two key 
challenges: a significant fraction of sugars is converted to 
cell mass instead of fuel precursor, and the cells must be 
lysed to release and recover the lipids. 

There are multiple scientific approaches to overcome these 
challenges. First, the use of a combined approach to screen 
for strains with high lipid production capabilities in a short 
period of time will continue to be essential to increase the 
size of the screening. Over the last years, researchers have 
used an initial qualitative  assessment, such as thin layer 
chromatography103 or Nile Red staining,104 with a 
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quantitative determination of lipid production to identify 
superior candidate strains for the production of lipids. In 
addition, lipid accumulation can be promoted by 
bioprocessing optimization. The use of fed batch strategies 
can uncouple the growth phase and the lipid accumulation 
phase by having a substrate limited in nitrogen or other 
nutrient during the feeding period.23 Second, the yeast may 
be engineered to secrete lipid fuel precursors, such as fatty 
alcohols105 or aldehydes, despite the fact that metabolic 
engineering of non-model organisms has proven to be 
much more difficult. A stronger preference for non-
homologous end-joining and low activity for integration 
via homologous recombination is presumably the cause, 
since many of the genetic tools rely on the high capacity of 
the microorganism to undergo homologous recombination 
(for a recent review see Shi and Zhao106). Third, the yeast 
may be triggered to autolyse instead of requiring an 
explicit set of unit operations for cell lysis. This activity 
has been observed in S. cerevisiae strains employed to 
enhance the flavor profile in sparkling wine,107 but also 
facilitating the polyhydroxyalkanoate recovery in the 
bacterium Pseudomonas putida.108 Fourth, the yeast may 
be cultivated as a biofilm instead of in a bioreactor to 
enhance gas transfer rates to the growing yeast in a less 
expensive manner than bubbling compressed air through a 
growth medium. This approach would also decrease the 
energy intensity of the harvesting step because the yeast 
could be scraped off the biofilm instead of being processed 
in a centrifuge. Fifth, the lipid fraction of yeast biomass 
which does not consist of lipid fuel precursors could be 
valorised by recovering coproducts (e.g., sterols, trehalose 
or carotenoid pigments).109 

It is also worth noting that the relatively low metabolic 
yield of sugars to lipids is offset by the resemblance of 
lipids to a finished fuel. That is, the typical metabolic yield 
of sugars to lipids of 0.24 g lipid/g sugar combined with a 
theoretical lipid recovery yield of 100% and a theoretical 
deoxygenation/hydroisomerization efficiency of 85-90% 
(depending on the speciation of the fatty acid chains and 
the chemistry of oxygen removal as H2O, CO, or CO2) to 
give a theoretical sugar-to-fuel yield of roughly 0.2 g 
fuel/g sugar input. The high conversion efficiencies are 
possible because the lipids contain only ~10% oxygen. For 
comparison, ethanol can be produced at a theoretical 
metabolic yield of 0.51 g/g sugar (commercial plants using 
sugar cane can operate at roughly 90% of this value),110, 111 
but contains ~35% oxygen. Conversion of ethanol into 
hydrocarbon fuels frequently results in primarily gasoline-
range mixtures,112-114 although a few efforts have focused 
on producing diesel-range materials. In general, these 
approaches involve dehydration to ethylene and 
oligomerization to the appropriate carbon number range. 
The oligomerization of light olefins is typically able to 
generate 50-70% yield to diesel range hydrocarbons.115-117  
Assuming a 70% efficient ethylene oligomerization 
strategy to produce diesel-range carbon chains, the overall 
efficiency would be ~0.2 g diesel-range fuel/g sugar from 
ethanol. Thus, overall, the lipid pathway for cellulosic 
biofuels is in the range of alcohol-based pathways in terms 

of mass efficiencies, but further process development is 
necessary to improve the economics of the overall process. 

Moreover, we have demonstrated, consistent with several 
previous studies, that oleaginous yeasts were not only able 
to metabolize several of the inhibitors present in 
lignocellulosic-based hydrolysates, but also to use 
aromatic compounds as a sole carbon source. However, 
there is a need of systematic studies to elucidate the 
aromatic catabolic pathways in these oleaginous yeasts as 
it has been conducted in aromatic degrading bacteria.77, 118, 

119 Also, improved genome and functional annotation 
would also allow a more comprehensive understanding of 
the multiple lignin degradation pathways in oleaginous 
yeast strains. Ultimately, in a broader context such as in 
biorefineries, polysaccharide and lignin valorization in 
parallel or simultaneously will be key to maximize the 
economic profitability of lignocellulosic biorefining.  

Experimental 
Material and Methods section can be found in Electronic 
Supplementary Information.  
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