
This is an Accepted Manuscript, which has been through the 
Royal Society of Chemistry peer review process and has been 
accepted for publication.

Accepted Manuscripts are published online shortly after 
acceptance, before technical editing, formatting and proof reading. 
Using this free service, authors can make their results available 
to the community, in citable form, before we publish the edited 
article. We will replace this Accepted Manuscript with the edited 
and formatted Advance Article as soon as it is available.

You can find more information about Accepted Manuscripts in the 
Information for Authors.

Please note that technical editing may introduce minor changes 
to the text and/or graphics, which may alter content. The journal’s 
standard Terms & Conditions and the Ethical guidelines still 
apply. In no event shall the Royal Society of Chemistry be held 
responsible for any errors or omissions in this Accepted Manuscript 
or any consequences arising from the use of any information it 
contains. 

Accepted Manuscript

Nanoscale

www.rsc.org/nanoscale

http://www.rsc.org/Publishing/Journals/guidelines/AuthorGuidelines/JournalPolicy/accepted_manuscripts.asp
http://www.rsc.org/help/termsconditions.asp
http://www.rsc.org/publishing/journals/guidelines/


Journal Name RSCPublishing 

ARTICLE 

This journal is © The Royal Society of Chemistry 2013 J. Name., 2013, 00, 1-3 | 1  

Cite this: DOI: 10.1039/x0xx00000x 

Received 00th January 2012, 

Accepted 00th January 2012 

DOI: 10.1039/x0xx00000x 

www.rsc.org/ 

Dynamic Assembly of Polymer Nanotube Networks 

via Kinesin Powered Microtubule Filaments 

Walter F. Paxton,* Nathan F. Bouxsein, Ian M. Henderson, Andrew Gomez, 
George D. Bachand* 

Abstract. We describe for the first time how biological nanomotors may be used to actively 

self-assemble mesoscale networks composed of diblock copolymer nanotubes. The collective 

force generated by multiple kinesin nanomotors acting on a microtubule filament is large 

enough to overcome the energy barrier required to extract nanotubes from polymer vesicles 

comprised of poly(ethylene oxide-b-butadiene) in spite of the higher force requirements rel-

ative to extracting nanotubes from lipid vesicles. Nevertheless, large-scale polymer networks 

were dynamically assembled by the motors. These networks displayed enhanced robustness, 

persisting more than 24 h post-assembly (compared to 4-5 h for corresponding lipid networks). 

The transport of materials in and on the polymer membranes differs substantially from the 

transport on analogous lipid networks. Specifically, our data suggest that polymer mobility in 

nanotubular structures is considerably different from planar or 3D structures, and is stunted by 

1D confinement of the polymer subunits. Moreover, quantum dots adsorbed onto polymer 

nanotubes are completely immobile, which is related to this 1D confinement effect and is in 

stark contrast to the highly fluid transport observed on lipid tubules. 

 

Introduction 

The ability to control the association of dynamic soft materials 

into intricate assemblies that mimic biological structures offers 

the potential for tremendous control over the micro- and 

nanoscale transport of materials. Tubular structures from 

organelles such as the smooth endoplasmic reticulum are 

common in eukaryotic cells and function as useful conduits for 

the transport of small molecules.1 The assembly and spatial 

organization of these organelles is controlled by cytoskeletal 

motor proteins acting on lipid membranes, generating 

structures that are highly non-equilibrium. Similar microscale 

structures may be generated ex vivo using the natural motility 

of kinesin motors moving along microtubule filaments.2-4 In 

contrast, we recently demonstrated the active assembly of 

millimeter-scale lipid nanotube networks using the kinesin-

driven motion of microtubule filaments.5 Whereas serial 

processes such as pipet micromanipulation6 and optical 

tweezing7 allow precision control over nanotube networks, the 

autonomous motion of individual microtubules by kinesin 

motors allows for the highly parallel formation of large 

networks on a relatively short timescale (i.e., minutes). This 

approach thus enables considerable enhancement in the 

complexity of lipid networks while also greatly decreasing the 

time required to form them. Such tubular structures have the 

potential to enable rapid and efficient transfer of matter and 

information across multiple length-scales in a directed manner 

that circumvents the losses of normal three-dimensional 

diffusive processes.  

 

Figure 1. Schematic representation of the kinesin/microtubule system pulling 

polymer nanotubes from multilamellar polymersomes (A). Fluorescence 

photomicrographs of the polymer nanotube networks (red) formed from 

multilamellar EO21Bd32 polymer vesicles and motile microtubules (green), with 

8% biotinylated polymer and either 0.5% TRITC-labeled polymer (B) or 0.5% 

Texas Red-DHPE (C). Scale bars = 10 µm. 
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 The utility of tubular highways comprising these networks, 

however, may be limited by the inherent instability of the lipid 

assemblies. Applications that require networks to persist longer 

than a few hours or those that require convective flows would 

not be suitable for lipid-based networks based on their 

mechanical instability. For example, networks used as physical 

models to study the transport of matter8 or communication9 

between cells may require both extended experiment times and 

the introduction of solutions by flow that cannot be achieved 

with lipid nanotubes. Furthermore, materials applications, such 

as the integration of networks at a biotic/abiotic interface, 

would have even more stringent requirements for stability. 

 Block copolymer amphiphiles on the other hand have been 

highly regarded as robust synthetic analogues of lipid-based 

materials, as they display similar physical behaviors but with 

increased stability.10-12 Therefore, the goal of the current work 

was to develop networked polymer nanotubular networks using 

biomolecular active transport. To this end, we investigated the 

ability of the kinesin/microtubule system to prepare bifurcated, 

networked structures from polymer-based amphiphiles 

comprising multilamellar polymer vesicles. We chose 

poly(ethylene oxide)-b-poly(butadiene) because it is one of the 

most widely studied vesicle-forming polymers, and many of the 

relevant physical properties of the resulting membranes they 

form are known. The resulting polymer networks persist 

considerably longer than lipid networks, owing to the 

comparative stability of the polymer membranes. The ability of 

these polymer systems to support the transport of materials 

along these soft, tubular structures was also evaluated. Our 

work demonstrates that the collective action of kinesin motors 

produces forces that are large enough to extract nanotubes from 

polymer vesicles, forming networks with similar size and 

morphology to those generated from lipid vesicles. This 

development substantially increases the library of soft 

amphiphilic materials that may be used to rapidly form large-

scale nanotube networks. Furthermore, we demonstrate that the 

use of polymer amphiphiles in this system introduces anomalies 

in membrane-based transport that should be considered when 

designing soft, tubular highways for transport in biomimetic 

systems. 

Results and Discussion 

 Polymer nanotube networks were formed within 30 min 

using a kinesin/microtubule inverted motility assay (Figure 1) 

from multilamellar vesicles comprised of an amphiphilic block 

copolymer – poly(ethylene oxide)21-b-poly(butadiene)32  

(EO21Bd32) – with a fraction of the polymer chains end-

functionalized with biotin (8%). Visualization was enabled by 

the addition of 0.5% fluorescent polymer 

(tetramethylrhodamine-labeled EO21Bd32; Figure 1B) or lipid 

(Texas Red DHPE; Figure 1C). Under the same conditions, 

polymer-only networks were generally smaller, less common, 

and less bifurcated than either lipid-only networks or polymer 

networks that included the lipid-dye TR-DHPE. The larger 

force requirements for creating polymer networks (discussed 

below) likely accounts for this apparent difference, which may 

be alleviated by a small amount of added lipid (0.5%), similar 

to the addition of a fluidizing agent to polymer vesicles 

reported previously.13 Importantly, our motor-driven approach 

yields robust polymer networks, with or without added lipid, 

that persist in excess of 24 h, compared to lipid nanotube 

networks with lifetimes that rarely exceed 4-5 h. This stability 

of the polymer nanotube networks is consistent with the 

enhanced mechanical stability characteristic of polymer bilayer 

systems.10,11 

 Given the enhanced stability of polymer bilayers and their 

considerable physical differences relative to lipid bilayers, the 

ability to pull nanotubes from vesicles composed entirely of 

polymer using the inverted motility assay was somewhat 

surprising. The force required to pull nanotubes from vesicles 

includes the barrier force related to the initial deformation of 

the membrane and a dynamic pulling force due to extending the 

length of the extracted bilayer nanotube.14 In our experiments, 

the barrier force is comparable to the pulling force.† As a 

result, the dynamic pulling is the dominant contributor to the 

required force, which is expected to scale with i) the square of 

the membrane thickness and ii) an interfacial coupling constant 

that accounts for the mechanical coupling between the inner 

and outer leaflets of a bilayer membrane.15 The polymers used 

in our experiments have a bilayer thickness of ~8 nm16,17 

compared to ~2.7 nm for DOPC bilayers.18 As a result, the 

required force due to differences in thickness is 8-9× greater for 

polymer bilayers. The interfacial coupling effect†† further 

increases the required forces by another factor of 5-50×. Taken 

together, the dynamic forces required for extending polymer 

bilayer membranes are estimated to be ~40-400× greater than 

for lipid membranes. These effects suggest that dynamic forces 

in excess of 160 pN would be required to extract polymer 

nanotubes. In practice, the required pulling forces are lower 

than predicted, both for lipid14 and polymer19 nanotubes. 

Previous demonstrations of polymer nanotube extension used 

optical traps to produce pulling forces on the order of several 

tens of pictonewtons13,19   or fluidizing additives13 to make the 

polymer more compliant to the mechanical stresses arising from 

the applied pulling force. 

 As previously noted with the extraction of lipid nanotubes, 

the velocity of microtubules attached to polymer nanotubes was 

strongly dependent on their length. A threshold length of 

approximately 10 microns was reported at which the velocity of 

microtubules pulling lipid nanotubes reached the untethered 

velocity.5 This dependency on microtubule length reflects the 

additive force of the kinesin motors acting on a microtubule, 

which increases proportionally with increasing length. Longer 

microtubules, thus, are able to exert larger forces during 

nanotube extraction. In the present study, microtubules with 

lengths of 15 and 95 µm and extracting polymer nanotubes 

displayed velocities that were ~45 and 88% that of untethered 

microtubules. This result suggests that the dynamic forces 

required to pull and extend polymer nanotubes is significantly 

greater than that required for lipid nanotubes, where even long 

microtubules (>90 microns) experience a significant opposing 
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force. This observation is also consistent with the expected 

increase in force due to the increased membrane thickness and 

interfacial coupling in polymer bilayers as discussed above.  

 In addition to the higher force requirements to produce 

polymer nanotube networks, another consequence of the 

enhanced stability of polymer vesicle membranes is an 

apparent tradeoff with lateral fluidity, resulting in generally 

slower diffusive transport compared to lipid membranes. This 

tradeoff has been observed in fluorescence recovery (FRAP) 

experiments measuring the 2D lateral diffusion in vesicle 

membranes,21 and can be attributed to the substantially higher 

effective viscosity of polymer membranes.19 We observed 

similar effects in the membranes of nanotubes using FRAP 

(Figure 2). Here, the fluorescence recovery profiles in one-

dimensional nanotubes pulled from MLVs (Figure 3) were fit 

to a 1D model22 (see Experimental Section) to determine 

diffusion coefficients of the fluorescent tracers. Not 

surprisingly, the diffusion coefficient of TRITC-labeled 

polymer chains in EO21Bd32 polymer nanotubes (0.015 

µm2 s−1) was considerably slower than the lipid-dye TR-DHPE 

in DOPC lipid nanotubes (0.29 µm2 s−1), a decrease of ~20-

fold. Additionally, the 1D fluorescence recovery was 10× 

slower in nanotubes pulled from MLVs as compared to the 2D 

recovery observed20 in vesicle (either polymer or lipid) 

membranes. The reduced diffusivity in nanotube membranes 

has been observed previously for 1D lipid bilayers formed over 

carbon nanotubes,22 and may reflect a diameter-dependent 

lateral diffusion in membrane nanotubes.24  Nevertheless, both 

polymer and lipid nanotube membranes exhibit lateral fluidity 

that is consistent in relative magnitude with fluidity observed in 

corresponding planar membranes. 

 While the mobility and fluorescence recovery observed in 

polymeric systems were not related to the biomolecular 

crosslinking of the biotin-streptavidin interactions (i.e. free 

streptavidin is removed from solution prior to adding polymer 

MLVs), we observed that the transport of materials in polymer 

nanotubes could be modulated by introducing such interactions. 

Polyvalent streptavidin-coated quantum dots (sQDs), for 

example, would be expected to link multiple biotinylated 

membrane components. Previously, we characterized the lateral 

1D mobility of streptavidin-coated quantum dots (sQDs) along 

lipid nanotube networks.5 In stark contrast, comparable 

loadings of sQDs added to polymer nanotubes comprised of 8% 

biotinylated EO21Bd32 were able to bind to the nanotube but did 

not exhibit lateral diffusion. Mean-squared displacement 

measurements confirmed that the bound sQDs were immobile 

(Figure 4A) on observational timescales. These data strongly 

suggest that biomolecular crosslinking resulted in the 

accumulation of biotinylated polymer chains by the sQDs into 

larger structures, and therefore slowing or ceasing diffusion. A 

closer examination of the MSD data indicated that the reduced 

mobility is not merely an attenuation due to a reduced diffusion 

coefficient (linear MSD), or due to restricted single-file 

diffusion (in which MSD scales with t½);25,26 rather, there is a 

complete inhibition of lateral diffusion. Indeed, fluorescence 

microscopy confirmed that sQDs were completely immobile 

over timescales of at least 10 min (Figure 4B). This complete 

interruption of lateral diffusion by sQDs along polymer 

nanotubes was surprising and contrasts sharply with the 

modest (but expected) 20-fold decrease in diffusion in lipid 

nanotube membranes with a comparable fraction of 

biotinylated lipids. A similar lack of diffusion has been 

observed in polymer bilayers supported on glass surfaces,27,28 

which suggests a significant coupling between polymer chains 

comprising the membrane that could be exacerbated by the in 

situ formation of significantly larger polymer aggregates 

following the introduction of sQDs. 

 A critical question is to what extent the in situ creation of 

such immobile structures (i.e. sQDs linked to multiple 

biotinylated polymer chains) affects the transport of other non-

biotinylated membrane components in the polymer nanotube. 

While the sQDs themselves remain immobile, FRAP 

experiments revealed that the much smaller fluorescently-

 

Figure 2. Fluorescence recovery after photobleaching experiments applied to 

nanotubes pulled from multilamellar vesicles by motile microtubules (not 

visible). Fluorescence micrographs of networks composed of lipid (DOPC; A-C) or 

polymer  (EO21Bd32; D-F) nanotubes before (A,D), immediately after (B,E), and 

200 s (C) or 900 s (F) after photobleaching. Scale bars = 10 µm. 

Figure 3. Fluorescence recovery profiles for 0.5% TR-DHPE in DOPC nanotubes 

(); 0.5% tetramethylrhodamine-EO21Bd32 in polymer nanotubes (�). Also 

shown are recovery profiles for 0.5% TR-DHPE in polymer nanotubes with (�) 

and without (�) sQDs. 
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labeled lipids that do not supramolecularly interact with sQDs 

are still able to laterally diffuse in this system (Figure 5). The 

rate of diffusion of these lipids, however, is considerably 

slower as a consequence of the obstruction of the larger and 

immobile obstacles.29 Indeed the diffusion coefficients 

estimated from fits to the fluorescence recovery data (Figure 

3) with (0.17 µm2 s-1) and without captured sQDs (0.30 µm2 s-

1) reflects a relative decrease to approximately one-half. This 

decrease is much greater than expected29 for an immobile 

fraction of 8% (i.e. the experimental upper limit based on the 

fraction of biotinylated polymer chains). The magnitude of the 

reduction in lateral diffusion suggests an enhanced sensitivity 

of diffusive transport to immobile obstacles in membranes that 

should be considered when designing membrane nanotube 

transport systems. 

Conclusions 

 The motivations for this work included expanding the 

library of materials that can be used to rapidly prepare large-

scale nanotube networks, and enhancing our understanding of 

materials transport along the nanotube highways. Indeed, we 

have shown that despite higher forces required to deform 

polymer membranes, the forces generated by 

kinesin/microtubule transport are able to pull nanotubes and 

generate large-scale networks, without the need for a fluidizing 

material. Certainly other vesicle-forming polymers and 

molecules may also be used to generate networks, according to 

their relevant physical parameters (e.g. membrane thickness, 

bending rigidity and interfacial coupling). Nevertheless, the 

increased effective membrane viscosity in PEO-PBd nanotube 

networks is manifested in the slower transport properties of 

components diffusing in the polymer membranes. FRAP 

analysis also revealed differences in the diffusivity based on 

the dimensionality (i.e., 1D vs. 2D) of the lipid and polymer 

structures. Although reduced transport in polymer membranes 

is not entirely unexpected,21 we observed that this effect is 

greatly exacerbated in the presence of polyvalent QDs, capable 

of linking many complementary-functionalized polymer 

chains into larger and less mobile membrane-bound structures. 

The formation of such larger structures results in virtually 

immobile nanotube-adsorbed QDs. These membrane-

aggregated structures act effectively as less-mobile obstacles 

that substantially reduce the membrane-based transport of 

materials along the polymer nanotubes. Such effects should be 

taken into account when designing membrane-based transport 

systems in synthetic systems that mimic biological transport 

highways. Nevertheless, it is important to note that the 

polymer nanotube membranes are capable of transporting 

small molecules along nanotube conduits and the marginal 

decrease in intramembrane transport rates may be offset by the 

enhanced stability of polymer nanotube networks.  

Experimental 

 Inverted motility assay.  Microtubules polymerized with 

5% biotinylated tubulin were added to a capillary flow 

chamber containing kinesin-coated surfaces kept at 23 °C. 

Commonly, this setup is referred to as the inverted motility 

assay (IMA) for kinesin and actin molecular motors. A 1.7 µM 

streptavidin solution was then added into the flow cell to 

create fully coated streptavidin  microtubules.30 After excess 

 
Figure 4. (A) Plot of the mean-squared displacement for streptavidin-coated 

quantum dots captured on EO21Bd32 nanotubes with 8% biotinylated polymer 

chains (blue) and compared to previously reported (see Ref. 5) MSD of QDs on 

lipid nanotubes (black). Secondary y-axis indicates scale for the sQD/polymer 

MSD data (blue squares). (B) Fluorescence micrographs of captured sQDs (red) 

on polymer nanotubes initially, and after 160 and 600 s. Parallel lines added as a 

guide to the eyes. Scale bar 10 µm. 

 

Figure 5. Fluorescence recovery after photobleaching of a 0.5% TR-DHPE in 

EO21Bd32 nanotube with 8% biotinylated polymer chains with streptavidin-coated 

quantum-dots (A-C) and without (D-F) before (A,D), immediately after (B,E) and 

180 s after (C,F) photobleaching a 10 µm section of the nanotubes. Scale bar 

10 µm. 
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streptavidin was removed, microtubules were observed to 

undergo normal motile behavior and translocated on the surface 

of the chamber with an average velocity of 0.42 ± 0.01 µm s−1. 

Here, the concentration of kinesin motors (325 nM) and length 

of the  microtubules (>2 µm) satisfy the criteria for near 

perpetual  microtubule surface motion.31 There is no initial 

preferential orientation of the surface-adsorbed  microtubule, 

and their trajectories follow random walk statistics at sufficient 

time scales.32 Polymer MLVs –containing 8% biotin-EO21Bd32 

and 0.5% of either tetramethylrhodamine-EO21Bd32 or Texas 

Red DHPE – were then added to the flow cell. The IMA with 

polymer MLVs was then incubated inside the flow cell and 

imaged by fluorescence microscopy. 

 Synthesis of Biotin-EO21Bd32. Biotin (244 mg) was 

dissolved in 12 mL of dry dimethylformamide and added to a 

50 mL round bottom flask equipped with as stirbar and septum.  

Next, 2 mL of 1 M N,N'-dicyclohexylcarbodiimide in 

methylene chloride was added to through the septum of the 

flask and the mixture was sparged with dry nitrogen for 15 

minutes.   Then, poly(ethylene oxide)21-b-poly(butadiene)32 

(260 mg) was dissolved in 6 mL of chloroform and added to the 

flask  through the septum.  The resulting mixture was stirred at 

room temperature for 3 h under nitrogen.  At the end of this 

time, the solvent was removed in vaccuo and replaced with 5 

mL tetrahydrofuran.  The polymer was purified by preparatory 

GPC and the solvent removed, yielding 220 mg (93%) of the 

purified biotinylated polymer.  NMR(500 MHz, CDCl3): δ = 

5.75-5.2 (64H, broad, poly(butadiene) CH=CH2 ), 4.95 (32H, 

broad, poly(butadiene) CH=CH2), 4.54 (1H, m, biotin –

CH(CH2–)NHC(O)–), 4.38 (1H, m, –CH(CH(CH2–)–

)NHC(O)–), 4.16 (2H, m, PEO-CH2-C(O)-biotin) 3.8-3.5 (82H, 

PEO backbone), 2.93 (1H, –SCHH’–CH(–CH)–NHC(O)–),  

2.76 (1H, –SCHH’–CH(–CH) –NHC(O)–),  2.25-1.5 (64H, 

broad m, butadiene backbone), 1.5-1 (32H, broad m, butadiene 

backbone), 0.84 (8H, m, initiator fragment).  The end 

functionality was determined to be 78% by NMR. 

 Synthesis of Tetramethylrhodamine-EO21Bd32. To 

prepare tetramethylrhodamine-EO21Bd32, we modified an 

existing procedure.21  To a 25 mL round bottom flask were 

added 100 mg of the copolymer and the molar equivalent of 

TRITC, along with 10 mL of toluene.  The mixture was sparged 

with N2 and refluxed under nitrogen overnight.  The toluene 

was then removed in vaccuo and the resulting solid was 

purified via prep-column chromatography.  A UV-Vis survey 

of the extinction coefficient (λ = 551 nm) in methanol was 

compared to existing data for free TRITC (100,000 M-1 cm-1 

@544 nm in methanol) and was used to estimate that the 

polymer was 5% functionalized with dye.  

 Formation of Polymer Multilamellar Vesicles. Biotin-

EO21Bd32 (1 mg) was mixed with unfunctionalized EO21Bd32 (9 

mg) and dissolved in 1 mL of chloroform.  To this solution 100 

µL of 1 mM Texas Red DHPE in chloroform was added.  This 

solution was carefully pipetted down the inside of a 25 mL 

round bottomed flask containing 10 mL of aqueous BRB80 

buffer so that an unperturbed two-phase system resulted.  The 

chloroform layer was slowly evaporated at 40 °C using a rotary 

evaporator.  Reduced pressure (~470 mbar) was used initially 

and until the majority of chloroform was removed. The vacuum 

was then increased (~80 mbar) to remove remaining 

chloroform.  The resulting vesicle suspension was stored in a 4 

°C refrigerator in the dark and used within 2 weeks. Vesicles 

containing dye-functionalized polymer were created using the 

same techniques, except that 1 mg of the 5% 

tetramethylrhodamine-EO21Bd32 was added to 8 mg 

unfunctionalized polymer and 1 mg of boitinylated polymer. 

No Texas Red DHPE was added to this sample. 

 Fitting Fluorescence Recovery Profiles. We fit the 

normalized fluorescence intensity profiles to the equation given 

by Shaklee et al. for 1D diffusion of a membrane dye,22 and 

included a term to account for the possibility of an immobile 

fraction33: 

���� = ���	
��1 − 4��/� �exp �−��16� � − 1�������/�
− Erf  14 ���� ��/�!"# ���	
� − �$�%
&'��	�(�
� − �$�%
&') 

where Ifinal is the asymptotic value of maximum fluorescence 

recovery, w is the width of the bleached region, t is the time, 

τD = w2/D and D is the diffusion coefficient of the fluorophore 

in the membrane, and Iinitial and Ibleach are the measured 

intensities of the probe region before and after photobleaching. 

The final term (Ifinal - Ibleach)/(Iinitia - Ibleach) is the mobile 

fraction.  We fit the data with two adjustable parameters: the 

diffusion coefficient, and the mobile fraction. Fits to this model 

converged with mobile fractions of 1 for both the lipid dye in 

lipid nanotubes and the lipid dye in polymer nanotubes without 

QDs, and to 0.7 for both the lipid in polymer with QDs and the 

polymer dye in polymers.  

 Nanoparticle Capture and Diffusivity. To the stopped 

networks, 1:100 diluted concentrations of Qdot 605 streptavidin 

coated nanocrystals in AMP-PNP motility solution. Qdot 

diffusivity was observed at 60 fps. Image processing and 

particle tracking were performed in Fiji released under the 

General Public License.34,35 
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Electronic Supplementary Information (ESI) available: Fluorescence 

video microscopy of the kinesin-powered microtubule extracting 

nanotubes from multilamellar vesicles to produce polymer nanotube 

networks from 1) EO21Bd32 or 2) EO21Bd32 with 0.5% added lipid.  

 

† The barrier force is comparable to the pulling force when the nanotube 

diameter is greater than the diameter of the patch of membrane the 

pulling force acts on.14 In our experiments, nanotube diameters are on the 

order of 25-100 nm13,19 compared to the membrane patch area is 

presumed to be closer to the microtubule diameter of ~25 nm. In any 

event, the kinesin/microtubule system is apparently able to overcome this 

barrier and the relevant force for extending bilayer nanotubes is the 

dynamic pulling force. 

 

†† Dimova et al reported (see Ref. 19) an interfacial coupling constants in 

the range of 1.1-2.4×108 dyn⋅s cm-3 for polymer bilayers nearly identical 

to those used in our experiments (EO20Bd32 vs. EO21Bd32), and compared 

to the range of 4.5-45×106 dyn⋅s cm-3 for DOPC lipids on hexadecyl 

monolayers as a model for the DOPC bilayer interface. 
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