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Abstract

Siderophores are thought to play an important role in iron cycling in the ocean, but
relatively few marine siderophores have been identified. Sensitive, high throughput
methods hold promise for expediting the discovery and characterization of new
siderophores produced by marine microbes. We developed a methodology for
siderophore characterization that combines liquid chromatography (LC) inductively
coupled plasma mass spectrometry (ICPMS) with high resolution electrospray ionization
mass spectrometry (ESIMS). To demonstrate this approach, we investigated siderophore
production by the marine cyanobacteria Synechococcus sp. PCC 7002. Three
hydroxamate siderophores, synechobactin A-C, have been previously isolated and
characterized from this strain. These compounds consist of an iron binding head group
attached to a fatty acid side chain of variable length (C;2, C,0, and Cg respectively). In
this study, we detected six iron-containing compounds in Synechococcus sp. PCC 7002
media by LC-ICPMS. To identify the molecular ions of these siderophores, we aligned
the chromatographic retention times of peaks from the LC-ICPMS chromatogram with
features detected from LC-ESIMS spectra using an algorithm designed to recognize
metal isotope patterns. Three of these compounds corresponded to synechobactins A
(614 m/z), B (586m/z), and C (558m/z). The MS2 spectra of these compounds revealed
diagnostic synechobactin fragmentation patterns which were used to confirm the identity
of the three unknown compounds (600, 628, and 642 m/z) as new members of the
synechobactin suite with side chain lengths of 11, 13, and 14 carbons. These results
demonstrate the potential of combined LCMS techniques for the identification of novel
iron-organic complexes.

Introduction

Iron availability can influence the biological productivity and ecosystem community
composition of the ocean' . In oxic seawater, dissolved iron (III) rapidly forms
insoluble oxyhydroxides and precipitates from solution’. This poses a challenge to
microbes that require iron for photosynthesis, nitrogen fixation, respiration, protection
against oxidative stress, and other essential biological processes. In regions where
available iron is scarce, microbes may gain a competitive advantage by producing
siderophores; biomolecules that strongly and specifically complex iron in a form that can
be recovered using dedicated membrane transporters®’.
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Isolating and identifying siderophores is important for understanding the competition for
iron in regions of the ocean where iron scarcity exerts a selective pressure on the
microbial community. Indeed, siderophores appear to be present at low concentrations in
seawater collected from open ocean sites®, and metagenomic analysis has suggested that
siderophore production and uptake in the ocean may be common’ '*. Some siderophores
have been discovered in the extracts of a number of marine bacteria grown in laboratory
cultures'’. However their characterization in marine environmental samples remains a
challenge due to their low concentrations. Of the known marine siderophores, many are
amphiphilic, consisting of a polar, iron-binding head group and a nonpolar fatty acid
tail'*"®, which may allow the siderophore to be tethered to the outer cell membrane or
form micelles in an environment where free siderophores might otherwise diffuse away
too quickly to facilitate iron uptake®”*'. It is common for amphiphilic siderophores to
occur as homologous series with fatty acid tails that differ by CHy, such that a single
bacteria may produce a suite of structurally related siderophores.

Liquid chromatography (LC) coupled to mass spectrometry offers a sensitive, high
throughput means of detecting and characterizing siderophores. Two complementary
methods have been used to detect organic-metal complexes: inductively coupled plasma
mass spectrometry (ICPMS) and electrospray ionization mass spectrometry (ESIMS)* 2.
In the case of ICPMS, as the metal complexes elute from the chromatography column,
the metal is atomized and detected directly as the elemental ion. This is a convenient
method for sensitively detecting metal complexes and estimating their abundances in
biological and environmental samples™’°. However, ICPMS provides no information
on the structure of the organic complex. Electrospray ionization mass spectrometry
(ESIMS) can be used to detect isotopologues of the intact metal complexes® . For
metals such as iron that have multiple isotopes, computer algorithms can search LC-
ESIMS mass spectra and identify features that match a metal’s characteristic isotope
pattern® . Furthermore, ESI instruments capable of generating MS2 spectra of the
parent ion can reveal diagnostic fragmentation patterns that facilitate compound
identification. However, it is difficult to quantify organic-metal complexes using ESIMS,
and search algorithms often miss isotopologues that occur in low abundance or report
false positives due to isobaric interferences from co-eluting compounds™®.

We developed a methodology that combines both LCMS techniques and used it to
investigate the production of siderophores by Synechococcus sp. PCC 7002 (Fig. 1). The
metabolites produced by this fast growing model marine cyanobacteria have been the
focus of numerous studies® *%. Synechococcus sp. PCC 7002 is known to produce a suite
of three siderophores known as synechobactins A, B and C**. Synechobactins consist
of a citrate head group attached to two 1,3-diaminopropane moieties. The terminal
amines of the diaminopropane moieties are hydroxylated and one is linked to acetic acid
while the other is linked to a fatty acid (Fig. 2). Synechobactins A-C differ by the carbon
number of their fatty acid chains, with synechobactin A having octanoic acid (Cs), B
having decanoic acid (C1o), and C having dodecanoic acid (C},)*’. Additional iron
complexes were later detected in the media of Synechococcus sp. PCC 7002 with LC-
ICPMS®. Here we report the improved separation of Synechococcus sp. PCC 7002
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siderophores and the use of an isotope matching algorithm to assign parent ion masses to
three previously undescribed complexes. By comparing the MS2 fragmentation spectra
of known synechobactins to the unknown complexes, we were able to identify them as
new members of the synechobactin family of siderophores.

Experimental
Materials and reagents

Ultrahigh purity water (18.2 MQ cm), and LCMS grade methanol (MeOH), ammonium
formate, and formic acid (Optima, Fisher scientific) were used in this study. The
methanol was further purified by sub-boiling-point distillation in a
polytetrafluoroethylene (PTFE) still to reduce Fe contamination®. Nutrient salts and
vitamins for culture media were obtained from Sigma Aldrich. Polycarbonate plastic
bottles used for culturing and PTFE vials for sample storage were soaked overnight in
0.1% detergent (Citranox), rinsed 5x with H,O, and then soaked in 1 N hydrochloric acid
(J.T. Baker) for 2 days followed by a final 5x rinse with H,O. PTFE and platinized
silicone tubing (Cole Parmer) and tube adapters (Visiprep, Sigma Aldrich) used for solid
phase extraction were cleaned by rinsing with 1 N HCI through the tubing for 12 hrs
followed by rinsing with H,O for another 12 hours using a peristaltic pump (Cole
Parmer). All samples for LCMS analysis were placed in certified 2 mL amber glass
autosampler vials or 250 pL vial inserts (Agilent).

Synechococcus sp. PCC 7002 culture

Cultures of Synechococcus sp. PCC 7002 were grown in polycarbonate bottles in
continuous light at 23°C. A 10 mL inoculum was used to inoculate 500mL of sterile SN
medium*® containing only 50 nM FeCl3*6H,0 plus 1 pg/L cyanocobalamin. After seven
days of growth, the culture media was centrifuged to remove cells, filtered (0.2 pm
polyethersulfone sterivex, Millipore), and pumped through an ENV+ resin column (1 g, 6
mL, Biotage) at a flow rate of 10 mL/min. A 500 mL volume of sterile media was
processed as a procedural blank to monitor contamination. The columns were rinsed with
H,0 to remove salts and eluted with 6 mL of distilled MeOH into PTFE vials. This
organic extract was concentrated to 0.5 mL by evaporation under a stream of nitrogen gas
and stored in the dark at -20°C until analysis by LC-MS. Effort was made to minimize
exposure of the sample to light and avoid photodegradation.

Liquid chromatography

Organic extracts were separated using an Agilent 1260 series bioinert high pressure
chromatography pump and autosampler fitted with a C18 column (Kinetex 2.1x100mm,
1.7 um particle size) and polyetheretherketone (PEEK) tubing and connectors. The
mobile phase consisted of (A) 5 mM aqueous ammonium formate or 0.1% formic acid in
H,0 (B) 5 mM ammonium formate or 0.1% formic acid in distilled MeOH. Optimal
separation and electrospray ionization were achieved using ammonium formate buffer
and a 30 minute solvent gradient from 5% to 100% B followed by a 10 minute isocratic
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elution in 100% B at a flow rate of 100 pL/min. A post column PEEK flow splitter
directed 50% of the flow into the ICP-MS or ESI-MS. Reducing the flow entering the
ICP-MS to 50 puL/min eliminated the need for post-column desolvation, even when
eluting with 100% organic phase. On the same column, chromatographic retention times
were reproducible within 0.1 min over several months of analysis.

LC-ICPMS conditions

The flow of the LC column was coupled directly to a quadrupole ICPMS (Thermo
ICAPq) using a teflon STD micronebulizer (ESI) and a cyclonic spray chamber cooled to
0°C. Oxygen gas was introduced to the plasma at 25 mL/min to combust organic
solvents and buffers to CO, thereby preventing the formation of reduced carbon deposits
that would otherwise accumulate on the cones. The ICPMS was equipped with platinum
sampler and skimmer cones, and was tuned each day using an automated tuning feature
and the ‘Tune B’ solution purchased from Thermo Scientific. >Fe, *°Fe, *'Fe, and *’Co
were monitored with an integration time of 0.05 seconds each. The instrument was run in
KED mode with a He collision gas introduced at a rate of 4.2 mL/min to minimize ArO"
interferences on *°Fe.

LC-ESIMS conditions

For LC-ESIMS analysis, the flow from the LC was coupled to a Thermo Scientific
Orbitrap Fusion mass spectrometer equipped with a heated electrospray ionization
source. ESI source parameters were set to a capillary voltage of 3500 V, sheath, auxiliary
and sweep gas flow rates of 12, 6, and 2 (arbitrary units), and ion transfer tube and
vaporizer temperatures of 300°C and 75°C. MS1 scans were collected in high resolution
(450K) positive and negative mode. High energy collision induced dissociation (HCD)
MS?2 spectra for the most abundant compounds in each orbitrap scan were collected
simultaneously on the ion trap mass analyzer. lons were trapped using quadrupole
isolation of a + 2 m/z mass window and were then fragmented using an HCD collision
energy of 35%. For the six iron containing compounds investigated in this study, targeted
high resolution MS2 spectra were collected with the orbitrap mass analyzer during a
second analytical run to obtain accurate fragment masses.

Data processing

The LC-ESIMS data was converted to mzXML file format (MSconvert, proteowizard)
and iron isotopologue features were identified using a data-mining algorithm (script
written in R using xcmsRaw class*’). This algorithm searches through each ms scan and
compiles a list of peak sets (retention time, masses, and intensities) that fit a specified
isotope pattern. Both low tolerance and high tolerance (described below) peak ratio filters
were used. The compiled peak sets are then binned by mass in 0.01 m/z increments. Two
criteria are used to automatically remove mass sets that result from instrumental noise
rather than chromatographic peaks: (1) Mass sets that do not appear at least twice within
a 10 second interval are discarded. (2) Mass sets that are found in 8 or more 30 second
intervals are discarded if they do not contain any points above the intensity baseline. The
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baseline is calculated based on the maximum intensity points from each 30 second time
interval. The highest 25% of intensities are discarded, and the baseline is calculated as
3x the standard deviation plus the mean of the remaining values.

The resulting mass list was manually curated by inspecting the extracted ion
chromatograms (EICs) of the putative isotopologues. A constant time offset was applied
to the LC-ESIMS chromatogram in order to align the retention time of the
cyanocobalamin [M+H]*" peak (EIC of m/z = 678) with the cyanocobalamin *’Co peak at
20.7 min in the LC-ICPMS chromatogram. Iron-containing ions were considered valid if
peaks in the EICs: (1) Have the same retention time and peak shape compared to each
other when the intensities are scaled relative to the expected isotope ratio. (2) Have the
same retention time as the associated peak in the LC-ICPMS spectrum.

Results and discussion
LC-ICP-MS

Tandem LC-ICPMS enables rapid detection of metal organic complexes. Over the course
of the chromatographic separation, siderophores elute from the column and enter the
plasma where the iron is atomized, ionized, and detected by the mass spectrometer as
*0Fe’. The chromatogram that results from this analysis indicates the retention time and
abundance of each compound that contains iron.

LC-ICPMS was used to detect iron-binding compounds extracted from Synechoccocus
sp. PCC 7002 culture (Fig. 3a). Chromatographic conditions were optimized to achieve
baseline resolution of the compounds which appear as six distinct peaks of iron, with
characteristic retention times of 29.4, 33.9, 35.8, 37.1, 38.5 and 39.6 minutes. This
separation was achieved using a 30-minute gradient from 0-100% methanol using a 5
mM aqueous ammonium formate buffer.

LC-ESIMS

While ICPMS provides information on the quantity and number of different ligands in
the samples along with their retention times, ESIMS provides complimentary information
on the parent ion mass and fragmentation pattern. Using the same chromatography as
described above, the Synechococcus media extract was analyzed by LC-ESIMS. As a soft
ionization technique, ESIMS measures the mass of the intact metal-ligand complexes.

Samples were analyzed in both positive and negative ionization modes, with either 0.1%
formic acid or 5 mM ammonium formate as a mobile phase buffer. For the previously
characterized siderophores (synechobactins A, B, and C), the use of 5 mM ammonium
formate in positive mode resulted in the greatest parent ion signal intensity. The apo
(metal-free) form of the siderophore was also detected under these conditions, although
the intensity was <2% relative to the iron-bound form. When 0.1% formic acid was used
in the mobile phase, the parent ion signal decreased by a factor of 10 and the apo form
intensity was 8-11% relative to the iron-bound form. While the intensity ratio between a
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ligand and its complex in ESI MS spectra does not necessarily reflect concentration ratio
as the two species may ionize differently in an ESI source, these results demonstrate that
ammonium formate is a preferred buffer for detecting iron-bound hydroxamate
siderophores such as synechobactins.

To determine the masses of the three major unknown iron containing compounds, an R
based algorithm was used to extract mass spectral features that matched the natural
abundance pattern of iron stable isotopes. Results were manually curated to determine
which matches aligned with one of the six iron peaks detected by LC-ICPMS (Fig. 3).
The choice of isotope pattern criteria balances flexibility and specificity. Ideally, the
selection criteria are flexible enough to account for imprecision in the instrumental
measurement but specific enough to exclude other common isotope patterns and to
reduce the risk of false positives that result from co-eluting ions or from instrumental
noise that coincidentally match the specified isotope pattern.

The algorithm used in this study searched each spectral scan for pairs of peaks with a
mass difference of 1.995 m/z and a light/heavy intensity ratio of 0.06, corresponding to
isotopologues containing >*Fe and *°Fe respectively. A mass window of + 3 mDa was
used to account for uncertainty in the accuracy of the orbitrap analyzer at 450,000 mass
resolution. Since the uncertainty in the isotopologue intensity ratio depends on signal
intensity, detecting low abundance isotope pairs requires a larger range in the intensity
ratio criteria than is required for more abundant compounds. When a narrow ratio
window (0.06 + 0.015) was used, 40 isotope pairs were identified by the algorithm and 17
of these peaks passed the manual curation step. Using a wide ratio window (0.06 +
0.036), 92 isotope sets were initially identified, and 29 passed the manual curation step.
The most abundant isotope pair found at each retention time was assigned as the parent
ion (Fig. 3, Table 1). Other peak pairs corresponded to °C isotopologues as well as
adducts with other abundant coeluting compounds (a complete list is included in the
supplementary information, Fig. SI-1, Table SI-1).

MS2 Fragmentation

MS2 fragmentation patterns were used to structurally characterize the six synechobactins
detected in this study (Fig. 4). Once the parent ion masses were assigned, the sample was
reanalyzed by LC-ESIMS for targeted high resolution MS2 analysis. An isolation
window of +2 m/z was used to retain the iron isotope patterns of fragments that contain
iron.

First, the characteristic fragmentation patterns of synechobactins A, B, and C (m/z
614.261, 586.23, and 558.198) were determined. Structurally, synechobactins consists of
an iron binding head group composed of citrate and two aminopropane moieties linked to
a fatty acid or acetic acid. Most of the major fragments that were observed for the known
synechobactins retain iron (based on the appearance of ions corresponding to the >*Fe and
>°Fe isotopologues). The MS2 analysis of all three synechobactins displayed a major
fragment with neutral losses of 156.006 [-CcH4Os], corresponding to cleavage at the
amide linkage and loss of citrate (Fig. 5a). This fragmentation pattern is consistent with
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those of other citrate and hydroxamate based siderophores™ *°. Other major neutral mass
losses correspond to fragmentation within the citrate head group including 46.006 [-
CH;0,], 113.996 [-C4H204], and 130.027 [-CsHeO4]. Several additional fragments
indicate head group cleavages that result in the loss of one of the hydroxamate groups
(Fig. 5b). For synechobactin A, for instance, these fragments occur in pairs that differ by
Ci0Ha2o (140.157 m/z), corresponding to the loss of the long fatty acid hydroxamate side
chain (including fragments at 206.035, 270.030, 288.040, 298.025, Fig. 4d) and the
acetohydroxamate respectively (fragments at 346.191, 410.186, 428.198, and 438.18]1,
Fig. 4d). MS2 spectra of the positive apo (iron free) ion of synechobactin A-B and the
negative iron-bound ion of synechobactin A were also measured (supplementary
information, Fig. SI-2).

The fragmentation patterns of synechobactins A-C help in the interpretation of MS2
spectra of the three uncharacterized siderophores. The mass difference between the
unknown compounds and synechobactins A-C correspond to the addition or loss of
(CHy)n (Am/z = n*14). All three uncharacterized siderophores exhibit neutral losses that
are characteristic of fragmentation of a citrate head group including 46.006 [-CH,0O],
113.996 [-C4H,04], 130.027 [-CsHsO4], and 156.006 [-CcH4Os]. They also contain the
206.035, 270.030, 288.040, and 298.025 fragments that are attributed to cleavage across
the citrate head group that retains the acetohydroxamate group. Thus, these new
compounds vary by the length of the fatty acid side chain, and correspond to the C;3, Cys,
and C¢ synechobactins.

The MS2 spectra of the low abundance siderophores with m/z of 600.245 and 628.276
contain additional fragments from coeluting compounds (red masses, Fig. 4). By
obtaining off-peak MS2 scans from the interfering parent ions, we were able to identify
the masses that arise from the interfering ion rather than the siderophore (supplementary
information, Fig. SI-3).

Connection to synechobactin biosynthesis

The six major compounds detected by LC-ICPMS were all identified as homologues of
synechobactin A. A search for ions in the LC-ESIMS spectra that correspond to other
synechobactin homologues revealed low intensity peaks that potentially correspond to
Co-synechobactin and Cis-synechobactin, although the **Fe isotopologues for both were
below detection (supplementary information, Fig. SI-4). These results reveal that
Synechococcus sp. PCC 7002 is capable of incorporating a wide range of fatty acids into
the hydroxamate side chain of synechobactin. There appears to be a preference for an
even number of carbons over odd carbon numbers. Additional synechobactins with
longer hydrophobic side chains may have been present in the sample, but were not
recovered from the extraction column by the methanol wash.

Such a wide range of siderophores produced by Synechococcus sp. PCC 7002 suggests
substrate flexibility for the enzymes involved in synechobactin biosynthesis. The operon
responsible for synechobactin synthesis (SYNPCC7002 G0019-G0024) is located on a
plasmid that is largely dedicated to the synthesis, uptake, and processing of these
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compounds, and these genes are upregulated in low iron conditions’'. Synechobactin
synthesis appears to be similar to the synthesis of rhizobactin, which is structurally
equivalent to synechobactin B (C;¢) with a trans double bond between carbons 2,3 of the
fatty acid side chain (Fig. 2). The production of rhizobactin is thought to involve the
synthesis of schizokinen, which contains two acetohydroxamates™>, followed by the
replacement of one acetic acid with 2-decenoic acid™. It also is possible that
Synecoccoccus sp. PCC 7002 uses schizokinen as an intermediate in synechobactin
synthesis. Indeed, in a culture of Synechococcus sp. PCC 7002 that was harvested at an
earlier growth phase, an additional chromatographic *°Fe peak was observed” with m/z
474 that corresponds to schizokinen (supplementary information Fig. SI-5). A putative
lipase that is encoded at the end of the synechobactin biosynthesis operon
(SYNPCC7002_GO0018) may be responsible for non-specifically catalyzing the
attachment of the fatty acid side chain to the synechobactin precursor. A better
understanding of the metabolic pathways involved in catalyzing this reaction will help
reveal how amphiphilic marine siderophores are produced, shed light on how this
functionality evolved, and will improve our ability to search for amphiphilic siderophore
biosynthetic potential in marine genomic/metagenomic libraries.

Conclusions

The methodology described here provides a means to confidently detect and determine
the masses and MS2 spectra of even minor siderophores in a biological extract with no
prior knowledge of the siderophores produced in a culture. Common siderophore
functional groups can have diagnostic fragmentation patterns that facilitate structural
characterization of new siderophores, as illustrated in this study with the citrate head
group fragmentation of the synechobactins. Using this approach, we were able to
characterize three new synechobactins, and provide preliminary evidence for two
additional homologues that may be present at very low concentrations. As MS2 libraries
of known siderophores grow, our ability to characterize new siderophores based on high
resolution mass spectrometry analysis will improve.

The combination of LC-ICPMS and LC-ESIMS has the potential to increase the pace and
depth of siderophore discovery. Looking ahead, this work represents a step towards the
eventual goal of detecting and characterizing metal-binding organic compounds directly
in environmental samples where they impact ecosystems and trace metal cycling.
Organic complexation is thought to largely control iron solubility and bioavailability in
the ocean®**°, and understanding the speciation of iron is critical for forecasting
ecosystem changes in low iron regions of the ocean®” >’. The challenge of characterizing
these marine iron binding molecules (including siderophores®®, heme®"®,
polysaccharides®**, and humic substances® ") lies in their low concentrations (often
sub-picomolar for a specific compound) within a very complex organic matrix. Methods
such as the one described in this study have the potential to address these challenges and
reveal the structural diversity of metal organic ligands in environmental samples.
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Figure 4: Positive mode MS2 spectra of the six identified Fe containing compounds. (a)
Cs-Synechobactin, (b) Cjo-synechobactin, (c) C;;-synechobactin (d) Ci,-synechobactin
(e) Ci3-synechobactin (f) Cis-synechobactin. Red labels correspond to interferences from

a coeluting ion (see supplementary information Figure 2).
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Figure 5: Characteristic fragmentation patterns of Fe-synechobactins. (a) Major
fragmentations that result in the loss of the citrate head group. (b) Example of fragment
pair that results in the symmetric loss of the short and long hydroxamate side chains.

Table 1: Siderophores from Synechococcus sp. PCC 7002

Monoisotopic m/z  Retention Time  Parent ion

(°°Fe form) (min) formula Compound 1.D.
558.198 29.4 CH3309N,Fe"  synechobactin C (Cg)*
572.214 31.9 Cp3Hy009N4Fe™  synechobactin Cot
586.230 33.9 Cp4H409N4Fe™  synechobactin B (Cyg)*
600.245 35.8 CysH44O9N4Fe™  synechobactin Cy;
614.261 37.1 Ca6H4609N,Fe™  synechobactin A (Cjp)*
628.276 38.5 Cy7H4309N,Fe”  synechobactin C3
642.292 39.6 CysHs009N4Fe™  synechobactin Cy4
670.324 41.8 C30Hs409N,Fe"  synechobactin Cy47

*Previously described by /to and Butler, 2005

+Putative ID based on detection of *°Fe monoisotopic mass. *‘Fe isotopologue and MS2 peaks were below

detection limit.
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