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The units of RNA, termed ribonucleoside monophosphates (rNMPs), have been recently found
as the most abundant defects present in DNA. Despite the relevance, it is largely unknown if
and how rNMPs embedded in DNA can change DNA structure and mechanical properties.
Here, we report that rNMPs incorporated in DNA can change the elastic properties of DNA.
Atomic force microscopy (AFM)-based single molecule elasticity measurements show that
rNMP intrusions in short DNA duplexes can decrease – by 32% – or slightly increase the
stretch modulus of DNA molecules for two sequences reported in this study. Molecular
dynamics simulations and nuclear magnetic resonance spectroscopy identify a series of
significant local structural alterations of DNA containing embedded rNMPs, especially at the
rNMPs and nucleotides 3’ to the rNMP sites. The demonstrated ability of rNMPs to locally
alter DNA mechanical properties and structure may help understanding how such intrusions
impact DNA biological functions and find applications in structural DNA and RNA
nanotechnology.

Introduction
DNA has unique mechanical properties that are crucial in many
natural biochemical processes, such as specific DNA-binding to
proteins, DNA replication, repair and recombination, and
chromosome organization 1-7. Comprehending the dynamics of
many cellular functions requires the understanding of the
physical behavior of DNA as many of the mechanisms by
which genetic information is stored and used involve deforming
the DNA. Every system which binds, cleaves, or reads DNA is
able to exploit and/or alter the structural and mechanical
properties of DNA, which is affected by the nucleotide
sequence 8 for recognition, packaging, and modification 3, 9.
These sequence-dependent effects are involved in modulating
biological functions of DNA 8, 10. DNA mechanical properties
also play an important role in DNA-based nanotechnology
applications, such as DNA origami, molecular scale electronics,
and nanomedicine11-14. It remains largely unknown how the
presence of distortions and defects in DNA impact its elasticity.
RNA is a polymer of units called ribonucleoside
monophosphates (rNMPs), which differ from DNA units by an
additional hydroxyl (OH) group in the sugar moiety (Figure 1a,
b). Recent studies have revealed that rNMPs are unexpectedly
the most abundant non-standard nucleotides present in DNA 1519
(and references therein). Furthermore, rNMPs can be
replicated during DNA synthesis and can transfer a genetic
change to genomic DNA 20-22. With the highly reactive extra OH
group of the ribose sugar, accumulation of rNMPs in the DNA
genome might distort the double helix, alter the elasticity, and
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increase the fragility of DNA. Their presence in DNA can be a
threat for the genomic integrity of cells 15, 21, 23, 24 (and
references therein) and could be a useful mean for manipulating
DNA physical properties.
Despite demonstrations of their abundance and importance,
very few reports address how scattered rNMPs present in DNA
(Figure 1b) affect the structure and properties of DNA 25-29 (and
references therein). In particular, only few reports have
examined the structural effects of isolated single rNMPs in
DNA, and, in addition, only self-complementary DNA
sequences have been used, in which an rNMP is present in both
strands of DNA 26-28, 30. To the best of our knowledge, no data
exist in literature regarding elastic measurements and sequencedependent structural distortions of double-stranded (ds) DNA
with isolated single rNMP intrusions. Here, we present an
innovative, combined experimental and theoretical study, in
which we designed two short ds DNA molecules containing
isolated rNMP intrusions at specific bases in only one of the
two strands (Figure 1c). We examined and identified how the
elasticity and structure of the two DNA molecules are altered
by these rNMP intrusions. Atomic force microscopy (AFM)based single molecule force spectroscopy demonstrated that
rNMP intrusions decrease – by 32% in one short DNA duplex –
or slightly increase in the second duplex the stretch modulus of
DNA. Molecular dynamics (MD) simulations and nuclear
magnetic resonance (NMR) experiments indicated that rNMP
inclusions locally introduce a torsional distortion of the sugarphosphate backbone in DNA. The type of alteration and its
degree are different for the specific rNMP sites we studied.
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Experimental
Sample preparation for AFM measurements
All oligonucleotides used in the AFM experiments were 30-nt
long and were purchased from Dharmacon (Pittsburg, PA)
(Supplementary Table S1). For both Sequence 1 and Sequence
2, either single-stranded (ss) dG or rG oligonucleotide was
annealed to the complementary DNA oligonucleotides,
compl_DNA, to produce ds dG-DNA and ds rG-DNA. The
annealing was performed in 100 mM NaCl, 10 mM phosphate,
and 0.1 mM EDTA at pH 7.4 by heating at 95 °C for 5 min and
cooling slowly to room temperature. Each DNA was then
immobilized on gold-coated substrates (Platypus Technologies,
molecules in 100 mM Na+) on the substrate for 3 hours. Next,
the substrate was immersed in 1 mM MCH (6-mercapto-1hexanol) solution for 60 s to reduce non-specific binding of
DNA and avoid molecular aggregation on the surface. The gold
substrate was then rinsed with DEPC-treated water and is ready
for use. Different concentrations of ds DNA have been tested to
obtain optimal conditions that prevent formation of aggregates
on the surface. For all measurements, the spring constants of
gold-coated, COOH-modified silicon nitride cantilevers were
individually calibrated using reference beam methods (see
Supplementary Methods And Materials, Figure S1, and Table
S2). To functionalize these cantilevers with streptavidin, they
were first immersed in a PBS (phosphate buffered saline, pH
7.4) buffer solution of 5 mM EDC (1-ethyl-3-(3dimethylaminopropyl) carbodiimide hydrochloride) and 10 mM
NHS (N-hydroxysuccinimide) for 1 hour to activate the
carboxyl (-COOH) group on the tip. Next, the cantilevers were
immersed in a 100 µg/ml streptavidin solution for 2 hours. The
streptavidin-coated cantilevers were then washed with PBS 10
times followed by DEPC-treated water to reduce nonspecific
binding and stabilize the biomolecules. These cantilevers were
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then ready for AFM measurements. Next, the AFM liquid cell,
which is used to hold the functionalized cantilever, was cleaned
with RNaseZAP (Ambion, Grand Island, NY), rinsed with
copious ultra-filtered deionized water, and dried with
compressed nitrogen gas, followed by the exposure to UV light
at a wavelength of 254 nm for 10 min, to remove any residual
organic contamination.
AFM measurements
A Veeco Multimode Nanoscope IV AFM was used to perform
single molecule force spectroscopy. During the measurements,
the approaching/retracting tip velocity was kept at 29.1 nm/s. A
total of 4,096 data points were acquired for each approachingretracting cycle. To avoid multiple pick-ups during the
experiment, we intentionally reduced the density of DNA
distribution on the surface; thus, the successful DNA pick-up
rate by the tip was less than 10% from approximately 6,000
force-distance curves. Occasionally, multiple pick-ups of DNA
did occur. Only force-distance curves clearly showing one
DNA stretching were analyzed and reported. The same
measurements were performed with ss DNA molecules as
experimental controls (Supplemetary Figure S2 and Table S3S5). For each sequence (with and without rGMP intrusions) the
experiments have been repeated for two to three different
samples, and for each sample between 50 and 130 force curves
were acquired pulling different DNA molecules present on the
sample surface. We also performed AFM imaging of DNA
molecules deposited on gold surface (Supplementary Figure
S3).
MD simulations
MD simulations were performed by using an in-house Fortran
code. Energy and atomic forces were calculated by using the
potential energy and parameters of the Amber force fields
parmbsc0. The in-house MD code implements periodic
boundary conditions, the Verlet algorithm to integrate the
equations of motion, the Ewald method to calculate Coulomb
interactions and forces, the Nose-Hoover thermostat and
Parrinello-Rahman barostat methods to control temperature and
pressure of the system, standard routines to calculate shortrange energy and force contributions, and Message Passing
Interface instructions to run simulations on parallel computer
clusters31-33. Initial structures consisted in 10-bp duplexes with
the standard B-DNA geometry immersed in a tetrahedral box
containing 1,535 water molecules and 20 sodium cations to
neutralize the whole system. A duplex is oriented and periodic
along the z-axis, and the dimensions of the simulation box are
about 38 Å x 38 Å x 34 Å . The systems were first optimized
and then equilibrated for about 1 ns at a temperature and
pressure of 300 K and P = 1 atm, respectively, by using an
isothermic isobaric ensemble. Simulations were then extended
for about 20 ns in the microcanonical ensemble. In this last step,
temperature and pressure remained close to 300 K and P = 1
atm, and the MD trajectories were used for the structural
analyses. Further technical details and applications of our
Fortran MD code can be found in our previous work31, 34.
NMR
NMR experiments were performed on a Bruker Avance 600
spectrometer, equipped with a 5 mm QXI 1H31P,13C,15N probe
(Bruker). Acquisition and processing parameters are similar to
those described in our earlier studies 35 with the following
variables. For experiments in D 2O: NOESY spectra (2k x 600)
were collected with mixing times of 75 ms, 125 ms, and 250ms
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Figure 2. DNA stretching experiments using AFM. (a) Schematic
view of a DNA molecule with rNMP intrusions during AFM
stretching. The DNA biotinylated ends interact with the streptavidinmodified tip, while the DNA thiolated ends are attached to the Au
surface. (b) AFM topographic image of Sequence 1 ds DNA
molecules containing rGMP intrusions deposited on an Au surface. (c)
Height profile of the cross section (blue line in b) of the topographic
image shown in b. (d) Typical force-distance curves acquired during
AFM force measurements after calibration. (e) Schematic of forcedistance curves for the determination of L0, δ, and Fst.

and a relaxation delay of 4 s. COSY experiments (2k x 1200)
were run with 31P decoupling, a 2 s relaxation delay, and zero
filled to (4k x 4k). 1H-31P correlation (HPCOR) 36 experiments
(2k x 400) with a sweep width of 9 and 12 ppm for 1H and 31P,
respectively, used a relaxation delay of 2 s. For water
experiments, a 1-1 jump and return and a 1-1 jump and return
NOESY (2k x 400) with a 150 ms mixing time were used with
a 1 s delay. Assignment and integration of 2D spectra were
done using SPARKY 3.33 UCSF37. The phosphodiester signals
were assigned based on their correlation to assigned H3’ and
H4’ protons. 1H and 31P were referenced to internal DSS and
external 85% H 3PO4 (capillary in D2O), respectively.

Results and Discussion
In order to investigate the effect of rNMP intrusions in DNA,
we have performed elastic measurements on 30-bp ds DNA
molecules with two different sequences, Sequence 1 and
Sequence 2, as shown in Figure 1C, where the rNMP intrusions
were always introduced at the bases of guanosine, dG of the
corresponding DNA molecule. These intrusions are therefore
called riboguanosine (rGMP) or rG. Riboguanosine is the most
frequently incorporated rNMP by DNA polymerases in vitro19,
38
, and it is well recognized by ribonuclease H type 2 (RNase
HII/2) and mismatch repair if mispaired in DNA or by RNase
HII/2 and nucleotide excision repair if paired both in E. coli and
S. cerevisiae cells (Koh and Storici, unpublished) 21. For this
reason, we incorporated rGMP in our sequences. So far, no data
exist in literature to the best of our knowledge on the effect of
any rNMP intrusions on the elasticity of DNA. Therefore, to
start our studies we have chosen two sequences with the only
constraint that they did not present any self-complementarity,
which could produce hairpin loops. In particular, Sequence 2
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derives from the yeast S. cerevisiae genome and is a sequence
we utilize to study the impact of rNMPs in vivo39. With the
concern that the mechanical alterations caused by a single
rGMP embedded in a 30-bp ds DNA molecule could be below
AFM detection capacity, in both sequences, an rGMP was
introduced every four to six nucleotides and in only one of the
two strands (Figure 1c). MD simulations and NMR have
instead been performed on segments of these two sequences
because the diverse techniques dictate different lengths of the
investigated DNA molecules.
The elastic properties of micrometer-long ds DNA have been
studied extensively in the last two decades using AFM 40,
magnetic41, and optical tweezers42. The stretch modulus of long
ds DNA with few thousand bp is found to be approximately
1000 pN40-42. Recently, ds RNA with similar length have also
been investigated using these techniques; experiments using
AFM and magnetic tweezers have found that elasticity of
micrometer-long ds RNA can be 10% to 20% larger than that of
ds DNA43, 44. AFM, in particular, is a powerful technique to
study the elasticity of nano-systems45, 46, and ds DNA shorter
than hundred nanometers has been investigated using AFM 47-50.
Interestingly, recent studies about the elastic properties of ds
DNAs using AFM48, 50, X-ray diffraction51, 52, and fluorescence
resonance energy transfer (FRET) 52 techniques have
consistently found that ds DNAs are much more elastic than the
micrometer-long ones on the nanoscale. For ds DNA shorter
than 150 bp, their stretch moduli are found to be about 100 pN,
an order of magnitude smaller compared to that of few
thousand-bp-long ds DNA. The difference in elastic properties
of ds DNA of different length cannot be explained by the
classical Worm-Like-Chain model48, 51, 52, which was
successfully applied to describe the mechanical properties of
micrometer-long ds DNA under strain 41, 42 53. However, all the
DNA and rG-DNA molecules used here are about 10 nm long,
and for DNA molecules shorter than about 50 nm, the WLC
model is not appropriate, as already discussed in previous
studies51, 54. Although the origin of ds DNA softening on the
nanoscale is not clear, it is hypothesized that the base-pair
breathing of DNA chain is one possible cause52, 55. Further
discussion about this phenomenon is beyond the scope of this
paper, interested readers are referred to the aforementioned
references for further details.
To study how the embedded rNMPs alter the mechanical
properties of DNA, we used AFM-based single molecule force
spectroscopy to stretch two individual short DNA duplexes
attached between an AFM tip and a gold surface.
Thermodynamic data of duplex formation showed that the
rNMPs are tolerated well in a DNA duplex and do not result in
a marked alteration of the duplex stability (Supplementary
Table S6), demonstrating that the duplexes are suitable for
AFM studies. Circular dichroism (CD) spectra were collected
for the investigated two 30-bp sequences of DNA with and
without rNMP intrusions. All these DNA molecules showed a
typical conservative spectrum with a positive and and negative
peak at 280 nm and 250 nm, respectively, indicative of a Bform helical structure (Supplementary Figure S4). During the
AFM measurements, as illustrated in Figure 2a, at one end,
both the DNA strands were covalently anchored on a gold
substrate through thiol-gold chemistry, while the strands at the
other end were attached to the AFM tip via streptavidin-biotin
bonding50. The elastic properties were then investigated by
stretching DNA using the AFM tip (Figure 2a). For each
sequence, we compared the stretch modulus of DNA containing
rNMPs with the modulus of the corresponding DNA sequence
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without rNMPs. Figure 2b shows an AFM image of anchored
rG-DNA molecules of Sequence 1 on the gold surface (see
Supplementary Figure S3 for images of other DNA molecules).
The height profile shown in Figure 2c indicates that DNA
molecules on the surface have heights of a few nanometers, a
value which corresponds to the length of these molecules,
proving that they are standing up and not lying on the surface 50.
To avoid multiple DNA pick-ups during the pulling experiment,
we have purposely reduced the distribution of DNA density on
the surface for each measurement. In addition, the
measurements were performed in a buffer solution of 100 mM
Na+, which gave rise to a Debye length of 1 nm from the
surface and occasionally resulted in repulsive force between the
tip and the gold substrate at short separation distance. During
the pulling measurements, the AFM tip is first brought into
gentle contact with the gold substrate to pick up a DNA
molecule through streptavidin-biotin interaction. When the
AFM tip is retracted from the surface, the picked DNA
molecule is extended to its natural contour length L0, and then
further stretched to L0+δ until the streptavidin-biotin bonding is
broken (Figure 2a, d). The typical binding force for a
streptavidin-biotin bond is about 100 pN 56 for the tip velocity
used in this experiment, which is an order of magnitude weaker
than the covalent thiol-gold binding force, approximately 1.4
nN57. This significant difference in the binding force magnitude
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ensured that the DNA molecules could be repeatedly stretched
by the AFM tip and were not plucked away from the surface
during the experiment. Sometimes multiple DNA pick-ups did
occur (Supplementary Figure S5); thus, we discarded such
events and used only force-distance curves showing a single
DNA pick-up for data analysis. Typical force vs. tip-substrate
distance curves during the tip approaching and retraction are
shown in Figure 2d and schematically illustrated in Figure 2e.
Details about force curve calibration can be found in
Supplementary Materials And Methods, Figure S6, and
literature58-62. In the retracting force curve (red in Figure 2d), it
is possible to observe that the tip has to overcome an initial
adhesion force Fadh to detach from the substrate. Once the tip is
out-of-contact from the substrate, further retraction of the tip
extends the DNA to its natural contour length L0. During this
elongation, no force is detected. However, when the tip moves
further up, the DNA is stretched to L0+δ and simultaneously a
sudden increase of the force that pulls the tip downward
towards the substrate is detected (Figure 2d, e). After the bond
between streptavidin and biotin abruptly breaks, the cantilever
jumps back to its zero-force position, corresponding to zerocantilever-bending. The difference in force magnitude between
the point where the DNA stretching is at a maximum and the
point where the DNA detaches from the AFM tip is defined as
the stretching force Fst exerted on the DNA. Details about
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determination of all the parameters are shown in Supplementary
Methods And Materials and Figure S6. Finally, by the
definition of stretch modulus S, we obtain S = Fst ·L0 /δ40, 50.
The histograms of the measured stretch moduli of ds DNAs
with Sequence 1 and 2 (with and without rGMPs) are presented
in Figure 3a and 3b, respectively. In all histograms, the
magnitude of the peak (maximum number of elastic
measurements performed for a given sample) was normalized
to 1 for clarity when comparing different measurements. The
exact number of performed measurements is reported in
Supplemenary Table S7, and it ranges between 50 and 130 per
sample. For each sequence, we plotted the histograms of the
stretch modulus obtained for the ds DNA molecules with (in
red) and without (in blue) rGMP intrusions, shown in the top
and the bottom panels, respectively. Individual histograms for
each ds DNA molecule are shown in Supplementary Figure S8S10. All the histograms show typical Gaussian distributions in
which the peak position can be obtained directly from the
Gaussian fit. For each sequence, the solid lines are the best
Gaussian fit to all the combined data obtained from different
measurements and samples. The parameters L0, δ, and Fst used
for the calculation of S are summarized in the tables presented
in Figure 3c, d. See Supplementary Table S8-S10 for mean and
median values and Supplementary Table S11-S14 for summary
of detailed statistical analysis. Interestingly, for Sequence 1 the
peak position of all the combined data indicates that the stretch
modulus in presence of rGMPs (71.1±3.5 pN) is 32% lower
than the modulus in absence of intrusions (105.3±2.0 pN)
(Figure 3a, c). The presence of rGMPs in DNA is thus
softening the DNA for Sequence 1. On the other hand, for
Sequence 2 (Figure 3b, d) the Gaussian distribution of the data
corresponding to ds DNA in presence of rGMPs is very similar
to the distribution of the data in absence of rGMPs, and the
peak position of the modulus is even slightly shifting towards
larger values (stiffening) in presence of rGMP intrusions,
precisely from S = 73.2±2.8 pN without rGMPs to 89.9±3.8 pN
with rGMPs. These results demonstrate that rGMP intrusions in
DNA can substantially decrease the stretch modulus of DNA,
as in the case of Sequence 1, and that this effect is not a general
alteration caused by rGMPs in DNA. In fact, rGMPs in
Sequence 2 cause only a minor perturbation of DNA elasticity,
and even in the opposite direction, inducing a mild increase of
the modulus. Since both sequences have the same number of
rNMPs of the same base, rG, the measurements suggest that
very different effects are likely depending on the position of the
rNMPs and the sequence context. We point out that the stretch
moduli of the ds DNA without rGMP intrusions are both
around 100 pN, which is consistent with those obtained using
different techniques 51, 52, for both Sequence 1 and 2. Moreover,
the stretch modulus of ds DNA without rGMP intrusions is
larger for Sequence 1 than for Sequence 2, owing to the
previously shown, sequence-dependent effect of DNA
elasticity63, 64.
In order to gain some molecular insight on the origin of the
elastic properties of modified and control DNA oligomers, we
performed MD simulations using all the different rGMPs (I-X)
of the DNA sequences used in the AFM measurements (Figure
1c). Our simulations showed that three of the five rGMP
intrusions in DNA of Sequence 1 are able to induce local
structural distortions involving the rGMP and/or the following
nucleotide in the 3’ direction (Figure 4a, b). In the particular
case of sequence CrGATGGArGCT (Figure 4c), the two
rGMPs (II and III) are both sandwiched by C and A nucleotides,
and MD simulations show that the decamer undergoes
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Figure 4. Molecular Dynamics simulation of DNA sites with an
rGMP. Mean deviation of the (a) alpha () torsional angles and (b)
gamma () torsional angles from expected values of corresponding
DNA-only sequences across all rGMP segments (I to X) of Sequence
1 and 2 modeled via MD has been calculated; averages have been
performed by taking instantaneous values between the 5 th and 15th ns
of each MD run. Black circles, red squares, blue triangles, green
inverted triangles, and purple rhombus present data for the shown
sequences with rGMP II and III, IV and V, VI and VII, VIII and IX,
and I and X, respectively. rGMPs I-V and VI-X are from Sequence 1
and Sequence 2, respectively. (c) Illustration of the
CrGATGGArGCT duplex with rGMP II and III, showing in colors
the (top) 5’-rGA-3’ and (bottom) 5’-rGC-3’ dinucleotides,
respectively. O, C, N, H, and P atoms are shown in red, green, blue,
white, and yellow colors, respectively; the rest of the duplex is
displayed in grey. The white box indicates a periodic unit of an
infinite oligomer used in simulations. (d) Zoom-in of a 5’-GA-3’
dinucleotide exhibiting regular values of  and . (e) Illustration of
the 5’-rGA-3’ dinucleotide (with rGMP II) in a distorted
conformation with  and  deviating by about 200 o and 100o,
respectively; this conformation appears to be stabilized by the
formation of a hydrogen bond (white dashed line) between the 2’hydroxyl group of rG and the N7 site of adenine in the 5’-rGA-3’
dinucleotide. (f) Zoom-in of a 5’-GC-3’ dinucleotide showing
regular values of  and . (g) Illustration of the backbone region of
the 5’-rGC-3’ dinucleotide (with rGMP III) showing the occurrence
of a metastable local distortion involving significant deviations of
both  and . Also in this case, the local distortion is accompanied by
the formation of a hydrogen bond between the 2’-OH group of rG
and an O atom of the phosphate group. Water molecules and Na+
ions are not shown for clarity in d-g while bases are also not shown
in f and g.
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significant local distortions (see alpha and gamma torsional
angles of the sugar-phosphate backbone relative to average
values in control DNA in Figure 4a, b) in correspondence of the
nucleotide on the 3’ side of each rGMP. Inspection of the MD
trajectories suggests that these distortions arise from the
formation of a hydrogen bond between the hydroxyl group of
an rGMP and neighboring electronegative sites of either the
backbone or the vicinal base in the 3’ direction (Figure 4d-g). A
similar local distortion was found also in the case of the
decamer with sequence GrGTTCArGGTT for rGMP I (Figure
4b). Although deriving conclusive results from our MD
simulations is challenging, the MD runs show nonetheless that
rNMPs are capable of triggering the occurrence of local
distortions having lifetimes of the order of nanoseconds
(Supplementary Figure S11), thereby suggesting that these local
distortions at rGMP intrusions might be at the origin of
different elastic properties of modified and control DNA
oligomers. In the past, it has been shown that the structural
distortion of the sugar-phosphate backbone of nucleic acids can
substantially influence DNA flexibility 65, 66. Thus, the
significant local structural distortions due to rNMP intrusions in
the DNA chain found by MD simulations likely alter the
elasticity of DNA molecules in presence of rNMPs.
To further probe the structural impact of a single rGMP
embedded in DNA, NMR spectroscopy was performed on three
selected segments from Sequence 1 and Sequence 2 of the AFM
study. All three segments chosen for NMR studies contain a
single rGMP embedded at the 6th or 5th position of a 9-bp
DNA duplex (Figure 5). The rG is tolerated well in the DNA
duplex and does not appreciably affect duplex stability (Figure
5a, c, f and Supplementary Table S10). All three rGMPcontaining 9-bp duplexes and their DNA-controls exhibit
characteristic B-form helical structure. Additionally, imino 1H
NMR spectra (Figure 5 and Supplementary Table S16) reveal
that all base-pairs are formed, including the rG:C base-pair,
with chemical shift perturbation localized to the rG:C and
neighboring base-pairs (Figure 5a, c, f).
The NMR study focused on the phosphodiester backbone of the
duplexes. The phosphorous chemical shifts depend on the
environment; the major determinants of the 31P chemical shift
are the alpha and zeta torsion angles 66. Typically, B-form DNA
phosphorous resonances are confined to a narrow shift window
(~0.6-0.8 ppm) as seen for the DNA-controls. The presence of a
single rGMP results in local perturbations to the duplex
backbone. This localized perturbation is limited to the nearest
and next nearest base-pairs and is consistent with a recent study
of an rGMP-containing dodecamer sequence15.vIn contrast to
this study, however, due to the non-self-complementary design
of our duplexes with a single rGMP on only one strand, we
observed an asymmetric 3’ perturbation of the duplex primarily
on the rGMP-containing strand (Figure 5b, d, g and
Supplementary Table S17).
In two of the three rGMP-containing duplexes, 5’ATGGArGCTC-3’ (rGMP III) and 5’-ATCCrGGTAG-3’
(rGMP VI), the rG phosphorous resonance showed relatively
little deviation <0.25 ppm from the DNA-control, while the
phosphorous peaks following rG were shifted downfield by
0.80 and 1.28 ppm, respectively (Figure 5b, d and
Supplementary Table S17). Additionally, the next to nearest
neighboring phosphorous resonances 3’ of the rG experienced
an upfield shift of 0.27-0.29 ppm. This is indicative of a
distortion of the backbone, localized 3’ of the rG base in these
sequence contexts. The other NMR sequence, 5’TTAGrGCCTG-3’ (rGMP VIII), exhibited a different trend; in
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Figure 5. Structural perturbation caused by an rGMP embedded in a
DNA duplex as observed by 1H and 31P NMR. (a) Imino 1H NMR
spectra for 5’-ATGGArGCTC-3’ duplex containing rGMP III of
Sequence 1 (top) and its DNA-control (bottom) at 280K in 100 mM
NaCl, 10 mM phosphate, 10% D2O buffer at pH 6.4. (b) 31P NMR
spectra of 5’-ATGGArGCTC-3’ duplex (top) and its DNA-control
(bottom) recorded at 294K. (c) Imino 1H NMR spectra for 5’ATCCrGGTAG-3’ duplex containing rGMP VI of Sequence 2 (top)
and its DNA-control (bottom) at 280K in the same buffer conditions.
(d) 31P NMR spectra for 5’-ATCCrGGTAG-3’ duplex (top) and its
DNA-control (bottom) recorded at 294K. (e) Imino 1H NMR spectra
for 5’-TTAGrGCCTG-3’ duplex containing rGMP VIII of Sequence 2
(top) and its DNA-control (bottom) at 280K in the same buffer
conditions (f) 31P NMR spectra 5’-TTAGrGCCTG-3’ duplex (top) and
its DNA-control recorded (bottom) at 294K.

this duplex, the 31P NMR spectrum of the rGMP-containing
oligonucleotide appears less perturbed, the furthest downfield
shifted phosphorous resonance corresponded to rG 5 while the
phosphodiester on the 3’ side of rG is essentially unaffected
(Figure 5f). Taken together this means that the resulting
backbone distortions are not the same, highlighting the
importance of sequence context previously mentioned in the
AFM study. Although two of the three selected NMR duplexes
contain a purine-rG-pyrimidine motif (5’-ArGC-3’, rGMP III
and 5’-GrGC-3’, rGMP VIII) and would be expected to have
similar stacking interactions, they exhibit strikingly different
31
P spectra (Figure 5b, g). Interestingly, in the MD trajectory of
the 5’-ArGC-3’ (rGMP III) sequence, we observe a hydrogen
bond between the 2’-OH and the phosphate group (Figure 4g).
Such a hydrogen bond may simultaneously dampen the
dynamics and change the local environment and rationalize the
different behavior of the 5’-ArGC-3’ (rGMP III) sequence
context.
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Conclusions
In summary, we have studied the elastic properties and
structure of two short ds DNA with and without rGMP
intrusions, employing a combined experimental and theoretical
approach on different segments of these two sequences. AFMbased single molecule force measurements showed that,
depending on the DNA sequence and/or the specific positions
of the rGMP intrusions in the sequence, rGMPs can
dramatically decrease (up to 32% for the sequences used here)
or slightly increase the stretch modulus of ds DNA. Snapshots
of MD simulations reveal sequence-dependent local structure
alterations of the torsion of DNA backbone caused by the
intrusion of rGMPs in the DNA chain. The major alterations
identified by MD simulation involve the rGMP and the
nucleotide 3’ from the rGMP. Consistent with MD simulations,
NMR spectra demonstrate that even a single rGMP can
substantially alter the local sugar-phosphate backbone, and
major alterations also involve the rGMP and nucleotides 3’
from the rGMP. Our findings point towards a marked effect in
the elastic properties and structure of ds DNA possibly played
by the sequence context in the immediate vicinity of the
embedded rNMPs, at the nucleotides 3’ to the rNMP sites. It is
reasonable to think that the nucleotide to the 3’ side of the
rNMP is the most altered in the structure because it is the
closest nucleotide to the 2’-OH group of the rNMP (Figure 1b,
4, and 5). The combined theoretical and experimental approach
accomplished here opens a new route to understand how rNMP
intrusions, at which sites and densities, can modify the
structural, physical, and mechanical properties of DNA, and
ultimately change its chemical and biological functions. Overall,
our results reveal a complex effect of rNMPs on DNA elastic
properties, the direction and the impact of which can be
determined for each specific sequence via AFM. Only a high
throughput and systematic analysis of multiple DNA sequence
contexts with rNMPs can help to elucidate the rules how
rNMPs alter DNA mechanical properties. Furthermore, this
study shows that DNA elasticity could be modulated by means
of rNMP inclusions for a variety of applications in
nanobiotechnology.
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