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Abstract 

Photolyase, a class of flavoproteins, uses blue light to repair two types of ultraviolet-

induced DNA damage, cyclobutane pyrimidine dimer (CPD) and pyrimidine-pyrimidone (6-4) 

photoproduct (6-4PP). In this perspective, we review the recent progress on the repair dynamics 

and mechanisms of both types of DNA restoration by photolyases. We first report the 

spectroscopic characterization of flavin in various redox states and the active-site solvation 

dynamics in photolyases. We then systematically summarize the detailed repair dynamics of 

damaged DNA by photolyases and a biomimetic system through resolving all elementary steps 

on the ultrafast timescales, including multiple intermolecular electron- and proton-transfer 

reactions and bond-breaking and -making processes. We determined the unique electron 

tunneling pathways, identified the key functional residues and revealed the molecular origin of 

high repair efficiency, and thus elucidate the molecular mechanisms and repair photocycles at the 

most fundamental level. We finally conclude that the active sites of photolyases, unlike aqueous 

solution for the biomimetic system, provide a unique electrostatic environment and local 

flexibility and thus a dedicated synergy for all elementary dynamics to maximize the repair 

efficiency. This repair photomachine is the first enzyme that the entire functional evolution is 

completely mapped out in real time.  
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1. Introduction 

 The ultraviolet (UV) irradiation in sunlight can cause damages of DNA by inducing 

formation of a cyclobutane pyrimidine dimer (CPD, ~80%) and a less-frequently pyrimidine-

pyrimidone (6-4) photoproduct (6-4PP, ~20%) (Fig. 1).1 Both photoproducts lead to mutagenesis 

and eventually to skin cancer.2-4 Photolyase, a class of flavoproteins, restores damaged DNA 

through absorption of blue light.1,5-7 Two different kinds of photolyases, usually classified as 

CPD photolyase and (6-4) photolyase based on their functions, share similar primary sequences 

and folding structures but a photolyase repairs one photoproduct and cannot repair another. Both 

photolyases contain a noncovalently bound, fully reduced flavin adenine dinucleotide (FADH–) 

molecule as the active cofactor. In the recent years, the crystal structures of photolyases,8-13 

especially of the enzyme-substrate (CPD or 6-4PP) complexes, were solved (Fig. 2),9,10 and the 

FADH– cofactor adopts an unusual U-shape folding configuration in the active sites of both 

enzymes. 

 The mechanism of CPD photorepair has been proposed and examined in the past thirty 

years1,14-17 until we resolved a cyclic electron-transfer (ET) reaction photocycle in 2005 with 

femtosecond (fs) spectroscopy.18 On the other side, several hypotheses of 6-4PP repair were 

proposed19-26 but the detailed mechanism remained elusive until very recently we reported an 

ET-induced proton transfer photocycle in 2010.27 In this review, we first give our recent 

characterization of the steady-state spectra of flavin at various redox states,28 important to 

understanding the flavin properties in photolyase and other flavoprotiens.29,30 We then report the 

active-site solvation dynamics in photolyases,31 a critical factor in understanding of the repair 

reactions and high efficiency. With single-residue spatial resolution, we subsequently present the 

complete mapping of the entire dynamic functional evolution from the reactants, to various 
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intermediates and to the final products in real time and thus elucidate the complete repair 

photocycles for both CPD and 6-4PP photolyases.32-35 We also present the dynamics of a similar 

CPD biomimetic system but with low repair efficiency36 and reveal the molecular mechanism of 

the high repair quantum yield by CPD photolyases.35,37     

 

2. Absorption and emission spectra of flavins in various redox states 

The flavin molecule is one of the most important cofactors in enzymatic functions.38-47 

Flavin mononucleotide (FMN) and flavin adenine dinucleotide (FAD) are the most commonly 

occurring flavins in flavoproteins. Flavin can have three different redox states: oxidized form, 

one-electron reduced radical semiquinone, and two-electron fully reduced hydroquinone. 

Semiquinone and hydroquinone have pKa values of 8.3 and 6.7, respectively,40 and can be 

present in their neutral or anionic forms under physiological conditions. Among the five redox 

forms, two redox pairs, oxidized flavin/anionic semiquinone (FAD/FAD•–) and neutral 

semiquinone/anionic hydroquinone (FADH•/FADH–), are often involved in intermolecular ET 

reactions. Because of flavin’s chemical versatility, flavoproteins are ubiquitous and participate in 

a broad spectrum of biological activities,42,46-51 including light-driven DNA repair in 

photolyase1,18,27,32-34 and signal transduction in blue-light photoreceptors.52-59 

The steady-state spectroscopic properties of these redox flavins have been extensively 

studied, especially their absorption spectra in different proteins and solution.41,42,60-64 On the 

other side, the emission spectra of flavoproteins or flavins in solvent have not been well 

characterized until we reported recently.28,65 Fig. 3 shows the steady-state absorption and 

emission spectra of flavin cofactors in various redox states and environments. Oxidized FAD in 

solution exhibits two broad absorption bands with peaks at 450 nm for S0←S1 and at 375 nm for 
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S0←S2
66 while the oxidized FMN enclosed in the flavodoxin mutant shows some peak features at 

476, 454, and 432 nm for S0←S1 and with some red shift in wavelength for S0←S2. The emission 

peak of oxidized flavin is around 530 nm in solution and shifts to the blue side in a hydrophobic 

protein environment such as in flavodoxin (Fig. 3A).67,68 It has been reported that the 

fluorescence intensity of excited FAD in solution is about 10-fold weaker than that of excited 

riboflavin or FMN,69-71 owing to intramolecular ET quenching with a stacked conformation 

between the isoalloxazine ring and adenine moiety. Numerous experimental and theoretical 

studies69-78 suggested that two FAD conformations, open and stacked, exist in solution (Fig. 3A), 

while this cofactor takes a folding configuration in both photolyase and cryptochrome.8-13,79,80 

Fig. 3B shows the absorption and emission spectra of stable radical semiquinones in two 

flavoproteins. The radicals are not stable in solution. Absorption of the neutral radical FMNH• in 

flavodoxin mutant extends until 700 nm, and the previous study has assigned  the absorption 

between 650-555 nm as D0←D1 and the absorption between 525-410 nm as the D0←D2 

transitions in neutral semiquinoid flavin of photolyase.81  A weak, broad emission spectrum 

peaking at 700 nm was recently observed (Fig. 3B). We also observed a similar fluorescence 

profile for FADH• in photolyase with a peak at 715 nm. The anionic radical FAD•– in insect type 

1 cryptochrome also gives a weak emission spectrum with a peak at 513 nm upon 420-nm 

excitation (Fig. 3B), and it was shown that the emission peak depends on excitation 

wavelength.65 These emission spectra of two radicals have not been reported before and were 

observed for the first time,28 enabling the fluorescence studies feasible.  

Fig. 3C shows the absorption and emission spectra of fully reduced anionic and neutral 

flavins (FADH– and FADH2) in solution and in photolyase. The absorption spectra in solution 

are consistent with those previously reported for reduced FMNH– and FMNH2.
61 As previously 
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reported, the 350-440 nm absorption can be assigned as two transitions of S0←S1 peaked around 

420 nm and S0←S2 peaked around 350 nm.82 Upon 360-nm excitation, we observed weak 

fluorescence emission peaking at 455 nm for anionic hydroquinone (FADH–) and at 480 nm for 

neutral hydroquinone (FADH2). However, in photolyase, the anionic hydroquinone (FADH–) 

clearly shows an absorption band with a peak at 360 nm, and its emission spectrum shows a 

structured fluorescence profile peaking at 515 and 545 nm (Fig. 3C). The fluorescence intensity 

of fully reduced flavins in solution is much weaker than that obtained in the protein, suggesting 

very different dynamic behaviors.28 The huge red shift of the emission in photolyase is directly 

related to the efficient repair of CPD in the enzyme complex (see below). All the excited-state 

dynamics of these five redox states in solution and proteins were reported in ref. 28.   

 

3. Ultrafast active-site solvation dynamics in photolyases 

Dynamic solvation in binding and active sites plays a critical role in protein recognition 

and enzyme reaction and such local motions optimize spatial configurations and minimize 

energetic pathways.18,29-34,83-90 These dynamics involve local constrained protein and trapped-

water motions within Å distance and occur on ultrafast time scales. Specifically, the active-site 

solvation can modulate ultrafast charge-transfer processes and significantly influence the 

dynamics and efficiencies of ET processes through occurring at nonequilibrium states.91-94 

Unlike the typical techniques which use external labeling of bulky dye molecule or synthetic 

amino acids to observe the relaxation of active sites in proteins,95-97 direct characterization with 

intrinsic chromophores or amino acids in proteins eliminates significant local perturbations and 

reveals intact environment responses,98-103 as recently also examined in green fluorescence 

proteins.104 We have recently studied a series of flavoproteins using the intrinsic flavin molecule 
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as an optical probe and especially found the important functional role of local solvation in 

photolyase.29-34 Fig. 4 shows the X-ray structures of E. coli CPD photolyase wild type (EcCPD) 

and A. thaliana (6-4) photolyase wild type (At(6-4)) with chromophore molecules.31 Both the X-

ray structures and molecular dynamics (MD) simulations (Fig. 4) show certain water molecules 

trapped at the active sites besides charged and polar amino acids surrounding the functional 

chromophore of FADH–. Thus, upon excitation the local polar environments at the active sites 

would proceed to a series of relaxations.  

To systematically study the solvation dynamics in the active sites of photolyases, we need 

to obtain their solvation correlation functions. Traditionally, we can construct fs-resolved 

emission spectra using wavelength-resolved fluorescence transients to derive solvation 

correlation functions.84,105 We usually need to assume the emission spectra following a log-

normal distribution. However, the emission spectra of FADH–* (Figs. 4C-D bottom panels) show 

an irregular distribution with double peaks at 515 and 545 nm for EcCPD and 505 and 540 nm 

for At(6-4). Thus, given the heterogeneous electrostatic distributions and different structural 

flexibilities of the functional sites, to evaluate the complete local relaxation, we need to directly 

measure the fs-resolved emission spectra and examine how the emission spectra change with 

local relaxation. 

Figs. 4C-D show the three-dimension representation of the emission evolution with time 

(top) and a few snapshots at different delay times (bottom) for both active sites. For FADH–* at 

the active site of EcCPD, we observed only a small spectral shift but instead an obvious shape 

change at the blue side of the emission. The central distribution of the emission spectrum at 0.5 

ps is already around the steady-state peaks. The X-ray structure shows 4 water molecules buried 

at the bottom of the active site and 8 water molecules around the entrance of the active site 

Page 7 of 58 Physical Chemistry Chemical Physics

P
hy

si
ca

lC
he

m
is

tr
y

C
he

m
ic

al
P

hy
si

cs
A

cc
ep

te
d

M
an

us
cr

ip
t



8 

 

within 8 Å from the isoalloxazine ring. Our MD simulations (1 ns) found 22 water molecules 

around the moiety ring (Fig. 4A). There are at least four polar/charged amino acid sidechains in 

direct van der Waals contact with the moiety ring. Thus, the active site is a highly polar 

environment. On the contrary to the recent calculations,106 the dipole-moment change between 

the ground and excited states is estimated to be around 1-2 D.29,107 Therefore, the observed small 

Stokes shift indicates a relatively rigid active site despite the polar environment. The observed 

continuous solvation dynamics from a few to five hundreds of picoseconds reflect the local 

collective motions of trapped water molecules and charged/polar sidechains. These constrained 

motions induce only a small Stokes shift and stabilization energy, but strongly perturb the 

excited state, resulting in the obvious spectral shape changes.108  

The fs-resolved emission spectra of FADH–* at the active site of At(6-4) are drastically 

different from those of EcCPD. We not only observed a significant spectral shape change but 

also a large spectral shift. At 0.5 ps, the spectrum peaks around 500 nm and at a later time of 1 

ns, the peak moves to 540 nm. Clearly, the solvation relaxation is much larger than EcCPD. The 

X-ray structure shows only 7 water molecules around the ring moiety within 8 Å with six buried 

inside the active site and one near the entrance. Our MD simulations (1 ns) show the least 14 

water molecules near the ring moiety at the active site, consistent with the smaller hole size at the 

entrance shown in the X-ray structures for two photolyases (Figs. 4A-B). However, there are 

four more polar/charged amino acid residues in direct van der Waals contact with the 

isoalloxazine ring (Fig. 4A-B). Clearly, the active site is also a highly polar environment with 

dominant polar/charged sidechains. Thus, the significant relaxation reflects a relatively flexible 

active site with large plasticity, similar to the observation for sequence-homology 

cryptochrome.109 The observed large solvation in the transients results from the substantial 
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motions of the local trapped-water and flexible polar/charged sidechains, leading to a large 

Stokes shift. Meanwhile, such heterogeneous local motions greatly modulate the excited state, 

resulting in the significant spectral shape changes. The flexible active site is also supported by 

another observation. We observed a fast component of 30 ps with 5-7% amplitude in the 

transient gated at the emission peak of At(6-4), a deactivation process through the butterfly 

and/or twist motions of the isoalloxazine ring as also shown in our recent studies of its 

homologous cryptochromes.28,65 The different absorption and emission spectra31 and distinct 

time-zero emission spectra in the two active sites (Fig.s 4C-D) also reflect the chromophore’s 

different structural and electrostatic environments. It would be erroneous if we conclude from the 

steady-state emission spectra that the FADH–* in EcCPD would have a larger dynamic Stokes 

shift and in this case it has a smaller one. 

To extract the correlation functions for the active sites, the conventional method using the 

Stokes shift changes with time would not be applicable here. Alternatively, we used the change 

of average frequencies with time. For the two active sites, the average frequency shift of At(6-4) 

is about three times larger than that of EcCPD, reaching to 798 cm
-1

. It is striking that both sites 

have all three similar relaxation timescales with comparable first and third components of the 

stabilization energies , but very different second components of the stabilization energies. The 

first ultrafast relaxation in a few picoseconds mostly results from the local reorientation motions 

of trapped water and/or neighboring unscreened polar/charged sidechains. Thus, the comparable 

time scale, stabilization energy and solvation speed indicate that both active sites have the 

similar initial ultrafast response. The second relaxation in tens of picoseconds reflects the 

coupled water-protein motions, a collective rearrangement of the local configuration.102,103,110 

Since the active site of At(6-4) has more polar/charged sidechains and is more flexible, the 
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second relaxation mostly comes from those coupled water-sidechains large motions in proximity 

with the chromophore. This result is significant and reflects larger mobility of protein sidechains 

in the At(6-4) active site. On the other hand, the protein sidechains at the active site of EcCPD 

are much less mobile. These distinct local dynamics in the two active sites well correlate with 

their functions. For EcCPD, since the anionic CPD lesion has very low reaction barrier and splits 

within tens of picoseconds, a relatively rigid, optimized electrostatic environment would be ideal 

to avoid any futile side reactions. On the other side, to optimize both electron and proton 

transfers in (6-4) photolyase, especially the sensitive proton transfer from the neighboring 

sidechain,10,21,27 the extra flexibility of sidechains would be necessary to search for a favorable 

configuration for proton tunneling. Finally, the third relaxation with the similar time scales in 

subnanoseconds, stabilization energies in tens of wavenumbers and solvation speeds represents 

the intrinsic collective active-site protein motions and is the same for both photolyases. As a 

result, all charge-transfer steps in CPD and 6-4PP repair are modulated by these active-site 

solvation dynamics that occur on the similar time scales from a few to hundreds picoseconds, 

and all these ET processes follow a stretched-exponential behavior.111 Therefore, the relaxation 

in local active sites modulates the enzymatic reaction dynamics through a synergy of all 

elementary steps and enhances the repair efficiency, especially by restraining the unproductive 

charge recombination step in EcCPD.  

 

4. Dynamics and mechanism of CPD repair by photolyase 

The understanding of the complete CPD repair dynamics have been challenging. Michel-

Beyerle and colleagues observed electron injection from the excited cofactor to the substrate in 

1997 using 100-ps temporal resolution.16 MacFarlane & Stanley showed the formation of the 
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repaired thymine product with 800-fs temporal resolution in 2003.17 However, the overall repair 

dynamics remained unknown, and the entire mechanism and photocycle still were not 

determined. With femtosecond temporal resolution, we recently uncovered the veil of the entire 

repair dynamics, molecular mechanism and repair photocycle with unprecedented details.  

  

4.1 Sequential splitting mechanism of the cyclobutane ring 

The kinetic scheme of CPD repair can be basically summarized in Fig. 5. In previous 

studies, we performed fs-resolved fluorescence and absorption measurements and proved that 

photolyase repairs CPD with a cyclic ET mechanism.18 The initial charge separation occurs in 

250 ps while the charge recombination after complete repair finishes in 700 ps. Both ET 

processes follow the stretched-exponential dynamical behavior due to the active-site solvation. 

 To resolve the detailed mechanism of CPD splitting after electron injection and to probe 

the intermediates and repaired products (thymine), the detection wavelengths were extended 

from visible to deep UV light. Fig. 6 shows a striking pattern of the transient-absorption signals 

of the complex of photolyase with substrate T<>T, probed at fifteen wavelengths. At 430 nm, the 

signal is the summation of all three flavin species (FADH–*, FADH• and FADH–) and returns to 

zero with a time constant of 700 ps. At 335 nm in the UV region, we captured the signals of 

thymine-related intermediates and the long-component formation of final repaired thymine 

molecules (insets B-E in Fig. 6). By knowing the dynamics of FADH–* and the absorption 

coefficients of FADH• and FADH– (inset A in Fig. 6), all the absorption transients only can be 

systematically fit with the sequential model shown in Fig. 5, but not any other concerted schemes 

of thymine splitting and electron return at the same time. The deconvolution of various species is 

shown in insets B-E and the resulting absorption coefficients are given in inset A of Fig. 6. Thus, 
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we obtained the entire dynamics of thymine dimer splitting.   

Our data indicate that in contrast to the computational reaction models112 the thymine 

dimer splits by a sequential pathway. The first-bond C5-C5’ breakage (1/ksp1) finishes in much 

less than 10 ps, consistent with the theoretical prediction of a nearly barrierless process.113-120 

Also, the driving force of direct back ET between T<>T– and FADH• is quite large (~2.0 eV),121, 

122 which falls in the Marcus inverted ET region and should occur in hundreds of picoseconds. 

Thus, the slow formation (kFET) and ultrafast decay (ksp1) of T<>T– result in negligible 

accumulation of T<>T– population and a close-to-unity efficiency of C5-C5’ splitting to T-T–. 

Indeed, we observed the formation and decay of T-T– intermediate after the first-bond C5-C5’ 

breakage (Fig. 5 and insets B, D and E in Fig. 6). The decay dynamics in 87 ps mainly represents 

the second-bond C6-C6’ splitting. Given the total repair quantum yield as 0.82,15,37,123,124 the 

forward ET branching as 0.85 and the yield of C5-C5’ breaking as 1.0, the branching of C6-C6’ 

splitting is 0.96. Therefore, the second-bond breakage finishes in 90 ps (1/ksp2), much longer than 

that of theoretical calculations, and the back ET without the second-bond splitting occurs in 2.4 

ns (1/kBET), much slower than the reported value of a recent time-resolved study with 

subnanosecond resolution.125 After the second-bond C6-C6’ cleavage, the signal of T– forms and 

then decays in 700 ps (1/kER and inset C of Fig. 6), reflecting the electron return from T– to 

FADH• that is completely decoupled from the second-bond breaking. This is confirmed by the 

observation of the final products of two repaired thymine molecules, formed in two sequential 

steps in 90 and 700 ps upon the initial electron injection (see insets D and E). The complete 

repair photocycle is summarized in Fig. 7. 

 

4.2 Electron tunneling pathways and role of adenine in repair of CPD  
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The FADH– cofactor in photolyase has an unusual bent U-shaped conformation with the 

isoalloxazine and adenine rings in close proximity (Fig. 2A). The crystal structure of A. nidulans 

photolyase with CPD complex shows that the adenine moiety of FADH– is at van der Waals 

distances with both base moieties of CPD, 3.1 Å to the 5’ side and 3.2 Å to 3’, and the first 

carbon atom linked to the isoalloxazine ring at 3.6 Å.9 It was thought that the repair reaction by 

photolyase involves electron tunneling directly106, 126or through the adenine moiety.127, 128 

However, the cyclic electron tunneling pathways, forward (kFET), backward (kBET) and return 

(kER), are a matter of some debate. One view is that the electron tunneling is mediated by the 

intervening adenine with a total distance of about 8 Å.127,128 An alternative model suggests that 

electron tunneling occurs directly from the o-xylene ring of FADH– to the 3’ side of CPD with a 

short distance of 4.3 Å.106, 126 However, intramolecular electron hopping from the isoalloxazine 

ring to adenine moiety has the unfavorable redox potentials (∆G0~0-+0.1 eV)122, 129 and we also 

did not observe any ultrafast quenching of FADH–* fluorescence without substrate.18,32 To 

examine the electron tunneling directionality, we used a series of substrates, U<>U, U<>T, 

T<>U and T<>T (chemical structures in Fig. 8A), as electron acceptors to follow electron 

tunneling pathways.    

At 710 nm, only signal of FADH–* was probed and we observed the dynamics of forward 

ET for T<>U, U<>T and U<>U in 85, 63, and 73 ps, much faster than that of T<>T in 250 ps 

(Fig. 8A). Thus, the ET dynamics (rates) from the excited FADH– to four CPD substrates vary in 

a decreasing order of 5’-U<>T-3’ > U<>U > T<>U > T<>T. This observation is significant and 

indicates that the electron tunnels toward ending at the 5’ side, not the 3’ side, of the dimers. 

U<>T and T<>U have the similar reduction potentials, but the ET time lengthens by more than 

35% from 63 ps of U<>T to 85 ps of T<>U, i.e., the rate decreases to 74%. Theoretical studies 
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showed the similar binding configurations for U<>T and T<>U and thus the observed 

differences in ET rates should not come from the electronic couplings because of the similar 

donor-acceptor separation.9,127 

The uracil base has a reduction potential more positive than thymine by ~0.11 V.129 

Although the electronic interactions between T and U in the covalent CPD species delocalize in 

the CPD states and result in the similar redox properties of U<>T and T<>U, the U moiety 

without a methyl group at the C5 position at the 5’ side should have a larger electron affinity 

than the T moiety. Thus, if the adenine moiety of FADH– is involved in electron tunneling, our 

results indicate that the local configuration and orientation favors the electron tunneling to the 5’ 

side, rather than the 3’ side (Fig. 2A), although the distances from the adenine to the two sides 

are nearly equal, 3.1 and 3.2 Å, respectively. The larger ET rate of U<>T vs. T<>U also excludes 

the electron tunneling pathway directly from the o-xylene ring of the flavin to the 3’ side of the 

dimer (Fig. 2A).106, 126 Such a hybrid tunneling pathway mediated by the adenine moiety is also 

observed in 6-4 photoproduct repair by 6-4 photolyase.27,33  

With the measured forward ET dynamics, we can determine the electronic coupling 

constant (J) and related free energy for different substrates. We can use the semi-classical ET 

expression.91 

λ

λ

λ

π
20 )(1.3

2
2

3

10
4 +∆

−

=

G

B

ET xJ
Tkh

k                    (1)    

Where h and kB are Planck and Boltzmann constants, respectively, and T is temperature in 

Kelvin. For the four different substrates, the coupling constant (J) and the reorganization energy 

(λ) could be considered as constants. Considering the free energy ∆G0 of forward ET between 

FADH–* and T<>T as -0.44 eV and the reported reorganization energy of λ to be 1.2-1.4 eV in 

Page 14 of 58Physical Chemistry Chemical Physics

P
hy

si
ca

lC
he

m
is

tr
y

C
he

m
ic

al
P

hy
si

cs
A

cc
ep

te
d

M
an

us
cr

ip
t



15 

 

flavoprotein ETs130-132 as a fitting reference value, and also taking into account a larger J and a 

smaller λ in the forward ET than in the electron return, we obtained the free energy for ET with 

U<>U to be -0.59 eV, λ=1.21 eV and J=3.0 meV.33 The coupling constant of 3.0 meV is in a 

good agreement with the theoretical calculation that assumed electron tunneling through adenine 

instead of space.127 Using the obtained λ and J values, we calculated free energy (∆G0) of -0.61 

eV for U<>T and -0.57 eV for T<>U. The difference of 40 meV for U<>T and T<>U probably 

results from the preferred electron tunneling directionality to the 5’ side rather than 3’ side of the 

dimer, assuming the same electronic coupling constants for both ETs. 

With the understanding of the forward ET dynamics probed at 710 nm, we tuned the 

probe wavelength to 620 nm to detect the flavin intermediate FADH•.18 To detect the substrate-

related intermediates and products, we extended the probe wavelengths to UV region from 360 

to 266 nm and observed a series of striking features of transients.33 At wavelengths shorter than 

360 nm, we observed the anionic intermediates of T–-U, U–-U and U–-T (Figs. 8B-D). Following 

the C5-C5’ bond breaking within a few picoseconds, the dynamics of T–-U, U–-U and U–-T 

decay in 64, 31 and 30 ps, representing the total dynamics (rates) of both the C6-C6’ bond 

breakage of anionic CPD intermediates and futile back ET after the C5-C5’ splitting. Given the 

splitting branching of T–-U, U–-U and U–-T as 0.94, 0.88 and 0.90, respectively,33 the T–-U takes 

the similar bond splitting time (1/ksp2) of 75 ps as T–-T in 90 ps, but the C6-C6’ bond in U–-U 

and U–-T splits on a much faster time scale of 35 ps (Fig. 9A). Clearly, the second C6-C6’ bond 

breaking has a longer time with T and a shorter time with U at the 5’ side. Thus, after the C5-C5’ 

bond breakage, the excess electron mainly remains at the 5’ side because the T moiety at the 5’ 

side with a methyl group at the C5 position can significantly stabilize the anionic radical and thus 

has a longer time of the C6-C6’ splitting. This observation further supports the electron tunneling 
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toward the 5’ side of the dimer, which also must pass through the adenine moiety. According to 

the transition-state theory, we estimated the activation energy of ~0.174 eV (4.0 kcal/mol) for T–

-T bond breaking, ~0.170 eV (3.9 kcal/mol) for T–-U bond splitting, and ~0.152 eV (3.5 

kcal/mol) for U– -T and U–-U bond cleavage (Fig. 9B). Thus, the stabilization in T–-T by the 

methyl group(s) at the C5 (and C5’) position leads to ~0.022 eV (0.5 kcal/mol) more for the 

activation of the bond splitting than U–-U. From the measured quantum yields, we obtained the 

back ET time scales (1/kBET) of 1175, 315 and 260 ps for T–-U, U–-T and U–-U, respectively, 

much shorter than that for T–-T in 2.4 ns (Fig. 9A). Thus, the back ET dynamics change in a 

decreasing order of 5’-U–-U-3’ > U–-T > T–-U > T–-T. Using the same λ and J values of 1.21 eV 

and 3 meV as forward ET, respectively, we obtained the free energy of back ET to be -0.22 eV 

for T–-T, -0.29 eV for T–-U, -0.42 eV for U–-T, and -0.44 eV for U–-U (Fig. 9B) and these BET 

reactions are all in the Marcus normal region.33 

After a sequential breakage of both C-C bonds, the cyclobutane ring is repaired but the 

electron must return semiquinone FADH• to complete the photocycle and restore the catalytic 

state of FADH–. In UV region, we did observe the signal of T– and U– intermediates around 300 

nm and the products of T and U in various substrates. The (T+U)– and (U+U)– have faster return 

dynamics (1/kER) of 185 and 210 ps than (T+T)– with 700 ps, while (U+T)– has the longest 

electron return time of 1220 ps (Fig. 9A). The electron-return dynamics are much slower than the 

ring splitting and thus these two processes are decoupled. Also, the electron-return dynamics for 

the four substrates vary in a decreasing order of 5’-T+U–-3’ > U+U– > T+T– > U+T–. The back 

electron tunneling from T– passing the adenine-mediated pathway again to final FADH• has a 

large driving force of -2.26 eV122,129 and such tunneling is in the Marcus inverted region. Using 

eq. (1) for the electron-return dynamics of T+T– and U+U– (∆G0 around -2.15 eV) and by 
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consideration of a smaller J and a larger λ in the electron return than in the forward ET, we 

obtained the electronic coupling and reorganization energy of 2.6 meV and 1.37 eV for return 

tunneling, and the free energy of -2.12 eV for U+U–. Using the obtained J and λ values, we 

obtained a smaller free energy of -2.10 eV for T+U– and a larger free energy of -2.32 eV for 

U+T– (Fig. 9B). Since the thymine has lower reduction potential than uracil, the fact that the 

driving force for U+T– is larger than T+U– suggests that the electron stays at the 3’ side of DNA 

after ring splitting. From the X-ray structure,9,11,13 several water molecules, polar/charged 

residues, and the highly reducing FADH• are all around the 3’ side, which probably stabilizes 

and solvates the electron after the complete bond breaking.  

 

4.3 Active-site mutation and repair efficiency modulation 

The repair efficiency of thymine dimer by photolyase is higher than those of all chemical 

model systems (0.004-0.41) synthesized so far,133-135
 indicating that the amino acids in the active 

site must significantly contribute to the repair efficiency by modulating the redox properties and 

dynamics of the flavin/CPD pair. To examine how the protein active site controls the higher 

repair efficiency, we mutated a series of residues (E274A, R226A, R342A, N378C and M345A) 

at the active site of EcCPD and here showed two typical mutants, N378C near the cofactor side 

and E274A near the substrate side, which makes critical contributions to the repair efficiency 

(Fig. 10A). We systematically studied these two mutants by probing all involved species from 

visible to UV. Four typical results are shown in Figs. 10B-D at 800, 620, 270 and 266 nm. The 

final results of forward ET, back ET, second-bond splitting, and electron return are shown in Fig. 

11B with the measured total repair quantum yields in Fig. 11A.  
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Both mutants exhibit the lower quantum yields of 0.69 for N378C and 0.40 for E274A, 

resulting from a combination of two-step quantum yields, forward ET relative to lifetime 

emission (kLT) and second-bond splitting relative to back ET (two pairs of dashed lines in Fig. 

11B). Both mutants modulate the ET redox potentials, N378C for FADH– at the cofactor side 

and E274A for T<>T at the 5’ side, leading to the longer forward ET times as 1300 ps for 

N378C and 580 ps for E274A (Fig. 11B), respectively, and thus resulting in the lower first-step 

branching yields to 0.73 for N378C and to 0.65 for E274A. After the forward ET, the C5-C5' 

bonds in anionic CPD break ultrafast in both mutants, similar to the wild type. For the second-

bond C6-C6’ cleavage, we obtained the same splitting time in 90 ps as the wild type for N378C, 

consistent with the fact that the mutation only affects the cofactor. For E274A, we observed a 

faster second-bond splitting time of 30 ps, probably due to the destabilization of the splitting 

transition state by the mutation of E274A that abolishes two hydrogen bonds with T<>T at the 5’ 

side (Fig. 11A). The observation of thymine dimer repair by mutant E274A also excludes any 

possibility of proposed proton transfer(s) between E274 with T<>T during repair that has been 

suggested based on theoretical consideration.112,136 However, the mutation near the cofactor side 

or the substrate side also increases the rate of unproductive back ET, 1300 ps for N378C and 50 

ps for E274A (Fig. 11B). Thus, the second-step branchings drop to 0.94 for N378C and to 0.62 

for E274A. Finally, the decrease of the total repair quantum yield for these two mutants is an 

overall effect from both branching ratios. 

 

5. Dynamics and mechanism of CPD repair in a biomimetic flavin−thymine dimer 

adduct 

Numerous biomimetic systems have been synthesized to mimic the repair function by 
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photolyase, but all have shown low repair efficiency, for example, 0.016−0.062 for 

flavin−thymine dimer systems137,138 and 0.06−0.40 for indole−thymine dimer systems.133,135 The 

molecular mechanisms of these low-efficiency processes have not been understood.113,114 Here, 

we report our direct mapping of the repair processes in a biomimetic flavin−thymine dimer 

adduct by following the entire temporal evolution of reactants and intermediates. By capturing 

the complete repair photocycle and comparing with CPD photolyase, we can understand how 

CPD photolyase achieves its high repair efficiency (0.8-0.9). 

Instead of simply using a solution mixture of thymine dimer and flavin, we employed a 

covalent linkage between the lumiflavin (LF) and thymine dimer (T<>T) to hold the flavin 

photosensitizer and dimer together (Fig. 12A). The molecular structures of LFH−−T<>T and 

LFH− are highlighted in pink and blue, respectively, in the left inset of Fig. 12A. The absorption 

and emission spectra of fully reduced FMNH− in solution are shown in the right inset of Fig. 12A. 

The absorption spectrum is consistent with the results of previous studies,61,137 and the emission 

spectrum is similar to that in our earlier report on FADH−* emission.28 Upon 360 nm excitation, 

we observed weak fluorescence emission peaked at 435 nm for fully reduced FMNH−. More 

importantly, we observed the excitation-wavelength dependence of the emission spectra.28 Also, 

as mentioned in section 2, the fluorescence intensity of fully reduced flavin in solution is much 

weaker than that observed in photolyase, suggesting very different dynamic behaviors of fully 

reduced flavin in the two environments. 

We first studied the excited FMNH–* in solution and the fluorescence transient of 

FMNH–* in the absence of dimer exhibited multiple decay dynamics with lifetimes (1/kd) of 5.8 

ps (82%), 35 ps (16%), and 1.5 ns (2%) (Fig. 12A).28,36 Such multiple-decay dynamics reflect the 

ultrafast deactivation of the excited FMNH–* with a butterfly bending and/or distortion motions 
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of the isoalloxazine ring.28 With LFH–-T<>T, the transient completely decays to zero in less than 

150 ps (Fig. 12A). By considering the ET reaction in each deactivation process of excited LFH–*, 

we obtained an ET dynamics (1/kFET) in 79 ps. Thus, the first-step ET quantum branching drops 

to 0.124 considering all three deactivation processes and is much lower than that in photolyase 

(~0.85).  

According to recent quantum-chemical calculations,113 the splitting of the C5−C5′ bond 

of the anionic thymine dimer (T<>T−) is a downhill reaction and occurs in less than 1 ps. 

Therefore, there is trace amount of T<>T− accumulation. After the C5−C5′ ultrafast splitting, the 

reaction can evolve along one of two pathways (Fig. 12B): (1) the nonproductive pathway 

including back ET (τBET) and ring reclosure without repair, or (2) the repair channel including 

C6−C6′ bond splitting (τSP2) and then electron return after repair (τER). By observing the 

absorption of various intermediates (Fig. 12C), we obtained that the C6-C6’ bond splits in 435 ps 

(1/kSP2) with a concurrent unproductive back ET in 95 ps (1/kBET). The fast back ET of 95 ps in 

solution indicates a relatively unstable charge-separated intermediate (LFH•−T-T–), leading to a 

significant competition between ring splitting (435 ps) and futile back ET. The branching of the 

dimer ring splitting to electron return is 0.179, much smaller than that in photolyase (0.96). 

Considering the two-step branching ratios together, we obtained the total repair efficiency of 

0.022, a similar order as the steady-state measurement (0.062) but more than one order smaller 

than that in photolyase. After both C-C bonds breaking, the electron is delocalized at both 

thymine bases and the electron at the linked T1 thymine base (85%) returns to flavin within about 

23 ps (inset in Fig. 12A).36 Such ultrafast dynamics of electron return in the Marcus inverted 

region must be due to the low activation energy, probably facilitated through hot vibrational 
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modes of the products. On the other side, the negative charge could also stay at the distal base T2 

with a much longer time scale, leading to a long-lived LFH• (15%). 

Our observations reveal that the underlying molecular mechanism for the low repair 

quantum yield of all flavin−thymine dimer adducts is the short-lived excited flavin and the 

ultrafast dynamics of futile back ET. In contrast, in CPD photolyase, the enzyme can utilize 

geometric restriction and electrostatic interactions to confine the flavin cofactor and lengthen its 

excited-state lifetime (1.3 ns). The excited cofactor could exist long enough to inject electron 

into the CPD to form a charge-separated intermediate and thus reach a high forward ET quantum 

yield. Moreover, the active site stabilizes the charge-separated intermediate in photolyase (2.4 ns) 

and speeds up the ring splitting (90 ps). Such modulation of the dynamics leaves enough time to 

cleave the ring, resulting in a high splitting efficiency. These two high-efficiency processes lead 

to perfect repair of damaged DNA by photolyase. 

 

6.  Dynamics and mechanism of 6-4PP repair by photolyase 

For 6-4PP repair, various hypothetical repair models,10,19-26 including formation of an 

oxetane intermediate in the ground state before the photochemical reaction19,21 and, more 

recently, a model that includes formation of a water molecule following the primary 

photochemical reaction,10 have been proposed to rationalize the bond breakages and group 

arrangements for complete repair. Most models invoke proton transfer from a neighbouring 

histidine residue, leading to a plausible scheme as shown in Fig. 13. 

 

6.1 Mechanism of proton and electron transfer 
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 To examine the proposed repair models of 6-4PP by At(6-4) and to identify the related 

reaction intermediates, we followed the similar strategy as we studied for CPD repair. We first 

characterized the dynamics of forward ET.27  By capturing the fluorescence emission from 

excited FADH– at 550 nm (Fig. 14A), the fs-resolved transient of the complex can be best 

represented by a stretched-single-exponential decay with a time constant of 225 ps and β=0.8 

(Fig. 14B). Considering the lifetime of FADH–* in 3.0 ns, the forward ET takes 280 ps. When the 

potential active-site proton donor, His 364, was replaced by charged (Lys and Asp), polar (Asn 

and Tyr) and hydrophobic (Ala and Met) residues, we observed the similar electron-transfer 

dynamics with time constants of 165–379 ps. This finding, along with the observation that the 6–

4PP is in its standard form in the structure of enzyme-substrate complex,10,23 excludes the early 

repair model that requires a mixture of  oxetane precursor and ground state 6-4PP before 

photoexcitation.19,21 We conclude that after one electron injection the 6–4PP repair takes place 

completely in the anionic ground state of 6–4PP. 

 After the photoinduced charge separation (FADH•+6–4PP•–), the reaction can evolve 

along two pathways: back ET (reaction rate constant k2) or 6–4PP repair (k3) (Fig. 13). Knowing 

the forward ET dynamics of FADH–*, we can map out the temporal evolution of FADH• by 

probing at wavelengths from 500 to 700 nm (Fig. 14A) to follow 6–4PP repair. In Fig. 14C, the 

transient probed at 640 nm (red curve) shows drastically different behavior from that probed at 

800 nm (blue curve), owing to the capture of the radical FADH• (green curve). We observed an 

apparent rise signal of FADH• in 51 ps (initial flat part of Fig. 14C inset) and a long plateau, 

indicating that complete 6–4PP repair takes longer than several nanoseconds. Because the 

forward ET takes about 280 ps, the 51 ps is the overall decay time of the initially formed FADH• 

(dashed purple curve in Fig. 14C), but appears as an apparent rise. Slower formation and faster 
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decay result in apparent reverse kinetics and less FADH• accumulation. The dynamics of the 

branched FADH• in the repair channel (dashed light-blue curve in Fig. 14C) exhibits a complex 

formation (largely determined by the k1 process) and a slow decay (k4), but the amplitude is 

mainly determined by the k3 rate. By deconvolution, we obtained the back ET in 57 ps (k2) and 

the repair channel in 481 ps (k3) to form a 6–4PP•– related intermediate. From these rate 

constants, we obtained a repair branching constant of 0.097, a value that is in excellent 

agreement with the reported steady-state repair quantum yield of 0.1, suggesting that after the k3 

step all subsequent reactions proceed to the final 6–4PP repair without any back ET that would 

lead to a futile cycle.  

These findings reveal that the underlying reason for the low repair quantum yield of (6–4) 

photolyase (0.1), compared with cyclobutane pyrimidine dimer photolyase (0.82), is the ultrafast 

rate of back ET (k2 = 57 ps) from 6–4PP•– to FADH•, relative to the parallel repair channel (k3 = 

481 ps), although the branching of the forward ET is quite high (0.8). For the series of mutants 

(His364Asn/Met/Tyr/Ala/Asp/Lys) designed to examine the proposed reaction mechanism, we 

observed that all transients probed in the 500–700 nm region show similar back-electron transfer 

dynamics in the range of 80–295 ps,27 but decay to zero without any long plateaus (shown in Fig. 

14D for the His 364 Asn mutant). This observation is critical to the proposed reaction scheme. 

Even though the ET from FADH–* to 6–4PP is essentially normal, the repair channel is 

completely shut off and all FADH• formed by initial charge separation follows a futile ET cycle 

back to FADH•– by charge recombination without repair (Fig. 13). These results are also 

consistent with our steady-state quantum yield measurements, which revealed a total lack of 

repair in any of these mutants (inset in Fig. 14D). Collectively, our data, in agreement with an 

earlier report,21 indicate that His 364 in the active site is a functional residue that is irreplaceable 
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in the repair channel, and a proton transfer from His 364 to 6–4PP is conceivably the rate-

limiting step (k3) in our reaction scheme (Fig. 13).  

To test the proton transfer from His 364 during repair, the enzymatic reaction was carried 

out in D2O. As shown in Fig. 14D for wild-type photolyase, we observed a different transient 

with an obviously lower plateau, reflecting a slower repair process (1.25 ns) but with the similar 

forward (240 ps) and back (68 ps) electron transfer dynamics as observed in H2O. The X-ray 

structure shows a hydrogen-bond distance of 2.7 Å between the amine group of His 364 and the 

hydroxyl group at the C5 position of the 5' base (Fig. 2); hence, a proton transfer from His 364 to 

the hydroxyl group is quite feasible. The lower plateau of the transient in D2O is about half of 

that in H2O (Fig. 14D), and thus corresponds to a halving in the repair branching, in good 

agreement with the steady-state measured quantum yield ratio of 1:2 for D2O:H2O (Fig. 14D 

inset). We also studied the repair dynamics and the steady-state enzyme activity over a pH range 

from 7 to 9 and did not observe any changes, consistent with the observation that His 364 

remains protonated over even a wide basic pH range. All these results are consistent with the 

proton transfer from His 364 to 6–4PP to generate a protonated neutral radical 6–4PPH• as a key 

step in the repair pathway (Fig. 13). This critical proton transfer, facilitated by the initial 

photoinduced electron transfer, completely blocks the futile back ET from 6–4PP•– and allows 

the reaction to proceed to repair with 100% efficiency after this step.  

 

6.2 Reaction photocycle and repair quantum yield 

 On the basis of these findings and previous data, including the crystal structure of the 

enzyme–substrate complex, a catalytic photocycle for the repair of thymine (6–4) photoproduct 

was proposed (Fig. 15). In this scheme, the primary reactions are the initial electron transfer (I to 
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II in Fig. 15) and the subsequent proton transfers (II to III in Fig. 15). The ET-induced transfer of 

a proton from a His residue in photolyase to the 6–4PP substrate is a key step in the repair 

photocycle, like the ‘dividing line’ in the transition state, and makes the subsequent reactions 

‘downhill’ without the possibility of back reaction. This critical step competes with the back 

electron transfer, resulting in an overall repair quantum yield of about 0.1, which is probably the 

maximum value that could be achieved for such a structurally and chemically challenging 

reaction. The successive elementary steps naturally proceed to an intramolecular proton transfer 

from the hydroxyl group on the C5 of the 5' base to the N3 at the 3' base to form a transient 

zwitterion, and then an oxygen-atom attack of the C4 position at the 3' base to form a transient 

oxetane-type structure (III in Fig. 15). The transient-water-molecule-formation model, which 

proposes direct breakage of the C–O bond at the 5’ base after the initial proton transfer, seems 

unlikely because it necessitates a series of proton-transfer reactions, including the protonation of 

the carbonyl group at the 3’ base, and there are no potential proton donors in proximity to this 

carbonyl group. In addition, any interruption in such a complicated scheme proposed by this 

water model would be expected to give rise to permanent damaged DNA; this is not observed in 

the repair reaction by (6–4) photolyase. Our scheme, in which a simple transient-oxetane 

formation facilitates the oxygen-atom transfer from the 5’ to 3’ base followed by C6–C4 bond 

split (IV in Fig. 15), would be less prone to mutagenic side reactions because, after oxygen-atom 

transfer and C–C bond cleavage, the proton returns to the essential His 364 residue and the 

electron returns to FADH•, restoring the enzyme to its active form and the 6–4PP to two thymine 

bases (V in Fig. 15). 

 

7. Conclusions and outlook 
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In this perspective, we have summarized the recent advances on understanding UV-

damaged DNA repair by photolyases. We first reported our systematic characterization of the 

steady-state spectra of flavin in various redox states and observed the new fluorescence emission 

of semiquinone states, providing a novel fluorescence tool for probing the radical semiquinone 

species in flavoproteins. Using the intrinsic flavin chromophore as an optical probe, we 

characterized the active-site solvation in CPD and (6-4) photolyases and determined the 

timescales of their dynamics in a few to hundreds of picoseconds. The active-site motions are 

critical to the understanding of the repair dynamics in photolyases. With femtosecond resolution 

and site-directed mutagenesis, we followed the entire dynamic evolution of the repair processes 

by monitoring the initial reactants, capturing various intermediates, and detecting the final 

product formation. We observed six elementary steps all on the ultrafast timescales including 

excited-state decay, three intermolecular electron-transfer reactions, and two bond-breaking and -

making processes. We further identified the key functional residues at the active sites and 

explained the molecular origin of high repair efficiency. By examining a biomimetic system with 

much low repair efficiency, we conclude that the active sites of the photolyases provide a 

favorable electrostatic environment and local flexibility to eliminate the ultrafast deactivation 

processes and give enough time to inject one electron to the substrate, and balance the two 

competing bifurcations with all the dynamics in synergy by speeding up the bond splitting and 

slowing down the charge recombination. For 6-4 photolyase, we reported a sequential ET-

induced proton transfer repair mechanism with a photon, an electron and a proton to collectively 

rearrange atoms and break chemical bonds. Thus, we obtained two complete repair photocycles 

by photolyases and elucidated the unique electron-tunneling pathways mediated by the 
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intervening adenine of the folded flavin configuration and the molecular origin of high repair 

efficiency.      

   The future studies will be extended to examine the newly discovered class II, class III 

and single-strand DNA CPD photolyases and to compare their structures, dynamics and 

functional efficiencies with the class I photolyase. Such studies can provide the important 

correlations between structures, dynamics and functions. For 6-4 photolyase, more detailed 

studies are needed to capture intermediates and complete the characterization of all involved 

elementary steps. Related to 6-4PP repair, the investigation of the UV-damaged Dewar repair is 

also required. All these studies will provide not only the fundamental knowledge of a significant 

enzyme reaction but also a molecular basis for practical applications such as rational drug design 

for curing skin cancer.    
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Figure Caption: 

 

Fig. 1. Chemical structures of undamaged thymine bases and damaged DNA photolesions of 

cyclobutane pyrimidine dimer (CPD) and 6-4 photoproduct (6-4PP). 

 

Fig. 2.  Crystal structures of CPD photolyase and 6-4 photolyase. (A) X-ray complex structure of 

A. nidulans photolyase with DNA containing a repaired photoproduct of thymine dimer. E. coli 

photolyase has a similar structure. The thymine dimer is flipped out of DNA and inserted into the 

active site. (B) A close-up view shows the relative positions of the catalytic cofactor FADH– and 

the repaired substrate with the electron tunneling pathways in repair. (C) X-ray structure of D. 

melanogaster (6–4) photolyase (blue) bound to DNA (yellow) containing a (6–4) photoproduct. 

A. thaliana photolyase has a similar structure and a conserved histidine residue in the active site 

(His 364 in A. thaliana and His 365 in D. melanogaster).The 6–4PP is flipped out of DNA and 

inserted into the active site. (D) The close-up view shows the relative positions of the catalytic 

cofactor FADH–, the conserved His 364 (His 365) residue and the 6–4PP substrate. 

 

Fig. 3. Steady-state absorption and emission spectra of flavins in five redox states.28 (A) 

Oxidized state, (B) semiquinone radical state, and (C) fully reduced hydroquinone state. The 

excitation wavelengths are 400 nm for oxidized FAD and FMN, 420 nm for anionic radical 

FAD•–, 580 nm for neutral radical FMNH•, and 360 nm for fully reduced FADH– and FADH2. 

The fluorescence emissions of FAD•– in the cryptochrome and FADH– and FADH2 in solution 

are very weak. Upper right frame: Schematic representation of FAD in open and stacked 

conformations. The stacked conformation was adopted from U-shaped FAD in photolyase. 
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Lower right frame: Schematic representation of the isoalloxazine ring in planar and “butterfly” 

bent conformations. 

 

Fig. 4. Active-site structures of photolyases and solvation dynamics probed by intrinsic flavin 

cofactor FADH–.31 (A-B) Top panel: X-ray structures of E. coli CPD photolyase and A. thaliana 

(6-4) photolyase with the catalytic cofactor (FADH–) in the center. Middle panel: Close-up view 

of the flavin and the active site of CPD photolyase (Left) and of (6-4) photolyase (Right) with 

the neighboring polar/charged residues and trapped-water molecules within 8 Å from one 

snapshot of 1-ns MD simulations. Bottom panel: Corresponding surface maps of the MD 

snapshots, showing the local topography, chemical property (red, negative charged residue; blue, 

positive charged residue), and trapped-water molecules at these active sites. (C-D) Upper panel: 

3D representation of fs-resolved emission spectra of EcCPD (C) and At(6-4) (D) relative to time 

(ps) and emission energy (cm−1). The intensity was scaled by a color code. Lower panel: 

Snapshots of fs-resolved spectra at three typical delay times for the two sites with their 

corresponding steady-state emission spectra. For comparison and clarity, the steady-state 

emission peaks were marked by the gray dotted lines as references to show spectral peak and 

shape evolution. 

 

Fig. 5.  A proposed sequential CPD repair scheme. After the forward electron transfer (FET, 

reaction rate kFET) from FADH–* to thymine dimer upon light excitation, the repair channel 

includes splitting of two bonds of C5-C5’ (ksp1) and C6-C6’ (ksp2) in thymine dimer accompanied 

with unproductive back electron transfer (kBET) without repair. The subsequent electron return 
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(kER) after complete ring splitting finishes the reaction photocycle. ktotal is the overall decay rate 

of intermediate state FADH• after the initial charge separation. 

 

Fig. 6. Femtosecond-resolved transient-absorption dynamics of reactants, various intermediates 

and final products involved in repair of thymine dimer.32 The repair dynamics are probed 

systematically from 800 to 260 nm. Several typical results in the UV region are shown with a 

distinct pattern. Inset A: The absorption coefficients of all species involved in repair. Insets B-E: 

Transient-absorption signals probed at 335, 300, 270 and 266 nm. These dynamics are 

systematically fitted by total flavin-related species (FADH–* + FADH• + FADH–, dashed red), 

thymine dimer intermediate T-T– (dashed cyan), thymine anion T– (dashed dark red) and thymine 

products T (dashed dark yellow). 

 

Fig. 7. Complete photocycle of CPD repair by photolyase.32 All resolved elementary steps of 

CPD (thymine dimer) repair on the ultrafast time scales and the elucidated molecular 

mechanism. 

 

Fig. 8. Femtosecond-resolved transient-absorption dynamics of DNA repairs with different 

combination of bases.32 (A) Transient-absorption signals of repair with T<>T, T<>U, U<>U, and 

U<>T probed at 710 and 620 nm. The dynamics of FADH– (blue line) was probed at 710 nm. 

The signal at 620 nm is the combination of FADH– and intermediate FADH• (red line) 

contributions. The chemical structures of various CPD substrates are also shown with highlight 

at uracil sides. The blue shading of U indicates the forward electron tunneling to the 5′ side of 

DNA and the red shading for electron return starting at the 3′ side after the complete two-bonds 
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splitting. (B–D) Repair dynamics of T<>T (orange), U<>T (blue), U<>U (green), and T<>U 

(dark red) probed at 270 nm (B), 300 nm (C) and 335 nm (D). Insets show the deconvolution of 

total flavin-related species (dashed red), CPD intermediate anions T–-U⁄U–-U (dashed cyan), and 

T– (dashed dark red), and the products of T⁄U (dashed dark yellow) of repair with T<>U, U<>T, 

and U<>U in (B), (C), and (D), respectively. 

 

Fig. 9. Reaction times and free energy diagrams of the elementary steps in splitting of CPD 

substrates.33 (A) Reaction times of each elementary step observed in repair of various substrates 

(T<>T, T<>U, U<>U, and U<>T), including the forward ET, the C6−C6′ bond splitting, futile 

back ET and final electron return to complete the photocycle. Note the order in reaction times of 

three ET processes for four different substrates and also the faster bond splitting than the back 

ET and electron return. (B) The free energy profiles along the reaction coordinate after the 

forward ET in repair of CPD substrates with the time scales of the dynamics shown at the top. 

On the anionic surface, the solid curve represents the splitting of T<>T– while the dashed curve 

for U<>U–. On the neutral surface, the bond-breaking activation barrier (dashed curve) is very 

high according to theoretical calculations. Note the different regions, normal or inverted, of three 

ET processes and the ring reclosure after the futile back ET. 

 

Fig. 10. Effect of active-site mutations on repair dynamics.32 (A) X-ray structure of the active 

site of A. nidulans photolyase with two critical residues of N386 (N378 in E. coli) and E283 

(E274 in E. coli). The hydrogen-bonding distances of the two residues with FADH– and CPD are 

also shown, respectively. (B–D) Femtosecond-resolved absorption transients of the repair of 

damaged CPD by the wild type and two mutants (N378C and E274A) probed at 800 and 620 nm 
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(B), 270 nm (C), and 266 nm (D). Insets in (B) and (C) show the deconvolution of various 

species’ contributions of N378C mutant probed at 620 and 270 nm, respectively, while the inset 

in (D) for E274A mutant probed at 260 nm. 

 

Fig. 11. Quantum yields and various reactions times of four elementary steps for wild type 

(EcCPD) and the two mutants.32 (A) The overall repair quantum yields (QY) of the two mutants 

N378C and E274A were measured, relative to the known wild-type one (0.82), by monitoring 

the formation of thymine bases at 266-nm absorption with certain visible-light irradiation of the 

enzyme-substrate solution. (B) The reaction times of each elementary step in CPD repair by the 

wild type and the two mutants with our measured total QY from (A). The vertical dashed lines 

represent the two-step repair efficiency of the FET to lifetime emission (LT) and the second-

bond splitting (SP2) to BET. The ER is decoupled from the CPD splitting. 

 

Fig. 12. (A) Femtosecond-resolved fluorescence transients of reduced FMNH– and LFH– −T<>T 

gated at 450 nm upon 325 nm excitation.36 The molecular structures of LFH–−T<>T and LFH− 

are highlighted in pink and blue, respectively, in the left inset. The right inset shows the 

absorption and emission spectra (360 nm excitation) of reduced FMNH–. The two arrows 

indicate the pump wavelength (λpu) and gated fluorescence emission wavelength (λfl). (B) Repair 

scheme with forward ET (τET) after light excitation, ultrafast first C5−C5’ bond splitting (τSP1), 

back ET (τBET) and ring reclosure without repair, and the repair channel including C6−C6’ bond 

splitting (τSP2) and electron return (τER). (C) Femtosecond-resolved absorption signal of LFH–

*−T<>T probed at 580 nm upon 325 nm excitation, with detection of both LFH–*−T<>T (green 

curve; mainly probed at 710 nm) and LFH• (blue curve). The total LFH• signal is from the one 
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dominant contribution of the initially formed LFH• (dashed cyan curve) and two minor 

contributions of the branched LFH• in the repair channel (≥85%, dashed purple; <15%, dashed 

lime-green). A minor plateau from the deactivation channels in the 710 nm transient was 

removed for clarity. The inset shows the dynamics of the two fitted minor channels. 

 

Fig. 13. A proposed 6-4PP repair scheme includes forward electron transfer (FET, reaction rate 

k1) after light excitation, back electron transfer (BET, reaction rate k2) without repair, and the 

repair channel, comprising of initial proton transfer (PT, reaction rate k3) and late proton and 

electron return (PR and ER, reaction rate k4) after repair. 

 

Fig. 14. Femtosecond-resolved dynamics of flavin species involved in the repair of damaged 

DNA by (6–4) photolyase enzyme.27 (A) Absorption spectra and coefficients of purified protein 

with FADH• (red), converted active form FADH– (blue) and damaged 6–4PP (yellow), and 

derived FADH–* (dashed green) and a 6-4PP related intermediate (dashed purple) from this 

study. Inset shows the fluorescence emission of FADH–* with an arrow indicating the gated 

wavelength. (B) Normalized signals, detected by both fluorescence (gated around the emission 

peak of 550 nm) and absorption (probed at 800 nm) methods without (red) and with (blue) the 

substrate in the active site, show the same lifetime and forward electron-transfer decays. λfl, 

wavelength of fluorescence; λpr, probing wavelength; a.u., arbitrary units. (C) Transient 

absorption signal probed at 640 nm with both FADH–* (blue) and FADH• (green) contributions. 

The total FADH• signal is from the two contributions of the initially formed FADH• and the 

branched FADH• in the repair channel. Inset shows a flat signal in tens of picoseconds, reflecting 

an apparent fast rising signal. ∆A, absorption change. (D) Transient-absorption signals of the 
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His364Asn mutant (green line) and wild-type (WT) enzymes in D2O (dark-red line) and in H2O 

(light-red line) probed at 640 nm. The corresponding relative steady-state quantum yield 

measurements are shown in inset. 

 

Fig. 15. Repair photocycle of (6–4) thymine photoproduct by (6–4) photolyase.27 The resolved 

elementary steps include a forward electron transfer in 225 ps upon excitation (I to II), a back 

electron transfer in 50 ps without repair (II to I) and a parallel, catalytic proton transfer between 

the enzyme (His364) and the substrate (II to III), induced by the initial electron transfer, in 425 

ps. This proton transfer is a critical step in repair and determines the overall repair quantum 

yield. The subsequent repair reactions involve a series of atom arrangements with bond breaking 

and making (III to IV), and final proton and electron returns (to His364 residue and flavin 

cofactor) to convert the 6–4PP to two thymine bases on time scales of longer than ten 

nanoseconds (IV to V). 
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