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The synergy between particles and biofilms that
drives drinking water discolouration processes in
PVC pipes

Artur Sass Braga, * Yves Filion and Benjamin Anderson

This study investigates how biofilms influence the accumulation and mobilization of iron oxide particles

in drinking water distribution systems (DWDSs). Two experiments were conducted in a full-scale PVC

pipe loop: one with biofilms grown over 28 days and one without biofilms. Iron oxide particles were

injected into the pipes under steady flow conditions to promote particle attachment to the pipe walls,

followed by four sequential flushing steps designed to mobilize the attached particles. Particle

accumulation and mobilization were assessed using suspended sediment concentration (SSC), turbidity,

and microscopy. Biofilms increased particle attachment from 66% to 72% and enhanced particle

retention during flushing. In the first flush, 79% of the mobilized mass was released in the no-biofilm

loop compared to 69% in the biofilm loop, indicating stronger adhesion in the presence of biofilms.

Subsequent flushes mobilized more material from the biofilm experiment, particularly under higher

shear stress. Microscopy revealed that biofilms captured both fine and large particles (up to 30 μm),

and even with limited surface coverage (∼3%), substantially enhanced particle adhesion. While the

biofilms developed under experimental conditions may differ from mature biofilms in actual DWDSs,

the results demonstrate that biofilms have the potential to promote particle accumulation and resist

their mobilization under high-shear events. Despite the ubiquity of biofilms in DWDS, these results may

help water utilities improve pipe cleaning strategies and better manage material accumulation within

the systems.

Introduction

Drinking water distribution systems (DWDS) are typically
designed to operate over several decades. As these systems age,
metallic components corrode, biofilms develop, and materials
progressively accumulate on the inner walls of pipes.1,2 The
accumulation of such deposits has long been recognized in
DWDSs, particularly due to the early, widespread use of
unlined cast iron pipes, which frequently caused “red water”
events triggered by the resuspension of iron corrosion scales.3,4

In recent decades, new concerns have emerged regarding
material accumulation in modern plastic pipes.5–7 Studies

have detected a broad spectrum of contaminants within these
deposits, including contaminants of emerging concern
(CECs), toxic heavy metals (e.g., arsenic, lead), pathogenic
microorganisms, and antimicrobial resistance genes
(ARGs).8–15 This growing body of evidence is prompting water
utilities to implement pipe-cleaning programs to safeguard
drinking water quality. Pipe flushing emerged as the primary
tool to assess and mitigate material accumulation. However,
flushing can only account for mobile fractions of pipe wall
material, and it remains limited due to the vast physical scale
and the limited accessibility of underground pipes that make
up DWDSs. As an alternative, researchers are striving to better
understand the mechanisms underlying material build-up,
supporting the development of predictive models and more
effective strategies for maintaining clean pipes.1,16–18
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Water impact

Drinking water discolouration is caused by the release of biofilm and particulate materials that accumulate inside pipe networks. This study investigates
the role of biofilms in facilitating the capture of iron oxide particles suspended in the flow and enhancing their adherence to the pipe wall, thereby
increasing the resistance of accumulated materials to mobilization. These findings will support water utilities in improving pipe cleaning strategies and
reducing discolouration risks in operational networks.
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A widely-referenced model that significantly advanced the
understanding of water discolouration is the variable
condition discolouration model (VCDM), developed from its
predecessor, PODDS.17,19 VCDM predicts increases in water
turbidity in response to changes in pipe flow conditions.
VCDM uses the wall shear stress (WSS) to determine whether
materials on the pipe wall are in a state of accumulation or
detachment. To do this, it compares WSS to the material
shear strength (MSS) — the force that binds materials to the
pipe wall. The model estimates the “load of material” (i.e.,
discolouration potential) in a pipe section using a material
function with coefficients representing accumulation and
detachment dynamics. A key feature of VCDM is its
representation of discolouration potential as a sum of
multiple material layers, each with a distinct MSS. Notably,
layers with lower MSS contribute more significantly to
turbidity upon detachment (e.g., in DWDS dead ends), while
layers of different MSS accumulate at varying rates and
eventually reach a saturation point in terms of discolouration
potential.17,20

The performance of the VCDM has been validated
through multiple studies and has been applied in proactive
maintenance strategies to reduce discolouration
risk.6,16,20–22 However, its empirical nature requires
calibration for each application, limiting broader
implementation. Furthermore, the model exclusively outputs
turbidity, which reflects suspended solids concentration
(SSC) via light scattering. As such, the VCDM and similar
turbidity-based models can only estimate material loads
indirectly. They cannot identify specific material types (e.g.,
biofilms, iron oxide particles) or account for materials that
remain attached under maximum flow conditions (i.e.,
where MSS > maximum WSS). Additionally, the relationship
between turbidity and SSC is often complex due to
variability in particle size and composition, leading to
potential inaccuracies when modelling material
accumulation and detachment solely through turbidity
data.23–26

To address these limitations, researchers have focused on
linking discolouration mechanisms to the specific materials
that accumulate in DWDSs. Two primary contributors have
been identified: (1) iron oxide particles, and (2)
biofilms.1,27,28

Iron oxide particles are abundant in systems with
corroded pipes but are also found in plastic pipes and
even in networks with no metallic components.22,29,30 It is
hypothesized that these particles originate from upstream
corrosion hotspots (e.g., old cast iron mains, valves) and
are transported downstream and deposited along the pipe
network.31 Alternatively, dissolved iron, which is
commonly present in drinking water and sometimes at
elevated concentrations due to the release of iron-based
coagulant residuals in the water treatment process, may
precipitate under certain chemical conditions (e.g., pH or
temperature changes) or bind with organic matter at the
pipe wall.

Recent experiments examining the attachment of
suspended iron oxide particles to clean polyvinyl chloride
(PVC) pipes have shown that attachment is primarily
governed by SSC, with flow velocity and WSS having limited
influence under typical operational conditions.23

Surprisingly, particles as small as 1 μm were able to loosely
settle at the pipe invert, contrary to expectations from
sediment theory under turbulent flow.32 Moreover, a
secondary mechanism involving the anchoring of particles in
the surface roughness of PVC pipes produced a range of MSS
values,23,33 consistent with VCDM predictions. This
highlights pipe wall roughness as a critical factor that
influences material accumulation.

Conversely, biofilms, present in all DWDSs, are believed
to account for a large portion of organic matter observed
during pipe flushing.34–37 Although biofilms themselves
are generally translucent and contribute little to
turbidity,38 their characteristics align closely with the
material layer dynamics modelled in VCDM. For instance,
biofilms exhibit cohesive forces that may explain the
formation of layered deposits and varying MSS.7 Active
biofilm cells are typically concentrated in deeper layers
that are not readily detached, allowing regrowth post-
flushing.39 Biofilms also produce extracellular polymeric
substances (EPS) that aid in nutrient capture and promote
the fixation of dissolved materials.40–42 The adhesive
properties of EPS may also facilitate the entrapment of
suspended particles, reinforcing biofilm growth and
material accumulation.

In summary, there is strong evidence that both iron oxide
particles and biofilms contribute to material accumulation
and water discolouration in DWDSs. Existing models,
however, are limited to indirect quantification of
accumulated material based on turbidity. They are unable to
differentiate between specific contributors to discolouration
or to account for potential synergistic effects between
particles and biofilms. Addressing these limitations will be
essential for developing more accurate models and effective
management strategies for maintaining drinking water
quality.

Given these research gaps, the aim of this paper is to
investigate how biofilms contribute to the accumulation and
mobilization of particulate material in PVC pipes. The
specific objectives are to:

1. Quantify the contribution of biofilms to the attachment
of suspended iron oxide particles to the pipe wall of PVC
pipes relative to the no-biofilm case;

2. Quantify effect of biofilms on the mobilization of pipe
wall particles provoked by a flow rate increase in both the
forward and reverse directions relative to the no-biofilm case;
and

3. Characterize both biofilms and particles attached to the
pipe wall of PVC pipes before and after their attachment and
mobilization using microscopy imaging.

To achieve these objectives, a unique set of experiments
was conducted in a pilot-scale laboratory, employing
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innovative methods to quantify and characterize both
biofilms and particles within the pipes.

Methods
Overview of experiments

Experiments were conducted in the Drinking Water
Distribution Laboratory (DWDL) at Queen's University, using
a full-scale pipe loop pilot built with IPEX Blue Brute PVC
pipes, with an internal pipe diameter of 108 mm (4″) and a
length of ∼200 m. The system was designed to mimic
hydraulic conditions of operational DWDSs to investigate
drinking water quality deterioration during its transport in
pipe networks. The pipe loop can be operated either by
recirculating water between pipes and a 3.5 m3 tank (closed
configuration), or without recirculation, by discarding it
entirely at a drain at the end of the pipes (open
configuration) – Fig. 1. In the open configuration, the water
tank is continuously replenished with local drinking water
from Kingston – ON. This drinking water is filtered with a
common household particle filter (melt-blown 1 micron) to
avoid introducing external materials into the pipes. A set of
valves allows the operation of the pipe loop in both flow
directions (forward and reverse). In addition, the entire
laboratory is situated in a temperature-controlled chamber,
which was maintained at 16 °C for these experiments.

Two identical experiments were conducted using the same
pipe loop with different initial pipe conditions: 1) biofilm are
present, and 2) no-biofilms. For the biofilm experiment, the
pipe walls of the pipe loop were pre-conditioned with
biofilms for 28 days (see biofilm pre-conditioning and growth

section below). In contrast, the no-biofilm experiment began
with disinfected and clean pipe walls, which were exposed to
free chlorine concentrations above 20 mg L−1 for 24 h and
flushed at a high flow rate of 15 L s−1 using the open
configuration.

From the pipe loop initial condition, two experimental
phases were used in this investigation, both employing the
open configuration of the pipe loop: 1) a particle attachment
phase, and 2) a particle mobilization phase. The hydraulic
and water quality conditions of the pipe loop during the
experiments are presented in Tables 1 and 2, respectively.

In the particle attachment phase, a controlled injection of
suspended particles was performed at the midpoint location
of the pipes (Fig. 1) to promote their attachment to the pipe
wall under steady-state conditions. The mobilization phase
employed different flushing strategies to mobilize particles
from the pipe wall. Both phases were carefully replicated for
both experiments, isolating the presence or absence of
biofilm on the pipe wall as their only difference. Full details
of each experimental phase and assessment methods are
described in their respective sections below.

Biofilm pre-conditioning and growth

The pre-conditioning of the pipe walls with biofilms was
exclusive to the biofilm experiment. For this, the pipe loop
was operated at a steady-state flow of 0.6 L s−1 and water
pressure of 280 kPa, in a closed configuration, for a period of
28 days to allow biofilm growth under conditions that
partially mimic operational DWDSs. To accelerate the slow
development of biofilms in new drinking water pipe sections,

Fig. 1 Pipe loop schematic highlighting the i) particles injection point; ii) pipe wall sampling positions; iii) flow path in the forward and reverse
directions; iv) monitoring sections; vi) upper pipe loop half where particles were deposited; and vi) lower pipe loop half free of deposited particles.
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the water in the pipe loop was initially inoculated with 2 L of
a concentrated solution of microorganisms sourced from
local tap water.

Microorganisms were captured in granular activated
charcoal filter columns (GACs) that were continuously
operated for more than a year. In this system, local tap water
was maintained at 20 °C. The first GAC column stripped
background disinfectants (the column was renewed when
disinfectants were detected in the effluent), and the second
GAC column provided a surface for drinking water
microorganisms to attach and develop biofilms. Upon
biofilm maturation, a stable output of microorganisms was
detected in the GAC filter effluent, commonly released from
biofilms to colonize new surfaces. To produce the final
concentrated microorganism solution, the GAC effluent was
combined at 1 : 1 ratio with Nutrient Broth No. 3 (Millipore
Sigma) and incubated under agitation at 20 °C for one week.
This nutrient solution was selected for its non-specific
microorganism growth potential, aiming to support the
proliferation of diverse microbial communities.

Before introducing the microorganism solution into the
pipe loop, the pipes were disinfected and cleaned as
previously described. The fresh, filtered drinking water in
the system was dechlorinated with sodium thiosulfate, and
no disinfectants were used during the pre-conditioning
period. Starting on day 0, 3 L of Nutrient Broth No. 3
(Millipore Sigma) with a concentration of 13 g L−1 was
added weekly to support biofilm development. The system
volume remained constant throughout the growth period,
apart from nutrient additions and small-volume sample
collections. The closed system configuration facilitated
organic mass balance calculations for assessing biofilm
development. During the entire growth period, water pH
remained stable at around 8.1, and dissolved oxygen
remained saturated at ∼12 mg L−1 (0.2 μm filtered air
was constantly supplied to the tank through a large
aquarium aerator).

These values indicate no substantial changes in water
chemistry (Table 2) occurred during the growth period, apart
from the fixation of dissolved constituents as microbial
organic mass.

Bulk water from the system was sampled weekly and
tested for: 1) suspended solids concentration (SSC), volatile
suspended solids concentration (SSCv), and fixed suspended
solids concentration (SSCf); 2) total dissolved solids (TS),
volatile total dissolved solids (TSv), and fixed total dissolved
solids (TSf); 3) adenosine triphosphate concentration (ATP);
and 4) total cell counts via flow cytometer (FC). Pipe wall
samples were also collected weekly from multiple locations
and tested for surface cell density using FC and imaged with
a fluorescence microscope using SYTO9, a DNA-label dye (see
microscopy imaging of pipe wall samples).

In summary, data collected during the biofilm growth
period indicate that microorganisms rapidly established
stable populations in both bulk water and on pipe walls,
progressively consuming dissolved nutrients and fixing them
as organic matter. The TSv of the bulk water was initially
measured at ∼470 mg L−1 but was completely depleted by
∼20 days. At that point, a sharp drop in microorganism cell
counts was observed in the bulk water (Fig. S1), suggesting
that biofilms consumed all available nutrients (including
planktonic cells) and entered in starvation. Suspended solids
concentrations (SSC) from this period were 100% volatile and
increased gradually over 28 days, peaking at 1.7 mg L−1 on
day 22 before dropping to 0.6 mg L−1 during the final week.
This supports a shift in biofilm activity around day 20 and
aligns with the expected behavior that the SSCv will increase
with a nutrient abundance and particle release, followed by
nutrient harvesting during starvation.40

Additional details about the biofilms at the end of the pre-
conditioning step are presented in the results section. This
overview was kept brief, as biofilm development is not the
focus of this manuscript. The complete dataset for this
period is available in the SI file (Fig. S1–S4). Experimental
limitations of the biofilm growth method are discussed in
the experimental limitations section.

Particle attachment phase

During the particle attachment phase, a concentrated
solution of ferric iron (Fe2O3) was injected at the midpoint of
the pipe loop (Fig. 1) under steady-state flow conditions
(Table 1).23 A 400 L mixing tank kept the particles suspended,

Table 1 Hydraulic conditions of the pipe loop during experiments

Exp. stage Flow direction Flow (L s−1) Velocity (m s−1) Rea WSSb (Pa) HRTc (min)

Biofilm grow & particles injection Forward 0.6 0.07 7000 0.02 50.9
Flush step F1 Forward 6.5 0.71 76 600 1.20 4.7
Flush step F2 Reverse
Flush step F3 Forward 11.0 1.20 129 700 3.09 2.8
Flush step F4 Reverse

a Reynolds number. b Wall shear stress. c Pipe loop hydraulic retention time.

Table 2 Water quality conditions of the pipe loop during experiments

Water quality parameter Value

pH 8.15
Water temperature (°C) 16.7
Dissolved oxygen (mg L−1) 11.0–13.2
Specific conductivity (μS cm−1) 335
Turbidity (NTU) 0.1–1.0

Environmental Science: Water Research & TechnologyPaper
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and a diaphragm pump drew the solution from the bottom
of the tank and pumped it into the loop at the centerline of
the pipe cross-section at the midpoint location. The particles
quickly mixed with the turbulent flow, forming a suspended
particle plug that traveled downstream. The plug was
discarded at the loop outlet. The plug length (240 m) was
defined by the product of the fluid velocity (Table 1) and the
∼1 h injection period. After injection, the pipe loop flow rate
was maintained for ∼40 minutes to flush 1.5× the volume of
half the pipe loop length (∼95 m). This ensured that all
suspended particles exited the pipe loop before the pumps
were stopped and prevented particle attachment under
stagnant conditions.

Ferric iron particles were selected due to their relevance
to pipe corrosion and water discoloration, as well as their
high chemical stability and insolubility. A target
concentration of 5 mg L−1 was used based on data of
previous experiments that achieved turbidity readings of
∼30 NTU.23 This turbidity level is common during
discolouration events in DWDS.22 Prior to use, particles
were divided into packages of equal mass and particle size
using a rotary splitter, ensuring consistency across
experiments. The solution was mixed for at least 10 minutes
before and throughout the injection. Multiple samples of
the solution were collected at the diaphragm pump inlet
and tested for SSC using gravimetric analysis.43 SSCv and
SSCf were also determined by combusting fiberglass filters
at 450 °C. The total mass of suspended solids injected into
the pipes was calculated by multiplying the average SSC by
the precise injected volume (measured with a large
industrial scale).

SSC, SSCv, and SSCf of the particle plug in the pipes were
assessed via three samples collected at the outlet, timed at
25%, 50%, and 75% of the plug length. Online turbidimeters
(Hach TU5300sc) were used to continuously monitor turbidity
at both the inlet and outlet (1 Hz resolution). Small pumps
were used to draw water from the center of the pipe cross
section to ensure consistent flow through the turbidimeter
under varying pressure conditions.

The flux of suspended sediments (FSS) through the pipe
loop outlet was calculated using eqn (1). Turbidity values
were converted to SSC values by means of calibration
coefficients (α) which were calculated by regressing turbidity
against SSC measured in the bulk water samples. Integrating
the FSS over the particle injection period yielded the total
mass of suspended particles that exited the system. The
accumulated mass in the loop was determined by subtracting
this from the injected mass. The organic/inorganic fractions
were estimated similarly.

FSS = α × Turb × Q (1)

Equation 1: FSS (mg s−1) is the flux of suspended
sediments, Turb is the water turbidity, α (mg L−1 NTU−1) is
the turbidity-to-SSC conversion coefficient, and Q (L s−1) is
the flow rate.

Particle mobilization phase

In the mobilization stage, four flushing steps (F1–F4) were
used to mobilize particles and biofilms from the pipe walls
and evaluate their behavior under mechanical stress. The
first two steps (F1 and F2) were conducted at 6.5 L s−1 in the
forward direction (F1) and in the reverse direction (F2).
Flushing step F3 was performed in the forward direction and
flushing step F4 in the reverse direction; both were
performed at a higher flow rate of 11.0 L s−1 (Table 1). This
strategy tested the resistance of adhered materials to flow
direction44 and magnitude.33 All flushing steps used the open
configuration and followed this sequence:

1. Flow rate ramp-up from 0 L s−1 to target;
2. Maintain the flow rate of 2.5× pipe volumes;
3. Flow rate ramp-down to 0 L s−1.
For each flushing step, a composite water sample was

collected at the outlet (inlet for F2 and F4), during the period
corresponding to 25–75% of the first pipe volume. The
sampling strategy varied depending on expected detachment
locations:

- F1 and F2: assumed detachment from the upper half of
the pipe loop exposed to the particle plug (Fig. 1).

- F3 and F4: assumed detachment from the entire loop
due to possible particles reattachment during F2 (reverse
flush).

All samples were tested for SSC, SSCv, and SSCf. Turbidity
was continuously monitored as in the particle attachment
phase.

For reverse flows (F2 and F4), turbidimeter intake probe
orientations were reversed to maintain consistent conditions.
FSS was again calculated using eqn (1) and α values that were
specific to each flushing step. However, turbidity changes
were smaller (especially for F2–F4), so FSS was corrected to
remove background turbidity that was not caused by particle
detachment from the pipes. Detached particle contribution
was assumed only during the initial passage of 2.5 pipe
volumes. Total mass mobilized was then calculated by
integrating FSS over each flushing step.

Microscopy imaging of pipe wall samples

Pipe wall conditions were analyzed by collecting dedicated
pipe wall samples for microscopy imaging. The DWDL
sampling system uses cut-out sections of PVC pipes that
make up the pipe loop, mounted with 3D-printed supports.45

This is done to align the sample surface with the pipe wall
(∼0.1 mm), and to ensure that the pipe coupon is exposed to
the same flow conditions as the rest of the pipe. Pipe coupon
sampling locations included three longitudinal positions: 1)
inlet (∼23 m), 2) midpoint (∼113 m), 3) outlet (∼185 m),
and three circumferential positions: 1) invert, 2) springline,
3) obvert.45

For these experiments, samples were taken from the
invert at all longitudinal positions (IN-INV, MID-INV, OUT-
INV) and the obvert at the midpoint location (MID-OBV).
Samples were collected before and after particle injection,
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and after F1 flushing. Samples were gently rinsed with 40
mL of DI water poured over a 45°-inclined sample surface
to remove loose material. No-biofilm experiment samples
were stored at 4 °C. Biofilm experiment samples were
fixed with 5% glutaraldehyde for 15 minutes, rinsed three
times with DI before storage in similar conditions. Prior
imaging, biofilm experiment samples were individually
stained with SYTO9 (ThermoFisher) at a concentration of
20 μM for 15 minutes, followed by three 1 minute
deionized water (DI) rinses.46

Prepared samples were mounted in microscopy dishes
under DI water and imaged using a fully automated Nikon
Ni-E epi-fluorescence microscope with water immersion
lenses at 100× and 400× magnifications. Water immersion
was used to preserve biofilms hydration and enhance image
quality with a higher numerical aperture. No-biofilm
experiment samples were imaged in brightfield mode only.
Biofilm experiment samples were imaged in both brightfield
and fluorescence modes (FITC/GFP cube). Light settings were
standardized across all samples.

Microscope automation captured 18 FOVs at 100× and
5–30 FOVs at 400×, centered on the sample. For biofilm
experiment samples, only 5 FOVs were captured at 400×
due to longer acquisition times. A z-stack captured the
full vertical focus range, which then collapsed into a
single focused image per FOV using the proprietary
z-stacking feature in the Ni-Elements microscope
software.

Brightfield images were taken in color (RGB), while
fluorescence images were captured in grayscale (light
intensity-based) but displayed in green for easier
visualization. All images were captured at a resolution of
2880 × 2048 pixels, with each pixel corresponding to 0.43 μm
at 100× and 0.11 μm at 400× magnification.

Images were processed using algorithms written in
Python to create mosaics and overlay the fluorescence
images on the brightfield images. This enabled clear

visualization of both biofilms and iron oxide particles on
the pipe wall surface.

Results
Quantification of particles attached to pipe walls

Results from the particle attachment phase for the biofilm
and no-biofilm experiments are presented in Table 3. During
the passage of the particle plugs through the pipe loops, the
suspended sediment concentration (SSC) averaged 4.5 mg L−1

and was slightly higher in the biofilm experiment. The
turbidity of the plugs remained stable during their passage
through the pipes (Fig. S5); however, a minor change in the
operational flow rate of the turbidimeters caused a large
difference in the average turbidity between the experiments
(Table 3, Fig. S5). The consistency of SSC measurements and
the identical setup of the experiments indicate that the
turbidimeter flow rate was the sole factor responsible for this
discrepancy in plug turbidity. Furthermore, mass estimations
based on turbidity data remained consistent due to the
appropriate calibration of the turbidity-to-SSC coefficients for
each experiment (Table 3).

By the end of the particle attachment phase, a total mass
of 26.8 g and 23.3 g was estimated to have accumulated in
the upper half of the pipe loop downstream the particle
injection position (Fig. 1) for the biofilm and no-biofilm
experiments, respectively (Table 3). This indicates that 66%
of the total mass of injected particles attached to the pipe
walls in the no-biofilm experiment. The presence of biofilms
facilitated the attachment of an additional 6% of suspended
particles, resulting in a total attachment of 72% in the
biofilm experiment.

In addition, the original concentrated solution of iron
oxide particles had 98% inorganic SSC, while samples from
the particle plugs indicated a reduction of inorganic SSC to
95% (Table 3). This shift suggests that a higher proportion of
the inorganic mass of suspended particles was attached to

Table 3 Results from the particle attachment phase of the experiments

Stage Variable Biofilm No-biofilm

Concentrated solution of Fe2O3 particles injected
in the midpoint location of the pipe loop

SSCa [mg L−1] 182.4 173.4
Injected volume [L] 204.6 202.9
Injected mass [g] 37.32 35.18
Organic fractionb [g] 0.60 (2%) 0.57 (2%)
Inorganic fractionc [g] 36.71 (98%) 34.61 (98%)

Plug of suspended particles at the outlet location of the pipe loop SSCa [mg L−1] 5.22 4.87
Turbidity [NTU] 34.5 22.2
Approximate plug volume [L] 2160 2160
αd [mg L−1 NTU−1] 0.151 0.219
Exited mass [g] 10.51 11.85
Organic fractionb [g] 0.54 (5%) 0.61 (5%)
Inorganic fractionc [g] 9.97 (95%) 11.24 (95%)

Mass balance calculations: accumulated = injected – exited Accumulated mass [g] 26.81 (72%) 23.31 (66%)
Organic fraction [g] 0.07 (0%) −0.04 (0%)
Inorganic fraction [g] 26.74 (100%) 23.37 (100%)

a Suspended sediment concentration measured from triplicate samples. b Calculated based on the volatile fraction of SSC. c Calculated based
on the fixed fraction of SSC. d Turbidity-to-SSC coefficient calibrated using SSC measurements.
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the pipes, compared to their smaller organic fractions, which
remained in suspension. The difference between the total
organic mass entering and exiting the pipe loops remained
within 0.2% of the total injected mass. This suggests that the
particles accumulated on the pipes were predominantly
inorganic.

Dynamics of particle mobilization during flushing

Fig. 2 shows the flux of suspended sediments (FSS) at the
outlet location of the pipe loop (Fig. 1) for the four sequential
flushing steps conducted after the particle attachment phase,
in both the biofilm and no-biofilm experiments. Note that for
flushing steps F2 and F4, the outlet location corresponds to
the inlet of the previous experimental stages due to flow
direction reversal (Fig. 1). The important difference in the
graph scales is highlighted, reflecting the disproportionately
larger amount of particle mobilization expected during the
first flushing step (F1; Fig. 2a).

Vertical dashed lines in Fig. 2 denote the turnover of the
pipe loop water volume during each flushing step. These
volume turnover values approximately indicate the
longitudinal position where particles detached from the pipe
wall, which is expected to rapidly occur during the pump flow
ramp-up (approximately 30 seconds47). Thus, the profiles in
Fig. 2 highlight the pipe loop locations that contributed to
the highest material mobilization.

In both experiments, F1 (Fig. 2a) mobilized the greatest
mass of accumulated materials (organic and inorganic),
showing distinct peaks shortly after 0.5 volume turnovers.
These findings align with previous studies,23,31,44 as the FSS

peaks correspond to the midpoint of the pipe loop where
particles were introduced during the particle attachment
phase. The rapid settling of large particles near their
injection point resulted in substantial local accumulation,
producing the pronounced FSS peaks observed in F1. There
is also a noticeable difference between the pre-peak FSS
profiles for the biofilm and no-biofilm experiments (F1;
Fig. 2a). The no-biofilm experiment profile shows a steady
increase in particle mobilization between 0 s and 120 s (prior
to the start of the peak), suggesting that after initial
accumulation near the injection point, particle attachment
rapidly decreased along the pipe length toward the outlet. In
contrast, the FSS profile in the biofilm experiment shows a
sharp rise in FSS up to 60 s (due to flow ramp-up), followed
by a stable FSS of around 40 mg s−1 until the start of the peak
at 120 s. This suggests a more uniform and substantial
attachment of particles along the pipe in the presence of
biofilms, likely enhanced by EPS in the biofilm. This stability
of FSS can be caused by the detachment of consistent biofilm
EPS layers with similar proportions of iron oxide particles.
This suggests that biofilm EPS collected a similar quantity of
particles along the pipe loop length. Previous studies support
the hypothesis that EPS plays an important role in capturing
particles through adhesion-related processes.53

Additionally, the slight increase observed in the FSS
profile for the biofilm experiment between 220 s and 290 s
(F1; Fig. 2a) indicates material detachment from upstream
regions of the pipe loop, upstream of the particle injection
point (Fig. 1). This suggests that the detachment of EPS
layers from biofilms may have also contributed to FSS in this
region. Notably, the FSS profile of flushing step F1 in the

Fig. 2 Flux of suspended sediments (FSS) profiles during the flushing steps F1–F4 of both biofilm and no-biofilm experiments. Vertical dashed lines
correspond to the pipe loop volume turnover during each flushing step.
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biofilm experiment resembles turbidity patterns commonly
reported in discoloration literature, where accumulated
materials possess some adhesion strength with the pipe
walls.22

In the second flushing step (F2; Fig. 2b), where flow
direction was reversed but flow rate remained the same as
in F1, FSS values were substantially lower for both
experiments. The similarity in FSS profiles suggests that
particles mobilized in F2 after resisting the shear forces
during F1 were attached to the pipe wall through similar
mechanisms. The mobilization of these particles during F2
also indicates a flow-direction-dependent resistance. In the
no-biofilm experiment, no particles were mobilized from the
lower half of the pipe loop (up to 180 s; Fig. 2b), while in
the biofilm experiment biofilms attached to the pipe wall in
the first half of the pipe loop were mobilized between 60
and 180 s. The mobilization of biofilms caused a slight
positive offset (∼1 mg s−1) of the F2 FSS compared to the
no-biofilm experiment.

The smaller peaks of the FSS profiles of F2 (∼220 s;
Fig. 2b) correspond to the particle injection point, while the
higher peaks after one volume turnover (∼310 s; Fig. 2b)
indicate that particles accumulated in the wye fitting and
closed ball valve located at the outlet section of the pipe loop
during the particle attachment phase and flushing step F1.

When the flow was reversed, trapped particles in the wye
at the outlet were exposed to high shear stress and mobilized
to the inlet.44

The third flushing step (F3; Fig. 2c) was performed in the
forward flow direction but at a higher flow rate (11 L s−1).
Here material mobilization increased compared to F2, but
remained lower than F1. This result aligns with previous
findings that indicate that higher wall shear stress mobilizes
more strongly adhered materials.31,48,49 The FSS profiles of
the biofilm and no-biofilm experiments again show strong
similarity and both peak at the particle injection point.
However, between 120 s and 170 s of Fig. 2c, both profiles
exhibit a plateau before completing 1.0 volume turnovers.
This suggests a material mobilization from the first half of
the pipe loop that was especially pronounced in the biofilm
experiment. Since no material was mobilized from this pipe
region in F1 or F2 for the no-biofilm experiment, this
mobilization at F3 suggests a possible reattachment of
particles to the pipes during F2 (reverse flush). The higher
FSS in the biofilm experiment during F3 (Fig. 2c) also
suggests greater reattachment, potentially facilitated by
residual biofilm EPS that resisted mobilization during F1
and F2.

Finally, in the fourth flushing step (F4; Fig. 2d), conducted
at the same flow rate as F3 but in the reverse direction, a
small amount of material was mobilized in both experiments.
The FSS profiles are nearly identical, differing only slightly in
magnitude and peak location. The main peaks again reflect
mobilization of trapped material in the wye dead-end section
at the outlet. Contributions from the actual pipe loop are very
small (approximately 0.5 mg s−1), indicating that the

directional resistance of the biofilm and the particles seen
between F1 and F2 was greatly reduced at the higher flow
rate.

Quantification of particle mobilization during flushing

The final load of material mobilized from the pipe loop
during each flushing step for both experiments is shown in
Table 4. A total mass of 13.20 g and 15.09 g were mobilized
from the pipe loop for the no-biofilm and biofilm
experiments, respectively. These numbers corresponded only
to ∼56.5% of the material accumulated loads for both
experiments and highlight a substantial imbalance of the
particles entering and leaving the pipes during these
experiments. It is important to highlight that such
discrepancy is unlikely to be caused by particle resistance to
mobilization since flushing flow rates as high as 11 L s−1

(3.1 Pa) are known to mobilize almost all material
accumulated on pipes.23,31 They might be explained,
however, by inaccuracies of the turbidity-to-SSC conversion
coefficients that are likely unstable during the first flushing
step due to a high variation of particle size distribution
mobilized from different locations of the pipe loop.

The largest fractions of mobilized material occurred in the
first flushing step – F1 and corresponded to 71% and 78% of
the total material mobilized in the biofilm and no-biofilm
experiments, respectively. The mobilization of an extra 7% of
materials in the F1 flushing step in the no-biofilm
experiment highlights the lower adhesion forces of particles
to the pipe walls, which is also confirmed by the sharp peak
of F1 in Fig. 2a. This suggests that biofilms not only
increased the attachment of particles by 6% but also
increased their mobilization resistance at an even higher rate
of 7%.

The particles with higher resistance to mobilization are
found in the subsequent flushing steps F2, F3 and F4. The F2
and F4 flushing steps mobilized an average of 5% of the total
material mobilized across all flushing steps in the biofilm
and no-biofilm experiments (Table 4). It is worth noticing
that in these flushing steps, where flow direction was
reversed, there was a significant material load contribution
from the wye dead-end at the outlet of the pipe loop as
explained in the previous section. Meanwhile the second
largest differences were identified in the F3 flushing step,
where the fraction of the total material mobilized
corresponded to 19% and 12% in the biofilm and no-biofilm
experiments, respectively. The increase of wall shear stress
during the F3 step likely promoted the mobilization of
biofilm layers with adhered particles, leading to an additional
7% of material mobilization in the biofilm experiment.

In terms of organic solids, SSC samples collected from
flushing steps revealed that approximate fractions of 16%
and 12% of the total mobilized mass were organic in the
biofilm and no-biofilm experiments, respectively (Table 4).
Most of organic matter obtained from the biofilm experiment
is expected to be biofilm EPS. In comparison, it is unclear
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what the origin of the organic mass was for the no-biofilm
experiment, since the pipes were disinfected and flushed at
elevated flow rates prior to the experiment, and no
suspended solids were detected in the tap water. It is
hypothesized that iron oxide particles might have absorbed
small amounts of organic matter dissolved in the water,
thereby adding organic fractions to the suspended solids of
the flushing samples. Meanwhile, slightly higher organic
fractions of mobilized mass occurred in the biofilm
experiment for the flushing steps F1 and F3 (Table 4), which
suggests that larger quantities of biofilms were mobilized in
these flushing steps. However, the presence of biofilms alone
was not sufficient to explain the differences in the organic
fraction of mobilized mass in the F3 flushing between the
biofilm and no-biofilm experiments.

In comparison, considering just the inorganic fractions in
the flushing step F3 (Table 4), the mobilization fraction of
15% in the biofilm experiment is still higher than the 11%
mobilization fraction in the no-biofilm experiment. This
suggests that iron oxide particles accumulated on the
biofilms in the biofilm experiment, and that they possessed a
higher overall resistance to mobilization from previous
flushing steps F1 and F2.

Characterization of particles and biofilms on pipe walls with
microscopy

A large set of microscopy images was collected from pipe wall
samples in both the biofilm and no-biofilm experiments to
characterize the attachment of particles and biofilms on the
pipe surface. The figures included in this section represent a
subset of the full dataset, which is available in a data
repository as SI of the manuscript. Microscopy images from
the no-biofilm experiment were captured only using
brightfield microscopy. In contrast, images from the biofilm
experiment consist of fluorescent images highlighting DNA-
stained biofilms using SYTO9 overlayed onto brightfield
images. Microorganism cells within the biofilm have a higher
concentration of DNA and therefore produce a higher light
intensity of fluorescent images stained with SYTO9. Biofilm

EPS structures were also partially visible in the images due to
the presence of extracellular DNA.

In both experiments, no consistent attachment of particles
or biofilms was observed on samples collected from the
obvert (top) position of the pipe wall. Therefore, only samples
from the invert (bottom) positions across the three
longitudinal pipe loop locations (inlet, midpoint and outlet)
were analyzed. Previous research suggests that particle
attachment at the obvert is limited in the absence of any
biofilms.23 However, the lack of uniform biofilm growth
around the pipe circumference remains unclear and is
discussed further in the experimental limitations section.

A key consideration in interpreting the microscopy images
from the no-biofilm experiment is that some samples initially
showed visible loose particles on their surface upon
extraction, which were also found on bulk water samples
from the flushing step F1 (Fig. S6). These particles were
removed during the sample washing step, which employed a
gentle stream of deionized (DI) water. Consequently, these
loosely attached particles are not present in the final
microscopy images.

Pipe wall conditions prior to particle addition. Fig. 3
presents microscopy images of pipe wall samples collected
before particle addition in both the no-biofilm and biofilm
experiments. Samples were obtained from the invert pipe
position at the inlet, midpoint, and outlet of the pipe loop
and imaged at 100× (Fig. 3a–f) and 400× (Fig. 3g–l)
magnifications.

In the no-biofilm experiment, all pre-particle samples were
free of both particles and biofilms (Fig. 3a–c and g–i). In
contrast, samples from the biofilm experiment showed
consistent biofilm cluster formation at all three pipe
locations (Fig. 3d–f). These clusters were highly heterogenic,
covered approximately 3% of the surface area (observed
exclusively with DNA stain) and appeared isolated. This is
typical biofilm behavior in the early stages of biofilm
growth.42,54 Higher magnification images (Fig. 3j–l) revealed
diverse biofilm morphologies, including bridge-like
structures connecting clusters (Fig. 3l), likely indicative of an
early-stage, multi-species biofilm. Multiple individual

Table 4 Results from the flushing stage of the experiments

Biofilm No-biofilm

Flushing stage F1 F2 F3 F4 Total F1 F2 F3 F4 Total

Mobilized turbidity
[NTU L]

8266 494 896 226 9883 3157 134 372 138 3801

αa [mg L−1 NTU−1] 1.327 1.774 3.644 3.545 3.437 4.704 4.585 4.466
Mobilized mass [g] 10.67

(71%)
1.03
(7%)

2.88
(19%)

0.51
(3%)

15.09
(100%)

10.36
(78%)

0.61
(5%)

1.64
(12%)

0.59
(4%)

13.20
(100%)

Organic fractionb [g] 1.46 (10%) 0.19
(1%)

0.69 (5%) 0.15
(1%)

2.49 (16%) 0.98 (7%) 0.16
(1%)

0.22 (2%) 0.23
(2%)

1.59 (12%)

Inorganic fractionc [g] 8.21 (61%) 0.84
(6%)

2.19
(15%)

0.36
(2%)

12.60 (84%) 9.38 (71%) 0.45
(3%)

1.43
(11%)

0.36
(3%)

11.61 (88%)

Mobilized/accumulated 56.3% 56.6%

a Turbidity-to-SSC coefficient calibrated using SSC measurements. b Calculated based on the volatile fraction of SSC. c Calculated based on the
fixed fraction of SSC.

Environmental Science: Water Research & Technology Paper

O
pe

n 
A

cc
es

s 
A

rt
ic

le
. P

ub
lis

he
d 

on
 0

6 
N

ov
em

be
r 

20
25

. D
ow

nl
oa

de
d 

on
 1

2/
2/

20
25

 1
2:

43
:5

5 
A

M
. 

 T
hi

s 
ar

tic
le

 is
 li

ce
ns

ed
 u

nd
er

 a
 C

re
at

iv
e 

C
om

m
on

s 
A

ttr
ib

ut
io

n-
N

on
C

om
m

er
ci

al
 3

.0
 U

np
or

te
d 

L
ic

en
ce

.
View Article Online

http://creativecommons.org/licenses/by-nc/3.0/
http://creativecommons.org/licenses/by-nc/3.0/
https://doi.org/10.1039/d5ew00913h


Environ. Sci.: Water Res. Technol. This journal is © The Royal Society of Chemistry 2025

microbial cell morphologies were also identified in the
corresponding fluorescent images (Fig. S7), suggesting the

presence of a rich and diverse environment of
microorganisms in the biofilm matrix.

Fig. 3 Microscopy images of pipe wall samples collected from the biofilm and no-biofilm experiments before the particle injection phase, from
the invert position of the pipes at the inlet, middle, and outlet pipe loop locations, at magnifications of 100× and 400×. Biofilm images (DNA-
labelled in green) were overlayed on top of brightfield images that show the pipe wall surface in blue.

Fig. 4 Microscopy images of pipe wall samples collected from the biofilm and no-biofilm experiments after the particle injection phase, from the
invert position of the pipes at the inlet, middle, and outlet pipe loop locations, at magnifications of 100× and 400×. Biofilm images (DNA-labelled in
green) were overlayed on top of brightfield images that show the pipe wall surface in blue.
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Pipe wall conditions after particle addition. Fig. 4 shows
microscopy images from pipe samples collected after
particle addition. Samples from the pipe inlet (upstream of
the particle injection point – Fig. 1) did not encounter the
particle plug and thus showed no particle attachment
(Fig. 4a and d). Occasionally, a few particles were observed
on samples taken at the inlet in the biofilm experiment.
These were likely remnants from previous experiments in
the pipe loop that were entrapped in the biofilm during the
28-day growth period.

Heavy iron oxide particle accumulation was observed on the
pipe invert surfaces exposed to particle flow (Fig. 4b, c, e and f).
The highest particle density occurred in the midpoint section
of the biofilm experiment (Fig. 4e), where particles of various
sizes were embedded in biofilm clusters. By comparison,
fewer particles were present in the downstream section of the
biofilm experiment (∼86 m from injection – Fig. 1) at the
outlet (Fig. 4f), where the largest and smallest particles seen
in the midpoint section were absent. Higher-magnification
images (Fig. 4k and 2l) confirm this size-based depletion,
suggesting that small particles were retained along the pipe
walls in the biofilm experiment. Particles as large as 30 μm
were observed (Fig. 4k) in the biofilm experiment, which
demonstrates that biofilm EPS facilitated the capture of large
particles.

In the no-biofilm experiment, only smaller particles were
observed (Fig. 4b and c). The absence of larger particles likely
suggests insufficient adhesion without the presence of
biofilms; these particles were probably removed during the

washing step. At the midpoint position (Fig. 4b), some
slightly larger particles were present, while the outlet (Fig. 4c)
showed a higher concentration of fine particles. At a
magnification of 400× (Fig. 4h and i), fewer fine particles
were seen on the coupon samples taken at the midpoint
(Fig. 4h) in comparison to the outlet (Fig. 4i), possibly due to
a loss of particles during washing because of higher
concentrations of loose particles. Notably, particle density
varied substantially across fields of view (FOVs) from the
same coupon samples taken in the no-biofilm experiment
(see images mosaics available at SI). This was likely due to
the surface tension forces acting on loose particles during
pipe wall samples collection and washing.

Pipe wall conditions after flushing step F1. Fig. 5 presents
microscopy images after the first flushing step (F1), which
used the same flow direction as the particle attachment
phase. Coupon samples taken at the inlet remained free of
particles (Fig. 5a, d, g and j), as they were not exposed to the
particle plug. For the no-biofilm experiment, the midpoint
location showed a substantial reduction in attached particles
post-flushing (Fig. 5b and h), as expected for loosely adhered
particles. Conversely, the coupon samples at the outlet
(Fig. 5c and i) showed no substantial particle loss after
flushing. At 400×, larger particle clusters could be found in
some FOVs (Fig. 5i) not previously seen at this location
(Fig. 4i), suggesting particles reattachment during flushing
step F1.

In the biofilm experiment, flushing reduced biofilm
clusters, but many particles and biofilm clusters remained

Fig. 5 Microscopy images of pipe wall samples collected from the biofilm and no-biofilm experiments after flushing step F1, from the invert
position of the pipes at the inlet, middle, and outlet pipe loop locations, at magnifications of 100× and 400×. Biofilm images (DNA-labelled in
green) were overlayed on top of brightfield images that show the pipe wall surface in blue.
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attached (Fig. 5d–f). Some FOVs (e.g., Fig. 5e and l) showed
iron oxide clusters resembling earlier biofilm clusters
(Fig. 3l), reinforcing the idea that biofilm EPS enhances
particle adhesion and hinder mobilization. Even where
biofilms were not visibly present through DNA staining, high
numbers of large particles remained (Fig. 5k and l),
suggesting that biofilm-secreted substances or unstained EPS
may have modified pipe wall adhesion properties.42 While
SYTO9 marks DNA-rich biofilm components (e.g., DNA in
microbial cells and extra-cellular DNA in EPS), the chlorine
content of the flushing water may have also reduced biofilm
visibility in fluorescence images.

The persistence of particles in the biofilm experiment
after flushing step F1 may also explain the substantial
material release observed in subsequent flushes (F2–F4).

Discussion
Biofilm mechanisms of particle capture

Results from the particle attachment phase and from the FSS
profiles of flushing step F1 (which highlights the pipe loop
sections with greater particle accumulation) suggest that
biofilms played an important role in promoting the
attachment of iron oxide particles to the pipe wall. The data
indicates that larger iron oxide particles were able to adhere
to the biofilm-coated pipe walls, whereas they were only
loosely deposited on the pipe wall in the no-biofilm
experiment. This outcome is likely caused by biofilm EPS,
which has notable adhesion properties and facilitates the
attachment of particles to the pipe walls. Additionally,
Fig. 4f and l show that fine particles were almost entirely
removed from the particle suspension after passing through
∼90 meters of pipe (Fig. 1) in the biofilm experiment, while
they remained present in high concentrations in the no-
biofilm experiment (Fig. 4c and i). This suggests that the
attachment rate of fine particles (∼1 μm) was substantially
higher in the biofilm experiment. This observation also
explains the consistent FSS values recorded between 60 and
120 seconds during the F1 flushing step of the biofilm
experiment (Fig. 2a).

Nonetheless, comparisons between pipe wall samples
from both experiments suggest that SSC, particle sizes, and
pipe wall conditions all contributed to differences in particle
attachment rates. These findings reinforce existing
hypotheses regarding the role of pipe wall roughness and
particle size in promoting attachment,23,33 while also
highlighting the importance of surface conditioning factors—
such as biofilms—that can alter surface properties.

Furthermore, the relatively low DNA-stained biofilm
coverage (∼3%) observed in these experiments seems
insufficient to fully account for the increased adhesion of
both large and fine particles. Images from the biofilm
experiment (Fig. 4e and f) show that most attached particles
do not spatially correlate with visible biofilm clusters yet still
adhere to the pipe wall. This suggests enhanced adhesive
interactions between the pipe wall and particles in the

biofilm experiment compared to the no-biofilm experiment.
One possible explanation is that biofilm-forming
microorganisms secrete molecular substances that “prime”
surfaces, increasing their adhesiveness42 and thereby
strengthen the forces that retain particles on the pipe wall.
These substances may include adhesins and surface
conditioning molecules,50,51 which are not labelled by SYTO9
used here. However, their role in enhancing particle
attachment has yet to be confirmed. This hypothesis may
help explain the increased adhesion rates of particles of all
sizes, especially fine particles. At the same time, the absence
of biofilms and particle deposits on the obvert (top) position
of the pipes may indicate that the adhesive enhancement
from surface-priming substances was still insufficient to
overcome gravitational and shear forces, which together
prevented material accumulation in those areas.

In contrast, fields of view (FOVs) showing a clear spatial
correlation between particles and biofilm clusters were more
frequently observed in images taken after the first flushing
step – F1 (Fig. 5e and f). This suggests that some biofilm
clusters can offer even stronger adhesion to particles and
resist particle mobilization more effectively. Additionally, the
higher SSC and turbulence intensity during high flow
flushing increase the likelihood of suspended particles
colliding with pipe walls. These collisions may raise the
chance of particles encountering resistant biofilm clusters
and re-attaching to their EPS at pipe surface during flushing.
In such cases, a strong spatial correlation between particle
re-attachment and biofilm presence is expected and observed
in these experimental results.

Moreover, the adhesion forces between biofilm clusters
and the pipe wall likely scale with the cluster EPS contact
area (i.e., how well they anchor to the surface), while the
adhesion between particles and biofilms depends on the
contact area between individual particles and the EPS. These
interactions are expected to be substantially stronger than
the minor enhancements proposed by the surface-coating
hypothesis discussed earlier. Based on this, it is hypothesized
that pipes with older, well-developed biofilms (e.g., with a
high surface area and potentially covering 100% of the inner
pipe wall) will exhibit a much greater capacity for particle
capture. In such cases, the adhesion properties of biofilms
would far exceed those of particles attaching directly to pipe
wall substrate. However, further experiments are needed to
investigate pipes with extensive biofilm coverage and to
confirm this hypothesis.

Turbidity vs. SSC

The quantification of materials that accumulate and detach
from the pipe walls of drinking water distribution systems
(DWDS) plays an important role in understanding
contaminant dynamics in these systems. Researchers have
long emphasized the lack of standardized methods for such
assessments, particularly the limitations in translating
turbidity measurements into suspended solids concentration
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(SSC).25,26 While turbidity is generally correlated with SSC,
the precise conversion between the two depends on various
factors, including the characteristics of suspended particles
and the operational specifics of turbidimeters.24

In these experiments, turbidity-to-SSC conversion
coefficients (α) ranged from 0.1 to 4.7 mg L−1 NTU−1. Data
from the particle injection step, representing particles
directly injected in the pipe flow, confirmed previous
findings of low α values between 0.1 and 0.2.23 The values
below 1 suggest that turbidity tends to overestimate SSC. In
contrast, higher α values were observed during the
mobilization phase, where particles were mobilized from pipe
walls, indicating that turbidity underestimated SSC (α > 1).

Interestingly, lower α values were recorded during the
initial flushing steps (F1 and F2) of the biofilm experiment
compared to the no-biofilm experiment. This suggests that
the presence of biofilm can substantially affect α, even when
inorganic sediments dominate. One possible explanation is
that more particles accumulated and were subsequently
mobilized along the entire length of the pipe loop in the
biofilm experiment. This reduced the disparity between
particles detached during the initial peak and those from
other sections of the pipe. This would improve the ability of
the coefficient α to more accurately represent the true SSC
across the entire flush volume in the biofilm experiment.
Alternatively, organic substances released from the biofilm
may have altered the optical properties of suspended
particles and form larger particles by clustering fine
sediments, thereby affecting turbidity readings.

As discussed in the results section, the imbalance in the
total mass of material accumulated and mobilized from pipes
during this experiment is likely due to an unstable α value
during the F1 flushing step. The FSS peaks in Fig. 2a
correspond to the mobilization of large particles that quickly
settle after injection and account for a substantial portion of
the mobilized mass. However, these peaks are not well-
represented in the flushing samples, which were designed to
avoid collecting the diluted water immediately following the
peaks. Higher-resolution SSC sampling during flushing step
F1 would have been ideal for capturing variations in the α

coefficient but would have required much higher sampling
flow rates to ensure SSC could be detected in the collected
samples.

Additionally, in these experiments, all samples and
turbidity data were collected from sampling tubes located at
the pipe centerline, aligned with the flow direction. This
configuration was chosen to minimize interference from pipe
walls or sudden flow direction changes at the sampling ports.
However, this setup may have overlooked bed-flow transport
of larger particles that are not easily suspended. The
transport and behavior of larger particles in DWDSs remain
active areas of research, and further studies are needed to
clarify their influence on turbidity measurements.

Overall, our results underscore the challenges of
quantifying materials in DWDSs. We strongly recommend
that researchers interpret turbidity data with caution and

prioritize SSC measurements when attempting to quantify
material in physical units (mg). Future research would greatly
benefit from standardizing material load units and
improving the accuracy and quality of such estimations.

Experimental limitations

The experimental results presented here were obtained under
specific laboratory conditions and therefore have several
limitations, discussed below. The aim was to investigate
specific mechanisms of drinking water discoloration by
isolating variables within a DWDS. As such, these results do
not represent the full range of conditions found in DWDSs
and extrapolating them should be done with consideration of
the specific context of other systems.

Hydraulic limitations. During the biofilm growth and
particle injection steps, the experimental pipe loop operated
under a steady flow rate of 0.6 L s−1 and a pressure of 280
kPa (Table 1). While this flow rate corresponds to an average
flow found in a typical distribution pipe in North American
systems, the steady-state condition was selected to simplify
biofilm development and particle accumulation processes.
However, such steady flow is not representative of typical
operational DWDSs.

In real networks, flow patterns typically vary throughout
the day, with peak flows occurring during high-demand
hours and low flows at night. These fluctuations are known
to influence material accumulation and discoloration
behavior.48 Accumulation is often simulated with the daily
peak flow rate, which is typically higher than the flow used in
this study. Consequently, in real systems, materials with
adhesion forces below the WSS that correspond to the peak
flow are typically mobilized, meaning that only more strongly
adhering materials accumulate on pipes. This leads to higher
resistance to mobilization in operational DWDSs.17

Additionally, biofilms respond to flow variation, adapting
their adhesion and cohesion in accordance with WSS.39 The
steady flow in this experiment likely resulted in biofilms with
lower cohesion and adhesion, contributing to the
development of a less dense structure that was more easily
mobilized during flushing.

Future experiments incorporating variable flow conditions
are needed to validate these findings and improve their
applicability to operational DWDSs.

Biofilm growth limitations. In the experiments, biofilms
were developed and grown with microorganisms found in the
local drinking water. Moreover, the conditions imposed on
the biofilms to accelerate their growth are not usually found
in DWDSs. Methods used to harvest and concentrate
microbial communities may have introduced selection biases.
Furthermore, the absence of disinfectants and the presence
of additional nutrients during the biofilm growth do not
reflect the conditions of North American drinking water
systems. This likely influenced the microbial community
composition of the resulting biofilms and their EPS
properties.
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The rapid inoculation of a high-concentration solution of
microorganisms at the start of pre-conditioning step may
have led to dominant biofilm growth on the invert (bottom)
of the pipe. It is hypothesized that floating biofilm clusters
in the inoculated solution were too large to attach to the
obvert (top) surface of the pipe, possibly due to gravitational
forces. In contrast, biofilms in operational DWDSs are
reported to grow along the entire pipe circumference,7,46

although it remains unclear whether this distribution is a
result of extended growth periods or if biomass can
substantially differ between pipe invert and obvert
positions.

Methods used to visualize biofilms through DNA-labeling
fluorescence staining also have limited capacity to detect
other biofilm components. Carbohydrates and proteins that
lack DNA are not visible using this method and are likely
present within our biofilms.34

Particle limitations. Ferric iron particles were selected for
these experiments to simulate those found during
discoloration events in DWDSs. These particles were chosen
for their insolubility and size resemblance to particles
derived from cast iron corrosion. However, their composition
is limited when compared to the broader range of corrosion
scales found in DWDSs,52 and the fixed particle size
distribution may not accurately reflect what has been
observed in discoloration events.32

In operational systems, particles from corrosion often
contain various iron oxides/hydroxides (e.g., Fe(OH)2,
Fe(OH)3, FeOOH), which can dissociate or re-flocculate
depending on water chemistry, making their concentration
and size distribution less predictable.

Additionally, the method of injecting particles at the
centerline of the pipe loop at the midpoint of the pipe loop
does not fully replicate how suspended particles behave in
DWDSs. Larger injected particles were observed to settle
quickly, forming a loose deposit that caused the FSS peaks
seen in flushing step F1 (Fig. 2a). While similar patterns of
accumulation may occur in corroding metal pipes, it is
unlikely that such loose deposits form as readily in PVC
pipes. Due to the lack of field data, it remains difficult to
define what constitutes ‘typical particle accumulation’ in
plastic pipe mains.

Conclusions

This study demonstrated that biofilms substantially influence
the accumulation and mobilization of iron oxide particles in
drinking water distribution systems. The presence of biofilms
increased particle attachment to pipe walls by 6%, raising
total retention from 66% to 72%. Additionally, biofilms
enhanced the resistance of attached particles to mobilization,
as reflected by a 7% lower release of material during the
initial flushing step compared to pipes without biofilms.
Microscopy confirmed that biofilm EPS enabled both fine
and large particles to adhere more uniformly along the pipe
length, including particles that otherwise remained in

suspension or were loosely attached in the no-biofilm
experiment.

Subsequent flushing showed that biofilm-coated pipes
retained a larger proportion of material, requiring higher wall
shear stresses (WSS) for effective mobilization. Notably,
particles mobilized from biofilm conditions also included a
greater fraction of organic matter, indicating biofilm
disruption during flushing.

These findings underscore the dual role of biofilm EPS in
promoting particle capture and hindering their removal, with
implications for discoloration risk and hydraulic
maintenance. Importantly, the variability in turbidity-to-SSC
conversion coefficients further highlights the need for direct
SSC measurements to accurately quantify material loads. This
work emphasizes the necessity of incorporating biofilm-
particle dynamics into management strategies for
maintaining water quality in distribution networks. Future
experiments should explore biofilm-particle interactions
under more realistic and variable flow conditions, including
older and more developed biofilms representative of
operational DWDS.
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