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vulgaris: a multiscale assessment, from
electrokinetic and proton uptake descriptors to
intermolecular adhesion forces†
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Angelina Razafitianamaharavo,a José P. Pinheiro, a Isabelle Bihannic, a

Renaud Gley, a Hélène Le Cordier,a Varun Vyas, ‡a Christophe Pagnout,b

Bénédicte Sohm b and Audrey Beaussart *§a

Given the growing scientific and industrial interests in green microalgae, a comprehensive understanding

of the forces controlling the colloidal stability of these bioparticles and their interactions with surrounding

aqueous microenvironment is required. Accordingly, we addressed here the electrostatic and hydro-

phobic surface properties of Chlorella vulgaris from the population down to the individual cell levels. We

first investigated the organisation of the electrical double layer at microalgae surfaces on the basis of elec-

trophoresis measurements. Interpretation of the results beyond zeta-potential framework underlined the

need to account for both the hydrodynamic softness of the algae cells and the heterogeneity of their

interface formed with the outer electrolyte solution. We further explored the nature of the structural

charge carriers at microalgae interfaces through potentiometric proton titrations. Extraction of the

electrostatic descriptors of interest from such data was obscured by cell physiology processes and depen-

dence thereof on prevailing measurement conditions, which includes light, temperature and medium sal-

inity. As an alternative, cell electrostatics was successfully evaluated at the cellular level upon mapping the

molecular interactions at stake between (positively and negatively) charged atomic force microscopy tips

and algal surface via chemical force microscopy. A thorough comparison between charge-dependent

tip-to-algae surface adhesion and hydrophobicity level of microalgae surface evidenced that the contri-

bution of electrostatics to the overall interaction pattern is largest, and that the electrostatic/hydrophobic

balance can be largely modulated by pH. Overall, the combination of multiscale physicochemical

approaches allowed a drawing of some of the key biosurface properties that govern microalgae cell–cell

and cell–surface interactions.

Introduction

Over the past decades, microalgae have been the subject of
growing interest both from fundamental and industrial points
of view.1 As a representative of oil-accumulating cells, micro-
algae are considered as a promising sustainable resource for a

biofuel production capable of replacing fossil fuel.2,3 Given
their high yield in proteins, carbohydrates, vitamins and pig-
ments, microalgae could also serve as a basis for e.g. food sup-
plements and feeds, nutraceuticals, cosmetics or fertilizers.4,5

Nevertheless, the bottleneck in commercial exploitation of
microalgae is related to the high energy and operational costs
currently associated with their harvesting and the extraction of
their high-value by-products.6–9 A challenge relates to the
control of the algal cell-wall properties because this charged
and rigid structure prevents natural flocculation of the cells
and limits the possibility of intracellular content extraction.

From an environmental perspective, microalgae are basic
elements of the food chain in aquatic media. Due to their
short life cycle and ease of cultivation, they are commonly
employed as a bioindicator for the evaluation of toxicants
impacts (e.g. nanoparticles10 or metals11) and quality of
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aqueous environments. They have also emerged as a potential
substrate in bioremediation processes of wastewater and pol-
luted ecosystems through their capacity to adsorb and accumu-
late toxic compounds.12–14 In order to enhance their contami-
nant removal efficiency, various strategies have been proposed,
such as cells immobilization or development of algal consortia
in biofilm-based cultures (cf. e.g. review ref. 15 and references
therein). Here again, the physicochemical surface properties of
microalgae come into the picture as they drive the magnitude
of algae homo-interactions and that of their hetero-inter-
actions with other cells, abiotic supports or macromolecular
pollutants.

In view of the above elements, a mechanistic assessment of
the properties of the microalgae cell-wall is a prerequisite for
proper biotechnological exploitation of algal resources.
However, to date, studies dealing with the physicochemical
characterization of microalgae surfaces remain relatively
scarce16,17 and, most often, retrieved descriptors of cell surface
properties cannot be considered as intrinsic attributes but,
instead, adjustable variables that strongly depend on cell
growth conditions and environmental factors.18–20 Among
them, pH is one of the key parameters that influences micro-
algae reactivity. As an illustration, strong variations of pH, as
met in acid mine drainage, can dramatically affect the biore-
mediation capacity of microalgae due to unfavourable change
in their electrostatic interactions with heavy metals.12 Besides,
proper modification of pH condition in cell culture media is
one of the possible microalgae harvesting method employed to
generate auto-flocculation21–23 or enhance the effects of
flocculants.24,25

Motivated by the need to control colloidal stability of micro-
algae suspensions or microalgae interactions with various ions
or (macro)molecules of interest in aqueous media, several
research teams have attempted to evaluate microalgae surface
charge properties as a function of pH and/or ionic strength of
the surrounding solution.6,16,26 To that end, and along the
lines detailed in most of the literature work quoted above,
authors relied notably on electrophoresis measurements inter-
preted according to classical Smoluchowski representation of
charged surfaces with electrostatics expressed in terms of zeta-
potential value. These electrokinetic results are further con-
sidered to establish predictions of microalgae interactions on
the basis of standard DLVO theory.7,27,28

However, many studies have underlined the strict applica-
bility of zeta-potential concept to so-called hard particles (cf.
e.g. reviews ref. 29 and 30 and references therein), i.e. particles
that are impermeable to electrolyte ions and to the electroos-
motic flow developed under electrophoresis measuring con-
ditions. This concept becomes meaningless for soft (i.e. ions-
and flow-permeable) (bio)surfaces that are generally covered
by polyelectrolyte-like material carrying 3D-distributed
charges.29,30 For such interfacial systems, the a priori location
of a well-defined slip plane is impossible, and the conversion
of measured electrophoretic mobility values into zeta-potential
irrelevant.31,32 As an alternative, theory for electrokinetics of
soft surfaces and particles has been reported29–32 and its

merits largely documented with e.g. the successful interpret-
ation of the peculiar electrokinetic and electric double layer
properties of bacteria,33 yeasts34 and, very recently, micro-
algae.35 In turn, ignoring the soft nature of algae interface in
the analysis of electrophoresis data may generate incorrect bio-
surface electrostatic descriptors and, therewith, lead to miseva-
luation of the electrostatic component of e.g. cell–cell or cell–
surface interactions.36

In addition, to get a comprehensive picture of the physico-
chemical interactions involving microalgae, electrostatics of
the algal cell surface should be considered along with other
contributions that can balance cell–cell or cell–surface electro-
static repulsion/attraction, in particular hydrophobic effects
and/or specific key-lock biomolecular interactions.
Interestingly, variation of algae growth conditions37 or environ-
mental factors like pH38 can change the nature of the domi-
nant interactions in cell adhesion process. In that sense,
recent studies have highlighted the crucial role played by algal
surface hydrophobicity in cell/cell or cell/substrate inter-
actions,39 and in the adhesion of microalgae to air bubbles
during harvesting flotation process.28,40 Although both electro-
static and hydrophobic cell-wall properties can impact the
stability of microalgae in aqueous media, very few techniques
allow a proper quantitative assessment of their respective con-
tributions depending on environmental conditions.

Among the eukaryotic green microalgae with high potential
for biotechnological applications, Chlorella vulgaris is one of
the most studied species. Due to its fast replication in fresh-
waters, C. vulgaris, an easy-to-grow cell model, is an excellent
candidate for industrial lipid extraction. On an academic level,
C. vulgaris has also been largely used as a convenient microor-
ganism model to address fundamental issues on aquatic con-
taminants toxicity. This species is further commonly employed
in standardized ecotoxicological bioassays and considered as a
suitable system for water bioremediation.26,41

In the current study, we addressed the physicochemical
surface properties, including electrostatics, of C. vulgaris at
various scales and for different environmental conditions.
Electrophoresis measurements on suspensions of microalgae
cells, interpreted by electrokinetic theory for diffuse soft par-
ticles,42 provided some surface- and cell-averaged indications
on the overall density and spatial organisation of the structural
charges carried by the algae as a function of electrolyte con-
centration and solution pH. To further assess the quantity of
structural charges carried by functional groups operative at the
microalgae interface, we performed potentiometric proton
titration experiments. We evidenced that interpretation of
these results is obscured by ongoing physiological processes
and associated transmembrane proton-exchange equilibria
other than those governing the surface concentration and dis-
sociation characteristics of charge-determining functional
groups. Finally, at the molecular scale, atomic force
microscopy (AFM)-based force spectroscopy measurements
were monitored in liquid according to so-called chemical force
microscopy (CFM) mode, between the surface of individual
algal cells and nanometric tips featuring controlled electro-
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static or hydrophobic coatings.43 The obtained tip-to-cell
adhesion maps revealed the spatial distribution of the electro-
static and hydrophobic reactive sites/domains of the cell wall,
they qualified the heterogeneity of sites distribution at the
single cell and molecular scales, and force measurements
further shed light on the typical range of hydrophobic inter-
actions depending on pH.

Results

In the following developments, the electrostatic properties of
microalgae were evaluated in aqueous medium versus electro-
lyte concentration and solution pH. We adopted C. vulgaris
(C211-11B), a microalgae strain from the branch of the
Chlorophyta. C. vulgaris are unicellular eukaryotic and photo-
synthetic microorganisms possessing a cell membrane formed
by a double lipidic layer surrounded by a cell wall (without
appendages) whose dimension and density increase during
growth.44,45 The cell wall of C. vulgaris is mostly composed of
(poly)saccharides, with the additional presence of proteins
and lipids,46 and there are few indications in literature about
the nature of the charge-carrying components, about their
surface concentration and distribution at the algal interface
formed with the outer aqueous medium.16,46 In addition, as
evidenced by recent work,35 microalgae can be viewed as soft
particles, i.e. particles permeable to electrolyte ions and/or
electroosmotic flow32 (Fig. 1a). The electrohydrodynamic pro-
perties of these particles can be retrieved upon exploitation of
(i) electrophoresis data measured as a function of salt concen-
tration in solution and (ii) force spectroscopy measurements
(cf. e.g. ref. 47 and 48).

Electrophoresis on C. vulgaris

Fig. 1b–d display the variation of the electrophoretic mobility μ
of C. vulgaris with changing NaNO3 concentration (denoted
hereafter as cNaNO3

) and solution pH. For all three pH con-
ditions tested (pH = 4, 6.2 and 9) μ is negative, which indicates
that the net density of surface charges of the microalgae
probed by electrokinetics is negative. Different functional
groups have been identified at C. vulgaris surfaces such as car-
boxyl, phosphoryl, amine and hydroxyl groups,16 and anionic
components are seemingly predominant. This result agrees
with the reported composition of C. vulgaris cell-wall which
hosts many polysaccharidic compounds (and therewith carbo/
hydroxyl groups).45,46 Fig. 1b–d further show that |μ| decreases
with increasing cNaNO3

as a result of screening of cell charges
by electrolyte ions. More remarkably, μ levels off to reach a
non-zero plateau value for cNaNO3

exceeding ca. 100 mM. For
each pH condition, this non-zero plateau value reached asymp-
totically by μ is the most obvious electrokinetic signature of
soft particles: it is explained by the finite flow penetration
within the charged particle shell component (draining
process), as extensively discussed by Ohshima and co-
workers.31,42 In the developments below, following the classi-
cal representation of soft particles31 and previous modelling of

cell electrophoresis data whose lines are adopted here,49 we
understand hereafter by shell the peripheral part of the micro-
algae and assume that this soft structure includes – at least
partially – the cell wall.

In a first approach, experimental data were fitted using the
classical Ohshima model,31,35,50 therefore assuming that the
structural charges are homogeneously distributed within the
shell and that Donnan electrostatics representation holds at
the shell/solution interface (the reader is referred to e.g. ref. 35
and 42 for details on the limits of Ohshima model). In turn,
data fitting led to the evaluation of two quantities: the density
of cell charges, ρ0, here expressed as an equivalent concen-
tration of anionic charges (mM), and the hydrodynamic soft-
ness of the soft algal interface (Fig. 1a), λ0 (m

−1), which corres-
ponds to the reciprocal of the characteristic flow penetration
length scale within the shell31 (Table 1). As expected, Fig. 1b–d
evidence that fitting of electrophoresis data to Ohshima model
is possible only for sufficiently large cNaNO3

(typically above
30 mM), which is in agreement with some of the approxi-
mations underlying the applicability of Ohshima’s expression
for the electrophoretic mobility of soft particles, i.e. electric
double layer polarization is ignored, the shell layer (thickness
δ) is thick as compared to the Debye layer thickness (denoted
hereafter as 1/κ) and to λ0

−1, and the distribution of the struc-
tural charges is homogeneous in the shell. Related to the latter
point, we recall that charge distribution heterogeneity in the
radial dimension impacts all the more particle electrophoretic
mobility as salt concentration decreases.42

To refine interpretation of the electrokinetic properties of
microalgae, we confronted data to predictions from Duval–
Ohshima formalism (cf. details in ref. 42 and 51) where inter-
face diffuseness (radial heterogeneity) and electric double layer
polarisation are accounted and, unlike Ohshima model, the
theory does not suffer from any approximation on the relative
magnitudes of κ−1, δ and λ0

−1 while providing a rigorous solu-
tion to the key coupled electrostatic and hydrodynamic
equations driving the migration of soft particles under applied
DC field condition.31 In detail, interface diffuseness is mod-
elled here by a sigmoid-like distribution for the concentration
of charge-carrying groups across the shell, with the character-
istic lengths ratio α/δ where α (m) corresponds to the distance
over which the density of structural charges decreases from
bulk shell value to 0 (Fig. 1a). Within Duval–Ohshima theory,
data fitting then requires the only adjustment of α/δ as a func-
tion of cNaNO3

with adopting the limit α/δ → 0 at high salt con-
centrations where data are properly reconstructed by Ohshima
model. Accordingly, the relevant ρ0 and λ0

−1 parameters
involved in the refined data modelling exercise are those
retrieved from data analysis done on the basis of the approxi-
mate analytical expression by Ohshima. The reader is referred
to ref. 49 (Fig. S2† therein) and ref. 42 for further modelling
details.

As expected, at large cNaNO3
, predictions derived from full

numerical evaluation of the relevant electrohydrodynamic
equations governing the electrophoresis of soft particles42 con-
verge to Ohshima’s results, with a reduced impact of the inter-
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face diffuseness α/δ on cell mobility μ as cNaNO3
increases. The

fitting of the electrophoretic mobility data for all pH con-
ditions requires an adjusted increase of α/δ with decreasing
cNaNO3

(Fig. 1b–d and insets thereof) because the corres-
ponding heterogeneous extension of the shell (cf. Fig. 1a) leads
to the required decrease of |μ| as compared to the outcomes of
Ohshima model that overestimates experimental |μ| values.42

The reduction of |μ| with increasing α/δ at given pH stems
from the associated dominant increase of the hydrodynamic
drag exerted by the particle on the electroosmotic flow.42

Whereas this heterogeneity probed by electrokinetics increases
with decreasing cNaNO3

(due to possible swelling of the inter-

Fig. 1 (a) Schematics of electrophoresis of a core/soft shell particle,31 composed of a hard core of radius rc (m), and a surrounding soft layer with
thickness δ (m) permeable to ions and to the electroosmotic flow generated by the interaction between the applied electric field E

!
(in V m−1) and

the interfacial electric double layer. The soft layer features a 3D distribution of fixed (immobile) structural charges (charge-carrying groups rep-
resented by the symbol ⊖) with a resulting position-dependent charge density, ρfix(r) (C m−3), and a spatial diffuseness (or heterogeneity) subsumed
in the dimensionless ratio α/δ, where r (m) is the radial coordinate (origin set at the particle centre) and α (m) is the interfacial heterogeneity length
scale. The radial dependence of ρfix typically corresponds to a sigmoid-like function decreasing with distance, and the case of homogeneous charge
distribution within the shell is captured by the limit α/δ → 0 (black dotted curve). λ0

−1 (m) is the reciprocal of the hydrodynamic softness of the cell
interface, and it defines the extent of flow penetration within the particle shell. The electrophoretic velocity of the soft particle, denoted as vp

�! (m
s−1), is indicated as well as the applied electric field E

!
. The electrophoretic mobility of the particles is defined by μ ¼ vp

�!�
�

�
�= E

!��
�

�
�
� (m2 s−1 V−1).

Measured electrophoretic mobility μ (symbols) of C. vulgaris as a function of NaNO3 concentration denoted as cNaNO3
at (b) pH = 4, (c) pH = 6.2 and

(d) pH = 9 (indicated). In panels (b–d): black dotted curves are fits of electrophoretic mobility data using well-known analytical Ohshima
expression,31,42 valid here at sufficiently high NaNO3 concentrations (above ca. 30 mM). This expression assumes homogeneous charge distribution
throughout the shell (α/δ = 0). Green and pink dotted curves correspond to predictions from Duval–Ohshima model42 with α/δ = 5 × 10−2 (green)
and with fixing the value α/δ to that at 1 mM NaNO3 (pink) where interfacial heterogeneity is most pronounced. The red dashed lines in (b–d) are fits
of data according to Duval–Ohshima theory42 by adjustment of the dependence of α/δ on electrolyte concentration (specified in the insets), with
adopting here a cell radius of 2 μm and a shell thickness δ of 20 nm which is of the order of the cell wall thickness (estimation from TEM imaging on
C. vulgaris44). Each reported electrophoretic mobility data point for a given NaNO3 concentration is the average of 6 electrophoretic mobility acqui-
sitions on 3 different batches of microalgae per tested pH condition, with one replicate per batch (cf. details in Methodology section). The error bars
for each data point represent the standard deviations over the 6 acquired μ values at a given salinity.

Table 1 Values of structural charge density and reciprocal of the
hydrodynamic softness of C. vulgaris soft interface, ρ0 (mM) and λ0

−1

(m), respectively, for the different pH conditions tested. Results were
obtained by fitting the dependence of electrophoresis data on NaNO3

concentration with Duval–Ohshima formalism42

pH ρ0 (mM) λ0
−1 (nm)

4 −17 ± 1.7 3.3 ± 0.3
6.2 −41 ± 4.1 2.1 ± 0.2
9 −41 ± 4.2 2.1 ± 0.2
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facial region following increased repulsion between neighbour-
ing charged groups52), data modelling suggests that it further
slightly increases with decreasing pH, as shown in the insets
of Fig. 1b–d with α/δ values ranging from 0.45 at pH 9 to 0.73
at pH 4 at cNaNO3

= 1 mM. The values of ρ0 and λ0
−1 fitted by

Duval–Ohshima formalism are collected in Table 1 and here-
after discussed. For the sake of comparison, Gomes et al.35

reported – from the analysis (using Ohshima’s model) of elec-
trophoretic mobility measurements performed on C. vulgaris –
the following electrohydrodynamic parameter values ρ0 =
−33 mM and λ0

−1 = 1.6 nm, under neutral pH condition (pre-
sumably, as the pH value is not specified in the article).
Pagnout et al.49 reported for different Escherichia coli strains
values of ρ0 and λ0

−1 ranging from −110 mM to −185 mM and
from 0.76 nm to 0.79 nm, respectively, at pH = 6.7.

Comparison between predictions of μ at the three pH con-
ditions (Fig. S1, ESI†) at fixed salt concentration shows that |μ|
basically decreases with pH. This finding is in agreement with
results previously published (cf. e.g. ref. 16 where μ is con-
verted into zeta-potential, a physically meaningless parameter
for soft interfaces), and with the found decrease of |ρ0| upon
decreasing pH (Table 1) due to weaker dissociation of hydroxyl
and carboxyl end groups. In line with the latter argument, |ρ0|
is (within experimental error) identical at pH = 6.2 and 9 as
functional shell groups are then fully dissociated in this pH
range. The decrease of |μ| with decreasing pH at fixed electro-
lyte concentration is further associated with an increase in the
shell heterogeneity α/δ at cNaNO3

< 10 mM. Last, the character-
istic flow penetration length scale within the shell material,
λ0

−1, increases with decreasing pH (Table 1). This finding may
suggest an increase in cell surface roughness when switching
from basic to acidic pH conditions, which qualitatively sup-
ports the companion increase of interface heterogeneity
invoked above. However, the relatively large uncertainty in the
experimental data prevents from drawing firm conclusions on
the pH-dependence of λ0

−1.

Sequential proton titrations on C. vulgaris

Whereas the electrophoretic mobility reflects the electrohydro-
dynamic properties of an outer (electrokinetically active) par-
ticle shell region,30,51,52 potentiometric proton titrations allow,
in principle, the evaluation of all structural charges at the par-
ticle surface. Providing that these charges display well differen-
tiated dissociation properties, hypotheses on their nature may
be further advanced from proper analysis of proton affinity
spectra obtained from differentiation of titration data with
respect to pH.53 We performed potentiometric titrations series
on C. vulgaris in electrolyte solution to determine the mean
amount of charges per microalgae, Q (in mol per cell), as a
function of pH for a stepwise increase in NaNO3 concentration
(10, 30 and 100 mM, see Material and methods for details). To
ensure that variation in titrated charge at different cNaNO3

is
not caused by differences among microalgae batches, the
sequential titrations at cNaNO3

= 10, 30 and 100 mM were
carried out on a unique microalgae batch, and the titration
process was then replicated on several batches for repeatability

purpose. As a part of the titration measurements, charge titra-
tions by addition of 10 mM NaOH at cNaNO3

= 30 and 100 mM
were each preceded by a ‘backward titration’ via the addition
of acid solution (10 mM HNO3) at the desired cNaNO3

. Doing so,
the extent of hysteresis in the forward and backward titration
data could be addressed and, therewith, possible ongoing
degradation of titrated material detected.53 Additionally, we
varied light and temperature conditions in order to assess how
cell physiology impacted (or not) the amount of interfacial cell
charges.

Fig. 2 shows representative results (Q versus pH and salinity)
of three series of titrations on C. vulgaris. For given light and
temperature conditions, the overall pattern describing qualitat-
ively the change in Q with pH and cNaNO3

were found to be well
consistent from one cell batch to the other, but high variability
in Q (ca. 1 to 2 units in Q) was found due to cell physiology
(detailed later) that apparently differs significantly among
tested batches. Consequently, no marked quantitative trends
in the dependence of Q on pH were measured, which renders
impossible any attempt to identify the nature of the groups at
the origin of the cell surface charge. Under dark and cold
(5 °C) conditions (Fig. 2a), the positioning of the titration
curves versus cNaNO3

is not according to expectation as |Q| does
not increase significantly with cNaNO3

over the whole pH range.
Remarkably, when increasing temperature from 5 °C to 25 °C
(Fig. 2b), the aspects of the pH-dependent titration curves
completely changed in terms of magnitude (increase in |Q|)
with the apparition of a common intersection point between
curves pertaining to the three cNaNO3

-conditions tested.
Titration data suggested a possible reversal of the sign of the
charge with varying pH at fixed cNaNO3

and with varying cNaNO3

at fixed pH. In addition, there was a marked hysteresis
between backward and forward titrations at cNaNO3

= 30 mM
and 100 mM (Fig. S2 in ESI†), which indicates that chemical
equilibria other than protonation/deprotonation of shell func-
tional groups take place during titration. The apparent ‘loss’ of
charges titrated between sequential addition of acid (pH 10.5
to 3.5) and that of base solution (pH 3.5 to 10.5) is the possible
signature of a release of dissolved CO2 by C. vulgaris,

54 leading
to a carbonatation of the medium (at basic pH values). At
25 °C and in presence of light (Fig. 2c), Q is positive over the
entire pH range at cNaNO3

= 30 mM and 100 mM, and it
increases strongly with cNaNO3

.
Reversal of the sign of the titrated charge evidenced in

Fig. 2b (and, to some extent, in Fig. 2a and c depending on pH
and salt concentration conditions) is unexpected in view of the
electrophoresis results that pinpoint a negative (electrokinetic)
charge for pH between 4 and 9. It may be argued that this
apparent ‘inconsistency’ originates from the different time
scales of the experiments (up to 8 hours for proton titrations
compared to few minutes for electrophoresis), which possibly
defines different algae response to pH stress. Reports evidence
indeed that Chlorella microalgae in contact with an ‘unusual’
pH-environment can regulate their internal pH as well as the
pH in their phycosphere55 around neutral value. To cope with
such a pH stress, cells can deploy various metabolic strategies,
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e.g. inter-organelle proton exchanges, protons release via dedi-
cated efflux pumps,56 and for chlorophyte microorganisms,
the efficiency of these adaptative mechanisms depends intrin-
sically on light conditions.57 In particular, internal pH regu-
lation for C. vulgaris in media whose pH is comprised between
4 and 9 is a few hours-long process that gains efficiency under
light-exposure conditions.56,58 Under harsh pH conditions
(typically for pH below 3 and above 10) cells viability drops dra-
matically under both dark and light-exposure conditions56,58

as a result of important intracellular pH fluctuation and/or
unregulated ion exchanges between inner and outer cell
components.56,58 In view of the above elements, we hypoth-
esise that the increasing quantity of positive charges measured
under light conditions (Fig. 2c) is related to the response of
C. vulgaris to imposed variations of pH and electrolyte concen-
tration, a response that necessarily differs when titration is
operated in dark (Fig. 2a and b). Among physiological changes
reported for microalgae subjected to pH variation, the modifi-
cation of pigment production appears as an important
factor.59–62 During proton-titration experiments, no color
alteration of the Chlorella suspension could be observed by
eye. However, UV-visible absorbance spectra of C. vulgaris cells
measured under the pH conditions adopted in AFM (cf. below)
and electrokinetic experiments (i.e. pH 4.5 and 6.2) (Fig. S3†)

reveal that spectra profiles were severally modified at pH 4.5
after 8 hours, and that spectra modifications were even more
pronounced after 24 hours with a quasi-complete extinction of
the chlorophyll signal (at ca. 700 nm). This finding confirms
that important physiological cell regulations are operational
during proton-titration experiments measured as a function of
solution pH.

Force spectroscopy measurements on microalgae

To further explore the electrostatics of microalgae soft inter-
face, we detail below molecular interactions measured at the
surface of single cells by chemical force spectroscopy (CFM
technique63–65), between C. vulgaris and different AFM tips
(Fig. 3). Using controlled charged AFM probes, we evaluate
and map the electrostatic properties of algal cell surface with a
molecular resolution at pH close to physiological condition
(Fig. 4 and 5). Following a similar strategy, we address the
hydrophobicity level of microalgae surface and compare the
corresponding tip-to-cell surface adhesion features to those
measured with electrostatic AFM probes so as to unravel their
respective contributions to interactions involving microalgae
(Fig. 6). Finally, based on the outcomes from the above
measurements, we shed light on the effect of acidic pH on
microalgae surface properties (Fig. 4–6). In the following, we

Fig. 2 Titrated amounts of mean charge per microalgae cell, Q, as a function of solution pH. Data are measured upon addition of NaOH (10 mM)
for different NaNO3 electrolyte concentrations (indicated). The figure reports illustrative results from 3 sequential titration measurements (a–c) per-
formed each on a different C. vulgaris batch. The sequential potentiometric titrations (for cNaNO3

= 10 mM, 30 mM and 100 mM) were performed on
a given C. vulgaris batch, under argon atmosphere within a thermoregulated container, in dark at 5 °C (a) and 25 °C (b), and at 25 °C with light
exposure (c).
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first describe the experimental methodology and data analysis
approach that we used independently of the tips functionali-
zation, and we then successively discuss the results obtained
with the NH2-, COOH- and CH3-modified AFM tips.

To assess the spatial distribution of the cell surface pro-
perties by CFM, we work in so-called force-volume mode where
a virtual mesh of 32 × 32 pixels (which corresponds to 1.5 µm
× 1.5 µm surface area) was generated at the cell surface.
Approach and retract curves were then recorded at each pixel
(Fig. 3c). This process then provides a 3D map of the inter-
action force operational between functionalized tip and algal
surface. After contact between tip and cell surface, inspection
of the force-retraction regime (Fig. 3c, red curve) allows to state
whether or not the functionalized tip adhere to the algal cell-
wall, to evaluate the adhesion force required to detach the tip
from the biosurface and to monitor the (possible) unfolding of
the biomolecules involved in the interaction when withdraw-
ing the tip from the cell surface. To prevent contamination,
the functionalized AFM tips were replaced every 4 to 6 maps.
To ensure that the cellular surface was not getting damaged by
pH effects during AFM experiments, microalgae attached to
PEI–substrate were not exposed to a given pH condition for
more than 2 hours. During this period, viability and mem-
brane integrity of Chlorella cells were not significantly affected
by pH stress, as confirmed by independent flow cytometry
measurements with propidium iodine cell staining (Fig. S4†).

Fig. 4–6 report maps of the adhesion of functionalised
AFM probes on C. vulgaris surfaces, at pH = 4.5 and 6.2, and
fixed electrolyte concentration cNaNO3

= 10 mM. Looking at

the profiles of the force–distance curves forming these maps,
we found that, independently of the tip chemistry, most of
the curves displayed ‘blunt’ peaks (cf. insets in Fig. 4–6)
whose exact positioning and magnitude were difficult to
interpret using conventional analysis methods.66 These peaks
stem from unspecific interaction forces that induce unfolding
of several biomolecules at C. vulgaris surface (cf. e.g. CFM on
cellular membranes67). Consequently, as illustrated in Fig. 3,
we chose to evaluate the work of adhesion, denoted as WA

(nN nm), at every probed pixel of the cell surface, thereby
converting the force vs. distance-maps into WA-maps. Further
considering the characteristic signal-to-noise ratio of the
measurements, we determined a cut-off value of WA = 5 nN
nm below which we consider that there is no tip-to-cell
adhesion.

For each tip functionalisation and pH condition
adopted, we acquired several WA-maps (at least 15 cells
were considered per examined condition, each cell being
probed only once). Given the heterogeneity of the obtained
maps, we decided to classify them in different ‘sets’,
according to their similarities in terms of statistical distri-
bution of WA values and/or spatial distribution of these
values over the cell surface. In addition, we computed the
cumulative statistical distribution of WA values for each
identified set of similar maps (histograms in Fig. 4–6),
which gives an overall indication of the adhesion capacity
of microalgae surfaces. For the sake of illustration, in
Fig. 4–6 each set of similar WA-maps is represented by one
illustrative WA map with a sample of 4 force–distance

Fig. 3 AFM topographic maps of microalgae at (a) pH = 6.2 and (b) pH = 4.5. The insets in the right top corners of the images (a and b) specify the
areas where CFM measurements are performed using AFM tip functionalised with amine-, carboxyl- and methyl-terminated thiols, as schemed in
(c). Panel (c) displays a representative force–distance curve recorded at the tip approach (blue curve) and retraction (red curve), between tip-NH2

and a microalgae surface at pH = 6.2. From the retraction curve (red), we evaluated the work of adhesion that corresponds to the area under the
force versus separation distance curve in the attraction domain (red-shaded area).

Nanoscale Paper

This journal is © The Royal Society of Chemistry 2024 Nanoscale, 2024, 16, 5149–5163 | 5155

O
pe

n 
A

cc
es

s 
A

rt
ic

le
. P

ub
lis

he
d 

on
 1

8 
Ja

nu
ar

y 
20

24
. D

ow
nl

oa
de

d 
on

 3
/1

3/
20

26
 1

:4
9:

17
 A

M
. 

 T
hi

s 
ar

tic
le

 is
 li

ce
ns

ed
 u

nd
er

 a
 C

re
at

iv
e 

C
om

m
on

s 
A

ttr
ib

ut
io

n 
3.

0 
U

np
or

te
d 

L
ic

en
ce

.
View Article Online

http://creativecommons.org/licenses/by/3.0/
http://creativecommons.org/licenses/by/3.0/
https://doi.org/10.1039/d3nr04740g


curves recorded upon tip retraction (see insets in Fig. 4–6).
Additional examples of maps included in each set can be
found in Fig. S5.†

To detect the negative interfacial charges of C. vulgaris, we
mapped microalgae surfaces with AFM tips coated by thiols
terminated by amine groups (tip-NH2), which act as positively
charged probes.68 At pH = 6.2 (Fig. 4a and b), the force dis-
tance curves generally display a peak of around 100 to 200 pN
over a distance of few tens nanometres from which WA can be
evaluated. The obtained WA-maps can be divided into 2 sets of
profiles: maps (shown in Fig. 4a, representative of 8 maps) dis-
playing randomly distributed adhesion sites over the micro-
algae surfaces, with WA value of ca. 10 nN nm (corresponding
to 10 aJ), and maps (shown in Fig. 4b, representative of
8 maps) that feature adhesion domains where WA values are
slightly higher than in Fig. 4a.

At lower pH value (pH = 4.5; Fig. 4c–e), the force–distance
curves display multi-peaks profiles where both interaction
force and interaction distance increased as compared to those
corresponding to higher pH. The corresponding WA-maps can
be categorized according to 3 types of profiles (Fig. 4c–e) and
they highlight that WA is higher at pH 4.5 as compared to 6.2,
with some microalgae even displaying remarkably strong
adhesive surface events (Fig. 4e, representative of 5 maps). A
higher intra- and inter-cellular heterogeneity is also noticed at
pH 4.5, in the sense that the distributions in WA values for a
given cell and among cells are broader than at pH 6.2. Still,
the adhesion sites are rather homogenously distributed on the
maps, and the adhesive patches observed at pH 6.2 are no
longer distinguishable at pH 4.5.

At neutral pH, the thiol terminal groups are (weakly) proto-
nated into –NH3

+ – the acidity pK constant of the terminal

Fig. 4 Work of adhesion WA of AFM tips coated by thiol-NH2 on C. vulgaris surface, in 10 mM NaNO3 solution, for (a and b) pH = 6.2 and (c–e) pH =
4.5. The histograms (a–e) represent the cumulative distributions of WA values for different sets of WA-maps sorted according to similarity in WA

values distributions. The histograms in (a–e) represent the cumulative statistical distribution of WA values from sets of 8, 8, 5, 5 and 5 WA-maps (each
C. vulgaris cell has been mapped only once by a given functionalized tip: 31 microalgae were probed by tips-NH2), respectively. Each color in the his-
tograms corresponds to the contribution of one WA-map measured on a given cell to the overall WA-histogram. For each histogram, a representative
WA-map is provided (1.5 µm × 1.5 µm, 32 × 32 pixels) and a collection of four illustrative force–distance curves is given in the inset of each histogram,
with specified scales for the distance and force axes. The schematics in (f ) illustrates the composition of the histograms presented in Fig. 4–6, with
considering the histogram (a) as an illustrative example. For a given dataset, each color in the graphic (8 in total) corresponds to the statistical distri-
bution of WA values for a single WA-map of a microalgae surface which was probed only once. For a given WA value, each colored bar represents the
number of occurrences of that value in the associated WA-map in proportion to the total number of values (pixels) in the dataset (here 8 × 1024
pixels total). The envelope of the histogram corresponds to the cumulative statistical distribution of WA values for the given dataset.
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groups of cysteamine thiols is ca. 8 68 – which promotes
electrostatic attraction between coated AFM tips and the nega-
tively charged microalgae surfaces (Fig. 1). At lower pH, the
surface charge of the tips-NH2 increases due to the protona-
tion of the terminal groups of cysteamine thiols,68 in agree-
ment with the increase in electrostatic attraction suggested by
Fig. 4 (panels (a) and (b) vs. (d) and (e)). Interestingly, few
force curves feature the unfolding of some cell wall com-

ponents upon tip retraction, which is identified from the suc-
cession of multiple adhesion peaks at relatively large distance
(>100 nm) prior to final rupture (cf. insets Fig. 4d and e).

In Fig. 5, we report the equivalent of Fig. 4 with use here of
electrostatic AFM tips coated by thiols terminated by carboxyl
groups (tip-COOH), which are commonly employed as nega-
tively charged probes.69 At pH 6.2, two sets of WA-maps profiles
can be distinguished (Fig. 5a and b): a first set (shown in

Fig. 5 Work of adhesion WA of AFM tips coated by thiol-COOH on C. vulgaris surface, in 10 mM NaNO3 solution, for (a and b) pH = 6.2 and (c–e)
pH = 4.5. The histograms (a–e) represent the cumulative distributions of WA values for different sets of WA-maps sorted according to similarity in WA

values distributions. The histograms in (a–e) represent the cumulative statistical distribution of WA values from sets of 7, 7, 5, 6 and 4 WA-maps (each
selected C. vulgaris cell has been mapped only once by a given functionalized tip: 29 microalgae were probed by tips-COOH), respectively. Each
color in the histograms corresponds to the contribution of one WA-map measured on a given cell to the overall WA-histogram (cf. Fig. 4f ). In (b and
d), the red dotted ellipses highlight circular adhesion patterns on microalgae surfaces. For each histogram, a representative WA-map is provided
(1.5 µm × 1.5 µm, 32 × 32 pixels) and a collection of four illustrative force–distance curves is given in the inset of each histogram, with specified
scales for the distance and force axes.

Fig. 6 Work of adhesion WA of AFM tips coated by thiol-CH3 on C. vulgaris surface, in 10 mM NaNO3 solution, for (a and b) pH = 6.2 and (c–e) pH =
4.5. The histograms (a–e) represent the cumulative distributions of WA values for different sets of WA-maps sorted according to similarity in WA

values distributions. The histograms in (a–e) represent the cumulative statistical distribution of WA values from sets of 10, 10, 4, 10 and 6 WA-maps
(each selected C. vulgaris cell has been mapped only once by a given functionalized tip: 40 microalgae were probed by tips-CH3), respectively. Each
color in the histograms corresponds to the contribution of one WA-map measured on a given cell to the overall WA-histogram (cf. Fig. 4f ). In (a, b, d
and e), the red dotted ellipses highlight circular adhesion patterns on microalgae surfaces. For each histogram, a representative WA-map is provided
(1.5 µm × 1.5 µm, 32 × 32 pixels) and a collection of four illustrative force–distance curves is given in the inset of each histogram, with specified
scales for the distance and force axes.
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Fig. 5a, representative of 7 maps), for which the adhesion of
tips-COOH to cell surface is insignificant as there is no detec-
tion of adhesion peaks (cf. representative curves in Fig. 5a),
and a second set (shown in Fig. 5b, representative of 7 maps)
corresponding to cells that feature slightly adhesive patches
(with WA ∼ 10 nN nm). At pH 4.5 (Fig. 5c–e), the microalgae
surface adhesion to tips-COOH remains weak as judged by the
corresponding low WA values. The spatial distribution of the
adhesion events can be categorized in 3 sets: maps without or
with few adhesive events detected over the cell surface (Fig. 5c,
representative of 5 maps), maps featuring few adhesive
patches (Fig. 5d, representative of 6 maps) and others display-
ing a homogeneously adhesive surface (Fig. 5e, representative
of 4 maps). Overall, the weak adhesion measured at both pH
6.2 and 4.5 (Fig. 5) is consistent with a dominant electrostatic
repulsion between the negatively charged microalgae surface
and the tips coating where thiol terminal groups COOH are
deprotonated.70 With decreasing pH from 6.2 to 4.5, both the
algal shell and the tip coating get increasingly protonated,
thereby decreasing the contribution of electrostatics to the
overall measured interaction. Accordingly, the adhesion events
featured in Fig. 5b, d and e likely originate from interaction
processes other than electrostatic in nature.

Considering the tip coating properties under acidic pH
conditions, protonated –COOH terminal groups are indeed
prone to form hydrogen bonds with molecular partners of the
cell wall.71 This is confirmed by additional control measure-
ments between tips and gold surfaces, both coated with
thiols-COOH, which shows an increase of adhesion from pH
6.2 to 4.5 (Fig. S6a and b†). Hence, with lowering pH, the
decrease of the tip-to-cell electrostatic repulsion and the poss-
ible formation of hydrogen bonds between tip-COOH and cell
wall components like carboxyl end groups16 could explain the
observed increase in the occurrence of adhesion events. For
some situations where a significant adhesion was measured
between tip-COOH and cell surface (Fig. 5b and d), adhesion
patches appear in the form of circular patterns centred on
the top of C. vulgaris with respect to the sample support.
Inspection of the topographic image associated with each FV
confirmed that these patterns were neither due to topo-
graphic features that could change the contact area between
tip and biosurface, nor to an experimental drift of the tip
toward the PEI-coated glass substrate (Fig. S7†). The corres-
ponding WA-maps may thus suggest a difference in the nature
of the cell wall compounds that interact with tips-COOH and
tips-NH2 (Fig. 4 and 5).

Following the investigation of the electrostatic (and
H-bonds) contributions of tip-to-cell adhesion, we proceed
with the determination of the surface hydrophobicity of
microalgae, described in literature as an important com-
ponent of their interactions with their surrounding
environment.16,39,40 Accordingly, Fig. 6 reports CFM measure-
ments performed on C. vulgaris surface using methyl-termi-
nated thiol coated tips (tip-CH3) – serving as hydrophobic
probes39,63,69 – under similar pH and salt conditions as those
prevailing in Fig. 4 and 5.

Overall, at pH = 6.2 the centred value of the WA-distri-
butions (Fig. 6a and b) is slightly higher than that determined
with tips-NH2 (Fig. 4). Decreasing solution pH from 6.2 to 4.5
(Fig. 6c–e) hardly impacts the overall adhesion of the cells
surface. However (and similarly to Fig. 4 and 5), this decrease
leads to a larger heterogeneity in the statistical distribution of
WA values among the probed microalgae surfaces (cf. histo-
grams in Fig. 6). We further controlled how pH affected the
adhesion of tip-CH3 on planar gold surfaces coated with the
very same thiols (Fig. S6c and d†) as those used for tip functio-
nalisation. We observed that WA decreases when decreasing
pH, a trend we assign to proton binding by-/absorption on-the
thiols.43,72 This pH-dependence of WA as revealed by controlled
experiments is however not reflected by the data in Fig. 6 as
the decrease of pH from 6.2 to 4.5 does not clearly induce a
decrease in the hydrophobic tip-to-cell adhesion. Comparison
between Fig. 6 and 4 further indicates that the hydrophobic
contribution to the interactions involving C. vulgaris surface at
pH 4.5 is lower (both in terms of adhesion force and frequency
of adhesive events) than the electrostatic contribution.

Interestingly, regardless of pH, the WA-maps displayed in
Fig. 6a, b, d and e show that the distributions of adhesion
sites at the microalgae surface take the form of circular and
concentric patterns, similar to those identified with the tips-
COOH (Fig. 5b and d). These patterns reflect a peculiar spatial
distribution of hydrophobic compounds at the cell wall of
C. vulgaris under the measuring conditions adopted in this
work. The corresponding spatial heterogeneities over the cell
surface are not distinguishable on the topographic images of
C. vulgaris presented in Fig. 3a and b and on those reported
elsewhere.19 We further note that similar circular and con-
centric patterns are discernible in some of the CFM maps
reported in literature for other types of algae.37 Remarkably,
these concentric patterns are systematically centred on the top
of the microalgae surface (dome) with respect to the sample
support on which C. vulgaris is attached. This property might
be a surface phenotype of C. vulgaris cell wall, which con-
strains the orientation of the microalgae on the supporting
PEI-coated glass surface. Conversely, we could hypothesize that
this pattern is a result of microalgae immobilization onto PEI
and associated modification of cell surface tension.73 It cannot
be excluded that such a distribution pattern of hydrophobic
compounds is also related to a specific repartition of lipids
within the C. vulgaris cell wall/membrane.46,74,75 At this stage,
the above assumptions are obviously largely speculative, and
their validation requires additional analysis that goes beyond
the scope of this work.

Discussion

The aim of this study is to determine the electrostatic pro-
perties of C. vulgaris and to evaluate how they are impacted by
the pH of the surrounding solution. The work thus covers both
fundamental and applicative dimensions, given the para-
mount importance of electrostatics in defining the homo- and
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hetero-interactions cells experience in various industrial and
environmental processes. Our conclusions are based on results
obtained by means of three types of experiments performed at
various spatial and time scales: electrophoresis measurements
on suspensions of microalgae cells, interpreted by electro-
kinetic theory for diffuse soft particles, potentiometric proton
titration experiments, and AFM-based force spectroscopy
measurements at the individual cell level. This original combi-
nation of methodologies allows us to infer some correlations
between the information extracted from the data obtained
with each of these techniques. It also brings to light important
limitations (often overlooked in literature) in applying
these techniques to biological samples, while highlighting
some guidelines required to achieve a proper interpretation of
the data.

Electrophoresis measurements provide useful insights into
the electrostatics of C. vulgaris soft interface with the esti-
mation of the densities of structural charges it carries, and
they further evidence a marked radial heterogeneity of the
interface at low pH and/or under low salt concentration con-
ditions (Fig. 1 and Table 1). Obviously, these results do not
inform on the 3D heterogeneity properties of the interface nor
on its composition, having further in mind that cell electro-
phoretic mobility is necessarily a surface-averaged indicator of
the electrohydrodynamic properties of the ensemble of cells
that experience the applied electric field.

Accordingly, we report potentiometric proton titrations to
further address the dissociation features of the structural
charges of C. vulgaris cells. However, the poor (quantitative)
repeatability of the titration data and their strong dependence
on illumination and temperature conditions suggest that
during titration experiments (i.e. up to 8 hours) complex bio-
logical processes are involved in the regulation of the inter-
facial charge of C. vulgaris, which adds a difficulty to a proper
definition of the electrostatic cell surface properties.

This urges us to consider spatially resolved CFM measure-
ments at the cell surface and shorter measurement timescale
so as to minimize the influence of physiological cell regu-
lations. Accordingly, we perform CFM measurements to
further address the dissociation features of the structural
charges of C. vulgaris cells and their repartition at the cellular
scale. Via the use of chemically modified AFM tips, we esti-
mate the contributions of different force components (electro-
static, hydrogen-bonds and hydrophobic) to the overall algal
adhesion. As electrokinetic analysis reveals that C. vulgaris are
negatively charged (Fig. 1), we first determine the electrostatic
forces operative between the biosurface and positively charged
AFM probes (i.e. amine-functionalized tips) and we show that
the corresponding tip-to-cell adhesion is higher at acidic pH
as compared to that prevailing at ca. neutral pH (Fig. 4).

However, we can question the extent to which this effect is
dominated by the variations of cell surface charges and/or the
charges carried by the functionalized tip itself. The electroki-
netic analysis of the biosurface evidences a decrease in the
average density (in absolute value) of the structural cell
charges with decreasing pH (Table 1). The underlying pH

dependence of |ρ0|, if solely considered, would thus lead to a
decreasing adhesion in CFM measurements between the
amine-tip and the biosurface from pH 6.2 to 4.5. Accordingly,
the variation of the charge of the tip with pH dominates appar-
ently the one pertaining to the cell-wall and it governs, at least
qualitatively, the way in which WA changes with decreasing pH
(Fig. 4).

There is another cell surface property to be considered for a
more complete overview of the processes that determine the
electrostatic interactions between the cell surface and the
amine tips as addressed by CFM as a function of pH: it relates
to the way the constitutive charged components of the cell wall
in interaction with the tips are distributed over space. Such an
information is qualitatively retrieved from analysis of electro-
phoretic data, with the conclusion that the diffuseness (or het-
erogeneity in the radial dimension) of an individual algal
interface increases with decreasing salt concentration at fixed
pH and increases at 1 mM cNaNO3

with decreasing pH (Fig. 1
and Fig. S1†). Unfortunately, the assessment of the interface
diffuseness operational during tip retraction cannot be
straightforwardly compared to that obtained from electroki-
netics as the very indentation of the charged tip into the cell
prior to retraction has modified the distribution of cell struc-
tural charges in CFM experiments. In contrast, connections
between electrostatics of diffuse interfaces as evaluated from
analysis of electrokinetic data and from AFM can be drawn for
the case of tip-to-cell force curves measured when approaching
the tip towards the cell before contact.76 In the current work,
such approach-force curves are not considered because the
corresponding measured attractive force is found to be of the
same order of magnitude than that of the background noise.

Further CFM measurements using carboxyl- and methyl-
coated tips allow to estimate the importance of hydrogen-
bonds and hydrophobic effect as compared to electrostatic
interaction component under different pH conditions. This
CFM-methodology with molecular scale resolution reveals
remarkable circular chemical patterns at the cell surface
(Fig. 5 and 6). However, such patterning cannot be directly
interpreted through the interfacial diffuseness parameters
(α/δ) involved in the Duval–Ohshima formalism42 (adopted to
fit electrophoretic data of Fig. 1) as this parameter refers to the
radial distribution of functional groups (and density of cell
material that carries them) at the cell/solution interface and
not to their lateral arrangement.

Potentiometric titration data (Fig. 2) turn to be decisive as
they highlight the difficulty to decipher the physicochemical
surface properties of the cells and the impacts of their
response to pH- and/or salinity-induced stress on these pro-
perties. In that respect, we cannot a priori exclude that the
strong electrostatic adhesion measured by AFM under acidic
pH condition (Fig. 4) stems, at least partly, from physiological
processes that could lead to the release of e.g. metabolites or
polysaccharides as the latter biomolecules could then contrib-
ute to the cell surface–AFM tips interaction. However, current
literature reports that such cell response occurs only at
extreme basic pH values.22
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Finally, transmembrane proton exchange/release in the phy-
cosphere – i.e. in the close vicinity of the algal envelope – may
modify the local pH and ionic strength conditions prevailing
near the cell surface, with possible significant differences
between such surface conditions and those holding in the
bulk solution. Obviously, such intricate interfacial processes
may considerably complicate data interpretation, as evidenced
by the here-reported proton-titration data which underline an
obvious alteration of the phycosphere. The typical delay
adopted here for the incubation of cells in solution prior to
electrokinetic and AFM data acquisition (1 to 2 h at most) is
significantly shorter than that required to complete the proton
titration experiments (up to 8 h). In turn, this minimises poss-
ible severe biology-mediated effects (discussed in Fig. 2 via
proton titration data) on cell electrophoretic mobility data and
on measured AFM force–separation distance curves.

Conclusions and perspectives

In this work, we address the interfacial properties of micro-
algae at various relevant scales of biological organization, from
the population level via electrophoresis and proton titration
experiments, down to the cellular and molecular scale by CFM
techniques, as a function of environmental conditions includ-
ing pH. Analysis of the electrophoretic features of C. vulgaris
cells evidences a marked heterogeneity of the microalgae inter-
face as electrolyte concentration and/or pH get lower, due to
possible diffuse swelling of cell peripheral region and/or
increase in cell surface heterogeneity (roughness) under acidic
conditions. We further evidence that potentiometric proton
titrations cannot provide quantitative information on cell
double layer charging process as interfering biological pro-
cesses largely contribute to proton charge balance at the cell/
solution interface. Using functionalized AFM tips, the electro-
static, hydrophobic and H-bonds contributions to tip-to-cell
adhesion features are evaluated, and connections (if relevant)
between electrostatic descriptors of the algae interface derived
from electrokinetics (population scale) and CFM (single cell
and molecular scales) are discussed. CFM results further
suggest that, depending on solution pH, electrostatics can
dominate over hydrophobic and hydrogen-bonds contri-
butions to the overall tip/cell interaction. Interestingly, CFM
measurements collected with use of –CH3 and –COOH coated
tips reveal the existence of spatialized cell wall (hydrophobic)
patterns.

While evidencing the multiscale heterogeneity of C. vulgaris
interfaces (from the population to the single cell level, and
over the surface of a given individual) and underlining the
possible role(s) played by cell physiology in regulation of inter-
facial charges, our work provides insights into electrostatics
and hydrophobicity features of C. vulgaris. The results may
serve as a new basis for the interpretation of microalgae inter-
actions with their ionic and/or particulate environment
beyond approximate zeta-potential concept and DLVO theory
in the framework of which particles are incorrectly viewed as

hard and homogeneous systems. We believe that such funda-
mental understanding of the interfacial properties governing
cell behaviour would contribute to the improvement of indus-
trial or environmental exploitation of microalgal resources.

Material and methods
Culture of the microalgae

Chlorella vulgaris (C211-11B) were cultivated in 250 mL beakers
(corked with air-filter cap) containing 100 mL of Lefebre-
Czarda (LC) medium, inside an incubator Innova 42
(Eppendorf) thermostated at 23 °C, under day/night cycle of
16 h/8 h under permanent agitation at 94 rpm. The cell
density was controlled via measurement of the optical density
(OD) using spectrometer UV-2501PC (Shimadzu). From cell
counting experiments, we determined that an OD value of
unity at an absorption wavelength of 686.5 nm corresponds to
2.47 × 107 cells per millilitre. The microalgae used for all
measurements in this work were harvested at 6 days of growth,
during the mid-log growth phase.

Electrophoresis

The electrophoretic mobility of Chlorella vulgaris (C211-11B)
microalgae was measured as a function of pH (4, 6.2 and 9)
and concentration of NaNO3 (Sigma-Aldrich, purity >99%) in
the range 1 mM to 250 mM at room temperature using a
Zetaphoremeter IV device (CAD Instruments). Prior to
measurements, cells were washed twice by centrifugation–
resuspension (720g for 6 min) in 10 mM NaNO3. Further
dilution by ultrapure water or salt addition were made to
obtain NaNO3 solution at the desired concentrations, with a
final OD686.5nm value of 0.07. The cell density was chosen in
order to optimize the measurement statistics of the electro-
phoretic mobility distribution of the cells in the different con-
ditions adopted in this work. pH values were adjusted by
proper addition of HNO3 (0.1 M, Titrapur, Sigma-Aldrich) and
NaOH (0.1 M, Carl Roth) solutions. Each reported data point
for a given NaNO3 concentration is the average of 6 mobility
acquisitions on 3 different batches of microalgae per tested
pH condition, with one replicate per batch.

Potentiometric proton titrations

Chlorella vulgaris (C211-11B) microalgae were titrated at
different NaNO3 concentrations in a closed container using a
TITRANDO 809 (Metrohm) controlled by tiamo 2.4 software.
20 mL of microalgae culture suspension were harvested after 6
days of growth, centrifugated during 6 min at 720g using
Centrifuge 5804 R (Eppendorf) and rinsed with 30 mL NaNO3

(10 mM) solution. Centrifugation and rinsing were repeated to
get rid of LC growth medium. From the rinsed cell suspension,
we prepared a 40 mL dilution in NaNO3 10 mM at pH 3.5
defined by a cell density of 0.7. The sequential titration
process consisted into 5 successive titrations performed on a
given microalgae sample, under light or dark conditions, in
thermostated environment at 5 °C or 25 °C, and under a per-
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manent flux of argon to avoid external sample contamination
by carbon dioxide. The first titration in NaNO3 10 mM was
made by addition of NaOH 10 mM (Carl Roth) until pH value
stabilised to 10.5. The electrolyte concentration was then
increased to 30 mM by addition of 1 M NaNO3 (Sigma-Aldrich)
while maintaining pH to 10.5. The second and third titrations
corresponded to a backward titration from pH 10.5 to 3.5 upon
addition of 10 mM HNO3 (Titrapur, Sigma-Aldrich), and to the
forward titration from pH 3.5 to 10.5, before a new adjustment
of electrolyte concentration to 100 mM. The fourth and fifth
titration then followed, from pH 10.5 to 3.5 and pH 3.5 to 10.5,
respectively. The pH range over which samples were titrated
was chosen so as to lead to a complete (de)protonation of the
–OH and –COOH chemical groups carried by chlorophyte
microalgae surface.16,45 ‘Blank’ sequential titrations (i.e. in the
absence of cells) were also performed following the above pro-
tocol in order to subtract the contribution from the electrolyte
dispersing medium. The results displayed in Fig. 2 are the
titrated charges collected on a single C. vulgaris batch sample
by addition of NaOH at 10 mM, 30 mM and 100 mM NaNO3

concentration after subtracting the background electrolyte con-
tribution measured from corresponding ‘blank’ experiments.

Preparation of microalgae for AFM measurement

C. vulgaris were harvested after 6 days of cultivation in LC
medium. After 6 min at 720g centrifugation using centrifuge
5804 R (Eppendorf ), the microalgae samples were rinsed in
NaNO3 (10 mM) solution buffered by MES (1 mM), at pH 4.5 or
6.2 (depending on the pH condition tested). 2 cm × 2 cm rec-
tangular glass slides were incubated for 45 min in RBS-25
detergent (0.1%) at 60 °C, rinsed abundantly with ultrapure-
water, dry with N2, and finally incubating in PEI (0.1%, Sigma
Mw = 750 000 g mol−1) solution during 20 min. After rinsing
the PEI-coated substrate, a drop of 1 mL NaNO3-microalgae
suspension was deposited during approximately 15 min, allow-
ing time for the microalgae to adhere on the surface of the
substrate. Finally, the glass slides covered by microalgae were
rinsed with NaNO3 solution at the ionic strength and pH value
tested.

Preparation of thiol coated AFM tips

Oxide-sharpened microfabricated silicon-nitride cantilevers
with gold coating (NPG-10, Bruker Corporation) were used and
their spring constants (of nominal values 0.06 N m−1) were
accurately determined on the basis of the thermal noise
method.77 Prior to functionalisation, AFM tips were cleaned
for 5 minutes by UV–ozone treatment, rinsed in ethanol and
dried with N2. To perform amine tip functionalisation, tips
were immersed for 2 hours in a 20 mM cysteamine thiol solu-
tion in 0.1 M MES buffer and rinsed twice in NaNO3 solution.
To perform carboxyl tip functionalisation, tips were immersed
overnight in a 1 mM 16-mercaptohexadenoic acid (16-MHDA)
solution in ethanol absolute anhydrous and rinsed with
ethanol. To perform methyl tip functionalisation, tips were
immersed overnight in a 1 mM dodecanethiol solution in
absolute anhydrous ethanol and rinsed with ethanol.

Atomic force microscopy measurements

AFM force-volume measurements and contact imaging were
performed at room temperature using a dimension ICON set
up (Bruker Corporation) with Nanoscope operation software
(Bruker Corporation). In Fig. 3a and b, peak-force measure-
ments were performed to provide topographic maps (5 µm ×
5 µm and 1.5 µm × 1.5 µm) of C. vulgaris surfaces, using
silicon-nitride cantilevers without coating. Acquiring larger
images after the 1.5 µm-image confirmed that the set-up was
not drifting.

Concerning force spectroscopy measurements, prior to all
force-maps acquisitions, images were taken with bare tips to
check the state of the cells. Then, the bare tip was replaced by
a functionalized tip, and only very low-resolution images with
a minimum amount of scan lines were collected with the func-
tionalized tip to locate the cell before rapidly switching to
force spectroscopy measurements. Force–separation distance
curves for interacting thiol-coated tips/microalgae were
obtained in NaNO3 solution (10 mM), buffered with MES
(1 mM) at pH 4.5 and pH 6.2. For statistical analysis purpose,
at least two tips were used per microalgae sample, and cells
from several C. vulgaris batches were probed per pH- and tip
coating-condition. For each pH condition and tip coating
tested, adhesion maps were obtained by recording multiple
(32 × 32 pixels) force–distance curves on 1.5 μm × 1.5 μm areas
of microalgae. No gradual decrease/increase of adhesion
appeared during the acquisition of a given map (especially fol-
lowing the scan direction), which could have indicated tip con-
tamination. Additionally, no particular evolution (neither
decrease nor increase) in the frequency of adhesion events was
observed between successive maps, and the different sets of
profiles were randomly obtained with different functionalized
tips independently of the scanning order.

Unless otherwise stated, all force curves were obtained
using an applied force of 500 pN and approach and retraction
speeds of 1 µm s−1 with a ramp size between 300 and 500 nm.
Control measurements performed with tip-COOH or tip-CH3,
and –COOH/–CH3 gold coated silicon wafers were performed
at pH 6.2 and 4.5 (Fig. S6†).
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