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Although cell membranes exist in excess of water under physiological conditions, there are a number of

biochemical processes, such as adsorption of biomacromolecules or membrane fusion events, that

require partial or even complete transient dehydration of lipid membranes. Even though the dehydration

process is crucial for understanding all fusion events, still little is known about the structural adaptation of

lipid membranes when their interfacial hydration layer is perturbed. Here, we present the study of the

nanoscale structural reorganization of phase-separated, supported lipid bilayers (SLBs) under a wide range

of hydration conditions. Model lipid membranes were characterised using a combination of fluorescence

microscopy and atomic force microscopy and, crucially, without applying any chemical or physical

modifications that have previously been considered essential for maintaining the membrane integrity

upon dehydration. We revealed that decreasing the hydration state of the membrane leads to an

enhanced mixing of lipids characteristic of the liquid-disordered (Ld) phase with those forming the liquid-

ordered (Lo) phase. This is associated with a 2-fold decrease in the hydrophobic mismatch between the

Ld and Lo lipid phases and a 3-fold decrease in the line tension for the fully desiccated membrane.

Importantly, the observed changes in the hydrophobic mismatch, line tension, and lipid miscibility are

fully reversible upon subsequent rehydration of the membrane. These findings provide a deeper insight

into the fundamental processes, such as cell–cell fusion, that require partial dehydration at the interface

of two membranes.

1 Introduction

Biological cell membranes are permeable barriers responsible
for maintaining homeostasis and protecting the cell from the
surrounding environment.1 They act as gateways, mediating
the selective transport of ions and biomacromolecules such as
glucose or amino acids.2 They also play a key role in cell com-
partmentalisation, allowing mutually exclusive biochemical
processes to occur simultaneously within the cell.3 The study
of cellular membranes in their native form is very challenging
due to the high structural complexity of these systems and the
plethora of chemical, biological and physical processes that
occur within the cell. For this reason, model biological cell

membranes are often used, such as giant unilamellar vesicles
(GUVs) or supported lipid bilayers (SLBs), which have analo-
gous physical and structural properties to native cell mem-
branes, but at the same time can be modified and simplified
to focus on specific biophysical properties.4–9

The lateral organisation of lipid membranes is driven by
the interplay of lipid–lipid and lipid–protein interactions.10

However, this biological system is not complete without water,
the presence of which is considered to be an indispensable
factor that modulates the structural organisation of mem-
branes, phase separation, as well as the spatial arrangement of
transmembrane proteins, both in model membrane systems
and living cells.11–13 Water acts on the membrane in particular
in the presence of the so-called hydrophobic mismatch, which
occurs when the thickness of different membrane constituents
is different, leading to an exposure of the hydrophobic moi-
eties to water.14 This hydrophobic interaction is energetically
unfavourable and is therefore one of the main mechanisms
driving the phase separation.15 García-Sáez et al. modified the
thickness of the disordered phase using phosphatidylcholines
with different acyl chain lengths and showed that the bigger
the difference between the hydrophobic parts of the mem-
brane, the stronger the phase separation, and the higher the
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line tension at the boundary between the two phases.16 Line
tension is also responsible for the self-healing properties of
the cell membranes by facilitating the closure of transient
pores within the structure of the lipid bilayer.17 Line tension
for single component membranes can be determined by indu-
cing the formation of transient pores in the membrane struc-
ture and observing the rate of pore closure. Srividya et al.
showed that the line tension in single phase membranes
increases with the acyl chain length of the constituting
lipids.18

Although lipid membranes under natural conditions
indeed exist in excess of water, there are biological processes
that require at least partial interfacial dehydration of lipid
bilayers. Processes such as endo- and exocytosis,19 neurotrans-
mission,20 viral entry,21 fertilization,22 or cell fusion during
embryogenesis23 and morphogenesis24 involve the fusion of
two lipid membranes. All of these membrane fusion events
rely on interactions between lipids, proteins, and water hydrat-
ing the two interfacing membranes.25 When the two bilayers
come in close contact and the distance between them is
reduced to about 2–3 nm, a strong hydration repulsion, also
known as the “hydration force”, occurs between their hydro-
philic surfaces.26–28 At this stage the thin water layer separ-
ating the membranes must be expelled for hemi-fusion to
occur.

Thus, to fully understand the intricate interactions between
membrane constituents and the membrane hydration layer, as
well as the biophysical consequences of these interactions, it is
crucial to gain insight into the structural properties of cellular
membranes when their hydration state is altered. Indeed,
Chiantia et al. reported on the structure of SLBs composed of
DOPC/SM/cholesterol under conditions of complete dehydra-
tion using atomic force microscopy (AFM).29 They showed that
in the absence of stabilising agents such as trehalose, the
membranes lose their integrity upon abrupt dehydration and
subsequent rehydration and severe structural damage is
observed in the form of holes, aggregates and delimitation of
membranes.30 Similar results were reported by Iriarte-Alonso
et al. for single-component DOPC membranes, where abrupt
dehydration resulted in the formation of multiple defects and
holes, and consequently loss of membrane continuity.31 Many
attempts have been made to preserve the structure of desic-
cated lipid membranes and prevent them from rapid vesicu-
lation. These include the use of saccharides, which are known
to increase the spacing between lipids in the dry state and
thus prevent them from collapsing,30,32 the modification of
lipid head groups to improve the interactions between the
lipids and the solid support33–35 or the introduction of physi-
cal confinement, which prevents the interfacial peeling force
from causing destructive membrane delamination.36 All of
these approaches, although successful in membrane preser-
vation, involve alteration of the native properties of lipid mem-
branes due to the introduced chemical or physical modifi-
cations of either the membrane or the solid support. Recently,
we presented a novel method for membrane preservation
under dehydration conditions based on the controlled steady

decrease of environmental humidity, which provides new pos-
sibilities to study the behavior and properties of membranes
without altering their chemical composition or physical
features.37,38

In this study, we have used a combination of fluorescence
and atomic force microscopy to investigate the nanoscale
structural response of phase-separated SLBs to a wide range of
hydration conditions. Our results demonstrate that the struc-
ture of lipid membranes can be preserved even under con-
ditions of complete desiccation without the use of stabilising
agents, if the dehydration process is carried out in a gradual
and controlled manner. The dehydration method used here
allowed the overall structural organisation of the membrane to
be maintained without the appearance of defects or holes. At
the same time, the removal of bulk water led to a prominent
nanoscale structural reorganisation within the membrane. We
observed that the dehydration process causes a significant
decrease in the hydrophobic mismatch between the Ld and Lo
phases, and consequently lowers the line tension at their inter-
face. Importantly, this process is fully reversible and upon sub-
sequent rehydration, the height mismatch increases to its
initial state. We show that the removal of bulk water leads to
an extensive mixing of the liquid-disordered (Ld) and liquid-
ordered (Lo) phase lipids and changes in the borderline of the
Lo phase domains. Finally, the present study employs a pio-
neering methodology of AFM measurements under controlled
humidity, which can be applied to study other model cell
systems under varying hydration conditions.

2 Materials and methods
2.1 Materials

1,2-Dimyristoleoyl-sn-glycero-3-phosphocholine (14 : 1 PC or
DMoPC), egg yolk sphingomyelin (SM), and cholesterol were
purchased from Avanti Polar Lipids, Alabaster AL., USA.
Monosialoganglioside (GM1) from bovine brain, 1,2-dioleoyl-
sn-glycero-3-phosphoethanolamine labeled with Atto 633
(DOPE-Atto 633), sodium hydroxide (NaOH), calcium chloride
(CaCl2), and sodium chloride (NaCl) were purchased from
Merck KGaA, Darmstadt, Germany. Alexa Fluor 488 conjugated
with a cholera toxin B subunit (CTxB-Alexa 488) was obtained
from Molecular Probes, Life Technologies, Grand Island, NY,
USA. N-2-Hydroxyethyl piperazine-N′-2-ethane sulphonic acid
(HEPES PUFFERAN) was obtained from Carl Roth GmbH & Co
KG, Karlsruhe, Germany. All the materials and reagents were
used without further purification. Optical adhesive glue
Norland 68 was purchased from Norland Products Inc.,
Cranbury, NJ, USA. Ultrapure water was obtained using a Milli-
Q reference water purification system from Merck KGaA,
Darmstadt, Germany.

2.2 Vesicles’ preparation

Multilamellar vesicles (MLVs) were formed by dissolving
DMoPC, SM, and cholesterol in chloroform in a 1 : 1 : 1 molar
ratio with the addition of 0.1 mol% of DOPE-Atto 633 dye,
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resulting in a 10 mM solution of the lipids. For the representa-
tive fluorescence imaging purposes 0.1 mol% of GM1 was
added for further labelling with CTxB-Alexa 488. The lipid
mixture was dried under nitrogen gas for 20 minutes, leaving a
thin film of lipids deposited on the bottom of the vial. The
dried lipid mixture was further desiccated in a vacuum dry
chamber for at least 2 h to ensure the complete removal of the
organic solvent. The lipids were resuspended in a buffer solu-
tion (10 mM HEPES and 150 mM NaCl, pH adjusted to 7.4
with NaOH) and subjected to four cycles of heating on a hot
plate at 60 °C and vortexing. Each heating and vortexing step
was performed for 1 min. 10 µL aliquots of the lipid suspen-
sion containing MLVs were distributed into new sterilised
glass vials and stored at −20 °C until further use.

2.3 SLB preparation

SLBs were formed using a previously reported method.39

Briefly, lipid vesicles were diluted 10 times to a final lipid con-
centration of 1 mM by addition of HEPES buffer. Aliquots con-
taining MLVs were sonicated in a Bransonic 1800 ultrasonic
bath for 10 min to generate small unilamellar vesicles (SUVs).
To prepare a solid support for lipid deposition, a thin layer of
freshly cleaved mica was glued using UV-activated glue onto a
round glass coverslip. A half-cut 2 ml Eppendorf tube was
placed on top of the coverslip and sealed with silicone to
provide a temporary water reservoir necessary for SLB for-
mation, incubation and washing. 100 µL of SUV solution was
deposited on top of the mica. 2 µL of 0.1 M CaCl2 was added
to promote vesicle bursting, followed by the addition of 600 µL
of buffer (10 mM HEPES and 150 mM NaCl). 9 μL of 0.01 mM
CTxB-Alexa 488 was added only to the SLBs containing GM1 to
label the Lo phase domains. The two-color labelling
(DOPE-Atto 633 for the Ld phase and GM1 CTxB-Alexa 488
complex for the Lo phase) was used only for the preparation of
the representative images to ensure the reader that the mem-
branes were free of holes and defects in both the Ld and Lo
phases at each hydration level. All other data (fluorescence
and AFM) were acquired on SLBs labelled with the Ld phase
probe only to exclude the potential impact of GM1 on the
membrane response to dehydration. The sample was incu-
bated for 40 min and then washed to remove the excess vesi-
cles with a total of 20 ml of Milli-Q water. Unless otherwise
stated, Milli-Q water was used instead of HEPES buffer for
washing to avoid the possible formation of salt crystals on top
of the membrane during dehydration. After the final washing
step, the Eppendorf tube was gently removed and the sample
was transferred to the AFM holder, which was then filled with
Milli-Q water to allow proper hydration. For measurements
under different hydration conditions, the bulk water was
gently removed with a pipette and the sample was mounted in
the coverslip holder. Nitrogen gas at >90% RH was immedi-
ately flushed through the two ports of the AFM holder.

2.4 Hydration control

Control over the membrane hydration state was done using a
home-made control unit as previously described.37 The relative

humidity (RH) of nitrogen gas was adjusted and maintained
by mixing wet (saturated with water vapour, 95% RH) and dry
(∼5% RH) N2 gas. The final relative humidity and temperature
of the N2 gas were continuously monitored using an electronic
thermohygrometer in a range of 0–95% RH and an accuracy of
1%. Samples were exposed to a RH of 90% (62 × 1019 water
molecules per min), 70% (48 × 1019 water molecules per min),
50% (34 × 1019 water molecules per min), and 30% (20 × 1019

water molecules per min), and completely dry conditions
(∼5% RH) during dehydration and rehydration cycles. It
should be noted that although the relative humidity of the
environment in which the SLB is placed is not a direct property
of the lipid membrane, we present our results in terms of RH
throughout the manuscript because this is the parameter that
we directly controlled in the experiments. However, the
environmental RH can be directly translated into a hydration
state of the lipid membrane, expressed in terms of the number
of water molecules per lipid molecule, as shown in previous
works.37,40,41 Briefly, the conversion is based on the experi-
mental data of Hristova et al. (X-ray diffraction) and of
Piatkowski et al. (infrared spectroscopy), which showed that
stacked DOPC lipid bilayers equilibrated at 95% RH contain
approximately 11–12 water molecules per lipid in their first
hydration shell.40,41 Lower RH values of 75, 50, and 25%
correspond to approximately 6.3, 3.6, and 2.4 water molecules
per lipid, respectively. SLBs were incubated at each hydration
state for approximately 30 min prior to imaging to ensure
proper equilibration of the membrane.

2.5 AFM imaging

AFM measurements were performed using a NanoWizard III
system from JPK Instruments, Berlin, Germany, mounted on a
Zeiss LSM 510 Meta fluorescence microscope. Measurements
were performed using a Biolever Mini cantilever
(BL-AC40TS-C2) from Olympus, Tokyo, Japan. Images were
acquired in contact mode using a silicon tetrahedral tip with a
radius of 10 nm and a spring constant of 0.09 N m−1. The scan
rate was set to 1–2 Hz. The force was kept as low as possible.
Both topography and deflection (error) signals were measured
simultaneously for the trace and retrace directions. The
images were post-processed by applying line fitting, which cor-
rects for the offset within the image, using JPK processing soft-
ware from JPK Instruments, Berlin, Germany. Final image ana-
lysis was performed using ImageJ42 and Gwyddion software.43

Height mismatch between phases was determined by analyz-
ing height distribution histograms.

2.6 Line tension calculation

Line tension was calculated based on the theoretical model
developed by Cohen et al., in which the line tension is directly
related to the height mismatch between the Lo and Ld
phases:14

γ ¼
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi

BsKsBrKr
p
ffiffiffiffiffiffiffiffiffi

BrKr
p þ ffiffiffiffiffiffiffiffiffiffi

BsKs
p � δ

2

ho2
� 1
2
� ðJsBs � JrBrÞ2

ffiffiffiffiffiffiffiffiffi

BrKr
p þ ffiffiffiffiffiffiffiffiffiffi

BsKs
p ð1Þ
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where γ is the line tension, δ is the phase height mismatch, ho
is the monolayer thickness, B is the elastic splay modulus, K is
the tilt modulus and J is the spontaneous curvature of the
monolayer. The monolayer thickness is defined as an average
thickness of Ld (hs) and Lo phase (hr) monolayers:

ho ¼ ðhr þ hsÞ
2

ð2Þ

Following the model assumptions presented by García-Sáez
et al., we considered the values of Br = Bs = 10 kT, Kr = Ks =
40 mN m−1, and Jr = Js = 0, which describe the scenario of
“soft” domains.16 We determined that the thickness of the
DMoPC bilayer (Ld phase) measured at 90% RH was 3.87 ±
0.21 nm, while the thickness of the Lo phase was calculated by
adding the value of the height mismatch between the two
phases to the height of the Ld phase.

2.7 Confocal imaging

Confocal imaging for sample localisation prior to AFM measure-
ments was performed on a Zeiss LSM 510 Meta Carl Zeiss, Jena,
Germany, using a 20x, 0.75NA objective. Confocal images were
obtained by using the excitation light from a He–Ne laser at
633 nm for Atto 633 and an Ar laser was used for excitation of
Alexa Fluor 488. Emission was collected in the wavelength range
of 645–797 nm for the red light channel (Atto 633 detection) and
495–530 nm for the green light channel (Alexa Fluor 488). High
quality images were obtained by using a Zeiss 710 microscope
with a 40× 1.3 NA oil immersion objective. Minimal laser power
was used in all imaging experiments to minimise photobleach-
ing. To quantify the shape of the lipid domains based on the con-
focal images obtained at different hydration states, the circularity
parameter was calculated as follows:

circularity ¼ 4π
area

perimeter2
ð3Þ

Image processing and calculation of domain circularity
were done using ImageJ/Fiji software.44

3 Results and discussion
3.1 Analysis of fluorescence in dehydrated lipid membranes

Nanoscale characterisation of the supported lipid bilayers
(SLBs) in different hydration states has been carried out for
membranes reconstituted from a ternary lipid mixture of
DMoPC/SM/cholesterol in a molar ratio of 1 : 1 : 1. This mem-
brane composition leads to the formation of Lo domains
enriched in sphingomyelin and cholesterol embedded in the
Ld phase composed of more loosely packed PC lipids. The
structure of the membranes with this lipid composition has
been well characterised in the literature in terms of domain
size and shape16 and membrane dynamics45 under conditions
of full hydration, where the membrane is embedded in an
aqueous environment. In contrast, here we focused on eluci-
dating the structural properties of lipid bilayers in a wide
range of hydration states: from full hydration (bulk hydration)

to dry membranes containing only a few water molecules per
lipid. The degree of membrane hydration was tuned and con-
trolled using the previously described humidity control setup
schematically shown in Fig. 1a, in which water-enriched nitro-
gen is supplied directly to the membrane (see Materials and
methods).37 The coupling of a confocal microscope with an
AFM system allowed the simultaneous observation of micro-
scale and nanoscale changes in the lateral organisation of the
membrane as a function of its hydration state. Analysis of the
fluorescence images showed that the overall membrane struc-
ture was unaffected by dehydration. Despite the small number
of vesicles and aggregates that were deposited on top of the
bilayer during dehydration, the membrane remained intact
with readily distinguishable phase separation.

However, as the hydration of the membrane is reduced,
small changes in the shape of the Lo domains become appar-
ent in the form of a more jagged perimeter of the Lo phase
domains, as shown in Fig. 1b. To provide quantitative infor-
mation about these differences in the domain shape, we calcu-
lated the circularity parameter by analysing all clearly resolva-
ble domains from at least four images of two different
samples. The domain circularity decreased with decreasing
humidity, as shown in Fig. 2a. Under fully hydrated conditions
the domain circularity was 0.82 ± 0.02, while at 5% RH it
decreased to 0.51 ± 0.01. To verify that the changes in domain
circularity were caused solely by the hydration state of the
membrane, we performed additional experiments, where after
0.5 h of incubation time at 70% RH, the membrane was moni-
tored for a further 0.5 h under exactly the same humidity con-
ditions to record any potential changes in the shape and circu-
larity of the Lo phase domains. As shown in Fig. S1a and b,†
there were no visible changes in the shape or distribution of
the domains. Quantitative analysis confirmed this result
(Fig. S1c†) – the calculated circularity parameters were the
same: 0.61 ± 0.07 and 0.63 ± 0.07, measured immediately after
sample equilibration to 70% RH and after 30 min of further
incubation under the same humidity conditions, respectively.
It should be noted that the subsequent restoration of high
membrane hydration led to the reappearance of domain circu-
larity. The domain circularity values corresponding to the
specific hydration levels were the same for the dehydration
and rehydration trajectories within the range of 5–70% RH.
However, at 90% RH during the rehydration cycle, the domain
circularity decreased to a value of 0.53 ± 0.03 (see the purple
triangle in Fig. 2a). As shown in Fig. S2a and b,† we observed
that at this value of environmental humidity, the domains
largely merged and formed elongated structures composed of
a few integrated domains, leading to a significant decrease in
the circularity parameter. In agreement with our previous
reports, under high humidity conditions the lipids regain their
initial mobility, which favours the merging of the lipid
domains.37 In addition to the global analysis (of the entire
images) of the circularity of the Lo phase at 90% RH, we also
analysed 25 domains that did not undergo merging (see
Fig. S2c†) and observed that their circularity regained the
initial value upon rehydration.
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The observed changes in the shape of the Lo domains
suggest an increased miscibility of the lipids composing both
phases. If indeed true, this could also be manifested in the
fluorescence signal, as one would expect higher Ld label fluo-
rescence intensity within the Lo phase, due to lipid admixing.
To monitor whether the compositional changes occurred
within the domains of the Lo phase, we measured the average
fluorescence intensity of the Ld phase labelling dye DOPE-Atto
633 within the domains (ID) and divided this by the average
intensity of this dye at 1 µm from the domain boundary (IN).
By taking the ratio (ID/IN) of the fluorescence intensities
measured within the Lo domain and immediately adjacent
within the Ld phase, we ensure that any potential mechanisms
affecting the detected fluorescence signal of the dye in both
phases, such as for instance a change in the quantum
efficiency of the dye or focusing of the objective (hence the
fluorescence collection efficiency), are divided out.
Interestingly, we observed more than a 3-fold increase in the
ID/IN ratio for the membranes equilibrated at 90, 70, 50, 30,
and 0% RH compared to the membrane containing bulk water
as shown in Fig. 2b. Upon dehydration, there was a clear

increase in the fluorescence intensity of DOPE-Atto 633 within
the Lo domains. The observed increase in fluorescence may in
principal be due either to the increased migration of lipids
from the Ld phase to the Lo phase or to changes in the photo-
physical properties of the label fluorophore. To investigate
this, we performed additional control experiments and deter-
mined the changes in the fluorescence intensity as a function
of membrane hydration for a single component, non-phase
separated SLB composed of 14 : 1 PC doped with 0.1 mol% of
DOPE-Atto 633 (please see ESI note 1 and Fig. S3† for control
experiments and further discussion). We found that dehydra-
tion increased the detected fluorescence signal by a factor of
approximately 1.6 (Fig. S3a†). Given the very high fluorescence
quantum yield (QE) of Atto 633 (64% in water), it is not phys-
ically possible that the observed increase is solely due to the
increase in the QE of the dye, as this would indicate that the
QE increases to a value >100%. It should be noted here that
the optical properties of the studied system also change as a
function of hydration. In particular, the fluorescence collection
efficiency is affected by the refractive index of the medium in
which the emitting dipoles are placed.46 In bulk water, fluo-

Fig. 1 (a) Schematic representation of the home-built humidity control setup, which allows simultaneous AFM and confocal measurements of bio-
mimetic cell membranes under varying hydration conditions. The setup consists of a source of nitrogen gas (N2), two reservoirs of water, 3 flow
meters, providing information on the dry, wet and final flow reaching the sample, 3 manual valves for precise control of the flow rate, and an elec-
tronic thermohygrometer. (b) Fluorescence images of the representative SLB showing phase separation into Ld (labelled with DOPE-Atto 633, shown
in magenta) and Lo (labelled with CTxB-Alexa 488, shown in green) domains under different hydration conditions of: 90% RH, 73% RH, 65% RH, and
50% RH. Domains of the Lo phase become less circular with decreasing hydration level (see, e.g. domains indicated by blue circles and green
squares). Experiments were carried out in 10 mM HEPES and 150 mM NaCl buffer.
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rescence is emitted more symmetrically with respect to the
substrate plane, whereas under dehydrated conditions, fluo-
rescence is emitted predominantly towards the substrate.
Thus, the observed increase in the fluorescence intensity of
DOPE-Atto 633 in the single component membrane most likely
includes a contribution from the optical effects. Regardless of
the exact contributions of the effects discussed above (which

are very difficult, if not impossible, to disentangle), we clearly
observed (Fig. S3b†) that the fluorescence signal of Atto 633
increases much less in the Ld phase (∼×1.5) than in the Lo
phase (∼×4.7). In fact, if the redistribution of DOPE-Atto 633
were the only (or main) mechanism, then one should observe
an increase in the fluorescence intensity in the Lo domain and
a decrease (by the same absolute amount) in the fluorescence
intensity in the adjacent Ld phase area. Indeed, if we correct
the observed increase in fluorescence intensity in the Lo/Ld
phases by a factor of 1.6, determined from the single-com-
ponent membrane, we found (Fig. S3c†) that the fluorescence
intensity in the Lo phase increases by approximately 600
counts, whereas in the Ld phase we observed a decrease in
fluorescence intensity by approximately 600 counts. The
observed changes, i.e. the decrease in fluorescence in the Ld
phase and the increase in fluorescence in the Lo phase, corre-
late very well. All the evidence suggests that the observed
3-fold increase in fluorescence intensity is due to the diffusion
of the Atto dye-carrying lipids from the disordered to the
ordered phase.

Altogether, the analysis of domain circularity and fluo-
rescence intensity within the Lo domains consistently points
toward the enhanced lateral reorganisation of the membrane
constituents under dehydration conditions. The size of the
ordered phase domains in this study was approximately
1–5 µm2, so the details of the structural reorganisation are
hidden below the resolution limit of the fluorescence micro-
scope and could not be resolved based on the fluorescence
signal.

3.2 Nanoscale structural changes under dehydration
conditions

The macroscopic structural analysis of the SLBs under
different hydration conditions suggests a structural rearrange-
ment of the lipids at the nanoscale. To identify the exact origin
of the observed changes within the lipid domains, we used
AFM imaging. A home-built hydration setup was connected
directly to the AFM JPK coverslip holder via perfusion inlets,
allowing for continuous gas flow within the chamber, as
shown in Fig. 1a. In the presence of excess water, we observed
a well-defined phase separation as shown in Fig. 3a (bulk
water). The unlabelled areas measured by confocal microscopy
corresponded to the more protruding regions detected by AFM
and are identified as Lo phase lipid domains.47 Lipid domains
under fully hydrated conditions had a round shape with
smooth edges. Upon removal of bulk water and a subsequent
gradual decrease in membrane hydration, the boundaries
between the Lo and Ld phases became jagged, as shown in
Fig. S4† (90–5% RH). At the same time, we observed the for-
mation of small areas of lower height, which we attributed to
the Ld phase nanodomains formed within the Lo phase
domains, reminiscent of admixing phenomena recently
observed for similar mixtures of photoswitchable lipids.48,49

Measurements immediately after the removal of bulk water
required constant adjustment of the applied force and per-
forming of many scans to remove aggregates deposited on top

Fig. 2 (a) Circularity of the Lo phase domains calculated from the con-
focal images for the fully hydrated sample during the cycle of dehydra-
tion (90, 70, 60, 50, 30, and 5% RH) and subsequent rehydration (5, 30,
60, 70 and 90% RH). The violet triangle corresponds to the domain cir-
cularity calculated for 25 unmerged domains from three different areas.
(b) Fluorescence intensity within the domain (ID) divided by the intensity
in the region adjacent to the domain (IN) as a function of membrane
hydration. Experiments were performed in buffer containing 10 mM
HEPES and 150 mM NaCl. Four different areas (size 50 × 50 µm) of 2
individual SLBs were analysed. Each area contained approximately 200
domains. The bottom x-axis shows the values of relative humidity, which
can be correlated with the number of water molecules per lipid (see the
upper x-axis).
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of the membrane. In addition, at high humidity, the mem-
brane is very sticky and adheres to the AFM tip during scan-
ning, which can drag membrane fragments as shown in
Fig. S5.† Consequently, measurements at high humidity levels
required constant changing of the measured spot, thus during
the dehydration cycle (Fig. S4†) we did not follow the structural
reorganization of the membrane in the exact same area but
rather focused on the global characterisation of the sample.

It should be emphasised that a gradual decrease in
hydration did not lead to such a pronounced reorganisation of
the domain shape (domain boundary) throughout the de-
hydration and rehydration cycles, as it was observed in the
case of confocal imaging. From our previous studies, it is clear
that as hydration decreases, the diffusion of lipids, as well as
their mobile fraction, decreases abruptly when the number of
water molecules hydrating the membrane falls below a certain
value.37,50 At 50% RH and below, the mobility of lipids is
almost completely ceased, due to the breaking of the first
hydration shell surrounding a single lipid head group moiety.
In addition, other recent studies of ours have shown that the
dynamics of lipids under dehydration conditions is strongly
influenced by the ionic composition of the buffer hydrating
the membrane.51 Although lipids remain mobile in the pres-
ence of Na+ ions at humidity above 50% RH, their mobility is
significantly reduced in MilliQ water upon dehydration to 85%
RH. In the course of the measurements presented here, we
decided to perform AFM scanning in the absence of salt-

enriched buffer, which could lead to salt crystallisation on the
membranes. Therefore, membranes prepared in HEPES buffer,
were thoroughly washed with MilliQ water to remove any
residual salt. The absence of Na+ ions in the residual water
leads to lower (<0.2 µm2 s−1) lipid mobility under reduced
hydration conditions, explaining the lack of macroscopic circu-
larity changes within the membranes at low humidity.
However, it should be noted that although lipid mobility is
affected under dehydration conditions, there was a noticeable
structural reorganisation in the partially dehydrated mem-
brane compared to the membrane under fully hydrated
conditions.

After dehydration, a gradual rehydration of the membrane
was performed to confirm the complete preservation of the
structure throughout the entire cycle of lowering and raising
the humidity. As shown in Fig. 3a and S6a,† throughout the
entire rehydration process the integrity of the lipid membranes
remained intact. Iriarte-Alonso et al. reported that pure DOPC
membranes lose their structural arrangement and membrane
continuity upon abrupt and complete dehydration and rehy-
dration, resulting in an abundance of various defects and
holes exposing the bare support.31 This gives even more impor-
tance to the dehydration method presented in our research,
which allows the membrane and lipids to adapt to the slowly
changing hydration state of the membrane. The high resolu-
tion images of individual domains revealed increased mixing
of the Lo and Ld phases as shown in Fig. 3b and S6b.† As

Fig. 3 (a) Representative images of the fully hydrated SLB and SLBs after removal of bulk water and equilibrated at 5, 50 and 90% RH. (b) High-
resolution images of single domains at different hydration levels (bulk water hydration, 5, 50 and 90% RH). (c) Height profiles corresponding to the
black horizontal lines shown in (a).
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shown in Fig. 3c, the AFM height profiles across the domains
showed that the height mismatch between the Ld and Lo
phases was different under different hydration conditions.
Thus, we concluded that the more pronounced phase mixing
at higher hydration values was due to two phenomena: (i) the
gradual recovery of lipid mobility, leading to a more dynamic
membrane reorganisation and (ii) the increase in hydrophobic
mismatch between phases, promoting phase separation.
Consequently, the lipids of the Ld phase separate from the Lo
phase and merge to minimise the perimeter exposed to water
(see Fig. S7†).

Based on the AFM images, we determined the total bilayer
thickness for the membrane without bulk water (90% RH) by
selecting areas with membrane defects as shown in Fig. 4a.
The formation of holes was induced by applying an abrupt de-
hydration procedure, which is based on the rapid aspiration of
water with a pipette. Moreover, in order to find ruptured parts
of the membrane, we selected areas near the edges of the solid
substrate, which are more susceptible to the air–water inter-
facial peeling force acting during dehydration. We extracted
cross-sectional profiles over the areas containing three types of
features: holes, and Lo and Ld phases, and found that the
height difference between the Ld phase and the surface of the
bare substrate was 3.87 ± 0.21 nm, which we attributed to the
thickness of the DMoPC bilayer. It should be noted that this

value is in agreement with the bilayer thickness of 3.86 nm
reported by Lee et al. for a fully hydrated membrane also com-
posed of DMoPC lipids.52 From the height profiles, it was poss-
ible to distinguish the domains of the Lo phase protruding
approximately 1.3 nm from the Ld phase. Furthermore, the
height profiles along the domains confirmed that the inter-
mediate height regions represent the Ld phase trapped within
the Lo domains, as the height difference obtained corresponds
to the Lo/Ld height mismatch (see Fig. 4b).

3.3 Hydrophobic mismatch and line tension under
dehydration conditions

The preparation of lipid membranes from the ternary lipid
mixture used in this study results in the formation of lipid
domains composed of the Lo phase embedded in the Ld lipid
matrix. AFM53,54 and X-ray scattering55,56 studies clearly show
that the Lo phase, due to the presence of saturated and more
densely packed lipids, is thicker than the Ld phase which con-
tains unsaturated lipids. This results in the so-called “height
mismatch” or “hydrophobic mismatch” between the two
phases. Although this height difference is well defined for
SLBs composed of phospholipids with different fatty acid
chain lengths in bulk water, it has not been measured under
reduced hydration conditions due to the problems in main-
taining the structural integrity of the membrane during desic-

Fig. 4 (a) SLB after abrupt removal of bulk water and subsequent equilibration at 90% RH. The bilayer thickness at 90% RH was approximately 4 nm
with a height difference between the Lo and Ld phases of approximately 1.3 nm. (b) SLB after careful removal of bulk water and subsequent equili-
bration at 5% RH. The intermediate height regions within the Lo phase domains correspond to the Ld phase. The height difference between the
phases under these hydration conditions was about 0.8 nm.
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cation.16 From the height distribution histograms (see
Fig. S8†), we determined the height mismatch between phases
in a wide range of membrane hydration states, as shown in
Fig. 5a. We observed that the height mismatch decreased from
1.36 ± 0.19 nm at 90% RH to 0.8 ± 0.04 nm at 5% RH during
dehydration. These changes were almost completely reversible
upon rehydration. Importantly, measurements in bulk water

and under all hydration conditions were made with the same
cantilever and in one mode (contact mode) to ensure that the
values obtained were comparable. The sudden increase in the
height mismatch observed when going from bulk hydration
(100% RH) to 90% RH is an experimental artifact due to
abrupt changes in the balance between attractive and repulsive
forces to which the AFM tip is subjected immediately after the
removal of bulk water (see ESI note 2†).

The height mismatch between the Lo and Ld phases
changes gradually (Fig. 5a). One would therefore expect that
with dehydration there should be a steady increase in the
number of Ld phase lipids diffusing into the Lo zone. However,
in the fluorescence data (Fig. 2b) we observed more of a step-
wise behaviour, where after an initial increase in the fluo-
rescence intensity of the Ld phase probe in the Lo domain, we
observed a fairly constant intensity at all other humidities. At
first glance, it may seem somewhat surprising that the trends
in the fluorescence data and the height contrast data are
different. However, it is important to note that the changes in
the height mismatch are in no way related to the mobility of
the lipids. The observed changes in lipid partitioning are
associated with the decreased hydrophobic mismatch, but
unlike the height mismatch data, they are also strongly depen-
dent on the lipid mobility. Since lipid mobility decreases
strongly with decreasing membrane hydration,37,50,51 it is not
too surprising that we do not see a steady increase in the parti-
tioning of the Ld phase lipids into the Lo phase. At lower mem-
brane hydration states, we observed a competition between the
lower hydrophobic mismatch, which favours lipid admixing,
and the lower diffusivity, which hinders mixing.

The lateral organisation of the membrane, the distribution
of the domains, and their size and shape are all driven, among
other things, by the height mismatch between the Ld and Lo
phases, which is a key factor leading to the occurrence of line
tension at the boundary between two phases. Exposure of the
hydrophobic tails of the lipids to the aqueous environment is
energetically unfavorable. Therefore, the lipids of the Lo phase
tend to organise themselves into domains in order to reduce
the boundary at the phase interface, thus reducing the
exposure to the aqueous medium. The theoretical model devel-
oped by Cohen et al. showed that the line tension increases
quadratically with the phase height mismatch.14 Experimental
work based on this model has shown that by varying the
length of the PC acyl chain from 22 to 14 carbons, the height
difference between the phases increases from 0.17 ± 0.9 nm to
1.56 ± 0.13 nm, leading to a 100-fold increase in the values of
the line tension, from 0.06 to 6 pN, respectively.16 Line ten-
sions of a similar order of magnitude have also been obtained
using other approaches such as the measurement of the
domain nucleation rate57 or the analysis of the vesicle geome-
try based on the Jülicher and Lipowsky theory.58 Surprisingly,
the line tension in membranes has never been calculated or
measured as a function of its main determinant, which is the
presence of water. From the extracted profiles for samples at
90% RH, it could be concluded that the total lipid bilayer
thickness does not appear to change upon removal of bulk

Fig. 5 (a) Height mismatch between the Lo and Ld phases during de-
hydration and rehydration analysed from the height histograms of 3–8
different images containing multiple domains of the Lo phase. (b) Line
tension during dehydration and rehydration calculated from the model
assuming the presence of soft domains, no spontaneous curvature, and
no change in the height of the Lo phase during the hydration change
cycle. Height mismatch and line tension were determined from 3–8
images (depending on the hydration level) of 3 individual SLBs; each
image contained multiple Lo domains. The bottom x-axis shows the
values of relative humidity, which can be correlated with the number of
water molecules per lipid (see the upper x-axis).
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water, as the bilayer thickness measured at 90% RH of
3.87 nm is consistent with the value of 3.86 nm reported in
the literature for a fully hydrated DMoPC bilayer.52 The deter-
mination of the effective thickness of the Lo and Ld phases was
not possible for each hydration level, because the lipid mem-
branes did not show any defects in the form of holes and
membrane disruptions that would provide the reference plane
for height measurements. While it is relatively easy to induce
holes in the membrane, as it requires the abrupt removal of
bulk water, once membrane defects are formed and the
hydration is further gradually reduced, they behave in an
unpredictable manner; they rapidly expand in all directions,
and the edges of the membrane curl up. This progressive
degradation of the membrane makes it difficult to follow the
absolute thickness of the bilayer as the hydration changes.
However, NMR and X-ray diffraction experiments on the mem-
branes under lower hydration conditions showed that the
lipids forming the Ld phase are more susceptible to height
changes during dehydration. The lipids of the Ld phase
undergo a straightening of the acyl chains, leading to a
decrease in the lateral area per lipid molecule and conse-
quently an increase in their hydrophobic thickness.59,60

Moreover, recent simulation results on the behavior of lipid
membranes under reduced hydration clearly show that, in the
absence of water, the lipids of the Ld phase undergo a liquid–
gel transition and exhibit properties of an ordered membrane,
which is stiffer with the acyl chains of the lipids more densely
packed.60 With this in mind, we infer that the change in
height mismatch and the consequent change in the line
tension are caused by the straightening of the fatty acid chains
of the lipids composing the Ld phase, rather than a change in
the thickness of the Lo phase. We calculated the line tension
using the equation proposed by Cohen et al.14 (see the
Materials and methods section), assuming that the difference
in height was caused by the increase in the thickness of the Ld
phase. We observed that there was a linear dependence of the
line tension on the degree of hydration (Fig. 5b).

While all the evidence discussed above suggests that it is
the Ld phase that changes its height when the membrane
hydration is altered, we also considered two other scenarios, in
which a decrease in the hydrophobic mismatch is caused by a
decrease in the thickness of the Lo phase or by both phases
having the opposite effect, i.e. the thickness of the Ld phase
increases with a simultaneous decrease in the thickness of the
Lo phase (see Fig. S9a†). Regardless of the assumptions, for all
three scenarios we observed the same trend in the changes of
the line tension at varying hydration levels, i.e. an almost
3-fold decrease of the line tension for the lowest humidity of
5% RH when compared to 90% RH (see Fig. S9b and S9c†).

4 Conclusions

In this paper, we have presented a methodology for AFM
measurements under varying hydration conditions, in which
biomimetic membranes are directly subjected to the slow

gradual changes of their hydration state. The phase-separated
lipid membranes, characterised by the presence of the Ld and
Lo phases, were exposed to a wide range of environmental
humidities and fluorescence images as well as membrane
topography information were acquired simultaneously. We
observed that the overall lateral organisation of the lipid mem-
branes, i.e. the presence of phase separation and the continu-
ity of the structure, did not change upon removal of bulk water
and subsequent gradual dehydration of the membrane.
However, the absence of bulk water leads to an increased mis-
cibility of the lipids constituting the Ld phase within the
domains of the Lo phase, as compared to fully hydrated con-
ditions. We investigated the response of biomembranes to the
dehydration conditions in terms of the line tension, which has
only been measured as a function of lipid chain length and
never through the direct effect of water content. We observed a
3-fold difference in the line tension between the two extreme
hydration states. The significant drop in line tension at the Ld
and Lo phase interface explains the tendency of lipids from
different phases to mix more freely at reduced membrane
hydration.

Local dehydration of two merging cell membranes is an
indispensable prerequisite for all fusion events that occur
during biological processes such as viral entry, endo- and exo-
cytosis, neurotransmission or fertilisation. Fusion can be
modulated in two ways: using different types of fusogenic pro-
teins, such as SNAREs, or by structural, local adaptation of the
membrane lipid composition.61 It has been shown that chole-
sterol accumulates in the regions of high curvature during
stalk formation in fusion events.62 This is attributed to the
ability of cholesterol to increase the membrane fluidity and
induce the formation of negative curvature. Sphingomyelin is
known to promote the formation of a denser and less fluid Lo
phase, effectively inhibiting the membrane fusion.63 The oppo-
site effect is induced by unsaturated lipids, which form the Ld
phase, stimulating membrane curvature and promoting the
formation of fusion intermediates.64 Although the fusion of
two membranes preferentially occurs in the regions of high
fluidity, viral protein elements such as HIV fusion peptides
have been shown to bind to high line tension Lo–Ld interface
regions, where they promote the membrane fusion of the HIV
viral envelope with the host cell membrane.65 The revised
stalk–pore model, extended to heterogeneous membranes
(exhibiting Lo–Ld phase coexistence), proposes that the
reduction of line tension at the lipid phase boundary during
stalk formation generates additional energy for the fusion,
facilitating viral entry through phase boundary regions.66 As
we have shown here, the reduction in line tension under de-
hydration conditions is associated with an extensive lipid
migration between the Ld and Lo phases. It is therefore poss-
ible that the observed changes in local membrane fluidity and
flexibility, as well as the reduced line tension, are yet another
factor required for the fusion to occur.

While partial dehydration of the membranes has been pre-
sented as an inherent requirement for the mechanism of
membrane fusion, the term ‘dehydration’ is far from well

Nanoscale Paper

This journal is © The Royal Society of Chemistry 2024 Nanoscale, 2024, 16, 72–84 | 81

O
pe

n 
A

cc
es

s 
A

rt
ic

le
. P

ub
lis

he
d 

on
 0

8 
D

ec
em

be
r 

20
23

. D
ow

nl
oa

de
d 

on
 1

/1
7/

20
26

 1
:3

3:
40

 A
M

. 
 T

hi
s 

ar
tic

le
 is

 li
ce

ns
ed

 u
nd

er
 a

 C
re

at
iv

e 
C

om
m

on
s 

A
ttr

ib
ut

io
n-

N
on

C
om

m
er

ci
al

 3
.0

 U
np

or
te

d 
L

ic
en

ce
.

View Article Online

http://creativecommons.org/licenses/by-nc/3.0/
http://creativecommons.org/licenses/by-nc/3.0/
https://doi.org/10.1039/d3nr03078d


defined, as it is not clear to what extent membranes actually
become dehydrated. One way of describing membrane de-
hydration would be to define a state where the amount of
hydrating water decreases to a level where the dynamic or
structural properties of the membrane begin to be affected.
Based on the experiments reported here as well as our recent
works,37,50,51 both the dynamics and the structure of the mem-
brane are gradually affected when the first hydration shell of
the lipids is perturbed. In the case of the zwitterionic phos-
phocholine lipids, this happens when the hydration drops
below about 12 molecules per lipid. Thus, the thickness of the
water layer is at most 1–2 monolayers of water on top of the
membrane. This suggests that biomimetic membranes don’t
really ‘feel’ any changes in hydration properties beyond their
first hydration shell. Certainly, it would be fascinating to
monitor membrane’s properties while controlling the thick-
ness of the hydrating water layer from a few nanometers all the
way down to a few water molecules per lipid, in the regime
that is directly relevant to the mechanism of membrane
fusion, but the question of how to control the thickness of the
hydrating layer beyond the first hydration shell remains open.

In conclusion, our results provide new insights into the be-
havior of biological membranes under water shortage con-
ditions in terms of their lateral organisation and adaptation to
membrane dehydration. The results presented here bring a
new perspective to the processes that require local membrane
dehydration, such as cell fusion, fertilisation or binding of
macromolecules. Finally, the methodology proposed in this
research for AFM measurements in varying hydration states
provides new possibilities for studying other biological
systems and their interactions with water.
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