
Analyst

PAPER

Cite this: Analyst, 2024, 149, 1861

Received 14th December 2023,
Accepted 1st February 2024

DOI: 10.1039/d3an02162a

rsc.li/analyst

Assessing CaDPA levels, metabolic activity, and
spore detection through deuterium labeling†
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and Dmitry Malyshev *a

Many strains among spore-forming bacteria species are associated with food spoilage, foodborne disease,

and hospital-acquired infections. Understanding the impact of environmental conditions and decontamina-

tion techniques on the metabolic activity, viability, and biomarkers of these spores is crucial for combatting

them. To distinguish and track spores and to understand metabolic mechanisms, spores must be labeled.

Staining or genetic modification are current methods for this, however, these methods can be time-con-

suming, and affect the viability and function of spore samples. In this work, we investigate the use of heavy

water for permanent isotope labeling of spores and Raman spectroscopy for tracking sporulation/germina-

tion mechanisms. We also discuss the potential of this method in observing decontamination. We find that

steady-state deuterium levels in the spore are achieved after only ∼48 h of incubation with 30% D2O-

infused broth and sporulation, generating Raman peaks at cell silent region of 2200 and 2300 cm−1. These

deuterium levels then decrease rapidly upon spore germination in non-deuterated media. We further find

that unlike live spores, spores inactivated using various methods do not lose these Raman peaks upon incu-

bation in growth media, suggesting these peaks may be used to indicate the viability of a spore sample. We

further observe several Raman peaks exclusive to deuterated DPA, a spore-specific chemical biomarker, at

e.g. 988 and 2300 cm−1, which can be used to track underlying changes in spores involving DPA. In con-

clusion, permanent spore labeling using deuterium offers a robust and non-invasive way of labeling bac-

terial spores for marking, viability determination, and characterising spore activity.

1 Introduction

Bacterial spores are dormant forms of certain bacteria that can
cause food poisoning, hospital-acquired infections, and be
used as biological warfare agents.1,2 When exposed to favor-
able conditions, they can become active again. Spores are
highly resistant to conventional decontamination methods
such as heat, chemicals, and electromagnetic radiation.3 The
robustness of spores and variations in resilience among
strains have motivated research into understanding the factors
behind spore resilience.

When studying bacterial spores, it is important to dis-
tinguish spores based on factors like different strains and

genetic mutants. Consequently, developing techniques to
mark or stain spores is vital for investigating distinctions
among spore populations. However, current techniques such
as dye staining or fluorescent gene labeling have drawbacks.
Dye staining can be time-consuming, while the dyes them-
selves can be light sensitive and toxic to humans.4,5 In
addition, fluorophores and fluorescent gene labels can
undergo photobleaching, impairing their effectiveness.6

Furthermore, in a sample, there is the possibility of non-
specific binding of dyes or fluorophores, which can create
background noise, and there may also be limitations in the
penetration of a dye stain into the sample.7,8 Similarly, genetic
modification to include fluorophores demands significant
time, cannot be used with field samples, and is associated
with notable variability from one experiment to another.9

To avoid the problems caused by dyes and fluorophores in
bacterial samples, one can use isotope labeling with deuter-
ium. The key advantages of deuterium-labeling are the non-
toxic nature of the label, the stability and longevity of the
label, and the ability to use it without any genetic modification
to the cells. By incubating bacteria in deuterated water (heavy
water, D2O) enriched media, bacteria will incorporate carbon–
deuterium (C–D) bonds instead of carbon–hydrogen (C–H)
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bonds. The increased mass of deuterium atoms causes a
change in the vibrational frequencies of bonds formed with
deuterium, in contrast to those involving hydrogen.10 During
cell growth, metabolic reactions, like NADP + redox processes,
introduce deuterium into the cell, leading to H–D exchange in
activities like Acetyl-CoA fatty acid synthesis. Consequently,
deuterium accumulates in proteins and lipids, replacing C–H
bonds with C–D bonds.11 These C–D bonds produce a distinct
Raman peak around 2200 cm−1, which indicates metabolic
activity in a cell.12 This method has been used to track the
metabolic activity of bacteria,11,13,14 to test disinfectants on
bacteria15 as well as growth and differentiation of different
metabolic activity in fungi.16 It has also been used as a label to
track the metabolic activity in spore germination and out-
growth of bacterial cells.17 Tracking the metabolism-induced
C–D Raman peak around 2200 cm−1 in germinating spores is a
more effective measurement of viability than other Raman
peaks in the fingerprint region 600–1800 cm−1 such as the
prevalent calcium dipicolinate (CaDPA) peak at 1016 cm−1, as
changes in these peaks can be caused by other factors than
germination, such as inactivation.18

In this study we enhance this labeling method by evaluating
its applicability to bacterial spores. We assess the growth and
stability of the characteristic Raman peak at 2200 cm−1 during
bacterial growth, division, and subsequent sporulation within
deuterium-enriched growth media. Additionally, we explore
the persistence of this peak during germination in non-deute-
rated media. Moreover, we analyze how different decontami-
nants impact the spectral fingerprint of deuterium-labeled
spores, demonstrating the method’s potential in determining
spore viability. To comprehend the underlying mechanism
behind deuterium-labeling of bacterial spores, we evaluate the
effect of deuteration on the wider spore Raman spectrum
600–2400 cm−1 using mutant strains as well as density func-
tional theory, a computational tool to calculate molecular
vibrations. We also investigate the effect of deuteration on
dipicolinic acid (DPA), a prevalent substance in the spore core
responsible for many of the spores’ resisting qualities.19 Thus,
we present a new, versatile, non-invasive spectroscopic spore
labeling method for use in a lab environment. This method
has several applications, such as distinguishing between spore
strains in a mixture, investigating metabolic activity post-
decontamination procedures, and evaluating DPA content in
spores.

2 Methods
2.1 Strains and origin

We evaluated our deuterium-labeling technique on
B. paranthracis (also referred to in literature as B. cereus) NVH
0075/95 spores, with the strain provided by Marina Aspholm,
Norwegian University of Life Sciences.

B. subtilis str. 168 wild-type20 and the DPA-deficient mutant
strains21 (ΔspoVAC::lox72 ΔgerA::CmΔ sleB::erm) were used to
verify the Raman identity of deuterium-shifted DPA spectrum.

The strains were provided by David Rudner, Harvard
University.

2.2 Spore stock preparation

The spore stock was prepared on TSA agar (Bacto™, BD) at
37 °C for one week, long enough to cause sporulation. After
growing the sample, spores were harvested from the plate, sus-
pended in autoclaved distilled water and washed three times
through centrifugation (4500 rpm, 5 min) in distilled water.
The stock was then stored in autoclaved distilled water at 4 °C
until use. Ahead of use, the spore suspension concentration
was adjusted to 106 spores per ml, and vortexed at 3000 rpm
(VM3 Vortex, M. Zipperer GmBH) for 15 seconds.

2.3 D2O-substituted growth media preparation and spore
labeling

TSA agar was prepared using pre-made TSA powder (Bacto™,
BD). D2O-enriched agar plates were prepared by mixing TSA
powder with 15% or 30% of the water replaced with D2O
(99.8% deuterium oxide, 11327088, Fisher Scientific). Previous
studies have shown these concentrations of D2O do not signifi-
cantly inhibit spore germination and bacterial growth, while
higher concentrations may inhibit bacterial growth.17,22

To prepare deuterium-labeled spore stocks, spores from the
appropriate stock were spread on the D2O-enriched agar plates
with an inoculating loop and incubated at 37 °C for one week,
and processed as detailed above.

2.4 Raman spectroscopy system

To acquire Raman spectra from single spores, we use a custom-
built laser tweezer Raman spectroscopy (LTRS) setup built
around an inverted microscope (IX71, Olympus), described in
greater detail in earlier studies.23,24 Such an LTRS setup allows
us to achieve more repeatable and high signal-to-noise ratio
Raman spectra compared to regular Raman setups. The LTRS
system uses a 785 nm Gaussian laser beam with a maximum
power of 120 mW (08-NLD, Cobolt), coupled into the micro-
scope system using a dichroic shortpass mirror with cut-off
wavelength 650 nm (DMSP650, Thorlabs). The beam is focused
onto the sample using a 60× water immersion objective with
numerical aperture 1.2 (UPlanSApo, Olympus) and a working
distance 0.28 mm. The Raman signal is collected from backscat-
tered light, with Rayleigh scattered light filtered out using a
785 nm notch filter (NF785-33, Thorlabs). The resulting light is
then filtered using a 150 μm diameter pinhole in the focal point
of the beam telescope before it is coupled into a spectrometer
(Model 207, McPherson) and dispersed using a 600 grooves per
mm holographic grating with 800 nm blaze. Lastly, the spectral
signal is captured using a Peltier-cooled CCD detector (Newton
920N-BR-DDXW-RECR, Andor) operated at −95 °C. The sample
is placed on a temperature controlled sample holder and the
temperature of the sample is maintained at 25 °C to avoid temp-
erature-related intensity fluctuation during measurement. The
spectral resolution of our instrument is <3 cm−1 and the Solis
(Solis v4.30, Andor) software is used to control the detector and
acquire spectra.
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2.5 Sample preparation

We prepare a sample for Raman measurement by diluting 1 μl
of deuterized spore stock in 9 μl deionised water to reduce the
background signal from the broth. The 10 μl spore suspension
is then placed on a 24 × 60 mm glass coverslip (no. 1, Paul
Marienfeld GmbH & Co., Lauda-Königshofen, Germany), after
which the sample is closed by placing a vacuum grease ring
around the drop and a 20 × 20 mm coverslip (no. 1, Paul
Marienfeld GmbH & Co., Lauda-Königshofen, Germany) on
top. This seal keeps the sample in place and prevents evapor-
ation. Once placed in the LTRS system, Raman spectra are
recorded by trapping single spores or cells using laser tweezers
with laser power 70 mW acting on the sample. In this work, we
gathered 10 accumulations of 10 seconds to acquire spectra on
at least 15 spores in 2 separate solutions for each experiment.
Each experiment thus used 30 technical replicates and 2 bio-
logical replicates. Displayed spectra show an average of these
30 replicates. The total energy applied on the spore during
laser exposure is ∼6 J, well below the 20 J shown to cause spore
damage.25,26 To avoid variation in Raman shift and intensity
over time, the system is calibrated before each measurement
by recording Raman spectra of polystyrene beads. Each
measurement was performed with the spore 100 μm above the
glass surface to maintain a consistent background signal
without interference from the glass coverslip. Lastly, we
acquired 3 technical replicates of background spectra from the
background solution for spectral background subtraction.

2.6 Decontamination protocol

The decontamination process for each sample proceeded as
outlined below. 90 μl of spore suspension in water at a concen-
tration of 106 spores per ml was mixed with 10 μl of biocide
stock. The biocide stocks used were 5% sodium hypochlorite
(NaOCl), in the form of a commercial bleach (Klorin Original,
Colgate-Palmolive), with its pH adjusted to pH 8 using hydro-
chloric acid. We also used 1500 ppm chlorine dioxide (ClO2)
from a commercial stock (DK-DOX 1500, Dr Küke GmbH).
Thus the actual concentration of biocides were 0.5% NaOCl
and 150 ppm (0.015%) ClO2.

Spore suspensions were incubated in the biocide for
10 minutes. The biocide was then neutralised with 1% sodium
thiosulphate, by mixing the spore suspension with a required
volume of 10% sodium thiosulphate. The spores were then
washed with deionised water by centrifuging and discarding
the supernatant twice to remove reacted chemicals. A negative
control was prepared using the same method, substituting the
biocide for deionised water.

We also disinfected spores with 253.7 nm ultraviolet light.
For this method, we placed 1 ml 106 spores per ml spore sus-
pension into 3 ml quartz glass cuvettes (10 mm, Agilent). The
cuvettes were exposed to ultraviolet light from a mercury lamp
(EVG65-80 W/1,5A-PH, ZED), with the full emission profile
seen in Fig. S1.† The cuvettes were placed under the mercury
lamp at a distance 20 cm from the lamp, exposing the sample
to UV-radiation at 100 mW for 10 min.

Neutralised samples were incubated in TSA for 4 hours at
37 °C. The incubated suspensions were diluted in deionised
water and Raman spectra were acquired as detailed above.

2.7 Data analysis

To process our Raman spectra, we use an open-source Matlab
(Matlab2018b, Mathworks) script provided by the Vibrational
Spectroscopy Core Facility at Umeå University.27 Background
subtraction and baseline correction of Raman spectra are
done using an asymmetrical least squares algorithm28 and
with the algorithm parameters set to λ = 106 and p = 10−3. For
those spectra where we apply smoothing, we use Savitzky–
Golay filtering29 with polynomial order 1 and frame length 33
for peak area calculations. We use polynomial order 1 and
a frame rate of 5 for other spectra showing the 2200 cm−1

Raman peak.
We evaluate the peak intensity of the broad 2200 cm−1

Raman peak by calculating the area under the curve between
2060 and 2260 cm−1 for the main peak and between 2265 and
2348 cm−1 for the 2300 cm−1 smaller peak. Peak intensities of
sharper Raman peaks in the 600–1800 cm−1 region are evalu-
ated using maximum peak height.

2.8 Statistical analysis

We performed statistical analysis on our Raman data using
Prism 10 (Prism 10.0.2, GraphPad Software). We used two-way
ANOVA with Šidák’s multiple comparisons tests, comparing
peak areas over time and in response to different chemicals.
When comparing the 2300 cm−1 peak, we used the Kruskal–
Wallis test with multiple comparisons to assess the difference
in Raman peak intensity compared to the control set. We also
used the Shapiro–Wilk test to assess if the data had a normal
distribution.

The box plots show the 1st and 3rd quartiles (box limits),
mean values (squares), median values (solid line), and 1.5
interquartile range (whiskers).

2.9 Density functional theory

Raman spectra were computed using density functional theory
at the B3LYP30–33/cc-pvtz34,35 level of theory, as implemented
in Gaussian 16 ver. C.01,36 with an ultra-fine integration grid
and implicit solvation in water using the polarizable conti-
nuum model.37 Spectra for deuterated species were computed
using the ReadIsotopes keyword. Raman frequencies were
scaled by 0.955, 0.963 and 0.953 in the regions 0–1000,
1001–2000, and >2000 cm−1 respectively.38

3 Results and discussion
3.1 Producing permanently labeled spore samples through
deuterium incorporation

Labeling any biological sample requires balancing the
method’s complexity, the stability of the labeling agent, and
its toxicity to the sample. In this context, deuterium-labeling is
a method that combines several desirable traits for a labeling
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system. It is a stable, non-toxic (up to concentration as high as
70%), and metabolism-driven method that does not require
any genetic modification.11 Deuteration is used as a label
since it has no significant effect on the chemical reactions in
metabolism.39 At the same time, the shift in molecular mass
distribution will create unique vibrations that can be detected
using Raman spectroscopy.

To prepare a deuterium-labeled spore sample, we grow bac-
teria to form spores in 30% heavy water (D2O)-enriched
medium. The relative concentration of D2O will determine the

deuteration level of the spore and, thus, the intensity of the
deuterium-induced Raman peaks around 2200 cm−1 (Fig. 1).
The deuterium level will also depend on the sample’s incu-
bation time, as seen in Fig. 1A, with an increased incubation
time permitting the bacteria to metabolize for longer and thus
incorporate more deuterium into their structure. While incu-
bating a sample for 120 h, we observe that the bacteria reach a
steady-state in their deuterium-induced C–D peak after ∼48 h,
as seen in Fig. 1B. Once having reached this steady-state, the
bacteria will retain the C–D bond through sporulation. Upon

Fig. 1 Peak development of the C–D Raman peak at 2200 cm−1 over increased incubation time (A), alongside peak area integration over the same
incubation times (B). We observe growth in the 2200 cm−1 Raman peak between 0–48 h, after which peak intensity growth plateaus. After sporula-
tion, we see an additional increase and the appearance of a new Raman peak at 2300 cm−1. Additional spectral changes can be observed in the
spectral fingerprint region, especially around 1000 cm−1 (C).
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spore germination in non-deuterated media, the reverse
happens and the peak rapidly decreases as the spores grow
and divide (Fig. S2†). Another notable feature is that the peak
area of a spore is significantly higher than that for non-sporu-
lated bacteria, even after 120 hours of incubation. This could
be due to the varying sizes and densities of non-water sub-
stances present in vegetative cells and spores. Vegetative cells
are elongated and can reach up to 5 μm in length and 1 μm in
width, which is much larger than the laser beam width
(400 nm waist). Thereby, cell parts outside the beam focus do
not contribute to the Raman spectra. By contrast, spores are
only ∼1 μm long and ∼0.5 wide, meaning a much larger per-
centage of the spore falls into the trap. Vegetative cells also
have higher hydration than spores, and since water does not
have C–D bonds, the signal from proteins and lipids in vegeta-
tive cells is lower. Furthermore, after sporulation, a secondary
Raman peak appears at 2300 cm−1. This peak does not appear
in the bacterial form and must thus stem from a spore-specific
structure (for example CaDPA) originating during sporulation,
as will be discussed in section 3.2.

Although the “quiet” Raman region around 2200 cm−1 dis-
plays the most notable D2O-induced peak in the spore, the
changed chemical bond within the spores will affect the
rest of the Raman spectrum within the fingerprint region
∼600–1600 cm−1 as well. To observe the effects of different
deuteration levels on the spores, we record Raman spectra of
spores prepared in 0, 15, and 30% heavy water induced broth,
respectively. As previously discussed, deuterated spores
display wide Raman peaks at ∼2200 and 2300 cm−1 which
grow in intensity with higher levels of D2O as seen in Fig. 1C.
However, we also observe the changes in the peak intensities
of characteristic DPA peak established in previous works18,40

around 1016 cm−1 in D2O-labeled spores compared to non-
deuterated ones. The intensity of the 1016 cm−1 peak
decreases and the intensity of the 1003 cm−1 peak increases
due to increased deuterium concentration. Additionally, a
new peak arises at 988 cm−1, and its intensity increases with
enhanced deuterium concentration (Fig. S3†). Within the
1200–1800 cm−1 range, we observe prominent peaks at 1395,
1448, and 1572 cm−1. Within these, we observe a relative
decline in the 1395 and 1572 peaks compared to the central
1448 peak. Previous studies have assigned these two former
peaks to DPA, while the latter has been assigned to a combi-
nation of DPA and non-specific CH2 vibrations (δCH2).

40–42

From this, we can infer that the DPA is affected by the deu-
teration process to a larger degree than other molecular struc-
tures. This may partly be due to the relatively high concen-
tration of DPA in bacterial spores and thus the high initial
intensity of the peaks, such as the 1016 cm−1 peak. In
addition, other prominent Raman peaks such as CvO from
protein, lipid and DNA O–P–O will not be significantly
affected by deuteration since hydrogen is not part of the
bond. By contrast, the ring breathing mode that causes the
1016 cm−1 peak will be affected by deuteration, as there are
three C–H bonds on the ring itself, which during sporulation
could be substituted for C–D.

The dormant state of spores implies that the deuterium
label remains stable and unchanged during storage, even
when the spores are kept in water that does not contain deu-
terium. However, once allowed to germinate in non-deuterated
growth media, the bacteria will increase in size and gradually
incorporate regular hydrogen into its structure, decreasing the
C–D Raman peak. We observe this decrease soon after starting
incubation, with a 60% loss in the peak area of the 2200 cm−1

after 2 h of incubation, and a near complete peak loss after 3 h
(Fig. S2†). The C–D Raman peak of deuterated spores can be
used as a reliable and stable label for a spore sample, and the
disappearance of the peak can be used to detect germination
in a sample rapidly.

3.2 CaDPA-deficient mutants highlight the effect of
deuteration on CaDPA Raman biomarker in spores

To determine the role of CaDPA in the Raman spectra of deute-
rated spores, we grew CaDPA-deficient B. subtilis spores along-
side WT and measured their Raman signal. The ΔspoVAC
mutant cannot take up CaDPA from the mother cell during
sporulation due to a non-functional transport channel, while
the ΔgerA ΔsleB mutation prevents unwanted germination of
the spores.21 Thus, the combined mutant results in spores that
have no internal CaDPA but are otherwise structurally and
chemically the same as the wild-type, giving us a way to
directly assess the effect of deuteration on DPA in the spore.

Similar to the WT spores containing CaDPA, we observe the
2200 cm−1 peak in the deuterated CaDPA-deficient spores as
seen in Fig. 2 and Fig. S4A.† However, unlike the WT, the
deuterated CaDPA-deficient spores do not display a peak at
2300 cm−1, confirming that this peak directly correlates to the
deuterated DPA as previously hypothesized. We think that
both 2200 cm−1 and 2300 cm−1 peak originates from C–D
vibration; however, the former corresponds to aliphatic C–D
and the latter represents aromatic C–D vibration. As DPA is the
major aromatic component of the spore, 2300 cm−1 peak
intensity can be correlated with C–D vibration of DPA and a
marker of deuterated DPA concentration.

To better observe the effects of deuterated CaDPA on the
spore Raman spectrum, we subtract Raman spectra of CaDPA-
deficient mutants from the WT of both deuterated and non-
deuterated spores, with the differential spectra seen in Fig. 3A
and Fig. S4B.† These difference spectra effectively correspond
to regular and deuterated forms of CaDPA, in the pristine
spore environment. This is important, as synthesised CaDPA
spectra have differences depending on whether it is in solu-
tion, powder or crystalline form.43 In addition to the previously
mentioned peak at 2300 cm−1, we also observe significant
shifts around 1000 cm−1. The characteristic CaDPA peak at
1016 cm−1 has partly diminished in favour of two new peaks; a
larger one around 1003 cm−1, and a smaller one around
988 cm−1. The larger one is largely unobservable within the
context of a full spore organism due to the presence of the
phenylalanine Raman peak at 1001 cm−1, however, the smaller
one can be observed as a shoulder to the left of the main
Raman peaks around 1000 cm−1. Additional shifts include a
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ratio shift between the peaks at 1395, 1448, and 1572 cm−1 as
described in the previous section, as well as the formation of a
shoulder to the left of the 658 cm−1 peak around 646 cm−1.
Thus, these measurements highlight the deuteration-related
spectral changes of CaDPA in the spores and provide Raman
spectra of CaDPA and deuterated CaDPA in their pure form.

3.3 DFT reveals the role of H–D substitution in the Raman
spectrum of DPA

To better understand the role of H–D substitution in Raman
spectra of the DPA biomarker, we computed the spectra of rele-
vant DPA isotopologues (molecules with an identical chemical
formula but different isotopes) using DFT. These calculations
were performed on non-chelated DPA because the arrange-
ment of Ca2+ ions in relation to DPA in the spore core is not
well characterized. DPA contains five unique hydrogen atoms
that can be replaced with deuterium during sporulation,
though individual substitutions in two pairs of H atoms are
indistinguishable due to molecule symmetry. By replacing all
the H atoms in DPA with D atoms, we observed in the DFT cal-
culations a shifting trend towards lower relative Raman shifts
(Fig. 3B). This trend is expected as higher atomic mass results
in lower vibrational frequencies. The trend towards lower rela-
tive Raman shifts for deuterated DPA can be seen most clearly
at higher Raman shifts (>2000 cm−1), where we observe the
major C–H peak at around 3050 cm−1 (not shown in our
Raman spectra due to the range limit of our system), while the
C–D peak discussed in this manuscript appears around
2250 cm−1. Looking at another area of interest, around

1000 cm−1, we observed a similar pattern, where the aromatic
ring breathing mode around 1004 cm−1 (here 990 cm−1) shifts
lower toward 975 cm−1 (Fig. 3C). This is in line with Raman
shifts predicted using DFT for benzene rings.44 Also, benzene
rings are structurally similar to DPA and have similar ring
breathing modes in the 1000 cm−1 region. This is further
backed up by experiments as we see the appearance of a
Raman peak around 988 cm−1 in deuterated CaDPA (Fig. 3A).

Looking more closely at the effect of individual H–D substi-
tutions, we can divide the substitutions into two categories;
substitutions in the carboxyl groups (hydrogen 1–2), and sub-
stitutions in the pyridine ring (hydrogen 3–5), as seen in
Fig. 3D. Substitutions in the carboxyl groups yielded a peak at
2600 cm−1, suggesting these substitutions are not responsible
for the characteristic C–D vibrations seen at 2200 cm−1. These
vibrations can instead be attributed to substitutions in the H
atoms making up the pyridine ring. Substituting one or several
of these atoms resulted in the appearance of several Raman
vibrations around 2250 cm−1. Similarly, substitutions in the
pyridine ring are, as expected, the main contributing factor to
shifts in the characteristic ring breathing mode (marked with
blue arrows, Fig. 3D) of DPA around 1000 cm−1. More specifi-
cally, substitutions in the 3 and 5 H atoms result in a larger
shift from the 990 cm−1 peak down to 970 cm−1, while substi-
tutions of only the 4 H-atom results in a lower shift down to
980 cm−1. This suggests these substitutions are responsible for
the experimental shift towards lower Raman shifts observed
around 1000 cm−1. Substitutions in the carboxyl group also
result in slight shifts in the ring breathing mode, however,

Fig. 2 (A) Comparison of spore Raman spectra between WT and DPA-deficient mutants of B. subtilis. The absence of 2300 cm−1 peak in the DPA-
deficient mutant confirms its association with DPA.
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Fig. 3 (A) Raman spectral difference of B. subtilis wild-type and DPA-deficient mutant spores. This corresponds to spectra of non-deuterated
(black) and deuterated (red) DPA in its native form in the spore core. (B) DFT-computed Raman vibrations of non-deuterated DPA compared to its
fully deutrated form. (C) DFT Raman calculations of the region at ∼1000 cm−1. The DPA peak around 1001 cm−1 has shifted to lower Raman shifts as
a function of deuteration. (D) DPA molecule with possible H–D substitutions marked in red. The characteristic ring breathing mode is illustrated by
the blue arrows.
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these measure less intense and similarly low shifts at
∼980 cm−1. Overall, the shifts observed from substitutions in
the 3–5 hydrogen atoms appear more significant to the overall
Raman activity and match more closely to experimental data.
This further appears likely as the population of hydrogens in
the carboxyl group would be largely non-present in CaDPA,
and is generally prone to H–D exchange in an aqueous
environment. A full list of DFT computed vibrations can be
found in Table S1.† Thus, we concluded that substitutions in
the pyridine ring of DPA are the major cause of the shifts in
the Raman signal induced during deuteration.

3.4 The 2200 cm−1 Raman peak in deuterium-labeled spores
acts as viability indicator

Another application for heavy water labeling is viability assess-
ment. Chemical agents can neutralize spores, which is crucial
for sanitizing surfaces in the food industry and medical set-
tings. However, effectively neutralizing spores can prove
difficult, especially when certain strains exhibit increased re-
sistance to disinfectants like sodium hypochlorite45 and UV
light.3 Although these spores might seem neutralized, they
could still remain viable and eventually develop into fully-
grown cells, albeit with a delay.46 In this context, the utiliz-
ation of deuterium-labeling might offer a means to verify the
inactivity of decontaminated spores on a metabolic level. This
approach could then aid in confirming the effectiveness of the
decontamination procedure.

To illustrate this, we inactivated spore samples using
different decontamination procedures and followed their C–D
Raman peak evolution when incubated in growth media. As a
control, we used a reference sample not exposed to any decon-
tamination procedure, which indicated an almost complete
disappearance of the 2200 cm−1 Raman peak after 4 hours of
incubation, see Fig. 4 and Fig. S5.† This shows that deuterium-
labeled spores incubated in regular TSA broth germinate and
divide normally, leading to the complete loss of the C–D peak
in 4 hours (p ≤ 0.0001). By contrast, spores decontaminated in
150 ppm chlorine dioxide do not divide and the C–D peak
remains largely unchanged after 4 hours of incubation (p =
0.92) (Fig. 4 and Fig. S6A and B†). Spores treated with 0.5%
hypochlorite (pH 8) appear visually changed, with the exospor-
ium missing.18 However, similar to the chlorine dioxide
treated sample, the C–D also did not significantly change in
intensity over 4 hours (p ≥ 0.99) (Fig. 4 and Fig. S6C and D†).
However, it should be noted that chlorine dioxide and hypo-
chlorite-treated spores showed many spectral outliers, both
directly after treatment and after 4 hours (Fig. S6C and D†).
Apart from chemical decontamination, we also performed
decontamination of spores using UV-C radiation. However,
similar to the chemical decontamination, the intensity of the
2200 cm−1 Raman peak does not differ significantly between
immediately after decontamination and subsequent growth
over 4 hours (Fig. S6E and F†). Thus, we concluded that the
viability of deuterium-labeled spores can be rapidly evaluated
using their 2200 cm−1 Raman peak.

3.5 Evaluating the mode of action of different
decontamination procedures using the 2300 cm−1 Raman
peak in deuterium-labeled spores

As discussed in the previous section, the 2300 cm−1 Raman
peak is characterized as a CaDPA marker in its deuterated
form. Hence, the change in intensity of 2300 cm−1 peak after
decontamination can be used to evaluate spores’ DPA content
after different modes of decontamination. Fig. 5 and Fig. S6†
show the intensity of the 2300 cm−1 Raman peak after decon-

Fig. 4 Effect of decontamination on spore 2200 cm−1 Raman peak.
The peak area was evaluated immediately after the decontamination
procedure (green) and after 4 hours of incubation in non-deuterated
broth (purple). Stars indicate the statistical significance of the difference
relative to control: 4 stars for p ≤ 0.0001; “n.s.” indicates no significance.

Fig. 5 Effect of decontamination on spore 2300 cm−1 Raman peak.
Peak area was evaluated after decontamination procedure, before any
nutrient incubation. The UV-treated spores show a significant decrease
in intensity from the decontamination procedure, while the samples
treated with chlorine dioxide and sodium hypochlorite have no decrease
in peak intensity. Stars indicate the statistical significance of the differ-
ence: 4 stars for p ≤ 0.0001; “n.s.” indicates no significance.
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tamination of spore using 0.015% chlorine dioxide, 0.5%
hypochlorite (pH 8) and 100 mW UV-C radiation for 10 min.
The intensity of the chlorine dioxide treated spores is similar
to the control (p = 0.42), indicating no loss of DPA upon
decontamination. For hypochlorite, there is no overall differ-
ence in peak intensity (p > 0.99). However, unlike the control
and chlorine dioxide-treated spores, spores treated with hypo-
chlorite follow a bimodal distribution indicating some spores
lose their DPA, while others retain it. This is likely due to
spores being degraded by hypochlorite, leading to loss of
core material.47 The normal distribution of the control (p =
0.83) and chlorine dioxide-treated (p = 0.49) and the non-
normal distribution of hypochlorite-treated spores (p =
0.0014) is confirmed by the Shapiro–Wilk test. In addition,
for UV-treated spores, we observe the absence of the
2300 cm−1 peak in most of the spores, indicating a loss of
DPA. In all samples, the low peak area values (≤2000 counts)
do, in fact, correspond to a complete absence of the peak.
The non-zero values are an artifact of the curve integration
procedure. There is no peak in the actual spectra, as shown
in Fig. S6E and F.† Thus, these observations suggest a poss-
ible mechanism of action of different decontaminants. For
example, chlorine dioxide acts rapidly and does not change
the Raman signal and its core structure, as suggested earlier
in Malyshev et al.18 For UV mediated decontamination,

unlike chlorine dioxide, decontamination leads to the release
of DPA from the core of spores as observed in Öberg et al.,42

suggesting a different mode of action. Additionally, unlike
the 1016 cm−1 peak, a widely used marker of DPA content,
2300 cm−1 peak appears in the ‘quiet’ region of the spores’
Raman spectra. Furthermore, partial overlap between
1016 cm−1 peak and 1003 cm−1 peak requires prior deconvo-
lution of the spectra to measure the area under the curve for
DPA concentration measurement, especially in deuterated
condition (Fig. 1C). Hence, the intensity of 2300 cm−1 Raman
peak can act as a better marker of DPA content in its deute-
rated form and changes in the intensity of this peak upon
decontamination provide useful information about the mode
of action of different decontaminant.

4 Conclusion

Bacterial spores are problematic within, among other areas,
the food industry and healthcare. Due to the problems they
can cause, a lot of research is done on spores to mitigate
their hazards, and this requires robust techniques to label,
track, and monitor spore activity. Herein, we present a
method to label spores permanently using heavy water. By
incubating a spore sample in D2O for 48 h, and then letting

Fig. 6 Summary of methods and applications using D2O-labeled spores. (A) The characteristic Raman signature from C–D vibrations allows label-
ing, sorting, and tracking of spores. (B) Deuterated CaDPA displays a unique Raman peak at 2300 cm−1, allowing for easy indication of H–D substi-
tuted CaDPA in the spore core. (C) The DPA ring breathing mode at ∼1000 cm−1 shifts as an effect of H–D substitution. This can be used to assess
deuterium incubation in the spore. (D) By observing the C–D peak in an incubated spore sample, it is possible to determine their viability.
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it re-sporulate, the spores are permanently labeled with a
characteristic Raman fingerprint. This fingerprint is most
notable as a pair of peaks at 2200 and 2300 cm−1, an other-
wise quiet Raman region, allowing for easy labeling, sorting,
and tracking of spores (Fig. 6A). The 2300 cm−1 peak specifi-
cally correlates to the presence of deuterated CaDPA within
the spores making it an excellent indicator of core CaDPA
content (Fig. 6B). Additional spectral changes in the more
conventional Raman fingerprint region include shifts in peak
ratios in the 1380–1600 cm−1 range and other small peaks
appearing correlating with deuterated CaDPA at 988 and
646 cm−1. Furthermore, shifts in ratios between deuterated
and non-deuterated CaDPA around the ∼1000 cm−1 Raman
region allow for quantitative evaluation of deuterium uptake
(Fig. 6C). DFT calculations suggest these Raman peaks corre-
late with deuterations, primarily in the central pyridine ring
of DPA. Accordingly, it is possible to use D2O-labeling to
track CaDPA in spores. Lastly, thanks to the permanence of
the D2O-label within the spore form, it is possible to use
deuterated spores to indicate spore viability by whether or
not the spores keep their characteristic C–D Raman peak
during germination (Fig. 6D). In conclusion, this paper
demonstrates a method of labeling spores permanently with
D2O and provides examples of its application in bacterial
spore research.
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