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Subtle changes in pH affect the packing and
robustness of fatty acid bilayers†

Lauren A. Lowe,ab James T. Kindt, c Charles Cranfield, d Bruce Cornell,e

Alexander Macmillanf and Anna Wang *ab

Connecting molecular interactions to emergent properties is a goal of physical chemistry, self-assembly,

and soft matter science. We show that for fatty acid bilayers, vesicle rupture tension, and permeability to

water and ions are coupled to pH via alterations to lipid packing. A change in pH of one, for example,

can halve the rupture tension of oleic acid membranes, an effect that is comparable to increasing lipid

unsaturation in phospholipid systems. We use both experiments and molecular dynamics simulations to

reveal that a subtle increase in pH can lead to increased water penetration, ion permeability, pore

formation rates, and membrane disorder. For changes in membrane water content, oleic acid

membranes appear to be more than a million times more sensitive to protons than to sodium ions. The

work has implications for systems in which fatty acids are likely to be found, for example in the primitive

cells on early Earth, biological membranes especially during digestion, and other biomaterials.

1 Introduction

Amphiphilic molecules comprise the lipid bilayer membranes
that encapsulate all living cells and even some viruses. Because
of the ubiquity of such membranes, the ability to predict
macroscopic outcomes from the molecular packing of the lipid
bilayer membrane is a tantalising goal in membrane
biophysics.1 As a soft material, the lipid bilayer has been
studied both computationally and experimentally to explore a
large parameter space of both physical and chemical triggers
that lead to changes in material properties. For example,
temperature, membrane additives, pH, and ionic strength can
be used to tune a myriad of mechanical outcomes such as
changes in membrane fluidity and bending rigidity. These
processes, in turn, have important consequences to processes
essential for life, such as membrane rupture and cell division.

Simpler lipids, such as the lipids that would have existed at
the emergence of life, have a weaker hydrophobic interaction
than the phospholipids of modern cell membranes2 and would

thus have been even more sensitive to environmental triggers.
One key class of molecules are fatty acids, which are capable of
forming lipid bilayer membranes at a pH near the apparent
pKa. In contrast to phospholipids, which require dozens of
enzymes for synthesis,3 fatty acids are some of the chemically-
simplest molecules known to form lipid bilayers. Short-chained
fatty acids have been found on carbonaceous chondrites,4

indicating their ability to form abiotically and potential rele-
vance to the origins of life.5

While the crude pH-dependence of fatty acid self-assembly
is well known, forming emulsions at a pH significantly below
the apparent pKa and micelles significantly above the apparent
pKa, our understanding of the effects of subtler changes in pH
within the pH range at which vesicles form remains lacking. We
recently reported that giant unilamellar vesicles (GUVs) form at
a pH slightly below the pKa, but not slightly above the pKa of the
fatty acid.6 Specifically for oleic acid (pKa B 8.5), GUVs form at
pHs between 8.1 and 8.4, and heterogeneous multilamellar
vesicles (MLVs) at pHs between 8.5 and 8.8. The pH-dependent
shift from GUVs to MLVs suggests that a change in fatty acid
packing is occurring, and raises questions as to which other
properties are changing as a function of pH.

Here we focus on a pH approximately equal to the apparent
pKa of oleic acid, and probe the properties of oleic acid/oleate
bilayers in this pH range. Lipid bilayers in the form of closed
vesicles are of particular interest owing to their relevance in a
variety of fields including synthetic biology,7 origins of life
studies,8 and drug delivery.9 The effect of pH on fatty acid
monolayers is also relevant for sea spray aerosols.10 Because the
pH-dependent self-assembly we showed in our previous work6
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is intimately linked to the pH-dependent properties in this
work, and the pH-dependent self-assembly occurred for a
variety of fatty acids, we expect our results here to also be
applicable to a variety of fatty acids.

Using molecular dynamics simulations and experimental
tools, we find that changes in lipid packing in a fatty acid
bilayer system, driven by a subtle change in pH of less than one,
can lead to significant changes in water penetration, rupture
tension, and permeability. We find that the hydrogen bonding
network of lipids in fatty acid bilayers can be disrupted by a very
small increase in pH. The changes in membrane properties
with small shifts in pH has major impacts on the ability of fatty
acid vesicles and thus fatty-acid-based primitive cells to retain
encapsulated material, and the ability of different substances to
traverse fatty-acid-based membranes.

2 Methods
2.1 Chemicals

Oleic acid (Sigma Australia), Laurdan (Sigma Australia), bicine
(Sigma Australia), NaOH solution (Lowy Solutions), NaCl
solution (Lowy Solutions), D(+)-glucose monohydrate (Calbio-
chem), sucrose (Univar/Ajax Finechem), ethanol (Chem Sup-
ply), pyranine/8-hydroxypyrene-1,3,6-trisulfonic acid trisodium
salt (Sigma-Aldrich) were used as received.

2.2 Buffer preparation

All bicine buffer solutions were prepared from a 1 M bicine
stock solution titrated with NaOH to the appropriate pH, pH
confirmed on a Mettler Toledo Seven Compact pH meter.

2.3 Vesicle preparation

Oleic acid SUVs were prepared by weighing approximately
100 mmoles of neat oleic acid and adding it to a 1 mL solution
containing pH 8.3 200 mM bicine buffer, 50 mM NaOH and
100 mM sucrose. The exact concentration of oleic acid
(B100 mM) was calculated. The solution was left to agitate
on an orbital shaker (PSU-10i Grant Bio, UK) for at least 4 hours
at 110 rpm. The vesicles were then diluted into a dilution buffer
containing 200 mM bicine and 100 mM sucrose to a final
concentration of approximately 10 mM oleic acid. A miniex-
truder (Avanti Polar Lipids) was used to extrude the sample of
vesicles 21 times through a polycarbonate filter with pores
100 nm in diameter.

Vesicles for Laurdan GP measurements were prepared by
dispersing 3.2 mL neat oleic acid into a 1 mL solution of
100 mM bicine buffer, pH 8.43. A miniextruder (Avanti Polar
Lipids) was used to extrude the sample of vesicles 21 times
through a polycarbonate filter with pores 100 nm in diameter.
Vesicles were then diluted into dilution buffers containing
100 mM bicine at a range of different pHs to a final concen-
tration of 1 mM oleic acid. Laurdan stock in DMSO was then
added to the vesicles to a final concentration of 1 mM and the
samples gently pipetted up and down to mix.

To prepare oleic acid GUVs, 100 mM oleate micelles were
prepared by adding 100 mmoles of neat oleic acid to a 1 mL
solution of 150 mM NaOH. 10 mM oleic acid GUVs were then
prepared by adding the micelle stock to a hydration buffer
containing the solute to be encapsulated. This solution con-
tained 100 mM bicine, 500 mM sucrose and 1 mM pyranine.
The solution was vortexed for 3 s and placed on an orbital
shaker (PSU-10i Grant Bio, UK) for 5 days at 100 rpm.

2.4 Vesicle characterisation

Vesicle diameter was measured with DLS using a Malvern
Zetasizer Nano ZS and 12 mm Square Polystyrene Cuvettes
(DTS0012) (Malvern Panalytical).

Laurdan GP was measured on a Cary Eclipse (Varian)
fluorescence spectrophotometer using 360 nm excitation wave-
length in PMMA semi-micro cuvettes that have transparency
above 300 nm (BRAND).

The GP of each vesicle sample was calculated by finding the
maximum fluorescence intensity of each sample at two peaks at
approximately 430 nm and 500 nm. The intensity of the first
peak was determined by finding the maximum intensity
between 400 nm and 440 nm. The maximum of the second
peak was determined by finding the maximum intensity
between 440 nm and 540 nm. The average of the five intensity
values about each of the maxima was calculated. These
averages were designated I430 and I500 for simplicity and were
substituted into eqn (1) to calculate the GP.

GP ¼ I500 � I430

I500 þ I430
(1)

To compare our experimental GP values with literature,
linear interpolation was used to estimate the GP of pH 8.5
oleic acid vesicles in a study conducted by Suga et al.11 GP
values of vesicles at pH 8.4 and 8.8 were substituted into eqn (2)
to estimate the GP of pH 8.5 vesicles.

y ¼ y1 þ ðx� x1Þ
y2 � y1

x2 � x1
(2)

2.5 Electrical impedance spectroscopy

T10 tethered bilayer lipid membranes (tBLMs) were made using
pre-prepared polycarbonate slides with gold sputter-coated
onto the surface to form electrodes. The slides were coated
with 10% benzyl disulfide octaethylene terminated by a C20

phytanyl chain which act as tethering molecules and 90%
benzyl disulfide tetraethylene glycol terminated by a hydroxyl
group which act as spacer molecules designed to promote
phospholipid bilayer formation (SDx Tethered Membranes).
tBLMs were formed using a solvent exchange procedure where
the slide was air dried before 8 mL of a 3 mM solution of the
oleic acid in ethanol was added to a 1 mL flow cell chamber and
the excess liquid was collected in a 500 mL overflow container.
After being incubated for two minutes, 3 � 100 mL of the
desired electrolyte solution was added to the flow cell chamber.
All subsequent membrane flushes used 3 � 100 mL of the
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desired electrolyte solution. This is an adaptation of a well-used
protocol.12

Electrolyte solutions containing 25 mM bicine and 100 mM
NaCl were prepared at pH 8.3, 8.5 and 9.0.

AC impedance spectroscopy was performed using an SDx
tethaPod and SDx tethaQuick software. Swept frequency impe-
dance spectroscopy was employed using a sequential 25 mV
excitation applied over the frequencies 0.1, 0.159, 0.251, 0.399,
0.634, 1.003, 1.588, 2.513, 3.991, 6.313, 10.016, 15.873, 25.176,
39.936, 55.066, 95.057, 159.236, 245.098, 409.836, 641.026,
1041.667 and 2083.333 Hz using zero bias potential. The
impedance data was fitted to a simple model of a circuit
containing a capacitor and resistor to represent the bilayer to
determine the conductance and capacitance of the tBLM.

2.6 Molecular dynamics simulations

The simulation set up is described in detail in the Methods in
Kindt et al.6 In this work packing was assessed independently
within two planes, located a distance Dz above and below the
center plane of the bilayer. The set of lateral positions within
either plane was chosen as the midpoint of the first C–C bond
in a chain to intersect the plane. Molecules that do not cross
either plane in a given frame of the simulation were excluded
from consideration for that frame. The order parameter for
each crossing molecule j was determined as:

C6;j ¼ nj
�1
Xnj
k¼1

e6iyjk (3)

where nj is the number of neighbours within a distance rcut of
site j and yjk is the angle between the vector connecting site j
with neighbouring site k and the x-axis. Only molecules with at
least four neighbours were included in system averages. The
values of Dz and rcut were selected to give the highest average
order parameters over the trajectory, which should be corre-
lated with the most tightly packed stratum in each leaflet and a
distance cutoff that includes nearest neighbours but not next-
nearest neighbours.

To estimate the tilt modulus Ky and twist modulus Ktw from
the simulation data we followed the method of Brown et al.13,14

by analysing the fluctuations of fatty acid tail tilt vectors in
Fourier space. In the long wavelength/low-q limit, the following
relation should hold:

n̂kq

��� ���2
� �

¼ kBT

Ky þ Ktwq2
(4)

where n̂8
q is the longitudinal Fourier mode along wavevector q of

the molecular tilt.

3 Results and discussion
3.1 Molecular dynamics simulations

We first assessed the effect of pH on the packing of fatty acid
molecules in bilayers with molecular dynamics (MD) simula-
tions. We simulated octanoic acid bilayers at two different
protonation states and thus pHs. First, at a pH equal to the

apparent pKa (Fig. 1a), i.e. half the bilayer is protonated, the
bilayer is highly ordered with few defects present. However,
when the pH is increased by 0.5 (Fig. 1b) and the protonation
state decreases to 25%, there is a notable change in packing
with the bilayer looking qualitatively more disordered.

To quantify the change in lipid packing, we calculated the
2D hexagonal complex order parameter C6 for each chain
based on the arrangement of its near neighbours (see Meth-
ods). The magnitude of the order parameter reflects how closely
the arrangement of neighbours matches a regular hexagon,
while its phase reflects the specific orientation of that hexagon.
Averaging C6 over all molecules in a given leaflet will result in a
value close to zero if the orientation is uncorrelated at length
scales comparable to the size of the simulation box. As shown
in Fig. 1c, at the lower protonation state there is no evidence of
packing orientational order on a length scale of the simulation
box, while for the 50% protonated state the system shows
hexagonal orientational order across the simulation box over
part of the simulation trajectory, interrupted by periods of
reduced order. We note that the periods of reduced order occur
simultaneously for both leaflets, but this may simply reflect
that the area fluctuations are forced to occur simultaneously in
the two leaflets by the pressure coupling algorithm.

The hexagonal ordering is superficially reminiscent of gel-phase
lipid bilayers. Phospholipids often show a sharp transition between
a liquid-disordered state, in which tails are splayed and likely to
contain one or more gauche torsional defects, to one or more states
in which tails are elongated and packed in a hexagonal or distorted
hexagonal lattice.15 The cycling between ordered and disordered
states in our system, however, contrasts greatly with ordered-phase
phospholipid bilayers, where the local packing may not relax over
periods of hundreds of nanoseconds or more, leading to poor
equilibration.16 The system is too small to determine whether the
large-area limit would correspond to an isotropic liquid phase with a
large but exponentially decaying correlation length or a hexatic state
with quasi-long range orientational order.17,18

Finally, we might expect the packing of the fatty acid tails
within the bilayer to be correlated with the mechanical proper-
ties of the membrane. We previously reported that when the pH

Fig. 1 MD simulations of octanoate/octanoic acid bilayers at (a) 50%
protonation and (b) 25% protonation show that with an increase in pH
there is a decrease in order, as evident from looking at nearest neighbours
(solid overlaid lines). (c) Square magnitude of C6 hexagonal packing order
parameter, averaged over all chains in each leaflet, over the course of the
MD trajectories for 25% protonated and 50% protonated bilayers.
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increases from the pKa to the pKa + 0.5, the bending modulus
decreases from 420 kT to 5.5 kT.6 Using the method as
described in Kindt et al.6 and by Brown and coworkers,13,14

we analysed the mean square transverse orientational fluctua-
tions (see Methods and Fig. S1, ESI†). With the limited range of
q to analyse, we estimate that when the pH increases from the
pKa to the pKa + 0.5 the tilt modulus Ky decreases from
32.2 kT nm�2 to 21.7 kT nm�2. The twist modulus Ktw decreases
from 5.2 kT to 1.5 kT. All values are similar to values reported
for fluid-phase phospholipid bilayers which have tilt
moduli ranging from 12.0–26.8 kT nm�2 and twist moduli
from 2.2–5.9 kT.13,14 This shows that the decrease in membrane
order is correlated with decreased resistance to deformations.

3.2 Lipid packing

To assess the impact of pH on fatty acid bilayers experimen-
tally, we used an oleic acid/oleate system. Oleic acid has been
studied widely in literature and is ideal for experiments owing
to its low melting point and relatively low critical vesicle
concentration.6 As previously, the shorter chain length for
simulations was chosen for computational efficiency and not
expected to qualitatively impact our investigation into the
effects of headgroup charge on lipid packing.6

We prepared oleic acid vesicles at a range of pHs and used
the fluorescent probe Laurdan to monitor membrane polarity.
The fluorescence spectra show two peaks (Fig. S2, ESI†), with the
longer wavelength peak (near 500 nm) corresponding to a more
solvent-rich state.11,19 We calculate the modified generalised
polarisation (GP) using the values of intensity peaks near
430 nm and 500 nm (see Methods). Here, a GP B 1 corresponds
to highly solvated structures such as micelles.11

We found that GP increases with pH (Fig. 2a), likely because
of increased water penetration across intact membranes as well
as the formation of high-curvature structures. Because the
apparent pKa of oleic acid in oleic acid bilayers is 8.5, we expect
the protonation state of the bilayer to decrease from 75% to
25% as the pH increases from 8.0 to 9.0, corresponding to a
trebling of the bilayer’s negative charge density. The increase in
Laurdan GP with pH could be a consequence of electrostatic
repulsion between negatively-charged lipids allowing more
water molecules to enter the bilayer. Alternatively, the average
critical packing parameter of the lipids CPP = v/al is expected to
decrease, owing to an increase in lipid area a while lipid volume

v and length l stay the same. Such a change in CPP could result
in the formation of more high-curvature monolayer structures
that intrinsically have higher GP, such as micelles and transient
pores,11 also increasing the Laurdan GP.

We also note, by comparison with other work,11,19 that
Laurdan GP increases with Na-bicine concentration (Fig. 2b).
This observation is consistent with an increase in sodium ion
concentration leading to a decrease in the apparent pKa of the
membrane, thus affecting the protonation state and hence
packing and subsequent properties of the membranes.6 These
results highlight that although the membrane packing can be
tuned with a change in ionic strength, a change in proton (or
hydronium ion) concentration of D[H+] = 10�8–10�8.8 M
B 8 nM is as effective as a sodium ion concentration change
of B150 mM for altering the membrane’s water penetration.

Thus far, we have established that Laurdan probes
embedded within oleic acid bilayers become more exposed to
water as the pH of solution increases, consistent with simula-
tion results indicating decreased lipid order with an increase in
pH. In the next sections we consider potential consequences of
such changes in lipid packing.

3.3 Permeability

We hypothesised that a change in membrane packing could
alter the propensity of molecules to permeate across the
membrane – the permeability. Because we have found that
the packing is sensitive to salt concentration, we did not want
to use the calcein shrink-swell assay because of the ionic
strengths required. Instead, we adapted an AC impedance
spectroscopy system, designed for phospholipids, for use with
fatty acids. We prepared oleic acid tethered bilayer lipid mem-
branes (tBLMs) and monitored changes in conductance and
capacitance across the tBLMs with changes in pH. While not
originally designed for supporting fatty acid bilayers, we found
that when tBLMs successfully formed there were consistent
results across multiple trials and experiments (Fig. S3, ESI†).

Both the conductance and capacitance of oleic acid tBLMs
increased with increasing pH (Fig. 3). The change in relative
capacitance Cfinal/Cinitial as a function of DpH appears to be
linear, with a change of 10% per DpH. Because capacitance is
inversely proportional to membrane thickness, the increased
capacitance at higher pHs could suggest that bilayer thickness
decreases with pH.12,20,21 This is consistent with the results
from previously-simulated octanoic acid bilayers, which were
thinner at higher pHs6 because of increased lipid headgroup

Fig. 2 (a) Generalised polarisation (GP) of oleic acid vesicles in 100 mM
bicine increases with increasing pH (n = 23). (b) GP of oleic acid vesicles at
pH 8.5 increases with increasing bicine concentration. 50 mM GP from
Suga et al.11 and 200 mM GP from Budin et al.19

Fig. 3 AC impedance spectroscopy performed on oleic acid tBLMs at
varying pHs. Conductance (G) and capacitance (C) across tBLMs increases
with an increase in pH. For further details see Fig. S3 (ESI†).
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area from electrostatic repulsion. Additionally, membrane
capacitance is also affected by water content.21 Part of the
increased capacitance at higher pHs could reflect an increase
in membrane water content, also seen in the Laurdan experi-
ments (Fig. 2), owing to disordered lipid packing (Fig. 1).

There was also a noteworthy increase in membrane con-
ductance even with small changes in pH. As conductance is
proportional to ion flux through the membrane, the increased
conductance at higher pHs suggests that fatty acid membranes
are more permeable to ions at higher pHs. The Laurdan (Fig. 2)
and molecular dynamics simulations (Fig. 1) both show
increased membrane disorder at higher pHs. One consequence
is that the decreased CPP of lipids upon an increase in pH
could favour pore formation,22,23 which is one potential perme-
ability mechanism in lipid bilayers.24–26 Additionally, perme-
ability via the solubility-diffusion mechanism is strongly
dependent on area per lipid27 and thus any thinning of the
membrane and concomitant increase in area per lipid could
lead to an increase in permeability. One other reason for
increased ion conductance with an increase in pH could be
an increase in sodium ion translocation via lipid flip-flop.
These results echo the pH-dependent conductance changes
observed in phospholipid bilayers across a large pH change
(pH 9 to pH 7 and pH 5).20 Finally, we verified that for a less-
permeable solute such as the trivalent molecule pyranine, the
permeability is not notably pH-dependent (Fig. S4 and S5,
ESI†), suggesting that pH perturbations can tune permeability
to smaller species without affecting the retention of larger
molecules.

3.4 Rupture tension

Thus far we have determined that an increase in pH leads to
membrane thinning, as well as increased permeability to ions
possibly owing to the formation of pores, increased flip-flop, or
both. We hypothesised that the rupture tension would also be
affected by an increase in pH, because it is a macroscopic
property known to also be impacted by membrane thickness
and pore formation. Rupture or lysis tension refers to the
minimum tension required to be placed on a vesicle before it
ruptures. Rupture tension is an important concept because it
determines the ability of a cell or primitive cell to retain
encapsulated genetic material and nutrients under shear or
osmotic stress. We therefore sought to understand how the
strength of a membrane is impacted by pH.

The critical tension at which membranes rupture is usually
measured by micropipette aspiration, where increasing tension
is applied to a vesicle until it is seen to rupture under micro-
scopy. The technique is complicated by two effects. First,
aspiration or loading rate affects the measured rupture tension
owing to the stochastic nature of pore formation.28 Second,
fatty acid bilayers under tension can relieve this tension by
growing at the expense of vesicles under less tension.29 This
would further jeopardise the potential for clean measurements
and necessitates application of tension that is faster than the
rate at which membranes can grow. We therefore chose to

measure rupture tension using an entirely different approach,
one that applies tension rapidly.

We adopt the method of Patty and Frisken,30 who used
extrusion as a method to measure the rupture tension of
vesicles.30 During extrusion, multilamellar vesicles are forced
through pores to yield smaller unilamellar vesicles. Because the
multilamellar vesicles are significantly larger than the polycar-
bonate membrane pore size, they must rupture in order to pass
through the pores and form smaller vesicles.30,31 Patty and
coworkers found a relationship between between the final
radius of extruded vesicles (Rves), rupture (lysis) tension (g),
the radius of the extrusion membrane pores (Rp) and the
pressure exerted on the vesicles (P):

Rves �
ffiffiffiffiffiffiffiffi
gRp

2P

r
(5)

The radius of extruded vesicles can thus be used to estimate
the relative rupture tension. To use this strategy, we prepared
micrometre-sized 10 mM oleic acid vesicles encapsulating
100 mM sucrose in 200 mM bicine at pHs between 8.0 and
8.9 (Fig. S6, ESI†). These vesicles were then extruded through
polycarbonate membranes with 100 nm pores to decrease their
size by at least tenfold and yield unilamellar oleic acid vesicles
(Fig. 4). The size of these vesicles was measured using dynamic
light scattering (DLS) (Fig. 5a).

We found that the diameter of all the vesicles was smaller
than the 100 nm pore size of the membranes used in the
extrusion process. This is consistent with previous studies
using 10 mM oleic acid vesicles in 200 mM bicine at pH 8.8,
extruded through 100 nm pores.32 Despite the diameter of all
the vesicles being smaller than the polycarbonate membrane
pore size, a dependence of vesicle size on pH was still observed.
Minimal difference in size was observed for vesicles at pH 8.0

Fig. 4 Schematic demonstrating the impact of pH on the extrusion of
oleic acid vesicles. Multilamellar vesicles (MLVs) (Fig. S6, ESI†) are extruded
through extrusion pores. The membranes rearrange by first forming
membrane pores, rupturing, then re-forming into smaller unilamellar
vesicles (SUVs).
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and 8.1. Vesicles at pH 8.4 and 8.5 were slightly smaller than
pH 8.1 vesicles. However, the most significant change occurred
for vesicles at pH 8.9 which were approximately 30% smaller
than vesicles at pH 8.1.

By eqn (5), the dependence of vesicle size on pH suggests
that rupture tension is also pH dependent. In our experiments,
the combined pressure associated with the extrusion process as
well as the osmotic pressure exerted on the vesicle membranes
owing to the encapsulated sucrose causes the vesicles to
rupture. This involves the formation of pores in the bilayer to
release built up membrane tension.33–35 In our experiments,
the extrusion membrane pore size was consistent across all
samples, and the average flow rate during the 21 extrusion
passes remained constant at 100 � 10 mL s�1. Our assumption
that the applied pressures across experiments is constant is
validated by the average vesicle radius after extrusion being
highly reproducible at a given pH, indicating high reproduci-
bility in the mechanics of extrusion between samples. There-
fore, the change in vesicle size is a direct result of the change in
rupture tension at different pHs (Fig. 5b).

The change in rupture tensions with pH is substantial, with
the rupture tension of vesicles at pH 8.0–8.1 being approxi-
mately double that of vesicles at pH 8.9. By osmotically stres-
sing the vesicles, Chen et al.29 estimated that the rupture
tension of oleic acid vesicles at pH 8.5 was approximately
10 mN m�1, leading us to conclude that the rupture tension
of membranes in our system are B10 mN m�1 at pH 8.5 and
B5 mN m�1 at pH 8.9. This is comparable to the difference
between the rupture tension of di-oleic phosphatidyl choline
(diC18:1; 9.9 mN m�1) and di-linoleic phosphatidyl choline
(diC18:2; 5.1 mN m�1)1 vesicles. It is intriguing that a halving in
rupture tension in oleic acid vesicles can be achieved in the
same bilayer membrane by simply changing the pH by 1, rather

than altering the lipid composition by increasing lipid unsaturation.
One potential source of error is possible variability in pressure
exerted on the vesicles during extrusion, contributing an error of
approximately 10% to the rupture tension if we assume the variation
in flow rate is related to a variation in pressure. Additionally, the
vesicle size distribution was not taken into account. However, our
results were reproducible across different days and we would not
expect these factors to create a factor of two in difference in rupture
tension. We further confirm the significant difference in rupture
tension with pH using microscopy.

We diluted 10 mM oleic acid GUVs encapsulating 500 mM
sucrose into hypotonic buffers of varying pH containing no
sucrose, thereby exposing the vesicles to osmotic pressure.
Imaging the diluted vesicles revealed a clear difference in
surviving vesicle size as a function of pH (Fig. 5c). Vesicles at
pH 8.6 were notably smaller than vesicles at pH 7.9 and pH 8.2.
Vesicles at pH 8.9 were even smaller than those at pH 8.6. The
smaller size of the vesicles at high pHs indicates that they were
unable to withstand the high osmotic pressure gradient exerted
on the membrane. In other words, the vesicles at higher pHs
are more prone to rupture.

There are a number of factors that contribute to the reduced
rupture tension of oleic acid membranes at higher pHs. First,
from the simulated bilayers (Fig. 1) we found that fatty acid
bilayers at higher pHs are more disordered and have more
defects present. As oleic acid has a pKa of 8.5,6 the simulated
bilayers can be compared to oleic acid bilayers at a pH of 8.5
and 9.0. We can infer that vesicles at pH 9.0 will have more
defects than at pH 8.5. As vesicle rupture occurs due to pore
formation, and pore formation stems from the presence of
hydrophobic defects in the membrane,22,23 it is perhaps not
surprising that fatty acid vesicles at higher pHs are more prone
to rupture because they have more packing defects (Fig. 4) and
their lipids have a lower CPP as previously discussed. Another
contributing factor could be the varying thickness of bilayer
membranes at different pHs. The rupture tension of vesicles
composed of different phospholipids is dependent on
membrane thickness, with defects being more likely to form
in thinner membranes, making them more prone to rupture.28

Previous molecular dynamics simulations showed fatty acid
bilayers at high pHs were thinner and had a lower bending
modulus than bilayers at a low pH.6 Thus fatty acid vesicles
could be more prone to rupture at higher pHs because they are
thinner and less rigid than vesicles at lower pHs.

4 Conclusions

We have shown, using both molecular dynamics simulations and
experiments, a consistent picture of how the packing of lipid
molecules in fatty acid bilayers is strongly dependent on pH. Subtle
increases in pH lead to decreased hydrogen bonding and increased
membrane disorder. With small increases in pH, fatty acid vesicles
become more prone to water penetration and more susceptible to
rupture. Additionally, fatty acid bilayers become more permeable to
ions with slight increases in pH. Because fatty acid vesicles are able

Fig. 5 (a) Diameter of oleic acid vesicles varies with pH. Diameter mea-
sured using DLS. Each data point is the average of three DLS measure-
ments of one sample. pH 8.1 has two overlapping points (samples), pH 8.4
has three overlapping points (samples) indicating low variance between
samples and measurements. The shaded region represents the peak
widths obtained from the number size distribution. (b) Rupture tension
of oleic acid vesicles varies with pH. Rupture tension relative to rupture
tension calculated for pH 8.0. (c) Phase contrast microscopy images of
oleic acid vesicles encapsulating sucrose diluted into hypotonic buffers of
varying pHs. Surviving vesicle size decreases as a function of pH
(pH indicated in white). Scale bar represents 10 mm.
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to encapsulate a variety of materials in their aqueous cores, includ-
ing sugars, fluorescent dyes, nucleotides, nanoparticles, RNA and
drug molecules,6,9,36 gaining an increased understanding of how pH
affects the ability of vesicles to encapsulate and retain these
materials helps enhance the effectiveness with which they are
encapsulated.

Improving our understanding of these properties is of
particular significance in the origins of life field. Fatty acid
vesicles have been proposed as model protocell systems due to
the ease with which they self-assemble, their chemical simpli-
city and because they can be synthesised abiotically.4,6 Proto-
cells required nutrient and waste exchange, whilst continuing
to encapsulate the contents vital to the cell. Thus understand-
ing how pH impacts the packing of fatty acid molecules in
bilayer membranes and the ability of the membranes to encap-
sulate and permeate solutes is of particular use in understand-
ing how protocells were able to thrive. One potential geological
setting for the origin of cellular life on Earth are surficial hot
springs, which often have environments of varying pH.37 Pro-
tocells moving into these pH streams would have experienced
fluctuations in membrane packing, allowing nutrients or waste
to enter or exit the cell without the need for the complex
enzymes that regulate this process in modern cells.
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