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Mechanics of migrating platelets investigated with
scanning ion conductance microscopy†

Jan Seifert, ‡ Johannes Rheinlaender, *‡ Hendrik von Eysmondt and
Tilman E. Schäffer *

Platelets are small blood cells involved in hemostasis, wound healing, and immune response. After

adhesion and spreading, platelets can migrate at sites of injury inducing an early immune response to

inflammation or infection. Platelet migration requires fibrinogen-integrin binding and fibrinogen depletion

from the substrate inducing a self-generated ligand gradient guiding the direction of migration. This type

of cellular motion is referred to as haptotactic migration. The underlying mechanisms of haptotactic

platelet migration have just recently been discovered, but the connection to platelet mechanics has

remained unknown yet. Using scanning ion conductance microscopy (SICM), we investigated the three-

dimensional morphology and mechanics of platelets during haptotactic migration for the first time.

Migrating platelets showed a polarized, anisotropic shape oriented in the direction of migration. This

polarization goes hand in hand with a characteristic subcellular stiffness distribution showing a region of

increased stiffness at the leading edge. Moreover, the mechanical properties of the leading edge revealed

a highly dynamic stiffening and softening process with rapid changes of the elastic modulus by a factor of

up to 5× per minute. Inhibition of actin polymerization stopped the dynamic stiffening and softening

process and halted the migration. By combining SICM with confocal fluorescence microscopy, we found

that the increased stiffness and mechanical dynamics at the leading edge coincided with an increased

volumetric F-actin density. Our data provide a connection between platelet mechanics and the cyto-

skeletal contribution to the migration process of platelets.

Introduction

Platelets are small anucleate blood cells involved in hemosta-
sis and wound healing.1,2 Platelets get activated and adhere at
sites of injury,3 coagulate, and form a blood clot to close the
damaged vessel wall.4–6 The role of platelets as immunological
cells7 and the contribution of platelet migration8–11 has been a
matter of debate and research for many years. Recently, it was
shown that platelets are able to become motile and actively
contribute to the innate immune response by migration.12

Essential for the migration of platelets are the adhesion to
fibrinogen by integrin αIIbβ3 and the ability to break bonds
between fibrinogen and the underlying surface by cellular
force,13 leading to fibrinogen depletion and the generation of
a ligand gradient on the surface.14 This type of cellular motion

is driven by the actin cytoskeleton and is referred to as hapto-
tactic migration.14

The three-dimensional shape and the mechanical pro-
perties of migrating platelets have not been studied so far. We
fill this gap by using scanning ion conductance microscopy
(SICM)15–17 to investigate dynamics and mechanics of
migrating platelets in vitro. SICM is a non-invasive scanning
probe technique that is especially well suited for imaging the
topography18–25 and the mechanics26–31 of living cells. We
showed that migrating platelets exhibit a three-dimensional
shape anisotropy, manifested by a shift of the center of volume
(centroid) toward the trailing edge of the platelet. We found
that migrating platelets have a characteristic subcellular
stiffness distribution, including a region of high stiffness in
the lamellipodium at the leading edge. Moreover, the expan-
sion of the leading edge in the direction of migration was
accompanied by a highly dynamic stiffening and softening
process with an elastic modulus increase or decrease by a
factor of up to 5× per minute. By combining SICM with con-
focal fluorescence microscopy we accurately determined the
volumetric F-actin density of migrating platelets and associ-
ated the mechanical dynamics with an increased volumetric
F-actin density at the leading edge. We thereby provide a con-
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nection between platelet mechanics and the cytoskeletal con-
tribution to haptotactic platelet migration.

Experimental
Preparation of migrating platelets

All procedures were approved by the institutional ethics com-
mittee (273/2018BO2) and comply with the declaration of
Helsinki. Informed consent was obtained from all subjects
involved in the study. Washed human platelets were isolated
from whole blood of healthy volunteers mixed with acid citrate
dextrose at a ratio of 1 : 7. Citrated blood was centrifuged at
200g for 20 min to gain platelet rich plasma (PRP). The PRP
was then mixed with Tyrode-HEPES buffer (136.89 mM NaCl,
2.81 mM KCl, 11.9 mM NaHCO3, 1 g L−1 D-glucose, 10 mM
HEPES), pH 6.5, supplemented with 0.1 µg mL−1 prostacyclin
(PGI2, ab120912, abcam, Cambridge, UK) and centrifuged
again at 200g for 10 min to remove remaining red blood cells.
The platelet-containing supernatant was transferred into a new
tube and centrifuged at 880g for 10 min. Finally, washed plate-
lets were gained by careful resuspension of the platelet pellet
in Tyrode-HEPES buffer, pH 7.4.

Human serum was gained from whole blood using serum
monovettes (02.1063.001, Sarstedt, Nümbrecht, Germany).
Blood was allowed to coagulate for 30 min at room tempera-
ture. Then, serum was gained in two centrifugation steps for
15 min at 2000g each.

For imaging, platelet suspension was added to a glass
bottom dish (81218, ibidi, Gräfeling, Germany) containing
Tyrode-HEPES migration buffer, consisting of Tyrode-HEPES
buffer, pH 7.4, 3 µM U-46619 thromboxane analogon (TXa,
Cay16450, biomol, Hamburg, Germany), 20 µM adenosine
diphosphate (ADP, A2754, Sigma Aldrich, St. Louis, Missouri,
USA), 0.1 mg mL−1 fibrinogen (F3879, Sigma Aldrich), and 5%
human serum. Platelets were allowed to adhere and spread for
30 min. Non-adherent platelets were then carefully washed
away by flushing with Tyrode-HEPES migration buffer.
Afterwards, the sample was mounted in the SICM setup and
migrating platelets were imaged at room temperature. For inhi-
bition of actin polymerization, cytochalasin D was added at a
concentration of 2 µM (C8273, Sigma Aldrich, stock solution
10 mM in DMSO). For control, DMSO was added to the
imaging buffer at a dilution of 1 : 5000.

Scanning ion conductance microscopy (SICM)

We used custom-built SICM setups which are described else-
where in detail.19,26,32 In brief, piezo scanners were used to
move an electrolyte-filled nanopipette with respect to the
sample in all three spatial dimensions (Fig. 1a). A voltage
applied between two electrodes, one inside and one outside of
the pipette, induced a distance-sensitive ion current through
the tip of the pipette, which was used as a feedback signal for
tracking the topography of the sample. Nanopipettes were fab-
ricated from borosilicate glass capillaries using a CO2-laser
based pipette puller (P2000, Sutter Instruments; see ESI
Table 1† for parameters used). For topography imaging, nano-

pipettes had a typical inner opening diameter of approximately
80 nm and images were taken with a trigger setpoint of 99.5%
of the saturation ion current and a typical image duration of
30 s. For mechanical measurements, nanopipettes had a
typical diameter of 200 nm and measurements were performed
with a trigger setpoint of 98% of the saturation current and a
typical image duration of 3 min. Additionally, a constant
pressure of 10 kPa was applied to the upper end of the nano-
pipette, which caused fluid to flow out of the tip to induce a
local indentation of the sample surface (typically 50 nm, see
ESI Fig. S1b, right panel†) when the nanopipette was close to
the surface. Ion current–distance curves (I–z curves) were
recorded for many positions on the sample and the local
elastic modulus (ESI Fig. S1c†) was calculated from the slope
in an I–z curve between 99% and 98% of the saturation
current (ESI Fig. S1b, middle panel†).26,30

Confocal fluorescence imaging

For confocal fluorescence imaging, glass bottom dishes with
an imprinted grid (81168, ibidi) were used to facilitate finding
the location of interest after SICM imaging. Platelets were
fixed immediately after SICM imaging in Tyrode-HEPES buffer
containing 2% formaldehyde for 10 min. The samples were
then carefully washed three times with PBS and permeabilized
by incubation in PBS containing 0.1% Triton-X for 10 min.
The samples were washed again three times and filamentous
actin was stained by incubation in PBS with phalloidin i-fluor
488 (diluted by 1:1000, ab176753, abcam) for 30 min at room
temperature. Confocal fluorescence images were recorded
using an inverted microscope (Ti–E, Nikon, Tokyo, Japan)
equipped with a confocal fluorescence setup (C2, Nikon) and a
100× oil immersion objective.

Data analysis

Data analysis was performed in Igor Pro (Wavemetrics,
Portland, Oregon, USA). Topography images were corrected for
tilt and z-offset by a first-order plane fit.30,33 Platelets were
identified as pixels with a height above h = 50 nm. The platelet
area A was calculated as the sum of all single pixel areas ai of
the platelet, A ¼P

i
ai. The platelet volume V was calculated as

the sum of all single pixel volumes of the platelet, V ¼P
i
aizi.

The center of the platelet area CA was calculated as

CA ¼ 1
A

X
i

aixi;
1
A

X
i

aiyi

 !
. The center of the platelet volume

was calculated as CV ¼ 1
V

X
i

aizixi;
1
V

X
i

aiziyi

 !
. With these

two points, we determined the shape anisotropy vector s point-
ing from the center of volume to the center of area, s = CA −
CV. The velocity vector v was calculated as the difference in the
center of area of the platelet between two consecutively
acquired images, divided by their time interval. To increase
the robustness, the magnitudes of the shape anisotropy vector
s and the migration velocity v, and the average angle Δφ were
averaged over the full image sequence.
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Elastic modulus values were averaged by using the geo-
metric average to account for the underlying log–normal dis-
tribution of the mechanical properties of cells.34,35 Images of
the stiffening rate SR were calculated as the gradient of the
log-transformed elastic modulus images, multiplied (scalar
product) with the current migration velocity of the platelet
and a reference time of 1 minute, and re-transformed by
exponential transformation: SR ¼ 10

~∇ log Eð Þ�~v � 1min. Thereby,
the stiffening rate images indicate an x-fold change per
minute of the platelet’s elastic modulus in the direction of
migration in the reference frame of the underlying substrate.
Here we assume that the subcellular stiffness distribution is
time-constant in the reference frame of the platelet, as
observed in ESI Fig. S2 and ESI Video 4.† Quickly migrating
platelets with a high local stiffness variation therefore show a
high stiffening rate. For calculation of the volumetric F-actin
density, the pixel resolution of the SICM images was adjusted
to the pixel resolution of the confocal fluorescence images
by linear interpolation. The SICM and confocal images
were then manually aligned and images of the volumetric
F-actin density were calculated by dividing the F-actin fluo-
rescence intensity by the corresponding local height of the
platelet.

Statistical analysis

Data are presented as average ± standard deviation, unless
stated otherwise. For elastic modulus and stiffening rate data,
averaging and statistics were performed with the log-trans-
formed data. Data were tested for statistical significance using
un-paired, two-sided Student’s t-test or Tukey’s range test,
unless stated otherwise. For circular statistics, data were tested
for uniformity using Rayleigh’s test. Data were considered sig-
nificantly different for P < 0.05.

Results
Scanning ion conductance microscopy (SICM) of migrating
platelets

The three-dimensional topography of platelets undergoing
haptotactic migration was imaged with SICM (Fig. 1a).
Platelets in Tyrode-HEPES migration buffer started to migrate

after adhering and spreading, as described by Gaertner et al.12

Migrating platelets had a polarized shape with a flat lamellipo-
dium (Fig. 1b, dark brownish color) at the leading edge and a
high, sphere-like body (light brown-white color) near the trail-
ing edge. During migration, platelets constantly changed their
shape and position (Fig. 1c, contour plot; ESI Video 1†). The
shown platelet migrated a Euclidean distance of about 17 µm
during a time of 70 min.

Migrating platelets exhibit a three-dimensional shape
anisotropy

The lamellipodium of migrating platelets was shifted toward
the direction of migration, forming a polarized topography
with a leading edge (Fig. 2a). As a quantitative parameter that
characterizes this polarized topography, we define the shape
anisotropy vector s as the vector from the center of volume
(centroid, Fig. 2b, marked with □) to the center of area
(marked with ○) of the platelet (Fig. 2b, red arrow). The length
of this vector is therefore a measure of the three-dimensional
asymmetry of the cell and typically ranged from 0 to 1 µm for
the platelets in this study. To quantify the migration move-
ment, we define the velocity vector v as the velocity of the
center of area of the platelet relative to the substrate (Fig. 2b,
blue arrow).

We investigated the correlation between the shape an-
isotropy vector s and the velocity vector v for migrating and for
non-migrating platelets (Fig. 2b and c, ESI Videos 2 and 3,
exemplary platelets shown†). For migrating platelets, the flat
regions of the lamellipodium were asymmetrically distributed
around the platelet body, which was located near the trailing
edge (Fig. 2b). For non-migrating platelets, the platelet body
was located near the platelet center, isotropically surrounded
by the lamellipodium (Fig. 2c). The angle Δφt(s,v,t ) for each
time step between the shape anisotropy vector s and the vel-
ocity vector v of the migrating platelet was distributed in a
narrow range around 0°, typically between ±60° (Fig. 2d, dark
grey histogram, P < 10−10, Rayleigh test for uniformity), which
means that both vectors roughly pointed in the same direction.
For the non-migrating platelet, the angle Δφt was randomly
distributed from 0° to ±180° (Fig. 2e, dark grey histogram, P =
0.78, Rayleigh test for uniformity). Pooling all platelets in this
study gave similar distributions of Δφt (Fig. 2d and e, light

Fig. 1 Imaging migrating platelets with SICM. (a) Schematic of the SICM setup. A nanopipette is positioned relative to the sample in the x-, y-, and
z-directions with piezo scanners. A voltage V0 applied between two electrodes, inside and outside the pipette, induces an ion current I, which is
used for topography imaging of the sample. (b) 3D relief of the first SICM topography image and (c) the first and the last SICM topography images
(brown color) of an image sequence, time-coded cell contours of the intermediate images (every 12th contour is shown), and the trace of the
center of area of a migrating platelet. Image resolution: 112 × 112 pixels (125 nm pixel size). Also see ESI Video 1† for the full image sequence.
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grey histograms). Similarly, the temporal average Δφt of all
angles Δφt within a full image sequence followed a non-
uniform distribution around 0° for migrating platelets (Fig. 2f,
P = 2.0 × 10−7, Rayleigh test for uniformity), whereas Δφ was
uniformly distributed for non-migrating platelets (P = 0.84,
Rayleigh test for uniformity). The magnitude of the shape an-
isotropy vector s was significantly (P = 0.0019) larger for
migrating platelets compared to non-migrating platelets
(Fig. 2g). Consistent with previous studies, migrating platelets
moved with a typical velocity of |v| = 0.1 µm min−1 (Fig. 2h, P =
4.1 × 10−5 compared to the non-migrating platelets), and had a
less roundish shape as indicated by the significantly (P = 4.1 ×
10−5) smaller circularity of the platelet outline (Fig. 2i).12,36

Migrating platelets have a characteristic subcellular stiffness
distribution

Next, we investigated the mechanical properties of migrating
platelets with SICM. A constant pressure of 10 kPa was applied
to the upper end of the nanopipette and I–z curves (ion
current as a function of the z-position of the nanopipette) were
recorded at many lateral positions on a platelet. The platelet’s
local elastic modulus was extracted from the respective I–z
curve.26 We thereby obtained a map of the local elastic

modulus of the platelet simultaneously with its topography
(Fig. 3a and b, ESI Video 4†). The calcium signal of platelets
was unaffected by SICM (ESI Fig. S3†), which indicates that the
platelet behavior was not altered by the imaging process. The
shown platelet was continuously imaged for 3 h, migrating a
Euclidean distance of 30 µm and exhibiting the typical shape
anisotropy. The platelet had a non-homogeneous subcellular
stiffness distribution with soft regions of approximately 5 kPa
for the platelet body and for the inner lamellipodium (Fig. 3b,
purple color and purple arrow in the profile) and a 10-fold
stiffer region at the leading edge with a maximum elastic
modulus of approximately 50 kPa (yellow color and yellow
arrow in the profile), located at a distance of about 0.5 µm
from the softer outer edge. In comparison, non-migrating
platelets usually showed a more homogenous subcellular
stiffness distribution without a stiff region near the edge (ESI
Fig. S4†). To assess the change of the mechanical properties
during migration, we calculated the local stiffening rate (SR)
during the movement. The platelet showed regions of dynamic
stiffening (SR > 1) at the outer leading edge (Fig. 3c, red color
and red arrow in the profile) followed by regions of dynamic
softening (SR < 1) toward the platelet body (Fig. 3c, blue color
and blue arrow in the profile). The stiffening rates reached

Fig. 2 Migrating platelets exhibit a three-dimensional shape anisotropy. (a) Sequence of topography images of a migrating platelet. Pixels outside
the scan range were set to a height of z = 0. (b) Topography image (left) and time-coded plot of the cell contours (right, every 5th contour shown)
of a migrating and (c) a non-migrating platelet. The red and blue arrows represent the shape anisotropy vector s and the velocity vector v, respect-
ively. The shape anisotropy vector s points from the center of volume (centroid, marked with □) to the center of area (marked with ○). The length of
the arrows indicates the vector magnitude multiplied with a factor of 20× for s and 20 × 1 min for v (|s| = 0.36 μm, |v| = 0.24 μm min−1 in (b) and |s| =
0.12 μm, |v| = 0.03 μm min−1 in (c)). (d) Circular histogram of the angle, Δφt, between the shape anisotropy and velocity vectors for the migrating and
(e) for the non-migrating platelet. Dark grey histograms represent data of platelets shown in b and c, light grey histograms represent data of all plate-
lets pooled (number of images: n = 481 and n = 111, respectively). (f ) Temporal averages per platelet within a whole image sequence: angle Δφ, (g)
magnitude of the shape anisotropy vector s, (h) magnitude of the velocity vector v, and (i) circularity for migrating and non-migrating platelets. Plots
show average (marker), standard deviation (error bar), data points for individual platelets (dots); number of platelets N = 22 for migrating and 15 for
non-migrating; ** P < 0.01, *** P < 0.001 from Rayleigh test for uniformity (f ) or Student’s t-test (g–i). Also see ESI Videos 2 and 3† for the whole
image sequences of the platelets shown in (a)–(c). Image resolution: (a) and (b) 60 × 60 pixels (200 nm pixel size), (c) 112 × 112 pixels (125 nm pixel
size).
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Fig. 3 Migrating platelets show a characteristic subcellular stiffness distribution. (a) Topography image and (b) elastic modulus map of a migrating
platelet. The blue arrow in a) indicates the velocity vector v. The length of the arrow indicates the vector magnitude (|v| = 0.11 μm min−1) multiplied
with a factor of 20 × 1 min. (c) Stiffening rate (SR) in the direction of migration (indicated by the blue arrow in a)). The black curve indicates the
region of high stiffness (≈50 kPa) in the elastic modulus map in (b). The plots show profiles of height, elastic modulus, and stiffening rate, respect-
ively (location indicated in the images by dotted lines). Also see ESI Video 4 for the whole image sequence.† Image resolution: 64 × 64 pixels
(187.5 nm pixel size).

Fig. 4 Platelet migration is driven by active polymerization of the actin cytoskeleton. (a) Topography image (left), elastic modulus map (center), and
stiffening rate map (right) of a migrating platelet before and (b) after the addition of 2 μM cytochalasin D. The blue arrows indicate the velocity
vectors v. The length of the arrows indicates the vector magnitude multiplied with a factor of 20 × 1 min (|v| = 0.29 μm min−1 in (a) and |v| = 0.07 μm
min−1 in (b)). (c) Time traces of migration velocity, (d) mean elastic modulus, and (e) stiffening rate variation, σSR, before and after the addition of
cytochalasin D. (f ) Elastic modulus and (g) stiffening rate variation for migrating, non-migrating, and cytochalasin D-treated platelets. Plots show
geometric average (marker), geometric standard deviation (error bar), data points (dots); number of cells N = 20 for migrating, 14 for non-migrating,
and 14 for cytochalasin D; * P < 0.05, ** P < 0.01, *** P < 0.001 from Tukey’s range test. Also see ESI Video 5 for the whole image sequence.† Image
resolution: 64 × 64 pixels (218.75 nm pixel size).
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values of up to 5× per minute, showing that the mechanical
properties of the leading edge were subject to highly dynamic
changes.

Actin depolymerization leads to a loss of the subcellular
stiffness distribution

To investigate the role of the actin cytoskeleton, we treated
migrating platelets with the actin polymerization inhibitor
cytochalasin D.37 Before the treatment, a migrating platelet
exhibited the characteristic shape anisotropy, subcellular
stiffness distribution, and stiffening regions at the leading
edge (Fig. 4a, ESI Video 5). Following treatment with 2 µM
cytochalasin D, the platelet retained its polarized shape and
shape anisotropy (Fig. 4b, left). However, the platelet had a
more homogenous stiffness distribution with softer regions
throughout the platelet. The stiff regions and the high stiffen-
ing rate at the leading edge could not be observed anymore
(Fig. 4b, center and right). The migration velocity decreased
from |v| ≈ 0.3 µm min−1 before to |v| ≈ 0.0 µm min−1 after the
addition of cytochalasin D, showing that migration had
stopped after the treatment (Fig. 4c). The average elastic
modulus (Fig. 4d) and the stiffening rate variation (geometric
standard deviation of all pixel values in the stiffening rate
map, Fig. 4e) decreased, indicating an overall softening of the

platelet and the loss of the characteristic subcellular stiffness
distribution, respectively. Note that the decrease in the stiffen-
ing rate variation is mainly caused by the decrease in
migration velocity. On average, the elastic modulus of the
platelets was significantly (P = 2.2 × 10−6) decreased after the
treatment with cytochalasin D (Fig. 4f). Compared to non-
migrating platelets, however, the elastic modulus of migrating
platelets was not significantly different (P = 0.77). The stiffen-
ing rate variation of non-migrating and cytochalasin D-treated
migrating platelets was similar (P = 0.99) and significantly
lower (P = 1.2 × 10−5 and 1.7 × 10−5, respectively) compared to
untreated migrating platelets (Fig. 4g).

Volumetric actin density is increased in the leading edge

To verify that this subcellular distribution is indeed caused by
the actin cytoskeleton, we combined SICM with confocal fluo-
rescence imaging to directly investigate the spatial correlation
between cell stiffness and the actin cytoskeleton. A migrating
platelet was fixed immediately after SICM imaging (Fig. 5a and
b), F-actin was stained using fluorescently labelled phalloidin,
and fluorescence images were recorded (Fig. 5c). Please note
that the imaging duration (120 s for the SICM image) before
the platelet fixation imposed a short effective time delay (on
average 60 s) between the SICM image and the confocal image.

Fig. 5 Cytoskeletal organization in migrating platelets. (a) SICM topography and (b) elastic modulus image of a migrating platelet. The blue arrow in
(a) indicates the velocity vector v. The length of the arrow indicates the vector magnitude (|v| = 0.22 μm min−1) multiplied with a factor of 20 × 1 min.
(c) Confocal fluorescence image of the F-actin cytoskeleton of the platelet in (a) and (b). (d) Volumetric F-actin density calculated as the F-actin flu-
orescence intensity divided by the local height of the platelet. Dashed white curves in (c) and (d) represent the platelet contour from SICM. Green
arrows indicate the leading edge. F-actin was stained using fluorescently labelled phalloidin. (e) Schematic of the platelet mechanics during hapto-
tactic migration. Actin polymerization drives the expansion of the leading edge in the direction of migration, which leads to an increase of the elastic
modulus at the edge. Actin depolymerization leads to a decrease of the elastic modulus towards the lamellipodium. Image resolution: (a) and (b) 42
× 42 pixels (238 nm pixel size), (c) and (d) 880 × 880 pixels (11.4 nm pixel size).
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We then calculated an image of the volumetric F-actin density
(Fig. 5d) by normalizing the F-actin fluorescence intensity by
the local height of the platelet, which allows the accurate deter-
mination of the F-actin content per volume in the platelet. The
platelet exhibited the typical regions with high stiffness at the
leading edge (Fig. 5b, green arrows). These regions of high
stiffness correlated with an increased F-actin fluorescence
intensity (Fig. 5c, green arrows) and an increased volumetric
F-actin density (Fig. 5d, green arrows). Note that the high
F-actin fluorescence intensity in the platelet body is not
present in the height-normalized volumetric F-actin density
map. The volumetric F-actin density in the platelet lamellipo-
dium and body is low and is increased only at the platelet
edges.

Discussion and conclusion

We investigated the topographical and mechanical behavior of
human platelets during migration using SICM. This imaging
technique has proven to be a versatile tool for the morphologi-
cal and mechanical investigation of living platelets.20–22,30,38,39

Here, we provided the first direct mechanical measurements
and the first scanning probe-based images of migrating plate-
lets in vitro. Migrating platelets exhibit a characteristic shape
anisotropy (Fig. 2), showing a polarization of their shape in
the direction of migration. Shape polarization is generally
essential for cell migration.40 The mechanical investigation
showed a similar average elastic modulus for migrating and
for non-migrating platelets. However, migrating platelets had a
characteristic subcellular stiffness distribution with an
increased stiffness at the leading edge (Fig. 3). An increased
membrane tension in the leading edge41 may contribute to
this increased stiffness. A dynamic analysis of the mechanics
at the leading edge revealed a highly dynamic stiffening and
softening process with changes of the elastic modulus by a
factor of up to 5× per minute. These results demonstrate a
huge mechanical influence of the dynamic actin polymeriz-
ation and depolymerization process induced by the Arp2/3
complex in the leading edge in actin-driven cell migration
(Fig. 5e).14,42–44 Accordingly, inhibition of actin polymerization
by cytochalasin D decreased the overall stiffness, eliminated
the stiffening region at the leading edge, and stopped platelet
migration (Fig. 4). Using combined SICM and confocal fluo-
rescence microscopy, we were able to accurately determine the
volumetric F-actin density in the platelet, which is usually not
possible by the sole use of optical methods. We identified
regions of increased volumetric F-actin density at the leading
edge (Fig. 5). The peripheral edge of platelets can generate
high forces,45,46 which may be crucial for mechanical platelet
function including haptotactic migration. Actin-driven
migration is found in many mammalian cells.44,47,48 However,
different types of migration like membrane-driven migration49

have been observed for immune cells,50 which do not require a
strong integrin-ligand connection. Haptotactic platelet
migration goes hand in hand with fibrinogen depletion and

incorporation from the surface, which requires an active con-
tribution of the actin cytoskeleton.13 We identified this contri-
bution as a highly dynamic stiffening and softening processes
in the leading edge (Fig. 5e). Our study thereby provides a
direct connection between haptotactic migration and platelet
mechanics.
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