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Carotenoids improve bacterial tolerance towards
biobutanol through membrane stabilization†

Geraldine W. N. Chia, ab Thomas Seviour, bc

Staffan Kjelleberg bd and Jamie Hinks *b

Microbial butanol production is an important sustainable energy option, but it is economically limited by

poor process performance. Butanol is toxic and damages bacterial cell membranes, requiring cells to

expend energy for survival rather than for butanol production. Here we explore the utility of two polar

carotenoids, lutein (LUT) and zeaxanthin (ZEA), as molecular rivets to mitigate membrane fluidization by

solvents and thus improve butanol tolerance in Escherichia coli. LUT and ZEA formed carotenoid-rich

nanodomains in multilamellar vesicles, at molar ratios of 1 : 9 relative to phospholipids (10 mol%), which

reduced the fluidization effect of 3.5% (v/v) butanol by 62%, as indicated by changes in generalized

polarization values of the membrane fluidity probe, Laurdan. Additionally, membrane penetration of butanol

was 38% lower in the same test system. In carotenoid-treated E. coli, butanol-induced membrane damage,

determined by propidium iodide, decreased by up to 30%. Additionally, E. coli treated with both LUT and

ZEA achieved a two-log increase in cell viability upon acute butanol exposure of 3.5% (v/v), compared to

untreated cells. This is the first time that carotenoids have been used to fortify cellular membranes and

reduce biomass loss due to butanol, thereby revealing a potential biotechnological application for

carotenoids to improve the economics of microbial butanol production.

Introduction

Liquid biofuels are compatible with current energy
infrastructure, positioning microbial butanol production as
an important source of renewable energy.1 Currently, ethanol

is the most highly produced biofuel, reflecting the availability
of mature yeast fermentation technology. However, ethanol's
miscibility with water means that its recovery is energy
intensive.2 Conversely, butanol is an alternative biofuel that can be
produced via microbial fermentation, it does not mix well with
water and has a higher energy density as compared with
ethanol.2

Although it is a promising next-generation biofuel,
butanol is a poor economic proposition when directly
compared to ethanol,2 which poses a barrier to its widespread use
as a sustainable fuel. The production costs of butanol are
inversely related to the solvent yields of microbial production
as well as production titers.3 One strategy to increase solvent
yields would be to prolong the lifespan of the fermentative
microorganisms by reducing biomass loss that is a result of
end-product toxicity. Approaches that additionally increase
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Environmental significance

Advanced biofuels have a place in sustainable energy infrastructure because they offset the life cycle carbon footprint of conventional fossil fuels while
at the same time achieving waste valorization. The widespread adaptation of advanced biofuels such as biobutanol is complicated by marginal economics and
sensitivity to oil price fluctuations. Process improvements aimed at increasing biobutanol yields are an active area of study. We present a fundamental
biophysical study showing that carotenoids have the potential to improve microbial membrane tolerance to butanol and potentially improve yields. 8.5
million tonnes of carotenoid rich tomato pomace is produced annually which has no commercial value. We reason that carotenoid rich waste
streams would make ideal, dual-use feedstock that simultaneously provide process improvement additives as well as a source of biomass. This work
sets the scene for such bioprocess investigations and is the first step on a journey towards achieving economical biobutanol production.
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production titres above that of natural producers (≈3% (v/v)
butanol) are also desirable. Both intra and extracellular
butanol are toxic to the producing organism. While
microorganisms can be genetically engineered with efflux
pumps to actively export butanol from the cells,4 their cellular
membranes will still be disrupted by extracellular butanol.

Mechanistically, butanol readily partitions itself into the
phospholipid bilayer of the membrane and increases the
disorder in the hydrophobic tails of the phospholipids.5 The
disordering effect causes the membrane to deviate from
optimum fluidity. Consequently, other metabolic functions
are inhibited, which is detrimental to both cell survival and
bioproduction.6 Strategies that enable tolerance to
extracellular butanol stresses are thus required to preserve
biomass in microbial production bioprocesses.

Manipulation of the cell membrane composition is a
common approach to increase microbial solvent tolerance,
and can be achieved through genetic engineering,7 for
example through increasing the proportion of saturated
hydrocarbon tails of phospholipids to reduce membrane
fluidity.8 Microbial membrane fluidity can also be influenced
by the presence of molecules that intercalate the membrane.
An example being the class of molecules known as
carotenoids that modulate the fluidity of heat-exposed
membranes9,10 by influencing the motional freedom of
phospholipid tails.11 The eight repeating isoprene units in
carotenoids provide a highly rigid and hydrophobic
molecular framework that is terminated by an ionone ring at
each end of the molecule. Polar carotenoids are characterized
by the presence of hydroxyl, keto- or epoxide functionalities
on the ionone rings whose polar surface area allows the
perpendicular orientation of the molecules with respect to
the membrane surface (Fig. 1). Notably, polar carotenoids
only increase the rigidity of membranes that are in the fluid
phase.12–14 Hence, they act as rivets to increase the rigidity of
the lipid bilayer.12,15,16 Conceptually, membranes that
comprise polar carotenoids should be less prone to
fluidization under butanol stress.

We hypothesize that the supplementation of carotenoids as
chemical additives to cell cultures would be an environmentally
friendly, materials-based approach to biological strain
improvement in microbial biofuel production.17–19 Herein, we
begin by applying a systematic biophysical approach to study the
effects of two polar carotenoids, lutein and zeaxanthin, on a
prokaryotic lipid model system (multilamellar vesicles, MLVs)
consisting of phosphatidylethanolamine (PE) and
phosphatidylglycerol (PG) (Fig. 1). In addition, we aimed to
extend these biophysical studies on model Gram-negative
microbial membranes to proof-of-concept validation studies on
live bacteria. For this we used Gram-negative microorganism,
Escherichia coli which is a workhorse for biotechnology and
common candidate for genetic modification. We showed that
the incidental nano-aggregation of polar carotenoids mitigate
butanol-induced fluidization of the bacterial membrane, thereby
increasing the membrane tolerance and the survivability of E.
coli against butanol challenge. To the best of our knowledge, this

is the first systematic study of carotenoid–membrane
interactions deploying a binary lipid model (i.e. PE and PG) that
is representative of bacterial membranes. It is also the first study
to describe the interaction of carotenoid nanodomains with
cellular membranes, to tackle the challenge of increasing
microbial membrane tolerance towards butanol.

Experimental
Chemicals

Carotenoids were obtained from Carbosynth (United Kingdom)
at 88% purity for lutein and 95% purity for zeaxanthin. Stock
solutions of carotenoids were prepared in dimethyl sulfoxide
(DMSO) at 1 mg mL−1 for use in bacterial20 systems but at 5 mg
mL−1 in chloroform for use with multilamellar vesicles.
Synthetic phospholipids, 1-palmitoyl-2-oleoyl-sn-glycero-3-
phosphoethanolamine (POPE) and 1-palmitoyl-2-oleoyl-sn-
glycero-3-phospho-(1′-rac-glycerol) (POPG) were obtained,
ready for use, from Avanti Polar Lipids, in 25 mg mL−1

chloroform stock solutions. Propidium iodide (PI) was
obtained from ThermoFisher Scientific, as a component of
the LIVE/DEAD® BacLight Bacterial Viability kit. Laurdan,
Prodan and solvents used in this study (butanol, pentanol,
methanol, ethanol chloroform and DMSO) were purchased
from Sigma-Aldrich. Stock solutions of Laurdan and Prodan
were maintained in methanol at 2.83 mM. A 10X stock
solution of phosphate buffer solution (PBS) was prepared
as follow: 25.6 g Na2HPO4·7H2O, 80 g NaCl, 2 g KCl and 2
g KH2PO4 in 1 L distilled water, and diluted before use
(pH 7.2). All experiments with synthetic liposomes were
carried out using the aqueous buffer comprising 10 mM
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid and 100
mM NaCl (HEPES) (pH 7.2).

Multilamellar vesicle (MLV) stock preparation

Chloroform stock solutions of carotenoids, POPE and POPG
were mixed in appropriate volumes to achieve desired
concentrations of 0.5, 1, 2.5, 5 and 10 mol% carotenoid in a
PE : PG mix of 85 : 15.5,21 Chloroform was evaporated from
the mixture under a stream of nitrogen and subsequently
kept under vacuum for at least 4 h before rehydration.22 The
dried films were rehydrated with HEPES at 37 °C to form
PEPG multilamellar vesicles (PEPG MLVs) at a stock
concentration of 2 mg mL−1. The aqueous mixtures were then
stirred continuously on a magnetic stir plate at 37 °C ± 2 °C
for 2 h. At least two stock samples of each concentration were
prepared and were used as independent replicates in the DSC
measurements and fluidity assays.

Bacterial strains and growth conditions

E. coli K12 (ATCC 10798) was maintained on Lysogeny Broth (LB,
Lennox) agar. For culture, single colonies were inoculated into
LB and incubated at 37 °C overnight. Mid-log cultures were
obtained by inoculating 100 μL of overnight E. coli cultures
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(100X dilution) into 10 mL of fresh LB, and incubated for 4 h at
37 °C. Cells that needed to be harvested for washing with
PBS, were centrifuged at 12000g for 10 min. Experimental
monitoring of E. coli growth curves was performed as follows:
mid log cultures were diluted 100X into fresh LB, 200 μL of
the diluted culture was transferred to clear 96-well microtiter

plates (Nunc™) and growth was monitored at 600 nm every
15 min, over 18 h at 37 °C in a M200 TECAN plate reader. For
all carotenoid-supplemented experiments with E. coli
(including the growth measurements), the final working
concentration of carotenoids supplemented was 10 μg mL−1.
As the carotenoids were sequentially diluted from their DMSO

Fig. 1 Schematic model of the membrane intercalation of polar carotenoids and the localization of two membrane probes, Laurdan and Prodan.
A model prokaryotic phospholipid bilayer comprising representative bacterial lipids 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanolamine
(POPE) and 1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-(1′-rac-glycerol) (POPG). The carotenoids, LUT and ZEA, generally span the lipid bilayer.
Prodan only associates within the hydrophilic (headgroup) region, while Laurdan associates more dominantly in the hydrophobic (acyl chain)
region. Highlighted in red are the functional groups on phospholipids, carotenoids and water that can form hydrogen bonds with each other. The
nano-aggregation of carotenoids increases membrane rigidity relative to their individual counterparts.
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stocks, treated cultures contained approximately 6.25% (v/v)
of DMSO in the final solution. Control samples were
spiked to achieve the same DMSO content and monitored
as above.

Differential scanning calorimetry (DSC)

DSC thermograms were obtained through measurements
using a Nano DSC TA instrument. MLVs were diluted 1 : 1
with HEPES buffer, from their stocks to a final MLV
concentration of 1 mg mL−1 prior to DSC experiments. For
butanol challenge experiments, MLVs were diluted 1 : 1 with
HEPES buffer that contained butanol at 2X the test
concentration of either 1, 2 or 3% (v/v). The scans were
carried out at the temperature range of 3–40 °C with a ramp
rate of 1 °C min−1, in both heating and cooling directions.5

Samples were equilibrated for 300 seconds after each heating
and cooling scan in all experiments. Two independent DSC
experiments were carried out for each type of MLV and at
each butanol concentration. Baseline subtraction from the
blank buffers and estimation of thermodynamic parameters
(Tm, ΔH and ΔS) were carried out in NanoAnalyzer. Molar
heat capacity (Cp) was determined as the maximum value of
the main phase transition peaks in each thermogram (Fig.
S1A†). Full width at half maximum (FWHM) was estimated as
the difference between T1 and T2, where T1 and T2 are two
distinct temperatures at which the molar heat capacity
measured is half that of Cp (Fig. S1A†). The linear fitting of
ΔTm against butanol concentration (CB) was first carried out
in OriginPro 9.0, with the line passing through origin. The
slope of the line was then used to estimate Kp based on the
expression in the parenthesis found in eqn (2).23 Statistical
analysis using the Student's t-test was carried out in
OriginPro. 9.0.

ΔTm = Tm,x% − Tm,0% (1)

ΔTm ¼ −RT2
m;0%

ΔHm;0%

Kp

CW þ KpCL

� �
CB (2)

Tm,x% refers to the phase transition temperature (K) at the

respective x butanol concentration (%), R is the gas
constant (8.314 J mol−1), ΔHm,0% refers to the enthalpy
change (J mol−1) that is calculated from the area under the
peak in the thermogram at 0% butanol condition, Kp is the
partitioning ratio of butanol, CB refers to the concentration
of butanol (M), CL refers to the concentration of liposome
used (0.00138 M for control vesicles and 0.00141 M for
carotenoid carrying vesicles) and CW is the concentration of
water at 55.5 M.

Membrane fluidity assay

Fluorescent membrane probes, Laurdan and Prodan, were used
to report the effects of carotenoids and butanol on membrane
polarity and fluidity at different regions of the membrane.

Generalized polarization (GP) values were calculated as
described by Parasassi (1998)24,39 (eqn (3) and (4)).

GPLaurdan ¼ I440 − I490
I440 þ I490

(3)

GPProdan ¼ I420 − I480
I420 þ I480

(4)

where I refers to the fluorescence intensity measured at the
respective wavelength (nm) denoted in subscript.

The extent to which butanol fluidizes the lipid bilayer was
also quantified by calculating the difference in GP values
between x% butanol and 0% butanol (i.e. the control) for
each type of MLV based on eqn (5).

ΔGP = GPx% − GP0% (5)

where x refers to the respective butanol concentration (%).
MLV stock solutions were diluted to 1 mg mL−1 with

HEPES buffer and then stained with 28 μM of either Laurdan
or Prodan dye. Aliquots (100 μL) of the stained MLVs were
transferred to the wells of a 96-well black plate with clear
glass bottom (Corning®), and added to 100 μL of buffer
containing solvent (butanol or pentanol), at 2X of the target
concentration. The plate was then incubated in a M200
TECAN plate reader at 37 °C for one hour to achieve a
homogenous temperature, before fluorescence measurements
from 400 to 600 nm were performed. GP values were then
calculated based on eqn (3) and (4) above for Laurdan and
Prodan respectively,24 and the raw GP values were normalized
against the control within each set of experiments. Statistical
analysis using the Student's t-test was carried out in
OriginPro. 9.0.

Carotenoid uptake determination

To determine the carotenoid carrying capacity of E. coli, we
titrated biomass by varying the optical density (OD600) of a
culture of E. coli against a fixed carotenoid concentration (10
μg mL−1). Mid log E. coli cultures were first harvested after
two washes with PBS and then adjusted to an optical density
(OD600) of 2, and diluted accordingly where necessary with
PBS to 2X of the final OD600 to be tested (0.0625, 0.125, 0.5
and 1). Tubes that contain the same volume of only PBS
(without any cells) were used as control. Carotenoids were
then added at a final concentration of 10 μg mL−1 and
incubated on bench for half an hour. After which, the cells
were spun down and washed with PBS. Carotenoids that had
been taken up into the cells were then extracted using
procedures reported previously.25 Briefly, the cell pellet was
resuspended in 100% methanol and heated at 85 °C for 20
min. Methanol extracts (200 μL) were then transferred to 96-
well microtiter plates and their absorbance intensity at 450
nm determined using the M200 TECAN plate reader. The
concentration of carotenoids in the methanol extract was
then estimated based on a calibration curve with carotenoids
(0.125–20 μg mL−1) in methanol (Fig. S5†).
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Membrane damage assessment

Overnight cultures of E. coli were harvested and washed twice
with PBS before adjusting the cell density to OD 1. The
washed cell culture was then treated with carotenoids for one
hour, before being challenged with butanol at 0, 0.6, 1.2, 1.8,
2.4 and 3.5% (v/v) for 15 min. The cells were then washed
with PBS twice, followed by resuspension in PBS. The
turbidity of the challenged cells was then normalized to
OD600 = 0.02. An aliquot (100 μL) of the normalized cultures
was then transferred to a blank 96-well microtiter plate and
stained with propidium iodide (PI) at a final working
concentration of 10 μM. The fluorescence intensity of PI was
determined from 550–800 nm (λex = 465 nm), in a M200
TECAN plate reader. The change in fluorescence intensity at
630 nm (ΔI630) was calculated for butanol challenged cells,
based on eqn (6) below. Statistical analysis using the
Student's t-test was carried out in OriginPro. 9.0.

ΔI630 = I630,x% − I630,0% (6)

Acute butanol challenge

Mid log E. coli cultures were harvested after two washes
with fresh LB. The washed culture was first adjusted to an
optical density (OD) of 2 and then added to an equal
volume of LB media that contained carotenoids at 2X of the
final working concentration. The treatment was carried out
at room temperature for 1 h. After which, the cells were
challenged with 0% or 3.5% butanol, in a 96-well microtiter
plate for 30 min before colony forming units (CFU) were
enumerated on LB agar plates The acute challenge of 3.5%
(v/v) butanol applied here simulates extreme butanol
challenge above that of natural butanol producers, i.e.
reflecting conditions which might be found in economically
viable, advanced biobutanol production process.

Results and discussion
Carotenoid nano-aggregation decreases hydrophobic
interactions between acyl chains of phospholipids

Peak broadening in the differential scanning calorimetry
(DSC) thermograms was observed in the gel-to-liquid
crystalline phase transition peak for MLVs containing lutein
(LUT–MLVs) and zeaxanthin (ZEA–MLVs) (Fig. 2A and B).
The extent of peak broadening is proportionate to the molar
concentration of carotenoids (see full width at half
maximum (FWHM) values in Table S1†). Furthermore, the
apparent molar heat capacity (Cp) decreases non-linearly as
a function of carotenoid concentration (Fig. 2C). This
contrasts with the linear trend of non-polar carotenoids (i.e.
beta-carotene and carotene), which has been shown in an
earlier study with phosphatidylcholine in the same
concentration regime,22 and that is likely due to the
random association of non-polar carotenoids in the

hydrophobic region of the bilayer as they do not assume
specific orientations or aggregations.22,26,27 These changes
in membrane thermodynamics suggest that LUT and ZEA
aggregate within the lipid bilayer and the extent of
aggregation is dependent on carotenoid
concentration.17,22,27–31

Further, MLVs that contain 0.5 mol% carotenoids
exhibited similar melting temperatures (Tm), as well as other
basic thermodynamic parameters (ΔH and ΔS), as compared
to control MLVs (Fig. 2D, S1C and D†). This suggests that, at
low concentrations, carotenoids adopt a monomeric
organization in the MLVs such that the interactions between
neighbouring acyl tails are not disrupted extensively.28,31 On
the other hand, carotenoids at 10 mol% were observed to
perturb the lipid bilayer the most, as indicated by the
greatest reduction in Tm, where it decreased by approximately
1 °C for both 10 mol% LUT–MLVs (Tm = 20.6 °C (±0.1), p <

0.05) and ZEA–MLVs (Tm = 20.8 °C (±0.3), p < 0.05) (Fig. 2D).
This indicates that the cooperative melting of the acyl tails is
substantially weaker in these MLVs, compared to control
MLVs. We infer that the molecular aggregation observed at
high carotenoid concentrations promotes the formation of
carotenoid-rich domains within the lipid bilayer, where the
Van de Waals and hydrophobic interactions between acyl
tails and carotenoids are likely to be more dominant than
interactions between neighboring acyl tails.30,32 These
carotenoid-rich nanodomains in MLVs are instrumental in
modulating membrane thermodynamics, which is parallel to
lipid nanodomains in biological membranes, that are
functional for facilitating membrane-associated cellular
processes.33,34

Polar carotenoids decrease fluidity and water permeability of
the hydrophobic regions in lipid bilayers

Membrane fluidity was probed at different regions of the
lipid bilayer using Prodan and Laurdan, where Prodan probes
at the headgroups (hydrophilic region) and Laurdan probes
at the hydrophobic region given its longer hydrocarbon chain
(Fig. 1).24,35 Based on the Tm of all PEPG MLVs used in this
study (Fig. 2C), the MLVs existed in their liquid-crystalline
phases during the membrane fluidity assay, which was
carried out at a uniform temperature of 37 °C. Thus, any
changes in membrane fluidity may be directly attributed to
the presence of the carotenoids within the lipid bilayer rather
than a gel-to-liquid crystalline phase change of the
phospholipids. Notably, the fluorescence intensity of Laurdan
and Prodan decreased in the presence of carotenoids in LUT–
MLVs and ZEA-LUVs (Fig. 3A–D). This is likely due to the
highly conjugated carotenoid backbones quenching the
fluorescence emission from the probes, which further
suggests that both the probes and carotenoids are in close
proximity in the membrane.9,36 The presence of carotenoids
may also have hindered partitioning of the probes into the
membranes.37,38 Nonetheless, the general spectral
characteristics of the liposomes are still preserved and can be
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used to determine generalized polarization (GP) of the
liposomes, where higher GP values are indicative of lower
membrane polarity and lower membrane fluidity.24,39

In probing the hydrophobic region, both LUT–MLVs and
ZEA–MLVs were observed to have consistently higher
Laurdan GP values than control MLVs at all carotenoid
concentrations (Fig. 3E). The decrease in membrane fluidity
at the hydrophobic region by LUT and ZEA is likely due to
restrictions on molecular motion of the acyl tails as
carotenoids interact with the acyl tails via Van de Waals and
hydrophobic interations.16,30,32 In probing the hydrophilic
region, both LUT–MLVs and ZEA–MLVs were also observed to
have higher Prodan GP values than control MLVs at all
carotenoid concentrations except at 10 mol% (Fig. 3F).
Because the hydroxyl groups on carotenoids interact with the
carbonyl or phosphate groups in the phospholipids, the
membrane insertion of carotenoids at high concentrations

likely reduces the tight packing between the headgroups of
the phospholipids.12,15 The lower GP values recorded for
MLVs that carry 10 mol% carotenoids, compared to control
MLVs, also suggest that they are characterized by a more
hydrated hydrophilic region. However, the water molecules
likely remain in that region because the polarity of the
hydrophobic region remains low in these MLVs, compared to
the control MLVs. This is evidenced by the lower Laurdan GP
values in Fig. 3E, which also suggests that the membrane
permeability to water in the hydrophobic region decreases,
especially when carotenoids are present in high
concentrations.37,38

Notably, the increase in membrane fluidity and polarity
at the hydrophilic region is substantially greater for LUT–
MLVs than ZEA–MLVs and the structural differences
between the two carotenoids may explain this
observation.22,28–30 The ε-ring of lutein provides greater

Fig. 2 Aggregation at 10 mol% (high carotenoid concentration) substantially influences thermodynamic properties of PEPG MLVs. Differential
scanning calorimetry (DSC) cooling thermograms of PEPG MLVs that comprise different molar concentrations of LUT (A) and ZEA (B) from 0 to 10
mol% (average of two independent replicates). The x-axis has been scaled from 17–25 °C (for a representative raw thermogram, see Fig. S1B†). Plot
of molar heat capacity (Cp, kJ mol−1 K−1) (C) and phase transition temperature (Tm, °C) (D) as a function of carotenoid concentration (mol%). **
indicates p value that is less than 0.05 (Student's t-test).
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rotational freedom, which can facilitate both parallel and
perpendicular molecular orientations, with respect to the
membrane surface, in the lipid bilayer (Fig. 1).28,29,40–42

Because of the motional freedom of the ε-ring, lutein can
form hydrogen bonds with surrounding water molecules, in
addition to the phospholipid headgroups. The higher

Fig. 3 Carotenoids decrease membrane fluidity in the hydrophobic regions but increase membrane fluidity in the hydrophilic regions.
Fluorescence emission spectrum (λex = 350 nm) of Laurdan in PEPG MLVs containing different molar concentrations of LUT (A) and ZEA (B).
Fluorescence emission spectrum (λex = 350 nm) of Prodan in PEPG MLVs containing different molar concentrations of LUT (C) and
ZEA (D). Generalized polarization (GP) calculated for Laurdan (E) and Prodan (F) as a function of carotenoid concentration.
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affinity for water is supported by previous in silico
simulations that showed the formation of hydrogen bonds
between lutein hydroxyl groups and water molecules in the

bulk aqueous phase.40,41 Hence, the parallel orientation of
lutein may have promoted greater hydration of the
hydrophilic region of LUT–MLVs.

Fig. 4 High carotenoid concentrations attenuate butanol-induced membrane fluidization. Generalized polarization (GP) measured using Laurdan
for control MLVs, 0.5 mol% LUT–MLVs and ZEA–MLVs (A), and 10 mol% LUT–MLVs and ZEA–MLVs (B) that were challenged with butanol up to 3.5%
(v/v). (C) Difference in GP values for Laurdan between control MLVs and LUT–MLVs or ZEA–MLVs at all butanol concentrations. GP measured using
Prodan for control MLVs, 0.5 mol% LUT–MLVs and ZEA–MLVs (D), and 10 mol% LUT–MLVs and ZEA–MLVs (E) that were challenged with butanol up
to 3.5% (v/v). (F) Difference in GP values for Prodan between control MLVs and LUT–MLVs or ZEA–MLVs at all butanol concentrations. n.s. indicates
not significant, ** indicates p value that is less than 0.05 and *** indicates p value that is less than 0.005 (Student's t-test).
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Carotenoid-aggregation reduces butanol-induced fluidization
of hydrophobic region in lipid bilayers

A concentration dependent red shift in the fluorescence
emission spectra was observed for Laurdan and Prodan in
control PEPG MLVs that were exposed to butanol (0–3.5% (v/
v)) (Fig. S2†). The red shift was also observed with MLVs that
were infused with either 0.5 mol% or 10 mol% carotenoids,
which represent conditions where carotenoids are dispersed
or aggregated respectively (see earlier discussion of Fig. 2). In
all MLVs, the Laurdan GP values decreased as a function of
increasing butanol concentration, reflecting the expected
increase in membrane polarity and membrane fluidity in the
hydrophobic region of the MLVs due to butanol. However,
LUT–MLVs and ZEA–MLVs still recorded higher Laurdan GP
values than control MLVs at each butanol concentration
(Fig. 4A and B), indicating that the rigidity conferred by
lutein and zeaxanthin is not lost in the presence of butanol.

The extent of membrane fluidization by butanol can be
determined as the difference in GP relative to the control
(ΔGP, eqn (5)) at each butanol concentration. At 3.5% (v/v)
butanol, ΔGP (Laurdan) was found to be 0.55 (±0.09), 0.63
(±0.02) and 0.56 (±0.05) for control MLVs, 0.5% mol LUT–
MLVs and 0.5 mol% ZEA–MLVs, respectively. There is no
significant difference in ΔGP between control MLVs and
MLVs that carry 0.5 mol% carotenoids (p > 0.2), which
implies that the fluidizing effect of butanol in the
hydrophobic region is similar across these MLVs. The same
observations were also made for the MLVs challenged with
other butanol concentrations (Fig. 4C). For both 10 mol%
LUT–MLVs and ZEA–MLVs, ΔGP (Laurdan) was 0.21 (±0.15) at
3.5% butanol, which is significantly lower than that of the
control (p < 0.005) and reflects a 63% decrease in the
membrane fluidization effects at this butanol concentration,
compared to the control (ΔGP (Laurdan) = 0.55 (±0.09)). The
ΔGP values for 10 mol% LUT–MLVs and ZEA–MLVs were also
significantly lower than control MLVs at 0.9% (p < 0.005
for both LUT- and ZEA–MLVs) and 1.8% (v/v) butanol
(Fig. 4C) (p < 0.005 for LUT–MLVs and p < 0.05 for ZEA–
MLVs). These results suggest that 0.5 mol% LUT–MLVs and
ZEA–MLVs are still subjected to the same butanol stress as
control MLVs, despite the presence of low carotenoid
concentration. Conversely, carotenoids at high
concentrations provide rigidity to the MLVs12,15,16 and even
decreases the extent to which butanol can fluidize the
hydrophobic region of the MLVs. The latter demonstrates a
true attenuation of membrane fluidization that is likely
attributed to the formation of carotenoid nanodomains.

Butanol was also observed to fluidize the hydrophilic
region of the membrane, as indicated by the decrease in
Prodan GP values with increasing butanol concentrations for
all MLVs (Fig. 4D and E). There is also no substantial
difference in ΔGP (Prodan) between control MLVs and MLVs
that carry 0.5 mol% carotenoids (Fig. 4F), which implies that
the fluidizing effect of butanol in the hydrophilic region is
similar across these MLVs. At 3.5% (v/v) butanol, ΔGP

(Prodan) was found to be 0.52 (±0.18), 0.40 (±0.13) and 0.44
(±0.04) for control MLVs, 10% mol LUT–MLVs and 10 mol%
ZEA–MLVs, respectively. The presence of high carotenoid
concentration resulted in an average of 20% decrease in the
fluidization effects of 3.5% butanol at the hydrophilic region,
compared to control. The attenuation effect by 10 mol%
carotenoid is more prominent in the hydrophobic region
(−63%), compared to the hydrophilic region (−20%). We
further validated the generality of these observations by
repeating these experiments with pentanol which also causes
membrane fluidization.43 For this, we observed similar
results (Fig. S3†), suggesting that the attenuation of
membrane fluidization by carotenoids is independent of the
solvents.

Nano-aggregation of carotenoids reduces partitioning of
butanol into lipid bilayers

We further examined the disordering effect of butanol by
comparing the Tm values, obtained from DSC measurements,
between unchallenged MLVs (i.e. 0% butanol) and butanol
challenged MLVs (1–3% (v/v) butanol) (ΔTm – eqn (1)) (Fig.
S4† and 5). Across all MLVs, ΔTm increased as a function of
butanol concentration, indicative of increasing acyl tail
disorder at higher butanol concentrations (Table S2†).5 From
the linear fit of ΔTm against butanol concentrations, we
estimated the apparent butanol partitioning coefficient (Kp)
for all the MLVs in this study (Table 1). The degree of butanol
partitioning was similar for control MLVs, 0.5 mol% LUT–
MLVs and ZEA–MLVs, while the butanol partitioning was
approximately 38% lower in both 10 mol% LUT–MLVs and
ZEA–MLVs. This concurs with our earlier observations that
water permeability into the hydrophobic region of the
membrane was reduced in 10 mol% LUT–MLVs and ZEA–
MLVs (Fig. 4C).37,38 The additional 38% of butanol molecules

Fig. 5 Butanol disorders acyl tails in MLVs and high carotenoid
concentrations mitigate the disordering effects. Change in molar heat
capacity at Tm as measured by DSC in control MLVs, LUT- and ZEA–
MLVs that contain either 0.5 mol% or 10 mol% carotenoids.
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that does not permeate a carotenoid-rich membrane likely
remains as extracellular butanol, which can be recovered
thereby increasing production yields.

The number of butanol molecules that partition into the
membrane is dependent on the thermodynamic properties (Tm,0

and ΔHm,0) of the membrane (Table S3†), which is in turn
influenced by the physical state of the membrane. The presence
of carotenoid-rich domains in the 10 mol% LUT–MLVs and
ZEA–MLVs likely pose as a permeability barrier towards
butanol,37,38 and consequently membrane fluidization by
butanol is reduced (Fig. 4C). Therefore, these findings ascribe a
fortification functionality to the carotenoid-rich nanodomains.33

Carotenoids increase membrane tolerance in cells upon
acute butanol shock

We next supplemented E. coli K12 with lutein and zeaxanthin
to examine if the proposed structural functions remain valid
in live cells. A maximum carotenoid uptake of 80% was
observed at an optical density (OD600) of 0.5, which translates
to approximately 8 μg mL−1 of carotenoids (Fig. 6A). The inset
in Fig. 6A shows the cell pellet of control cultures, and
cultures that were treated with either lutein or zeaxanthin.
The intense orange color of the cell pellets suggests
carotenoid uptake into the cells. Although it was not within
the research scope of this study, it should be noted that the
precise location and orientation of carotenoids cannot be
determined using the techniques deployed here and further
studies deploying, for example, electron paramagnetic
resonance (EPR)15 would be required to further support our
observations on the membrane intercalation of carotenoids.

Importantly, both lutein and zeaxanthin are biocompatible
with E. coli K12, despite it being non-carotenogenic, as 10 μg
mL−1 of carotenoids were not inhibitory to the growth of the
bacteria in the absence of butanol (Fig. 6B).

Propidium iodide (PI) binding to intracellular nucleic
acids was used to indicate membrane damage by butanol.44

PI can penetrate cells through compromised cellular
membranes and only emits a large fluorescence signal when
bound to the nucleic acids of damaged cells.44 The absence
of a fluorescence quenching effect by carotenoids in the case
with PI, as opposed to the phenomenon observed with
Prodan and Laurdan in MLVs (Fig. 2A–D), suggests that the
carotenoids are not in close proximity to PI to quench its
fluorescence emission,9,36 and provides evidence that the
carotenoids reside within the membranes of live cells and
not within the cytoplasm where PI is expected to accumulate.

Control cells exposed to butanol displayed an increased PI
fluorescence emission (Fig. S6†), indicating cell membrane
damage by butanol. To quantify the extent of cellular
membrane damage by butanol, we calculated the difference
in PI fluorescence emission at 630 nm (ΔI630) between
unchallenged cells (i.e. 0% butanol) and butanol-challenged
cells (eqn (6)). Higher ΔI630 values indicate a greater extent of
membrane damage because of butanol exposure. At 3.5% (v/
v) butanol, ΔI630 was 1160 (±47), 1070 (±5) and 793 (±62) for
control cells, LUT- and ZEA-treated cells, respectively
(Fig. 6C). Accordingly, LUT and ZEA reduced membrane
damage that resulted from 3.5% (v/v) butanol, by 7% and
30% respectively. This suggests that the carotenoids can also
mitigate butanol-induced membrane damage in living
bacterial cells, similar to observations in the model lipid
system.

For cells that were exposed to 3.5% (v/v) of butanol, there
was approximately a three-log reduction in the survival rate
for the control cells while for LUT- and ZEA-treated cells,
there was only a one-log reduction (Fig. 6D). Supported by
our earlier findings in MLVs (Fig. 4 and S4†), we propose that
the attenuation of membrane damage by carotenoids
increases solvent tolerance of cellular membranes, which
allows for the higher survivability of the treated cells upon
acute butanol exposure. Membrane fluidization is an
immediate consequence when a living cell is exposed to
butanol,5 although the toxic effects of butanol are usually
multi-faceted especially over long periods of time with
solvent exposure.43,45,46 As far as our investigations have
indicated, carotenoids primarily only address the initial
disrupting effects that butanol has on the structural integrity
of the cellular membrane. The acute challenge was designed to
assess the potential of carotenoids to mitigate extreme membrane
damage and provide the rationale for employing carotenoids to
fortify membranes as a strain improvement strategy.

Feasibility

Although yeast-generated bioethanol is well established, the
recovery process of ethanol is energy intensive as ethanol is
highly miscible in water. The microbial production of
butanol more readily meets the requirements of a bioprocess
that can be designed for energy efficiency, with the
additional benefit that butanol is also an ideal drop-in
biofuel.2 However, the economic potential of butanol is
significantly limited by end-product toxicity. Accordingly, we
explored the potential for carotenoids to increase membrane
tolerance of butanol and demonstrated the potential for a
two-log improvement in cell viability, equivalent to a 1%
increase in cell survival. This complements current process
enhancement strategies to achieve high cell density, which
increases fermentation productivity in reactors (e.g.
immobilizing cells to a solid substrate support improved
yields by 47%).47 Assuming a linear correlation between
biomass and solvent production, this means a corresponding
1% increase in butanol yield will result in concomitant 1%

Table 1 Apparent Kp for control MLVs, LUT–MLVs and ZEA–MLVs

MLV [Carotenoid]/% mol Kp (×103)

Control — 12.2 (±1.1)
Lutein 0.5 12.5 (±0.2)
Lutein 10 7.53 (±3.63)
Zeaxanthin 0.5 12.7 (±0.7)
Zeaxanthin 10 7.49 (±2.93)

Environmental Science: Nano Paper

O
pe

n 
A

cc
es

s 
A

rt
ic

le
. P

ub
lis

he
d 

on
 0

6 
Ja

nu
ar

y 
20

21
. D

ow
nl

oa
de

d 
on

 6
/2

7/
20

24
 6

:3
0:

32
 A

M
. 

 T
hi

s 
ar

tic
le

 is
 li

ce
ns

ed
 u

nd
er

 a
 C

re
at

iv
e 

C
om

m
on

s 
A

ttr
ib

ut
io

n 
3.

0 
U

np
or

te
d 

L
ic

en
ce

.
View Article Online

http://creativecommons.org/licenses/by/3.0/
http://creativecommons.org/licenses/by/3.0/
https://doi.org/10.1039/d0en00983k


338 | Environ. Sci.: Nano, 2021, 8, 328–341 This journal is © The Royal Society of Chemistry 2021

decrease in production costs. For a production plant with an
annual output of 1.21 × 105 metric tons butanol, this could
result in a very substantial cost saving of more than $660 K
per year.3 Hence, the biotechnological application of
carotenoids has the potential to boost the economic
competitiveness of microbial butanol production, in the
effort to sustainably meet fuel demands.

In contrast to similar efforts using synthetic molecules to
fortify bacterial membranes, the reliance on carotenoids is
consistent with the principles of green chemistry because
carotenoids are naturally occurring and mainly originate from
plants (i.e., renewable sources). Moreover, plant-based
feedstocks are feasible options for microbial butanol
production.1,48 An estimate of 0.1 kg m−3 of carotenoids is
required to achieve 10 mol% carotenoid concentration in E. coli,
in which the lipid content is approximately 10% of the cell
biomass.49 This is operationally achievable, especially when the

sources of carotenoids are carotenoid-rich food waste. For
example, tomato pomace, which has no commercial value, has
been shown to contain around 140 mg kg−1 of carotenoids.50

Hence, such plant-based feedstock double up as both the
substrate for utilization, and a source of carotenoid
supplement.48 This dual utility thereby maximizes the
molecular economy of the feedstock. Research into the
feasibility of such bioprocess designs should be a priority either
with native or engineered butanol producing strains.

Conclusions

In summary, we report the utilization of carotenoids to
mitigate butanol-induced fluidization of lipid bilayers. Our
biophysical findings suggest that carotenoids can reduce
butanol permeation through the membrane, and decrease the
membrane disordering and fluidizing effects of butanol.37,38

Fig. 6 Polar carotenoids reduce membrane damage by butanol and increase survival of E. coli upon butanol shock. (A) Cellular uptake of LUT and
ZEA in E. coli as a function of optical cell density. Inset: Images of cell pellets after centrifugation of control cells, cells treated with LUT and ZEA.
(B) Growth curve of control cells, cells treated with 10 μg mL−1 LUT and ZEA. (C) Membrane damage as a function of butanol in control and 10 μg
mL−1 LUT- and ZEA-treated cells (n = 3, p < 0.05 for LUT- and ZEA-treated cells at 3.5% (v/v), butanol and for LUT-treated cells as 1.2% (v/v)
butanol and ZEA-treated cells at 2.4% (v/v) butanol). (D) Colony forming units (CFU) count of cells that survived acute exposure to 3.5% (v/v)
butanol.
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These observations are more prominent when carotenoids are
present at high concentrations, where they are postulated to
aggregate into carotenoid-rich nanodomains.22,28–30 This
mechanistic insight likely explains the decrease in membrane
damage observed in carotenoid-treated E. coli cells and the
consequential increase in cell survival upon acute butanol
shock. In this contribution, we aimed to demonstrate our proof-
of-concept that carotenoids act as membrane stabilizers against
butanol-induced membrane fluidization. It is noteworthy that
one advantage of carotenoids as chemical additives is their
natural abundance, where they may be enriched in plant-based
food wastes that are often utilized as feedstocks for biobutanol
production.48 Importantly, our findings have demonstrated that
the biotechnological application of carotenoids to increase
membrane tolerance therefore also support for a butanol-cum-
carotenoid producing strain of E. coli that may be potential
useful for large-scale production.51–54
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