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Enzyme-assisted in vivo polymerisation of
conjugated oligomer based conductors†
Gwennaël Dufil, a Daniela Parker,a Jennifer Y. Gerasimov,a Thuc-Quyen Nguyen,b
Magnus Berggrenac and Eleni Stavrinidou *ac
Conjugated polymers conduct both electronic and ionic carriers and thus can stimulate and translate
biological signals when used as active materials in bioelectronic devices. Self- and on-demand
organization of the active material directly in the in vivo environment can result in the seamless
integration of the bioelectronic interface. Along that line, we recently demonstrated spontaneous in vivo
polymerization of the conjugated oligomer ETE-S in the vascular tissue of plants and the formation of
conducting wires. In this work, we elucidate the mechanism of the in vivo polymerization of the ETE-S
trimer and demonstrate that ETE-S polymerizes due to an enzymatic reaction where the enzyme
peroxidase is the catalyst and hydrogen peroxide is the oxidant. ETE-S, therefore, represents the first
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example of a conducting polymer that is enzymatically polymerized in vivo. By reproducing the reaction
in vitro, we gain further insight on the polymerization mechanism and show that hydrogen peroxide is
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the limiting factor. In plants the ETE-S triggers the catalytic cycle responsible for the lignification
process, hacks this biochemical pathway and integrates within the plant cell wall, forming conductors
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along the plant structure.

Introduction
Electronic interfacing with living systems has been the
main objective within the rising research area of organic
bioelectronics.1,2 Biomedical applications have been prime
targets in this field, therefore much eﬀort has been devoted
to developing materials and devices that translate and stimulate ionic signalling in the biological milieu, while at the
same time cause a minimal immune reaction from the target
organism. Conducting polymers have been proved ideal for
bio-interfacing as they support transport and close coupling
between both electronic and ionic carriers,3 thus providing
signal transduction between the inherently ionic biological
world and human-made technology. In addition, organic
chemistry oﬀers an unlimited toolbox to build pi-conjugated
systems functionalized for specific binding and interactions
with the biological targets.
a

Laboratory of Organic Electronics, Department of Science and Technology,
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Enhancing the compatibility and integration of the bioelectronic interface has been achieved by using thin and
conformable substrates or by encapsulating the rigid device
within a soft matrix. Still, these strategies result in electrodes
and devices that present limitations with respect to conformation and adaption to the multiscale and complex architectures
of tissues. One way to overcome the limitation of substrates is
to deposit the active materials directly onto the tissue. For
example, Martin and co-workers demonstrated in vivo electropolymerization of poly(3,4-ethylenedioxythiophene) (PEDOT)
within the brain of a mouse.4 The polymer formed a cloudlike electrode within the brain tissue without causing any major
negative eﬀects on the brain morphology and function. Along
the same line, we demonstrated self-organization of PEDOTSulfonate (PEDOT-S) within the xylem vascular tissue of plants.5
The polymer was uptaken from a solution and then formed
hydrogel-like conducting wires along the xylem tissue, the
water transport vessels of the plant. Furthermore, we advanced
the in vivo functionalization by designing a new molecule, the
4-(2-(2,5-bis(2,3-dihydrothieno[3,4-b][1,4]dioxin-5-yl)thiophen-3yl)ethoxy)butane-1-sulfonate (ETE-S).6 The ETE-S molecule was
not only uptaken and distributed in the vascular tissue of the
plant, but, it also polymerized in vivo without the external aid of
oxidants or any physical stimulation. The ETE-S based conducting
wires in the vascular tissue had conductivity of 10 S cm 1, specific
capacitance of 20 F g 1 and were used as the electrodes for
the construction of a supercapacitor within the plant structure.
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We hypothesized that the polymerization was driven by the
natural physicochemical environment of the plant that acted as
a template and catalyst for the polymerization reaction. Indeed,
reactive oxygen species and enzymes are highly present in
plants, but their involvement in the ETE-S polymerization has
not been demonstrated.
Over the past two decades, the use of enzymes as catalysts in
polymerization reactions has received significant attention as it
oﬀers a simple synthetic route at mild reaction conditions
which is also environmentally benign.7,8 In vitro polymerization
of conducting polymers has been achieved with the use of
oxidoreductase enzymes, usually peroxidases and laccases,9
enzymes which catalyse electron transfer from electron donors
to electron acceptor molecules.10 The enzymatic polymerization
of aniline11 has been extensively explored but only a few studies
demonstrate enzyme catalysed polymerization of Pyrrole and
EDOT. Polypyrrole12 and PEDOT13–15 are successfully polymerized only at low pH (2). Due to the higher oxidation potential of
EDOT and Pyrrole polymerization at higher pH (B4) is possible
only with the use of mediators.16,17
In this work, we attribute the in vivo polymerization of the
conjugated oligomer ETE-S in plants6 to an enzymatically
assisted polymerization. While conducting polymers are widely
used in bioelectronics and their enzymatic polymerization has
been demonstrated in in vitro conditions, the in vivo environment has not been utilized so far for the fabrication of the
bioelectronic interface. ETE-S, therefore, represents the first
example of a conducting polymer that is enzymatically polymerized in vivo. We demonstrate that the ETE-S molecule
triggers the peroxidative cycle of the plant cell wall that is
regulated by peroxidases, where upon the ETE-S polymerizes
and incorporates into the plant structure. Furthermore, we
investigate which parameters aﬀect the in vitro polymerization
that, to the best of our knowledge, was performed previously
only in the case of polyaniline.18 Using the natural biochemical
environment one can then form conductors and electronic
components that are seamlessly integrated within the living
tissue. Bioelectronic interfaces can thus be designed to track

Journal of Materials Chemistry B
the native structure and to create communication pathways
with external devices or augment non-native functionalities.

Results and discussion
Hydrogen peroxide and peroxidases are highly involved in the
defence mechanism of the plant19–21 and therefore consist of
the prime suspects with respect to catalysing the polymerization of ETE-S. Consequently, we sought to investigate, via
UV-Vis absorption spectroscopy, whether the presence of H2O2
or peroxidase triggers the polymerization of ETE-S in vitro. An
aqueous solution of ETE-S, 0.2 mg ml 1, was prepared and then
mixed with H2O2 at a molar ratio of H2O2 vs. ETE-S equal to
0.5 and with pH 5–6. The solution was let to react for 30 min
and, then, we acquired the UV-Vis absorption spectra. As seen in
Fig. 1a the absorption spectra of the ETE-S solution before and
after 30 min of the addition of H2O2 are identical indicating that
there has not been any polymerization. Even if the solution of
ETE-S with H2O2 is let to react for 15 hours still no change is
observed (Fig. S1, ESI†). The same results are obtained when we
add peroxidase enzyme (HRP, horseradish peroxidase) to an
ETE-S solution in the absence of H2O2. However, when both
peroxidase and H2O2 are added to the ETE-S solution the ETE-S
monomer peak diminishes and a broad absorption feature arises
around 800 nm. The feature around 800 nm corresponds to the
doped state of the p(ETE-S) as it was previously demonstrated
from our group with a combination of experimental and
theoretical evidence.22 Spectroelectrochemistry performed on
electropolymerized p(ETE-S) revealed that the oxidized state of
the polymer corresponds to the absorption band at 800 nm. At
the same time electron paramagnetic resonance spectrometry,
EPR revealed that the charge carriers in the doped state are
bipolarons. The experimental evidence in that work were
supported by DFT and DFT time depended calculations.22
Next, we compared the optical properties of the polymer
formed via the enzymatic protocol in vitro (as described above)
with the resulting material formed when ETE-S was introduced

Fig. 1 In vitro polymerization of ETE-S. (a) Absorption spectra of ETE-S (360 mM), ETE-S (360 mM) with HRP 5 U ml 1, ETE-S (360 mM) with H2O2 (180 mM),
ETE-S (360 mM) with H2O2 (180 mM) and HRP 5 U ml 1. (b) Absorption spectra of DMSO extract of in vivo formed p(ETE-S) in rose xylem and in vitro
formed p(ETE-S) with ETE-S (360 mM), H2O2 (180 mM) and HRP 5 U ml 1.
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into the plant. Rose cuttings were immersed in ETE-S aqueous
solution for 24 hours and then the functionalized xylem was
collected and analysed. In order to extract the polymer formed
in the plant, the functionalized xylem tissue was mechanically
crushed in DMSO as previously described.6 Similarly, the polymer formed in vitro was first allowed to dry and then dissolved
in DMSO. In Fig. 1b, we show the absorption spectra of the
DMSO extraction of the polymer formed in vivo in the rose
xylem and the polymer formed in vitro via the enzymatic
protocol. In both cases, we observe a peak at 500 nm that
corresponds to the neutral polymer with a minimum of 4 ETE-S
units as defined by DFT calculations, spectroelectrochemistry
and EPR.6,22 While in the in vitro formed polymer there is no
presence of the monomer, in the plant extract the monomer
peak is still present suggesting that the polymerization in vivo is
incomplete. In addition, the polymer in both cases is mostly in
its undoped form. When water is added into the polymer-DMSO
solution, some polymer converts to its doped state as shown by
the broad absorption feature at 800 nm (Fig. S2, ESI†). These
observations point out towards a doping mechanism that
recently has been reported by Yurash et al.25 The presence of
water results in the protonation of the thiophene unit of the
polymer. Upon protonation, a cation is formed in the conjugated
backbone of the polymer. A neutral polymer chain can then
undergo a single electron transfer with the protonated polymer
giving one polymer chain with a positive polaron and another
polymer chain with an unpaired electron.25,26 All the above
findings suggest that the ETE-S can be polymerized with the
peroxidase enzyme acting as a catalyst in the presence of
hydrogen peroxide in physiological pH.
In Fig. 2, we illustrate the proposed mechanism of ETE-S
polymerization following the classical scheme of the peroxidative
cycle in plants.27 Hydrogen peroxide oxidizes the peroxidase to an
active enzymatic intermediate, called compound I. Compound I
then oxidizes one ETE-S molecule and converts to compound II.
Then, the peroxidase returns to its initial state by oxidizing a

Fig. 2 Proposed mechanism of the ETE-S polymerization under the plant’s
peroxidative cycle with the peroxidase being the catalyst and H2O2 the
oxidant for the polymerization reaction. Peroxidase image vizualized with
NGL viewer.23,24
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second ETE-S molecule and releasing water. The ETE-S radicals
can then couple to form ETE-S dimers. Further polymerization
can occur either by ETE-S oligomers entering the peroxidative
cycle or through radical transfer between the ETE-S radical to
ETE-S oligomers. The radicals then take part in oxidative
coupling to form larger oligomers.
In order to gain further insight into the polymerization
reaction, we investigated the eﬀect of the relative H2O2 and
ETE-S concentrations on polymer formation. We performed
in vitro polymerization by varying the amount of H2O2 with
respect to ETE-S while keeping constant the HRP concentration
to 5 U ml 1 (Fig. 3a). The solution was allowed to react for
24 hours before acquiring the UV-Vis spectra. We observe that
for H2O2/ETE-S o B0.5, H2O2 is a limiting factor for the reaction
as not all ETE-S is polymerized, while for H2O2/ETE-S 4 0.5, all
ETE-S polymerizes (Fig. 3b). Therefore, at lower H2O2 concentration, insuﬃcient radicals are formed, thus limiting the polymerization. By increasing the concentration of H2O2 we reach an
optimal point where all ETE-S is polymerized. This indicates
that the H2O2 concentration is the limiting factor for the polymerization reaction suggesting that this could be the origin of
the incomplete polymerization observed in the plant extract
(Fig. 1b), although other factors cannot be excluded.
Next, we examined how the enzyme concentration is influencing the polymerization reaction. By keeping the H2O2/ETE-S
molar ratio equal to the optimal value, being 0.5, we varied the
enzyme concentration. The UV-Vis spectra were taken after
1 hour of reaction (Fig. 3c). For the HRP activity above 1 U ml 1,
the reaction is completed within 5 min, while for HRP = 0.1 U ml 1
the reaction is completed after 30 min (Fig. S3, ESI†). Apart
from influencing the reaction kinetics, HRP also aﬀects the
polymerization product. For HRP Z 25 U ml 1 we observe a
blue shift in the absorption peak of the polymer (Fig. 3d). This
can be explained by the formation of shorter oligomeric chains
in high enzyme concentrations. As we described, the polymerization occurs by combining ETE-S radicals or by radical
transfer to oligomeric units. At high HRP concentrations, more
ETE-S radicals will be formed resulting in a higher probability
of radical coupling and the formation of oligomers. While at
lower HRP concentrations less ETE-S radicals will be formed,
therefore the polymerization is likely to happen with radical
transfer to polymeric chains rather than radical monomer
coupling.28 The shift in the absorption spectra could also be
a result of polymer aggregation.
To further confirm our findings of the involvement of HRP
and H2O2 in the in vivo polymerization, we functionalized plant
roots with ETE-S by modifying the protocol that was developed
for the functionalization of the vascular system in roses.6 Plant
roots do not have a cuticle and the epidermal cells are therefore
exposed, allowing the polymerization to be present directly on
their surface. We choose bean plants as our model system. A root
of an intact bean plant was immersed into a 1 mg ml 1 aqueous
solution of ETE-S (1.8 mM) of pH 5–6. After 24 hours of incubation,
the root was completely covered with the polymer, Fig. 4a.
At the same time, we stained roots with Amplex Red, a dye that
under a peroxidase/peroxide reaction converts into resorufin,
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Fig. 3 Eﬀect of H2O2 and HRP concentration on the ETE-S in vitro polymerization. (a) Absorption spectra of p(ETE-S) formed in vitro with 5 U ml 1 HRP
and various molar equivalents of H2O2 to ETE-S. (b) Absorbance at 350 nm for the spectra shown in (a) as a function of the molar equivalents of H2O2 to
ETE-S. (c) Absorption spectra of p(ETE-S) formed in vitro for various HRP concentrations. (d) Wavelength corresponding to the highest absorbance value
in (c) as a function of the HRP concentration. For (b) and (d) n = 3.

Fig. 4 Amplex Red conversion to resorufin in the presence of HRP
and H2O2. Top view and cross section of (a) bean root after 24 hours in
1 mg ml 1 ETE-S. (b) Bean root after Amplex Red staining. (c) Boiled bean
root after Amplex Red staining. Scalebar represents 100 mm.

a molecule with an intense red color. Fig. 4b shows roots after
staining with the Amplex Red for 3 hours. It can be seen that
the roots acquire a red coloration on the epidermis and around
cell walls. The staining covers the whole epidermis while its

4224 | J. Mater. Chem. B, 2020, 8, 4221--4227

presence around the cell wall is more intense. To confirm that
the coloration occurs only when both HRP and H2O2 are
present, we boiled a root in water for 30 min to denature the
enzymes. Indeed, Fig. 4c shows that the boiled roots do not
acquire any color. Even if we add H2O2 at the boiled roots, no
coloration is observed (Fig. S4, ESI†) because the Amplex Red
requires the presence of both H2O2 and the active peroxidase.
From Fig. 4, we observe that the ETE-S polymer and Amplex Red
staining are localized in the same areas of the plant suggesting
that the polymerization occurs where both H2O2 and HRP are
present simultaneously.
Furthermore, we performed fluorescence microscopy to
observe the polymer on the functionalized cross section of
the root (Fig. 5). We used two filter sets, DAPI (337 nm,
447 em) and FTIC (482 nm, 536 nm) that correspond to
the spectra of the ETE-S and the neutral p(ETE-S).6 Nonfunctionalized cross sections exhibit auto fluorescence while
functionalized roots do not exhibit any fluorescence, in either
of the two filter sets tested. However, the cross sections appear
to be darker in the fluorescence mode at the areas where
polymerization occurred. This indicates that the polymer is in
its oxidized state and that the ETE-S molecule has polymerized.
From both the brightfield images as well as the fluorescent
images, it is clear that the polymerization is localized around
the cell wall.

This journal is © The Royal Society of Chemistry 2020
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Our findings suggest that indeed the ETE-S is localized in the
plant cell wall. This work paves the way for rational design of
materials that can be distributed into living systems to augment
functionality. In the future, by tuning the molecular structure,
backbone and side chains, one can target specific binding but
also target the polymerization route in the in vivo environment.

Methods
UV-Vis absorption spectrometry characterization of the
enzymatic polymerisation

Fig. 5 Fluorescence microscopy of root cross sections after functionalization with ETE-S, 1 mg ml 1 for 2 hours. (a), (c) and (e) DAPI mode for (a)
control root and (c and e) functionalized root with (c) same exposure
settings as control and (e) longer exposure as control. (b), (d) and (f) FTIC
mode for (b) control root and (d and f) functionalized root with (d) same
exposure settings as control (f) and longer exposure as control. Scale bar
represents 100 mm.

Conclusions
Peroxidases are highly localized in the plant cell wall since they
are vital for tuning cell wall density with the help of H2O2. Two
distinct catalytic cycles exist – the hydroxylic and peroxidative
cycles – responsible for decreasing and increasing the cell wall
density, respectively. The peroxidative cycle crosslinks cell wall
compounds including the formation of lignin and suberin
within the cell wall, forming a physical barrier that stops cell
elongation and protects from external aggressors. Our findings
suggest that the ETE-S triggers the peroxidative cycle of the
plant, enters into the cycle and polymerizes along the cell wall.
Why ETE-S triggers the peroxidative cycle of the plant is not yet
understood and in order to pinpoint this at the molecular level
further studies are needed.
In this work, we elucidate the mechanism of in vivo polymerization of ETE-S. We demonstrate that ETE-S can be polymerized in vitro at physiological pH (5–6) through enzymatic
polymerization catalysed by HRP in the presence of H2O2.
ETE-S has relatively low oxidation potential (Fig. S5, ESI†) and this
can be a reason for the effective enzymatic polymerization. In vivo
this polymerization route occurs naturally in the plant cell wall as
part of the plant’s defence response and lignification process.

This journal is © The Royal Society of Chemistry 2020

A hydrogen peroxide (Z30%, Sigma Aldrich) stock solution of
10 mM was prepared freshly before mixing with an ETE-S stock
solution of 1.8 mM. Horseradish Peroxidase type VI-A (Sigma
Aldrich) aliquots of 1 mg ml 1 (Z250 U ml 1) were freshly
prepared before use and added to the mixture of H2O2/ETE-S.
The final concentrations of the reagents were: ETE-S 360 mM,
H2O2 180 mM and HRP 5 U ml 1. The pH of the solutions prior
and after the reaction were between pH 5–6. The absorption
spectra were recorded from 300 to 900 nm (step 10 nm) using a
microplate reader (BioTek, Synergy H1). For the H2O2 dependence investigation, different amounts of H2O2 from 0.1 to
2 equivalent vs. ETE-S concentration of 360 mM were added. The
plate was mixed for 30 s and spectra were acquired 24 hours after
the preparation of the samples. HRP activity was kept constant at
5 U ml 1. For the HRP dependence investigation, the molar ratio
ETE-S/H2O2 was kept constant at 0.5 with a concentration of
ETE-S at 360 mM. The HRP activity was varied from 0.1 U ml 1 to
100 U ml 1. The plate was mixed for 30 s and spectra were
acquired 1 hour after the preparation of the samples.
In vivo and in vitro formed p(ETE-S) extraction and
characterization
The protocol for extraction of p(ETE-S) from the plant xylem tissue
is the same as the one described previously.6 Briefly Rose cuttings
were immersed in 1 mg ml 1 ETE-S aqueous solution for 24 h. The
stem was collected and the functionalized xylem was dissected in
small pieces. Using a mortar and pestle the functionalized xylem
was mechanically crushed in DMSO in order to dissolve the
polymer and the resulting solution was collected and analyzed.
As a control, the same procedure was done on xylem tissue
from stems that did not absorbed ETE-S. The UV-Vis spectra
(300–1300 nm, step 1 nm) of sample and control were taken using
a PerkinElmer Lambda 900 spectrometer. To acquire the optical
signature of the polymer formed in vivo the contribution of the
control (plant tissue) was subtracted from the sample. In order to
compare the spectra with the in vitro synthesized p(ETE-S), the
polymer was first let to dry and then dissolved in DMSO after
mechanical crashing using a mortar and a pestle. The UV-Vis
absorption spectra were acquired using the microplate reader
(BioTek, Synergy H1), 300 to 900 nm (step 10 nm).
Growth of bean plants
Bean (Phaseolus vulgaris) seeds were purchased from Impecta,
Sweden. The seeds were inoculated in a 1/3 mix commercial
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bleach solution/DI water with constant stirring for 5 min,
followed by 3  5 min of rising in DI water. Seeds were
germinated in a MS/MES (Duchefa Biochemie) (0.215 g/0.05 g
in 100 ml DI water) medium agar gel pH = 5.7 in the dark with a
RH B60% and at B25 1C. After one week of germination, the
plants were transferred to a liquid plant growth medium from
Plantagen (Flytende Plantenaering), Sweden with the same
growth conditions and a 12 hours day/12 hours night cycle.
Beans were used after one week of growth.
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