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Ultra-high capacity microfluidic trapping of giant
vesicles for high-throughput membrane studies†
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Biomimetic systems such as model lipid membranes are vital to many research fields including synthetic
biology, drug discovery and membrane biophysics. One of the most commonly used are giant unilamellar
vesicles (GUVs) due to their size similarity with biological cells and their ease of production. Typical methods
for handling such delicate objects are low-throughput and do not allow solution exchange or long-term observations, all of which limits the experimental options. Herein, we present a new device designed to confine large assemblies of GUVs in microfluidic traps but is still able to perform precise and fast solution exchanges. An optimised design allows efficient filling with as many as 114 GUVs per trap and over 23 000
GUVs per device. This allows high-throughput dataset acquisitions which we demonstrate with two proofReceived 21st November 2018,
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DOI: 10.1039/c8lc01275j

of-concept experiments: (i) end-point measurements of vesicle interior pH and (ii) membrane transport kinetics. Moreover, we show that the design is able to selectively trap sub-populations of specific vesicle
sizes and assemble them in different layers. The device can easily be applied to other high-throughput
membrane studies and will pave the way for future applications using vesicle assemblies to model cellular
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tissues or even prototissues.

Introduction
Understanding the biological cell at its minimal complexity
can unravel the role of specific components in existing complex cellular systems. For this reason, biomimetic systems
such as model lipid membranes have proven to be extremely
useful platforms for understanding biomembranes and their
role in cellular function.1 Of all the available types of model
membranes, giant unilamellar vesicles (GUVs) are one of the
most commonly used owing to their ease of production, compatibility with optical microscopy, as well as the fact that their
size and membrane curvature resembles that of a typical biological cell.2 These advantages have led to a wide range of
uses including biophysical studies of membrane–protein interactions,3 lipid raft investigations,4 as micro-reactors,5 and
applications in drug discovery.6 They are also proving to be
instrumental in the creation of minimal cells in the emerging
topic of bottom-up synthetic biology.7–10
In all of the above applications, analysing large numbers of
individual GUVs is essential for obtaining statistically robust
data. It is well known that common methods to produce GUVs
such as electroformation or gentle hydration11 suffer from
membrane compositional heterogeneities12–14 and defects.15
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The resulting vesicle-to-vesicle differences can lead to a large
scatter in the data. To reduce this effect, one can perform repeat experiments for a given condition or examine a large population of vesicles simultaneously. While this can be sufficient
for end-point measurements, in the case of time sensitive
membrane experiments, such data sets are difficult to obtain.
Moreover, end-point population analysis can lead to bias in the
data if certain sub-sets do not survive. Therefore, to overcome
these issues, a method to perform live acquisitions of large
populations of GUVs, while still being able to add external
analytes is desirable.
In typical bulk observation chambers, however, the addition of external molecules often results in loss of vesicles
from the field of view due to flow or dilutions, making live
image acquisitions difficult. Surface functionalisation strategies can be implemented to immobilise GUVs16–18 but the
membrane incorporated moieties may adversely affect the
biophysical properties of the lipid bilayer.19 Gel-assisted vesicle immobilisation20 is an alternative but limits the type of
molecules that can be added. Moreover, the diffusive mixing
of any added solution to a micro- or millilitre volume chamber introduces an unknown dead-time which can reduce the
accuracy of any kinetic data.
Advances in microfluidic technology over the past 20 years
have led to an explosion of applications involving biological
samples contained and analysed within microchannel environments. Recently, micro-structured features fabricated from
PDMS have been used to successfully immobilise GUVs in
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microfluidic channels. These approaches include posts,21–24 side
chambers25 and wells.26 Being able to spatially confine giant vesicles in microfluidic channels is particularly attractive as it allows external solution exchange whilst still keeping them within
the field of view. This has opened up possibilities for a number
of biophysical experiments. For example, full solution exchange
can be used to observe morphological changes under different
osmotic conditions,25 or to study the effects of transmembrane
solution asymmetries on membrane phase behaviour.27 Fluidic
control also allows biomolecules to be delivered to the
immobilised vesicles to investigate membrane interactions with
peptides28 or proteins21 for example. Moreover, the precise fluidic control can be used to apply specific flows to observe the effects of shear forces on lipid domains29 or to measure the mechanical properties of lipid bilayers.26 These microfluidic
approaches have so far focussed on strategies to trap single isolated GUVs, which is particularly advantageous as it avoids population heterogeneities. For example, data obtained from vesicles exhibiting structural defects can be avoided.30 Being able to
sample individual vesicles can also be particularly powerful for
studying phase separation,31 measuring the mechanical properties of membranes,26 or permeation rates18,32 all of which can
be influenced by compositional or tension differences. Individual isolation within microfluidic valves can also be used for
long-term observations of the same single vesicle.31 In order to
immobilise larger numbers for statistics, these single vesicle approaches can be scaled up in an array format to trap 10 s or 100
s of vesicles per device.24,26 Nuss et al. presented a microfluidic
chip that could confine up to 30 GUVs in specific locations
which could potentially be scaled up to immobilised 100 s per
device.23 However, these approaches are still limited in overall
capacity and because only low numbers are visible in a particular field of view, the throughput per experiment is restricted.
To this end, we developed a microfluidic platform with
multiple traps designed to capture large assembles of GUVs.
A unique design allows efficient filling with as many as 114
GUVs per trap and over 23 000 GUVs per device. We characterise the volume of vesicle suspension that is required to
completely occupy the traps and fill the device. By changing
the height of the channels, we demonstrate size selection of
a particular GUV sub-population as well as control over the
3-D layering. We show that solution exchange can be used to
deliver analytes to the vesicles in a controlled manner
allowing high-throughput biophysical measurements. As a
proof-of-concept of the high-throughput capabilities of the
device, we performed end-point measurements of pH equilibration across multiple membranes as well as recording parallel kinetics of molecular transport through a membrane
pore. The latter of which we show can be used to determine
surface protein densities.

Experimental
Chemicals
1-Palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) was
obtained from Avanti polar lipids. 1,1′-Dioctadecyl-3,3,3′,3′-
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tetramethylindotricarbocyanine perchlorate (DiIC18) and
calcein were purchased from ThermoFisher Scientific. Polydimethylsiloxane (PDMS) and curing agent were obtained as
SYLGARD® 184 silicone elastomer kit from Dow Corning.
1H,1H,2H,2H-Perfluorodecyltrichlorosilane was purchased
from abcr GmbH. Indium tin oxide (ITO) glass slides are
from Präzisions Glas & Optik GmbH. Glucose, sucrose and
chloroform were obtained from Merck. Fluorescein,
α-hemolysin (α-HL), and β-casein were purchased from
Sigma. Millipore® MilliQ water has been used to make all
the aqueous solutions.
GUV production
GUVs were produced using the electroformation method.
Briefly, 2 mM total lipid concentration of 99.9 mol% POPC
and 0.1 mol% DiIC18 in chloroform was smeared on two ITO
coated glass slides (2 × 10 μL). Traces of chloroform left in
the dried lipid film were removed by desiccation for one
hour. Both ITO slides with their lipid coated sides facing
each other were sealed to form a chamber using a Teflon
spacer and paper clips. The resulting space was filled with
1.7 mL of 300 mM sucrose solution with or without 10 μM
fluorescein at pH 11 adjusted with sodium hydroxide. The
entire set-up was connected to an AC generator providing 2 V
at a frequency of 10 Hz for three hours to produce the GUVs.
The resulting vesicles were carefully collected by pipetting
and used within three days.
Microfluidic device fabrication
Fabrication of the microfluidic devices was performed
using a procedure described previously.21 Briefly, 4″ silicon
wafers (Si-Mat) with master forms at heights 20, 40 and 60
μm were produced via soft photolithography by UV exposure of SU8 3025 (Microchem) through a film mask (Micro
Lithography Services). Once the silicon wafer master molds
were produced, they were silanised to prevent unwanted
PDMS adhesion. This was performed by placing them overnight inside a desiccator with 50 μl of 1H,1H,2H,2Hperfluorodecyltrichlorosilane. To produce the microfluidic
chips, PDMS was mixed with the curing agent in 10 : 1 ratio and poured on top of the silanised wafer to a height of
5 mm. The PDMS was degassed in a desiccator for 30 min
and cured at 90 °C for three hours. The designs were cut
out from the PDMS and holes for the fluidic inlet and outlet were made using a 1.5 mm biopsy puncher (Kai Europe
GmbH). A small sample reservoir, cut from a 200 μl pipette tip, with a capacity of 150 μl was placed above the
inlet and sealed with PDMS at 90 °C for 30 minutes. To
seal the channels, the PDMS part was bonded to a glass
coverslip by air plasma treatment (Plasma Cleaner PDC002-CE, Harrick Plasma) at 0.6 mbar for 1 min. Immediately afterwards, the device was heated for 2 h at 60 °C to
aid with the bonding. A photograph of a final assembled
device is shown in S1 in the ESI.†
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Microfluidic device operation
The microchannels of the device were first flushed with
β-casein solution (2 mg ml−1 in 300 mM sucrose) via centrifugation and incubated at room temperature for 30 minutes.
This avoids unwanted GUV surface adhesion and rupture. After successful passivation of the channels, β-casein solution
was replaced with 100 μl glucose solution of same osmolality
using a syringe pump (neMESYS, cetoni) in withdraw mode
at 10 μl min−1 connected to the outlet of the chip. Later, specific GUV suspension volumes were loaded into the reservoir
and drawn through the channels to occupy the traps (Fig. S1
in the ESI†). To exchange the solutions surrounding the
trapped GUVs, the flow was stopped and the reservoir was
washed (at least 5 times) with the new solution before
starting the flow again. All used solutions were osmotically
balanced to avoid vesicle rupture or deflation.
Microscopy and data analysis
DiIC18 labelled GUVs captured in the traps were imaged
using a confocal microscope (SP8, Leica) with laser excitation
of 552 nm and emission was detected between 565 nm to 635
nm. For GUVs flushed with external calcein solution or
containing fluorescein, the excitation was 488 nm and emission was detected in the range of 498 to 540 nm. Sequential
acquisitions were performed whenever multiple fluorophores
were employed. For all acquisitions, bright-field transmission
images were also obtained. Image analysis was performed
using LASX (Leica) and Fiji (ImageJ). Curve fitting was
performed using Origin (OriginLab).

Results and discussion
Design of chip & loading of GUVs
The overall design of the microfluidic chip is shown schematically in Fig. 1. After the inlet, there is a filter to avoid any
unwanted particles from clogging the main channels. The
channels then branch out into a series of 12 parallel channels containing micro-structured posts which hydrodynamically capture multiple GUVs at specific locations, herein referred to as ‘traps’. Having the traps separated into parallel
channels minimises the fluidic delivery time compared to a
single longer channel of the same volume. The individual
posts of the traps have dimensions of 20 μm by 20 μm with a
gap size of 10 μm. Each of the 12 channels contains 17 traps,
making a total of 204 traps per device. Each trap has an open
corral style design with traps 2 to 17 having additional alternating side-ward extensions to the posts (Fig. 1). The purpose
of such a design is to maximise the overall trapping efficiency
of the device.
GUVs produced using the electroformation method are
first loaded into the reservoir (Fig. S1 in the ESI†). Upon applying a reverse flow with the syringe pump, they are drawn
into the 12 channels and begin to occupy the traps. A time
series was acquired of one of the first traps (Movie S1 in the
ESI†) and shows the typical mode by which the traps are
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Fig. 1 Microfluidic design for high capacity trapping of GUVs. Left:
Schematic of the overall channel network design. The channels split
into 12 separate lines, each with 17 traps totalling 204 per device.
Inserts show the trap number 1 and traps 2 to 17 designed to maximise
GUV capture. Right: Confocal images showing GUVs in trap numbers 1
(top) and 8 (bottom) with DiIC18 fluorescence from the membranes
overlaid with the bright-field transmission images of the PDMS posts.
Scale bar: 50 μm.

filled. Using a flow rate of 10 μl min−1, it takes less than 20
minutes to completely fill a single trap. Note that this filling
time depends on the number of the vesicles in the sample: if
the yield is low then longer filling times are required. The
loading time can be reduced by increasing the flow rate but
care should be taken as some GUVs can be pushed between
the posts and lost at higher flow rates.
Having a series of posts (rather than a solid wall for example) allows complete filling of the traps; once the first row of
vesicles is trapped, subsequent ones are still able to enter
into the traps due to continued flow through the side posts
as illustrated in Fig. S2 in the ESI.† This continues layer-bylayer until finally the entire trap is occupied and the flow is
diverted around the trap (Fig. 1). Crucially, the diverted flow
prevents high hydrodynamic forces on the GUVs and therefore avoids bursting or loss.

Complete filling of device
In order to better understand the loading and filling of the device, GUV suspension volumes of 50, 100, 500 and 2000 μl were
flushed into the device and we acquired images of all 17 traps
and across three different channels. Data were then obtained
on the average number of vesicles per trap and the % occupancies. Fig. 2 shows that for 50 μl, approximately 75% occupancy
was reached in the first trap but almost half of the remaining
traps were empty. Here we define 100% occupancy when the
vesicles completely fill the area within the traps. Importantly,
the data shows that even for low volumes and short loading
times, hundreds of vesicles are captured in total which is advantageous for time-sensitive experiments. For complete filling,
where the occupancy of each trap is greater than 90%, the
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Fig. 2 Complete filling of device. The average number (A) and %
occupancy (B) of GUVs captured in each trap (1 to 17) for increasing
volumes flushed in at a flow rate of 10 μL min−1. Vesicle counting is
performed manually. Mean values are from three different channels
and error bars are taken from the standard deviation of the mean.

device requires at least 2000 μl of vesicle suspension. It should
be noted that different preparation techniques will result in
different GUV yields which may require different volumes to
completely fill the device. However, electroformation is the
most commonly used approach so the data presented here is
representative of a typical loading experiment.
Traps 2 to 17 boast additional side-posts extending at a
45° angle (Fig. 1) designed to improve the trapping efficiency
of the device. Without them, the first trap can still be filled,
but the loading efficiency decreases considerably in subsequent traps with most GUVs flowing past (see Movie S2 in
the ESI†). The side-posts deflect the vesicles into the adjacent
trap which then becomes fully occupied. This continues in a
cascade manner until all traps in the channels are filled. A
quantitative comparison of the trapping performance with
and without the side-posts shows that they increase the number of captured vesicles by 250% and require 20 times less
volume to trap the same number of GUVs (see Section S3 of
ESI†). Importantly, without the side-posts the device is not
able to fill up completely.
One of the important aspects of this device is the amount
of quantitative data that can be generated. Once all the traps
are occupied, the average number of vesicles per trap is 114 ±
7 which means that there are 23 256 GUVs per device. For a
typical solution prepared by electroformation, the volume
containing the same number of GUVs is about 0.71 mL. Comparing this to the 2 mL volume required to fill the chip, the
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trapping efficiency of the device was calculated to be ∼36%
(see eqn S1 in ESI†).
It is evident that although the packing of the vesicles is
passive, the efficiency appears to be high with spaces between
vesicles being minimised as they rearrange. Importantly,
GUVs with diameters larger than the gap between the posts
and smaller than the height of the channels are preferentially
trapped. This suggests that the device can segregate the GUVs
based on their size by varying the height of the channels.

Size based trapping of GUVs
To further investigate the effect of the channel height on the
size of the trapped vesicles, we loaded vesicles into three different devices with heights of 20, 40 and 60 μm. The diameters of the GUVs were then analysed and Fig. 3 shows the
resulting histograms. The data shows that the device is able
to trap different sized sub-populations of GUVs with mean average diameters of 13.7 ± 1.4, 23 ± 3.5, and 40 ± 6 μm for
heights of 20, 40 and 60 μm, respectively. Vesicles and other
debris smaller than ∼10 μm are not trapped due to the fixed
10 μm gap between the posts. The ability to confine only vesicles of a defined size is beneficial for a number of experiments; for example, studies of membrane morphologies depend heavily on the radius of the vesicle under observation.33
Mono-disperse vesicles are also advantageous when encapsulating a reaction which requires a specific number of reactants. It should be noted that microfluidic trapping devices
have been used to tune the size of the trapped vesicles either
dynamically by varying the flow rates23 or by using arrays of
posts.24 However, these methods do not allow for highcapacities as demonstrated here. Vesicles of equal size can of
course be prepared directly using microfluidic techniques34
but complex setups and issues with residual oil remaining in
the bilayer can be a limitation. Our method herein can be
used with giant vesicles prepared from standard techniques
making it more applicable. Bulk filtering methods also provide ways to produce mono-disperse vesicles from polydisperse populations,35–37 but multiple extrusion or dialysis
steps can cause unwanted rupture lowering the final yield
and reducing encapsulation efficiencies.

Fig. 3 Size selection of GUVs. Histograms of trapped GUV diameters for channel heights of (A) 20, (B) 40 and (C) 60 μm. Average diameters were
found to be 14 ± 1, 23 ± 4, and 40 ± 6 μm for heights of 20, 40 and 60 μm respectively taken from three separate trap measurements. Inserts:
representative fluorescence and bright-field overlays. Scale bars: 50 μm.
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Interestingly, the device is able to tune the assembly of
GUVs not only in 2-D but also in 3-D. Fig. S4 in the ESI†
shows side views (rendered from confocal microscopy stacks)
of different GUV layers depending on the height of the channels. With 20 μm the GUVs are assembled with one layer,
with 40 μm two layers, and with 60 μm three layers. This
could be further tuned by introducing monodisperse vesicles
if desired. Such a 3-D structured membrane-based system
has the potential to be used to model the assembly of cellular
tissues. In particular, we envision that the device could be
used to model and study cell-to-cell transport or diffusion in
the extra cellular medium in a controlled model environment. By increasing the height, the total number of vesicles
also increases.

Fluid exchange around the vesicles
The ability to fully exchange the solution surrounding the
trapped GUVs without losing them is crucial for delivery of
molecules to the membranes. In addition, it can also be used
to remove molecules from the surrounding solution, which is
a valuable tool to investigate dissociation rates or the permeation of encapsulated molecules out of vesicles. Even though
the majority of the flow is diverted around the traps once
they are fully occupied, we wanted to explore whether or not
small molecules are still able to enter the traps. To test this,
we exchanged the GUV sample in the reservoir with 10 μM
calcein in 300 mM sucrose and flushed it through the channels at 10 μl min−1. Fig. 4 shows that within a minute, the entire solution inside the chip (and surrounding the vesicles) is
exchanged. This differs from a typical bulk dilution where
the vesicles are also diluted. Importantly, even though some
vesicles are closely packed together (due to the flow), there is
enough space between them for the fluorophore to reach all
regions of the trap. This is clearly visible after 50 s of fluid exchange (Fig. 4A). If required, faster fluidic exchange times
could be achieved with higher flow rates, but above 10 μl
min−1 some vesicles are displaced from the entrance of the
trap when it is close to complete occupancy. However, this
loss is small, at 15 ± 1%. It is important to note that the vol-

Fig. 4 Fast and complete fluid exchange. A) Confocal time series of
flushing calcein solution into the device at a flow rate of 10 μl min−1.
Scale bar: 50 μm. B) Plot of calcein fluorescence taken inside the trap
area. Complete solution exchange is achieved after approximately 50
to 60 s.
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ume required to replace the solution around the vesicles is
approximately 2 μl which is advantageous for precious samples such as nanoparticles, drugs, or proteins. Once incubated with a particular fluidic condition, the treated vesicles
can be unloaded from the traps and harvested from the device simply by reversing the flow (see Movie S3 in ESI†). This
will allow future off-line analysis of the lipid membranes with
methods such as NMR or X-ray scattering which are difficult
to apply inside microchannels.

High-throughput measurements
End-point pH detection measurements. As a proof-ofconcept demonstration of high-throughput end-point measurements, we employed a pH detection assay inside the vesicles. GUVs were electroformed in the presence of 10 μM fluorescein in 300 mM sucrose solution at pH 11. The
fluorescence intensity of fluorescein is sensitive to pH
changes and can therefore serve as a means to monitor the
transport of protons across membranes.38 After loading them
into a device, the solution surrounding the vesicles was exchanged with 300 mM glucose solutions buffered at pH
values from 10 to 5 using a flow rate of 5 μl min−1 for 15
min. Note that the osmolarities of the solutions were all
matched to avoid vesicle deflation or bursting. For each pH
condition the flow was stopped and fluorescence intensities
of 395 GUVs interiors were measured across five traps. Fig. 5
shows that for decreasing pH values the final fluorescence
intensity decreases as the available hydrogen ions are able to
permeate across the lipid membranes and protonate the
fluorophore.
A time series was acquired during a pH drop from 11 to 5
and reveals that the change in signal occurs in less than 25
seconds: the outer GUVs lose their intensities first, followed
by the inner ones (see Movie S4 in the ESI†). The precise
mechanism of proton transport across lipid bilayers is not
fully understood39 but the rapid change observed here could
be due to a combination of permeation and transient pore

Fig. 5 High-throughput end-point measurements using a pH detection assay. (A) Fluorescein encapsulating vesicles incubated for 15 min
at various pH conditions. Confocal fluorescence images of DiIC18 (red)
and fluorescein (green) are overlaid with the bright-field images of the
posts. Scale bar: 50 μm. (B) Plot showing the change in fluorescence
intensity inside the GUVs after incubation in various pH buffers. Mean
values are from 395 GUVs across 5 traps and errors bars are taken
from the standard deviation of the mean.
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formation after a sudden pH drop. However, we do not believe the membranes were porous to other molecules because
we did not observe any loss of contrast in the bright-field
transmitted light images (Fig. S5 in the ESI†), which is an indication that the sugar membrane asymmetry was retained.
Fig. 5A shows the end-point images of the traps; it is interesting to note that not all GUVs have equal intensities after incubation at each pH buffer. This is partly due to inhomogeneous encapsulation of fluorescein, but also because some
vesicles contain more than one bilayer (see pH 5). These artefacts are limitations of the electroformation method and are
the main source of error in Fig. 5B. However, this further
highlights the need to analyse large numbers of vesicles to
obtain statistically robust data.
Kinetics of membrane transport. As another proof-of-concept, we recorded high-throughput membrane transport kinetics using the membrane protein α-hemolysin (α-HL). This
water-soluble protein self-assembles into lipid bilayers to
form a heptameric transmembrane pore which allows passive
transport of small molecules.40 First, GUVs produced in 300
mM sucrose were loaded, then the surrounding solution was
exchanged for 2.5 mg ml−1 α-HL (in 300 mM glucose) and incubated for 15 min. Subsequently, 10 μM calcein (also in 300
mM glucose) was flushed into the device at 5 μl min−1 and a
confocal time series was acquired. The fluorescence intensities of 66 GUVs were then analysed and plotted in Fig. 6A.
The calcein fluorescence increases within each vesicle indicating the presence of the pre-formed membrane pores but
the rate of transport is not equal across all GUVs. Using a
method developed by Bleicken et al.41 we fitted each curve
with eqn (1),
F(t) = 1 − e−t/τflux

(1)

where FĲt) is the time dependent fluorescence inside the vesicle and τflux is the rate of molecule influx. An example of a
fitted curve is shown in Fig. S6 in the ESI.† Here, the analysis
is greatly simplified compared to previous bulk approaches41
as the concentration of calcein outside the GUVs remains
constant throughout the experiment. Subsequently, τflux was
used to obtain the total porated area, AT, of each vesicle
according to eqn (2),

Fig. 6 High-throughput membrane transport measurements using a
single device. (A) Fluorescence traces of calcein influx from 66 GUVs
pre-incubated with α-HL membrane pores. (B) Total porated area plotted against GUV diameter. The straight line fit is a guide to the eye.

This journal is © The Royal Society of Chemistry 2019
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where V is the vesicle volume, D is the diffusion coefficient of
calcein (248 μm2 s−1 in 300 mM sucrose42) and l is the length
of the pore (10 nm (ref. 40)). Fig. 6B shows each value of AT
plotted against each GUV diameter with a straight line fit as
a guide to the eye. As can be seen, larger vesicles have greater
porated areas as more pores are able to assemble at the surface, which is in agreement with other findings.41 The scatter
in the data may originate from inhomogeneous distribution
of the pores, membrane defects, and regions of membrane
adhesion. Using eqn (3) we were able to calculate the pore
number density ρ for each vesicle.



AT
Ap As

(3)

Here, Ap is the cross-sectional area of a single α-HL pore and
As is the surface area of each vesicle. Finally, the average ρ
across all of the vesicles was calculated to be 0.11 ± 0.04 μm−2.

Conclusions & discussion
We have presented a microfluidic device comprising a series
of micro-structured posts or ‘traps’ designed to hydrodynamically capture multiple GUVs at specific spatial locations. The
layout of the posts was optimised to maximise the efficiency
of the vesicle capture. This is vital for minimising loss of precious or expensive samples or when vesicle yields are low
when produced using electroformation in high salt buffers
for example.27,43 After complete filling, each trap contains
114 GUVs resulting in a total of over 23 000 GUVs per device.
Other devices reported in the literature present tens or hundreds of immobilised vesicles per device.21,23,24,26,44 The
high-capacity trapping ability of the design presented here
has huge potential for a range of biophysical membrane applications where high volumes of data are needed for statically robust analyses. This is essential when vesicle-to-vesicle
differences in the population such as lipid compositions, encapsulation efficiencies, tensions, or membrane protein reconstitution are high. In the case of vesicles produced by
swelling on polyĲvinyl alcohol) (PVA)45 or agarose,46 and formation via oil-based emulsion methods,37 the membrane
properties can be altered due to unwanted incorporation of
polymers47,48 or oil49,50 into the lipid bilayers. Therefore, the
ultra-high capacity trapping of this device will be especially
beneficial as high volumes of quantitative data can be
obtained from a single on-chip experiment thus reducing the
impact of unwanted heterogeneities.
We showed that the device can also be used to filter GUVs
by size. Typical GUV preparation techniques result in a wide
range of sizes (1 to ∼100 μm), but by varying the channel
height the average trapped diameter can be tuned to 14, 23,
or 40 μm. This is an advantage when the encapsulated
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volume inside the vesicles needs to be controlled. We also
demonstrated that the 3-D packing of trapped vesicles can be
controlled by changing the height of the channels. By increasing the channel height, the device is able to tune the
layering of the vesicles to either one, two or three.
Once trapped, we demonstrated that molecules can be
homogeneously added or removed to all of the vesicles in less
than 60 s. This is particularity useful as many liposome production methods result in encapsulated molecules being
both outside as well as inside the vesicles. Therefore, by removing the outer molecules one can investigate the efflux as
well as influx of permeating molecules for example. It is
interesting to note that capturing high numbers of vesicles in
such a small volume increases the lipid concentration. With
GUVs observed in a 1 ml bulk chamber, the lipid concentration is typically tens of pM, but here the lipid concentration
per line is ∼80–200 nM. This has the advantage of reducing
any unwanted effects due to impurities in the buffer51 and
could also be used to shift the chemical equilibrium of ligand–membrane interactions.
Finally, high-throughput measurements on a single device
were demonstrated with two experiments. The first was to apply a chemical gradient to the vesicles and acquire end-point
measurements. The vesicles were subjected to different proton gradients and the equilibrated pH was measured using
an encapsulated dye. In a single device, we were able to record ∼400 vesicles for 7 different pH conditions thereby reducing any impact from sample differences or experimental
errors. While end-point measurements can of course be
performed in a bulk setting, being able to record multiple
data points, where the vesicles have been subjected to the exact same condition, is unique to this microfluidic platform.
Here they were incubated with a pH buffer for a specific time
period, but other conditions such as osmotic stress or the effects of anti-microbial agents could be investigated. The second high-throughput experiment involved measurements of
membrane transport kinetics. Calcein influx through a membrane pore was recorded for 66 vesicles simultaneously. The
data was then used to calculate the average number density
of membrane pores using the data from a single experiment.
This was made possible as the device is able to concentrate
multiple vesicles at specific spatial locations, and for a given
field-of-view one can record the kinetics of tens of vesicles simultaneously. Both of these experiments show the potential
of the device for high-throughput experiments in order to obtain statistically robust data sets.

Outlook
Overall, we present this device as a high-throughput platform
for GUV-based membrane studies but it also opens up the
possibility for minimal tissue studies. Captured GUVs arranged in specific assemblies such as the ones shown herein
could be used for designing complex tissue mimicking structures with higher order architectures.52 Densely packed vesicles could also be an ideal model system for investigating
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how early protocells might have assembled into the colonies
or prototissues.53,54 Finally, the platform could be used to
produce controlled assemblies of real cells for cell-to-cell
communication studies55,56 or even to investigate the behaviour of bacterial biofilms.57
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