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Pulling lipid tubes from supported bilayers unveils
the underlying substrate contribution to the
membrane mechanics†
Berta Gumí-Audenis,a,b,c Luca Costa, d Lidia Ferrer-Tasies,c,e Imma Ratera,
Nora Ventosa,c,e Fausto Sanza,b,c and Marina I. Giannotti *a,b,c

c,e

Cell processes like endocytosis, membrane resealing, signaling and transcription involve conformational
changes which depend on the chemical composition and the physicochemical properties of the lipid
membrane. The better understanding of the mechanical role of lipids in cell membrane force-triggered
and sensing mechanisms has recently become the focus of attention. Diﬀerent membrane models and
experimental methodologies are commonly explored. While general approaches involve controlled
vesicle deformation using micropipettes or optical tweezers, due to the local and dynamic nature of the
membrane, high spatial resolution atomic force microscopy (AFM) has been widely used to study the
mechanical compression and indentation of supported lipid bilayers (SLBs). However, the substrate contribution remains unkown. Here, we demonstrate how pulling lipid tubes with an AFM out of model SLBs
can be used to assess the nanomechanics of SLBs through the evaluation of the tube growing force
(Ftube), allowing for very local evaluation with high spatial and force resolution of the lipid membrane
tension. We ﬁrst validate this approach to determine the contribution of diﬀerent phospholipids, by
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varying the membrane composition, in both one-component and phase-segregated membranes. Finally,
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we successfully assess the contribution of the underlying substrate to the membrane mechanics, demonstrating that SLB models may represent an intermediate scenario between a free membrane (blebs) and a
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cytoskeleton supported membrane.

Introduction
Several cellular processes, including adhesion, endocytosis,
membrane resealing, signaling and transcription, among
others, involve conformational changes such as bending, vesiculation and tubulation.1,2 For instance, in endocytosis, the
endocytic system needs to generate force enough to form an
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endocytic vesicle by bending the membrane bilayer.3 A biological process in which membrane tubes or tethers are formed
occurs during neutrophil rolling along the endothelium and
adhesion to platelets.4,5 Separation of a membrane segment
from the cytoskeleton as well as strong membrane bending are
both involved in these mechanisms, for which the membrane
chemical composition and physicochemical properties are key
players,1 often highly localized and dynamic.6
The mechanical role of the lipid membrane in force triggered (or sensing) mechanisms in cells is being paid increasing attention, in addition to the more established role of the
mechanosensitive proteins. Studies on the mechanical properties of model membranes have shown that subtle changes
in the membrane chemical composition aﬀect the overall
mechanical response. Micropipette aspiration is one of the
most used techniques to evaluate the elasticity of giant unilamellar vesicles (GUVs) at the mesoscopic scale.7–9 Still, the
heterogeneity of biological membranes, with domains at the
micro and nanoscales, led to focus on nanometric resolution
techniques like atomic force microscopy (AFM), specifically
force spectroscopy (FS), to study supported lipid bilayers
(SLBs).10–15 In these experiments, the tip of the AFM cantilever
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is typically used to sense and apply force, penetrating an individual SLB. The vertical force required to break through the
bilayer, the breakthrough force (Fb), is usually in the order of
several nN and is considered as a direct measurement of the
local lateral interactions between lipid molecules. Using the Fb
approach it has been demonstrated how the membrane mechanics is significantly altered by subtle variations in the chemical composition16,17 and the physicochemical environment
(temperature, pH, or ionic strength).12,16,18–21 It has been
shown to be able to resolve very precisely the local mechanical
properties in phase segregated membranes.13,20,22–25
Still, the real contribution of the underlying rigid substrate
on the measured mechanical properties remains unknown, and
the SLBs are questioned as representative models of biological
membranes. Besides, the membrane being confined to two
dimensions prevents from evaluating the intrinsic curvature of
the membrane.26 Minimizing the contribution from the stiﬀ
support has been achieved by using alternative models like the
pore spanning bilayers on porous substrates,27–30 the polymercushioned membranes31,32 and the stacked bilayers (or
multibilayers).33–36 Therefore, it is of great interest to assess the
substrate eﬀect on the membrane mechanics, and situate the
SLB models with respect to their biological counterparts.
Pulling lipids from cells and membranes with a probe (a
bead in an optical trap or an AFM tip) by applying a force in
the orthogonal direction away from the membrane37–42
resembles the cell vesiculation and tubulation. It has been
reported that in a cell, the tube growing force (Ftube) depends
on the membrane bending stiﬀness (κ), the in-plane membrane tension (σ) and the membrane-cytoskeleton adhesion.3
In regions where the membrane has separated from the cytoskeleton, which is named bleb or free membrane, Ftube is
strictly dependent on the membrane properties, with the principal contributions being κ and σ, as there is no direct interaction with the cytoskeleton.43 In general, however, the cytoskeleton adhesion and σ are diﬃcult terms to separate, so it
has been designated the so-called apparent membrane tension
(σapp), which is defined as the membrane tension when considering the whole cell membrane and taking into account the
adhesion contribution (eqn (1)).3 Hence, variations in the
cytoskeleton-membrane adhesion term have a direct impact
on the Ftube.43,44
To relate these membrane parameters, the following mathematical expression (eqn (2)) has been proposed, which is
valid when the tube growth occurs under thermodynamic
equilibrium, that is in the limit of zero velocity (static thermodynamic analysis):37–41,45,46
σ app ¼ σ þ γ

ð1Þ

Ftube 2
8κπ2

ð2Þ

σ app ¼

where γ is the adhesion energy parameter.
A simplified but analogous situation occurs when lipid
tubes are pulled by an AFM tip from an SLB.40,41 As exemplified in Fig. 1, during an AFM-FS measurement on an SLB, the
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Fig. 1 Force-separation curve when performing an AFM-FS measurement on an SLB: approach (red dotted line) and retract (blue line),
showing the breakthrough event and force (Fb) and the tube growing
event and force (Ftube). Schematic representation of the diﬀerent steps.

AFM tip is approached and retracted from the bilayer at a constant velocity to obtain a register of the force as a function of
the tip–sample separation (red dotted curve: approach; blue
curve: retract). Once in contact, the AFM tip first compresses
the bilayer and finally pierces it in a sudden event at Fb. When
retracting from the surface, the tip remains connected to the
surface through a lipid tube that grows longer while the tip
moves further away up to a certain distance when it breaks and
the cantilever returns to the equilibrium position. This process
of growing the lipid tube occurs at constant force Ftube and it
is observed in the retract force-separation curve as a force
plateau, at several tens of pN (Fig. 1, blue curve). Yet, from
these experiments it is not possible to discern whether both
leaflets of the bilayer equally contribute to the tube growth.
Here, we assess the contribution of the underlying substrate
to the membrane mechanics using the AFM to pull membrane
tubes from SLBs. We explore the local nanomechanical properties of lipid membranes through the evaluation of the Ftube
in a lipid tubing force spectroscopy approach, combining the
advantage of the AFM to locally probe a sample with lateral
resolution at the nanoscale and apply and sense forces in the
pN range with the simplicity of the SLB preparation. We validate this approach by assessing the contribution of the chemical composition to the membrane mechanics and we demonstrate its capacity to diﬀerentiate domains of diﬀerent compositions in phase-segregated membranes.

Experimental section
Materials
1,2-Dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE, transition temperature, Tm = −16 °C), 1,2-dipalmitoyl-sn-glycero-3-
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phosphoethanolamine (DPPE, transition temperature (Tm) =
63 °C), 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC, Tm =
−17 °C), 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC,
Tm = 41 °C), 1,2-distearoyl-sn-glycero-3-phosphocholine (DSPC,
Tm = 55 °C), 1,2-dielaidoyl-sn-glycero-3-phospho-(1′-rac-glycerol)
(DOPG, Tm = −18 °C), 1,2-dipalmitoyl-sn-glycero-3-phospho(1′-rac-glycerol) (DPPG, Tm = 41 °C) and cholesterol (Chol) were
purchased from Sigma-Aldrich (St Louis, MO). The experiments were performed in 150 mM NaCl, 20 mM MgCl2,
20 mM HEPES (4-(2-hydroxyethyl)-1-piperazineethanesulfonic
acid) ( pH 7.4) buﬀer or in 94 mM NaCl, 4 mM phosphate
saline buﬀer (PBS) of pH 7.4. Both buﬀers were prepared with
ultrapure water (Milli-Q reverse osmosis system, 18.2 mΩ cm
resistivity) and filtered before use with an inorganic membrane
filter (0.22 µm pore size Whatman International Ltd, England,
UK).

Sample preparation
The diﬀerent lipids were individually dissolved in chloroform :
methanol (v : v 3 : 1) to give a final concentration of 3 mM.
Aliquots of each phospholipid, or the corresponding mixture,
were poured into a falcon tube, followed by evaporating the
solvent to dryness under a nitrogen flow to achieve a thin film
spread on the walls of the tube. The dried lipid films were
then hydrated with buﬀer solution (150 mM NaCl, 20 mM
MgCl2, 20 mM HEPES, pH 7.4) previously heated above the
Tm of the phospholipid, until a final total concentration of
0.5 mM. The falcon tubes were later subjected to cycles of
vortex mixing and heating to above the Tm. The vesicle suspensions were placed in an ultrasound bath for 30 min to finally
obtain unilamellar vesicles.22 The DOPC : Chol (80 : 20 molar
ratio) vesicles were synthesized by the DELOS-SUSP method47
and suspended in 94 mM NaCl and 4 mM PBS ( pH 7.4).
Supported lipid bilayers (SLBs) were obtained by the vesicle
fusion method.12,48 The vesicle suspensions were deposited
onto freshly cleaved circular mica surfaces (Ted Pella, Redding,
CA) and incubated for 30 min at a temperature above the phospholipid Tm. After that, the samples were rinsed several times
with buﬀer solution to eliminate unfused vesicles, always
keeping the substrates hydrated.
To study supported unfused vesicles, DOPC : Chol vesicles
of 70 nm average diameter (and a polydispersity index of 0.2) –
from dynamic light scattering (DLS) – were used. Vesicles were
deposited onto square silicon substrates with their native
oxide (Ted Pella, Redding, CA) previously cleaned with Piranha
solution (7 : 3 H2SO4 : H2O2 (30%). Caution: Piranha solution
should be handled with extreme care), incubated for 5 min at
room temperature (RT) and then rinsed with the corresponding buﬀer solution. In this case, we obtained a combination of unfused vesicles with some bilayer patches onto the
silicon substrate. Only several solid-supported vesicles were
analysed, so the size distribution of the vesicles in the suspension may not represent the studied population. Therefore, we
measured the size of each individual studied vesicle from the
AFM images. When deposited on a surface, the vesicles adopt
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a spherical cap shape. We obtained an average width (±SD) of
the spherical cap of 193 ± 76 nm.
Atomic force microscopy-based force spectroscopy (AFM-FS)
AFM-FS measurements were performed using an MFP-3D AFM
(Asylum Research, Santa Barbara, CA) at RT and under liquid
conditions (buﬀer solution), on a sample region previously
visualized using AC-mode for SLBs and contact mode for supported vesicles. We used V-shaped Si3N4 cantilevers (Bruker
AFM Probes, Camarillo, CA) having a nominal spring constant
of 0.35 N m−1: SNL, with the tip made of silicon and a
nominal tip radius (rtip) between 2 and 12 nm; and DNP, with
the tip made of silicon nitride and a nominal rtip between 20
and 60 nm. After having measured the sensitivity (V m−1), the
cantilever spring constants were individually calibrated by
using the equipartition theorem (thermal noise routine).49,50
Force–distance curves were recorded by approaching and
retracting the AFM tip at 1 µm s−1 (unless specifically stated)
and in the force map mode. The number of force–distance
curves analysed for each system are listed in each figure
caption and these correspond to 2 to 3 independent experiments. All Ftube and Fb values reported correspond to mean ±
SD, unless specifically stated.

Results and discussion
Membrane chemical composition
To demonstrate the power of the lipid tubing force spectroscopy approach, we first assessed the contribution of the
membrane composition to the Ftube.
One component SLBs. We first assessed the role of the lipid
molecular structure in the tube growth process. We prepared
and studied SLBs on mica, composed of diﬀerent individual
phospholipids, namely DOPC, DPPC, DOPE, DPPE, DOPG and
DPPG. We chose phospholipids of constant chain lengths of
18 (with 1 unsaturation, DO-) and 16 (fully saturated, DP-) C,
in fluid and the gel state at room temperature (RT), respectively, while varying the headgroup ( phosphoethanolamine
(PE), phosphocholine (PC) and phosphoglycerol (PG)) (Fig. 2).
After imaging the samples to locate bilayer patches, force–
distance curves were recorded using sharp AFM tips (silicon,
nominal tip radius (rtip) between 2 and 12 nm). From the plateaus observed in the retract curves, the Ftube values and the
distance at which the tubes rupture or detach (d ) were
obtained. Fig. 2 shows the Ftube vs. d plots, the Ftube and d distributions (a–c) and the Ftube mean values (d) for each SLB,
sorted by the headgroup.
The tube growing force Ftube is lower for liquid-disordered
(ld) bilayers (in the range of 65–80 pN) than for solid-ordered
(so) bilayers of the same headgroup (in the range of 90–110
pN). While in the ld state the Ftube slightly augments from PE
to PC (66 ± 15 pN for DOPE, 80 ± 25 pN for DOPC and 75 ± 13
pN for DOPG), and it clearly increases when changing the
headgroup for so membranes from PE to PC and then PG (92 ±
20 pN for DPPE, 104 ± 30 pN for DPPC and 112 ± 30 pN for
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Fig. 2 Ftube vs. d plots and histograms for all the phospholipid systems
sorted by the headgroup: PE (a), PC (b) and PG (c) (n > 100), including
the phospholipid structures. (d) Boxchart for Ftube values showing the
mean (●), SE (box) and SD (bars). All the measurements were performed
in 150 mM NaCl, 20 mM MgCl2, 20 mM HEPES ( pH 7.4) buﬀer solution
and at RT.
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DPPG). These values are directly related to the molecular
lateral packing and interaction with the substrate and surrounding solvent, mainly of electrostatic nature. Therefore,
tube growth from SLBs with the AFM occurs at a higher force
for PG SLBs, charged phospholipids that together with the
ions from the buﬀer form strong lateral packing between the
lipid headgroups and enhanced interactions with the substrate. This behavior corresponds well with the trend observed
in the Fb measured using the approach curves (Fig. S1a†), a
well-established characterization methodology for such
bilayers.17,20,22 Not only significantly lower Fb values are
obtained for ld SLBs than for so bilayers, but also the values
increase following PE < PC < PG (DOPE 3.7 ± 1.6 nN, DPPE
8.9 ± 4.3 nN,17 DOPC 4.8 ± 0.6 nN, DPPC 16.1 ± 3.4 nN, DOPG
3.8 ± 0.5 nN and DPPG 26.5 ± 3.5 nN). A clear correlation
between Fb and Ftube is observed (Fig. S1b†).
Interestingly, when increasing the saturated tail length
from 16 (DPPC) to 18 (DSPC) C, no significant variation in the
Ftube (98 ± 12 pN) is observed, with respect to the DPPC
bilayers (Fig. S2a and b†). In contrast, this slight diﬀerence in
the tail length provokes a significant increase in the Fb for
DSPC (32.7 ± 2.0 nN) compared to DPPC SLBs (Fig. S2c†).
In general, the distance at which the tubes break or detach
from the tip for so SLBs extends all over the range up to
around 150–200 nm for DPPE (Fig. 2a), with a higher population around 15–40 nm for DPPC and DPPG (Fig. 2b and c).
For ld SLBs, tubes are only pulled to distances below 50 nm,
for DOPE and DOPC (Fig. 2a and b). Still, the tubes growing
from DOPG bilayers normally extend to much longer distances,
reaching values up to 450 nm (Fig. 2a). This might be related
to higher ion mediated interactions between the PG lipid
molecules and the AFM tip.
From the resultant Ftube values, it is possible to estimate
the membrane tension, according to eqn (2), when the tube
growth can be considered thermodynamically reversible. In
our measurements we observed that the Ftube did not significantly change with the pulling velocity (1–3 µm s−1) and therefore we assume a quasi-reversible situation. For DOPC, and
with κ equal to 17 kBT obtained from the reported X-ray studies
on GUVs,51 we calculate a σapp of 0.94 pN nm−1. This value
agrees with the reported studies performed on DOPC SLBs
setting the surface tension and measuring the tube radius.9,42
Phase segregated SLBs. Following the same procedure allows
us to characterize phase segregated bilayers, and laterally
resolve the diﬀerent domains. To prove this, we studied a
mixed bilayer composed of DOPE : DPPG (25 : 75). Vesicles of
this composition open on the mica surface to form SLB
patches with diﬀerent domains (Fig. 3a) that correspond to an
so phase (rich in DPPG) dispersed in an ld phase (rich in
DOPE). When indented by the AFM tip at a constant velocity of
1 μm s−1, a bimodal Fb distribution is obtained (Fig. 3b), with
diﬀerentiated mean Fb values associated with each domain
(5.0 ± 0.6 nN for the lower domain and 11.9 ± 0.9 nN for the
thicker one). From the retract force-separation curves, we analyzed those showing the tube pulling event, and obtain an
Ftube distribution and map (Fig. 3c). The Ftube map shows red

This journal is © The Royal Society of Chemistry 2018

View Article Online

Open Access Article. Published on 11 July 2018. Downloaded on 1/8/2023 1:06:39 PM.
This article is licensed under a Creative Commons Attribution 3.0 Unported Licence.

Nanoscale

Paper

Fig. 3 DOPE : DPPG (25 : 75) SLB on mica: (a) AFM AC mode topographical image, (b) Fb map and distribution, (c) Ftube map and distribution (n >
100), and (d) two Ftube distributions resolved when separating Ftube values according to the corresponding Fb. The experiments were performed in
150 mM NaCl, 20 mM MgCl2, 20 mM HEPES ( pH 7.4) buﬀer solution and at RT.

pixels (lower Ftube values) in the region that correspond to the
peripheral part of the SLB patch, and yellow pixels (higher
Ftube values) in the center. When plotted all together, the Ftube
distribution is wide and corresponds to the convolution of the
two distributions, which are resolved when separating them
according to the corresponding Fb. Fig. 3d shows two superimposed histograms. The low Ftube histogram with a mean value
of 75 ± 20 pN (orange) corresponds to the Ftube values from the
force-separation curves associated with the low Fb (the DOPErich phase), while the higher Ftube histogram at 112 ± 25 pN
(green) corresponds to the Ftube from the curves associated
with the high Fb (the DPPG-rich phase). Fb and Ftube for the
domains may diﬀer from the values of pure DOPE and DPPG
due to partial miscibility among them. These results demonstrate that pulling tubes from supported membranes allows
also the identification of diﬀerent coexisting domains, providing lateral resolution to the nanomechanical analysis, and
demonstrates that segregation of domains may locally tune the
mechanical properties of the membranes.
Ftube does not depend on the AFM tip. One of the issues
when using AFM indentation measurements to determine the
elasticity properties of membranes is that the results are
highly dependent on the tip size, which needs to be wellcharacterized, and this is a parameter that can even vary along
a study. We study the eﬀect of the AFM tip properties (rtip and
tip material) on the Ftube. We used two diﬀerent tips that have
the same specifications except for the tip material and its rtip:
SNL (Bruker), with a tip made of silicon and nominal rtip
between 2 and 12 nm, and DNP (Bruker), with a tip made of
silicon nitride and nominal rtip between 20 and 60 nm. We
performed the experiments on DOPC bilayers onto mica. The
mean Ftube value obtained using the sharper (SNL) tips was
80 ± 25 pN, while using blunter (DNP) tips we obtained a
mean Ftube in the same range: 81 ± 13 pN. Still, we noticed that
for higher rtip, more tube growth events were detected in a
force map measurement. In any case, we can conclude that

This journal is © The Royal Society of Chemistry 2018

even if a bigger rtip may facilitate the tube growth on the tip, it
does not modify the resultant Ftube value. In studies on cells, a
comparable scenario has been observed, where increasing rtip
led to the formation of multiple tethers but did not aﬀect the
growing force even with diﬀerent tip functionalization.52,53
In general, significant dependence of Ftube with the pulling
velocity (dynamic contribution) has been reported on lipid
vesicles at high pulling velocities (15 to 250 µm s−1)45 and,
undoubtedly, on cells,46,54 attributed to the viscous drag
between the monolayers in vesicles, and to the viscous resistance between the membrane and the cytoskeleton in human
neutrophils.46 This has been demonstrated by actin disruption
with latrunculin A leading to a dramatic decrease of the
eﬀective viscosity to zero (tether forces independent of the
pulling rate).46 In our work on SLBs, however, no variation of
the Ftube value was observed here when changing the pulling
velocity from 1 to 3 µm s−1, tested for DOPC and DSPC bilayers
supported onto mica, representative of ld and so SLBs
(Fig. S3†). A similar observation has been reported for tubes
pulled from SLBs.55 Therefore, a quasi-static situation for low
pulling velocities on SLBs can be considered.
Contribution of the underlying substrate
As previously stated, in regions of a cell where the membrane
has separated from the cytoskeleton (blebs), the Ftube strictly
depends on the membrane bending stiﬀness κ and the inplane tension σ.3 Thus, determining Ftube from blebs (Ftube b),
where γ = 0, will allow the separation of adhesion and membrane tension. It has been assessed through measurements
from blebs and cytoskeleton supported cell regions (γ ≠ 0) that
Ftube b < 0.5Ftube cyt, meaning that over 75% of that σapp comes
from adhesion.3,43
In an analogous manner, we assess the adhesion contribution to the membrane apparent tension for a specific
support by using eqn (1) and (2), by comparing the Ftube of the
SLB with that of the same bilayer on a bleb-like situation.
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We evaluated the tube growth process from DOPC : Chol
(80 : 20 molar ratio) deposited vesicles, where the bilayer is not
in direct contact with the substrate. Chol is not only a key player
in biological membrane physics, but also involved in liposome
pharmacological formulations to tune mechanical properties
and permeability.56 We then compare this result with those
obtained for SLBs of the same sample supported on silicon and
mica surfaces, as schematized in Fig. 4a. In our experiments,
vesicles are analogous to bleb membranes, with γ = 0 in eqn (1),
while the SLBs comprise the adhesion term γ ≠ 0. To study
tubing out of vesicles, the deposited vesicles were first localized
with contact mode AFM imaging (Fig. 4b) and then force-separation curves were performed on the center of the vesicle.
As shown in the Ftube vs. d plots with the corresponding distributions and mean Ftube values (Fig. 4c and d, respectively), d
is equivalent for the three scenarios, with the highest population around 50 nm but reaching values up to 400 nm. On the
other hand, the lowest Ftube is obtained for the vesicles
(Ftube b = 92 ± 10 pN), shifting to higher Ftube values for the
SLB on silicon (Ftube Si = 109 ± 12 pN) and on mica (Ftube mica =
144 ± 16 pN).
This corresponds to Ftube Si and Ftube mica being approximately 15% and 37% higher than Ftube b, respectively (eqn (3)
and (4)).
F tube b ¼ 0:85F tube Si

ð3Þ

Fig. 4 (a) Scheme of the vesicles deposited onto Si, and the bilayers
supported onto Si and mica, for DOPC : Chol (80 : 20 mol ratio). (b) AFM
contact mode topographical image of a vesicle onto Si. (c) Ftube vs. d
plots and histograms (n > 65, averaging data from 6 diﬀerent vesicles),
and (d) boxchart for Ftube values showing the mean (●), SE (box) and SD
(bars), for the 3 situations. The experiments were performed in 94 mM
NaCl, 4 mM PBS ( pH 7.4) buﬀer solution and at RT.
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F tube b ¼ 0:63F tube mica

ð4Þ

Combining these results with eqn (1) and (2), we obtain the
relationships between the apparent membrane tension for the
bleb (σb) and each SLB (σapp Si and σapp mica for bilayers supported onto silicon or mica, respectively, eqn (5) and (6).
Ftube b 2 ð0:85Ftube Si Þ2
¼
¼ 0:72σ app Si
8κπ2
8κπ2

ð5Þ

Ftube b 2 ð0:63Ftube mica Þ2
¼
¼ 0:40σ app mica
8κπ2
8κπ2

ð6Þ

σb ¼
σb ¼

Considering σapp as the sum of σb and the corresponding
adhesion term γ (eqn (1)), we estimate γ for the SLB onto
silicon and mica. For a DOPC : Chol (80 : 20) SLB, γ is approximately 28% and 60% of the apparent membrane tension σapp,
on silicon and on mica, respectively. This situates the SLB
models as an intermediate scenario between a bleb and a
cytoskeleton supported membrane, where over 75% of the
apparent membrane tension is believed to come from
adhesion.3 Yet, it is important to take into account that changing the ionic environment or the lipid composition of the
membrane, for instance the phospholipid headgroup, would
certainly aﬀect the adhesion contribution due to the diﬀerent
electrostatic interaction with the underlying substrate.
It is known that Chol dissolves in the membrane and
aﬀects the mechanical properties of fluid-like SLBs, increasing
κ.20,29,57 This allows us to consider for DOPC : Chol (80 : 20) a κ
value of 21 kBT reported for POPC : Chol (75 : 25),29 higher
than that for pure DOPC membranes (17 kBT), to calculate the
in-plane tension for the membrane in the 3 systems. Following
eqn (1) and (2) we obtain for the vesicles σb = 1.24 pN m−1, for
the Si-SLB σapp Si = 1.71 pN m−1, and for the mica-SLB σapp mica
= 3.08 pN m−1.
The forces measured here for tube extraction from SLBs are,
in general, higher than those normally found on cell tethers
(20–50 pN), and the lengths of the tubes are considerably
shorter.46,52 This may be related to the strong adhesion energy
and in-plane membrane tension with the solid substrates. In
agreement, we have observed in preliminary studies on
polymer-cushioned membranes, using a PEG-grafted-mica
support, that for DOPC SLBs the tube growth occurs at a lower
force than on mica (ca. 70 pN), but in particular, they grow
much longer, with a majority around 500 nm, and extend up
to 2 μm (ESI, Fig. S4†). This situation approaches what is generally observed when pulling tethers from cells, where lengths
of several microns are usually observed. This methodology
may therefore be very useful in the design of the most appropriate substrates and platforms that better mimic the biomembrane arrangement.

Conclusions
We show that pulling lipid tubes from SLBs is valuable to
evaluate the mechanical properties of the membrane through
measuring the tube growing constant force Ftube. This force is
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independent of the tip radius and material, in analogy with
the force measured by tether pulling AFM experiments performed on living cells.
We first validate the lipid tubing force spectroscopy
approach assessing the membrane composition on the mechanics. We demonstrate that the phospholipid state of the SLB
determines the tube growing force, which in general is higher
for so than for ld bilayers. We show that Ftube also depends on
the phospholipid headgroup, enhancing Ftube values from PE
to PC and to PG bilayers, due to stronger interactions between
the charged phospholipid headgroups (PG) and the ions from
the buﬀer solution. This behavior is comparable to the one
observed in the well-established Fb approach. In contrast to
methods that involve micropipettes and optical tweezers, we
demonstrate that it is possible to diﬀerentiate the local
mechanical contribution of diﬀerent domains in phase-segregated bilayers, with the lateral resolution provided by the AFM
and the SLBs, showing that segregation may locally tune the
mechanical properties of the membranes. In addition, these
measurements complement the characterization upon indentation of the SLBs with the already established Fb procedure,
as in one force-separation cycle both sets of data can be
recorded.
Most importantly, we evaluated the influence of the underlying substrate on the tube growing force, comparing the tube
growth from deposited vesicles and SLBs (on silicon and
mica). Following this approach, we were able to assess the contribution of the diﬀerent substrates on the membrane mechanics, in a specific environment, and we prove that the SLB
model represents an intermediate scenario between a free
membrane (bleb) and a cytoskeleton supported membrane.
This approach contributes to better understand and improve
SLBs as models for biomembranes and may assist during the
design of cutting-edge substrates and platforms to mimic
diﬀerent circumstances on the cytoskeleton-membrane
arrangement.
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