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Polydisperse emulsion digital assay to enhance
time to detection and extend dynamic range in
bacterial cultures enabled by a statistical
framework†
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Microbiological culture remains the most sensitive method for detecting viable and infectious bacteria,
but these methods often require at least 24 hours to visibly identify bacterial growth. Lab-on-a-chip applications have utilized methods to isolate bacteria in picoliter-sized reaction vessels, resulting in digitized
signals that oﬀer improved time-to-detection and improved quantiﬁcation. Although a great improvement, these approaches typically require expensive and specialized equipment, trained laboratory personnel, and maximum addressable volumes that can be orders of magnitude less than needed for clinically
relevant limits of detection. To address these limitations, we have developed a simple method for preparing and semi-quantitatively analyzing small-volume droplets for performing digital culture, allowing for
the detection of bacteria. This work includes a description of the method, characterization of resulting
droplet sizes, comparison to traditional culture, and a statistical framework to quantify results. Though
polydisperse, the droplet size distribution was consistent over diﬀerent experiments, and there was a corReceived 5th January 2018,
Accepted 8th May 2018
DOI: 10.1039/c8an00029h
rsc.li/analyst

relation between the observed number of positive droplets and the bulk concentration that can serve as a
calibration curve for samples with unknown droplet size distributions. This statistical framework enables
the simpliﬁcation of droplet preparation and allows for accurate quantiﬁcation even with polydisperse
droplet sizes. The application of this method can also be extended to a variety of settings for the detection or quantiﬁcation of bacteria in complex samples.

Introduction
The most common method for detection of viable bacteria in a
sample is microbiological culture. In liquid bulk culture, any
resulting signal from growth – such as a fluorescent reporter –
is diluted in the bulk matrix, reducing the signal-to-noise ratio
(SNR) and limit of detection. The development of micro-cultures using isolated picoliter-sized ( pL-sized) volumes helps
overcome the eﬀects of diﬀusion and leads to an improved
SNR. However, the total addressable volume in typical microfluidic systems is often orders of magnitude lower than clinically or environmentally relevant sample sizes, where limits of
detection on the order of single cells per 10s or 100s of mL are
common.1
Methods have been developed to identify single bacteria in
a sample such as volume reduction through filtration2 and
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target isolation through bead-based capture.3,4 Although
eﬀective, these methods can be complex requiring multiple
user steps or lack sensitivity due limited ability to sample large
volumes.3
The basis of the method reported here is the digitalization
of individual bacteria into isolated droplets, or culture vessels.
While many droplets contain no target bacteria, those with
one or more bacteria will have bacterial and reagent concentrations higher than that of the bulk sample, leading to faster
culture and higher SNRs, especially when combined with more
sensitive reporter systems such as fluorescence.5–8 Water-in-oil
(w/o) emulsions have been reported to create stable, isolated,
pL-sized culture vessels.9 These emulsion systems contain a
dispersed or aqueous phase, a continuous or oil phase, and an
emulsifying agent, which is often a surfactant.10 The choice of
the emulsifying agent can be critical for culture applications
because aging can lead to the coalescence of droplets if the
selected emulsifying agent does not maintain long-term
droplet stability.11 The droplet volume is also an important
factor. Droplets should be as small as possible (but not
smaller than the target bacteria), so that the concentrations of
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targets in them are high and the detection time is shortened.
Therefore, the required droplet sizes usually range from 10s–
100s µm in diameter (<1–100s pL). In addition to reducing the
eﬀects of diﬀusion, a non-aqueous continuous phase encapsulates single bacterium into droplet vessels for isolated culture.
There are two main categories of emulsion preparation:
bulk solution approaches and microfluidic approaches. Bulk
emulsions are generated by mixing two immiscible fluids and
applying force to breakdown larger micelles into smaller droplets. Forces can be applied by vigorous shaking by hand or
through the use of an active homogenizer.12 Ushikubo et al.
used a commercially available homogenizer to prepare droplets that ranged in size from 2.8–35 µm (<1–30 pL) depending
on the forces applied.13 In these systems, median droplet size
is dictated by the Weber number at a given shear strain and
fluid viscosity.14 These approaches are eﬀective, but tend to
lead to droplets that are polydisperse. During emulsion formation, polydispersity or the droplet size range depends on
the viscosity ratio between the dispersed and continuous
phases.15 This ratio is influenced by multiple factors including
the composition of the oil and emulsifier, interfacial tension,
and shear rate of emulsification.13,15 According to Boxall et al.,
water-in-oil emulsion formation is dominated by viscous
forces during turbulent mixing. These viscous forces can be
inhomogenous resulting in varied droplet sizes controlled by
locally turbulent flows.16,17 Traditionally, this polydispersity
has been a challenge for digitization due to the lack of uniformity and certainty of equal distribution of reagents. Due to
these constraints, microfluidic systems were developed to
produce more controlled, uniform droplets.
Microfluidic droplet generation approaches rely on interfacial tension and viscous shear stresses caused by the geometry of microfluidic chips and fluid flow rates.18,19 Resulting
droplet diameters range from 1–50 µm (1s–100s pL).
Additionally, a considerable amount of research has identified
appropriate surfactants9,20 and other stabilizers21,22 to help
maintain droplet integrity in-chip. This approach was first
demonstrated in capillary microfluidic systems,23 and has
since been modified for a variety of pL-sized droplets24–26 and
used for in-chip bacterial culture.27,28 There are also commercially available systems such as SlipChip29–31 and Fluidigim.32
Although eﬀective, all of these systems still require specialized
chips, expensive equipment, and trained technicians for operation, limiting their potential use to laboratory-settings and
locations with consistent electricity. Additionally, most of
these systems have maximum addressable volumes that can be
orders of magnitude less than clinically relevant sample
sizes.33
To overcome the limitations of bacterial detection using
microfluidic droplet generation, volume reduction through filtration, or bead-based target isolation, we have demonstrated a
simple, low-cost method for droplet generation and in-droplet
bacterial culture. Droplet preparation is based on a known
method of bulk emulsion formation, which relies on agitation.
Our system uses oﬀ-the-shelf components and is compatible
with a wide range of oils and input sample types. Also, this
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system can function with a range of volumes and uses the
entire input sample, therefore increasing total addressable
sample volume. Our method can use simple hand-mixing to
prepare droplets, removing the constraints of laboratory equipment, electricity, and trained personnel making it a good fit
across a range of settings. However, it is not limited to handmade droplets, and can be used with a simple laboratory vortexer if it is available.
We characterized the droplet volumes made by diﬀerent
methods and compared bacterial growth in bulk and handmade droplets. We also performed a series of emulsion experiments to obtain a calibration curve, and compared the
observed results with the calculated expected outputs34 using a
fluorescent growth reporter for improved sensitivity.35

Materials and methods
Reagent preparation
MI broth was purchased from Hach (Loveland, CO, USA),
PicoSurf 1 was purchased from Dolomite Microfluidics
(Royston, UK), MI agar for preparing plated cultures was purchased from Fisher Scientific (Waltham, MA, USA), and MUG
supplement, Lysogeny broth (LB), resazurin sodium salt were
purchased from Sigma Aldrich (St Louis, MO, USA).
E. coli cell culture
Escherichia coli (E. coli, strain BL-21, purchased from ATCC,
Manassas, VA, USA) was cultured at 37 °C with shaking (250
rpm) overnight in LB. When ready for use, cultures were
diluted to the desired working concentration in MI media with
an additional 0.5 mM of MUG supplement. After dilution,
10 µL aliquots were plated on MI agar plates for overnight
incubation and colony forming unit (CFU) counting. MI agar
plates were prepared as suggested by the manufacturer and
stored at 4 °C until use.
Bulk bacterial growth measured in a plate reader
Bulk bacterial growth was monitored using the commerciallyavailable fluorogenic substrate MUG. During growth, E. coli
produces the enzyme β-glucuronidase which cleaves MUG
resulting in a fluorescent compound.35 Samples with varying
concentrations of E. coli were prepared in MI media supplemented with 0.5 mM MUG. The samples were aliquoted
into flat-bottom 96- and 384-well plates. A range of sample
volumes from 10–100 µL were prepared with equal CFUs
inputted at each volume, to verify that time-to-detection was
independent of culture volume. Well plates were incubated at
37 °C with orbital shaking in a Synergy H1 plate reader
(BioTek, Winooski, VT, USA) and fluorescent signal was monitored every 30 minutes for 9 hours (excitation: 360 nm; emission: 450 nm; gain = 50). Aliquots were also plated on MI agar
culture plates and incubated overnight at 37 °C to obtain CFU
counts.
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Droplet preparation using a microfluidic chip
Monodisperse droplets were prepared using the commercially
available droplet generating system from Dolomite
Microfluidics (Royston, UK). Briefly, the set-up included the
pressured-based droplet starter kit, two mitos p-pump basics,
a 3-way vessel holder kit, and small quartz droplet chips with
hydrophobic channel coating from Dolomite Microfluidics
(Royston, UK). The p-pumps were controlled using Flow
Control software from Dolomite Microfluidics (Royston, UK).
The system was pressurized using an air compressor ( part
#2010A, California air Tools, San Diego, CA, USA) and droplet
formation was monitored using an LCD Digital Microscope
(model #44341, Celestron, Torrance, CA, USA).
The dispersed phase was composed of aqueous droplets
containing MUG-supplemental MI media and bacterial cells
(between 0–103 CFU µL−1) while the continuous phase was
composed of PicoSurf 1. Droplets were prepared by pressuring
the system between 300–600 psi, most often with the dispersed
phase 0–100 psi higher than the continuous phase. After droplets were prepared, the chip ports were sealed using microseal “B” plate sealing film (BioRad, Hercules, CA, USA). After
an experiment was complete, chips were thoroughly washed
(at least 10× chip volume) with DI water followed by acetone.
Chips were then pumped dried with air and autoclaved to sterilize prior to reuse. Chips were not cleaned with bleach to preserve the hydrophobic coatings on the channels.
Simplified droplet preparation
Polydisperse droplets were prepared using our in-house
method to compare with aforementioned monodisperse droplets and bulk culture. Equal volumes of MUG-supplemented
MI media with cells (between 102–105 CFU per 100 µL) and
PicoSurf 1 were added to a 1.7 mL Eppendorf tube. Droplets
were formed using two methods: inverting the tubes 10× times
or vortexing for 5 seconds at the maximum speed. The emulsions formed were ready for use without any additional
preparation.
To monitor the stability of droplets prepared with our simplified method, emulsions with the varying input E. coli CFUs
described above were incubated at 37 °C for up to 144 hours.
At regular intervals, bacterial growth from each sample was
quantified and compared to a standard plate count (at
24 hours). Droplet sizes over time were also monitored to
ensure they remained consistent – aging of unstable emulsions
usually results in increased droplet size over time.36 Droplets
and bacterial growth were monitored using a Nikon
Ti2 microscope as described below.
Imaging droplets and bacterial growth using a microscope
Droplets prepared using our simplified method were imaged
using a Nikon Eclipse Ti2 inverted microscope at 100× magnification – 10× objective with a 10× eyepiece – (Nikon
Instruments Inc., Melville, NY, USA). An 18 µL (10 µL to fill
chamber and extra to minimize air bubbles when sealed)
aliquot of the emulsion was loaded to each chamber of a
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Countess cell counting chamber slide (Fisher Scientific,
Waltham, MA, USA) and sealed with “B” plate sealing film
(BioRad, Hercules, CA, USA) for imaging. Bright field and fluorescent images were automatically captured from twenty-five
0.339 mm2 regions of each chamber.
Droplet size was measured using bright field images with
automatic exposure and gain. Bacterial growth was monitored
in the dark using a DAPI filter cube (Nikon Instruments Inc.,
Melville, NY, USA) with 1 second exposure and 1× gain. A SOLA
light engine was used as the fluorescent light source (Nikon
Instruments Inc., Melville, NY, USA). The same fluorescent
substrate, MUG, was detected in droplets using the same excitation and emission wavelengths as bulk bacterial growth
measured in a plate reader. During growth experiments,
loaded Countess slides were heated at 37 °C in an incubation
chamber.
Calculations of the expected positive number of droplets using
measured volumes
In a particular experiment, the expected number of positive
droplets was calculated using the binomial distribution. The
probability a particular droplet is positive was calculated using
the input concentration (via the Poisson distribution). To
account for droplet volume polydispersity, we added the new
step that utilizes the measured volume distribution (in comparison to traditional digital assays with monodisperse
droplets).
Image analysis
The brightness and contrast was held constant across all
images taken with the microscope. Droplet size was measured
using MATLAB’s Image Processing Toolbox (MATLAB R2017a,
The MathWorks, Inc., Boston, MA, USA), see the ESI, Fig. S1
and S2,† for example code and images. Positive droplets were
manually counted after background subtraction from a zero
CFU input sample.

Results and discussion
Comparing methods for droplet formation
In this work, we aimed to demonstrate a simple, low-cost
method for droplet generation and in-droplet bacterial culture
that didn’t rely on complex droplet generating equipment. To
characterize our method, we used the principles of bulk-based
emulsion formation coupled with oﬀ-the-shelf components.
Our method can be used in a variety of settings by either
hand-mixing or vortexing to prepare droplets. We compared
our method to the commercially available Dolomite Droplet
formation system. The Dolomite system was able to reproducibly prepare droplets on the order of 30 µm (15 pL), Fig. 1A,
while our simplified method produced droplets ranging from
20–150 µm (1–1000 pL), Fig. 1B.
Both methods create stable droplets suitable for multi-hour
experiments, Fig. S3,† but our method has multiple advantages over the chip-based system, principally a larger total
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Fig. 1 Comparing conventional droplet-forming methods to our easy, low-cost, minimally instrumented method. A. Commercial, instrumented
methods for droplet formation from (i) Dolomite,37 (ii) SlipChip38 (reproduced from ref. 31 with permission from the Royal Society of Chemistry), and
(iii) Fluidigim39 (from ref. 32 reprinted with permission from AAAS). B. Simpliﬁed droplet formation by hand-mixing and vortexing. C. Both the commercial Dolomite system and our method can be used for in-droplet cell culture and quantiﬁcation. Images show droplets containing actively
growing E. coli. By counting the number of ﬂuorescent droplets, inputted bacterial concentration can be quantiﬁed.

addressable volume, but also including rapid droplet formation (seconds vs. minutes) and ease of use (no equipment
vs. specialized pumps and chips) Additionally, we’ve demonstrated that our method for droplet preparation is compatible
with in-droplet bacterial culture, Fig. 1C.
Monitoring bacterial growth in bulk and in droplets
First, we focused on comparing time-to-detection for bulk
culture and droplets (both mono- and polydisperse). Previous

This journal is © The Royal Society of Chemistry 2018

work has shown a decreased time-to-detection for in-droplet
culture due to reduced eﬀects of nutrient diﬀusion and
increased signal-to-noise ratio.8,27,28 We demonstrated that
emulsions prepared with our method show reduced times-todetection compared to bulk, well-plate culture and enable
direct quantification of bacterial count, Fig. 2.
Additionally, our polydisperse droplet distribution
showed the same time-to-detection as the monodisperse
droplet distribution for higher input CFU samples. We were
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Fig. 2 Comparing E. coli cells cultured in droplets made using a droplet-forming chip (monodisperse) or our simpliﬁed method ( polydisperse) to
cells cultured in bulk (in well-plates). A. Time-to-detection and quantiﬁcation for inputs ranging from 100–103 starting cfu E. coli per imaged
volume. Averages of N = 3 (for polydisperse and bulk) and N = 2 (for monodisperse) are reported with error bars corresponding to ±one standard
error. The droplet-based samples ( polydisperse and monodisperse) were quantiﬁed by counting the number of ﬂuorescent droplets. B. Images
post-culture of 0 and 102 input per 10 µL for polydisperse droplet samples. Images were collected and stitched together using the Nikon Ti2 software and analysed via ImageJ.

also able to show a higher dynamic range for the polydisperse system, likely due to the higher volume of sample this
system processed. The statistical correction overcomes any
bias as a result of polydisperse droplet populations, and the
simplicity of a shaken emulsion preparation compared to
monodisperse droplet creation removes the need for expensive microfluidic equipment and trained personnel for
droplet formation.

2832 | Analyst, 2018, 143, 2828–2836

The lowest bacterial count the polydisperse system quantified was 101 CFU. This limit is driven by the amount of sample
that can be processed and not the polydispersity of the system.
Future work will explore methods to increase the volume processed by the system and should further reduced the detection
limit.
We compared the total number of bacteria in each system’s
imaging volume in order to quantitatively compare experi-
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mental results to known inputs. We verified that varying
volumes of bulk culture did not aﬀect time-to-detection using
the plate reader, Fig. S4.† Each bulk culture volume contained
the same total number of starting bacteria. We chose to use
data from the 10 µL bulk sample (well-plate dimensions constrained us from testing lower volumes) to compare to dropletbased cultures as it provided the closest to volumetric parity.
The total imaged volume of the polydisperse emulsion was
∼10 µL. We determined this value by measuring droplet size
and adjusting for the droplets’ aqueous fraction of the emulsion imaged. Fig. 2B shows representative images of bacterial
culture in polydisperse droplets for a 0 and 102 input samples.
The time-to-detection and signal over background was
shown for a range of input E. coli amounts from 100–103 bacteria. Detection in bulk culture lagged significantly behind indroplet culture for all inputs tested. Additionally, the polydisperse droplet cultures showed a wider dynamic range and at
least an order of magnitude lower limit of detection compared
to bulk cultures. These results are summarized in Table 1.
In addition to time-to-detection, we studied the stability of
droplets made with our simplified method. Initially, we
tracked droplet size during the course of an eight-hour experiment at 37 °C. The tracked droplets ranged in size from
∼30–400 pL and remained stable during the 8 hours, Fig. S3.†
We also tracked the number of droplets with positive bacterial growth over time. Droplets were prepared with varying
input amounts of E. coli ranging from 102–105 bacteria per
100 µL droplets. All samples were then incubated at 37 °C for
up to 144 hours. At regular intervals, aliquots of each emulsion
were imaged and bacterial concentration was quantified based
on the number of positive droplets. Stable emulsions should
plateau to a constant number of positive droplets, indicating
that each droplet remains an isolated system. Fig. S5† shows
that the emulsions do remain stable over the course of the
144-hour experiment for each input tested. Additionally, these
results indicate that each droplet remains an isolated environment with no fluorescent substrate diﬀusing between droplets
because the number of positive droplets remains stable over
the 144 hours.
Another advantage of bacterial detection using the MUG
substrate is its previous demonstration for E. coli detection in
real world samples. Work has been published that uses MUG
to identify bacteria in water40 and soil.41 This compatibility

Table 1 Comparing time-to-detection (minutes) for E. coli cultures.
Times are based on averages of at least N = 3. Input CFU refers to the
input per imaged or measured volume which was held consistent across
all methods

Input CFU
3

10
102
101
100

Bulk – well plate

Simplified droplet method

420
480
ND
ND

240
300
360
ND

ND = not detected over the course of an 8-hour experiment.
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indicates that future work in our system should accommodate
testing of complex samples.
Droplet size distribution and quantification
A larger droplet is more likely to contain one or more target
bacteria, and thus, has a larger probability of turning “on”, i.e.
becoming a positive droplet. A wide range of volumes means a
wide range of probabilities that a droplet turns on, making the
statistical understanding of this approach non-trivial.
Therefore, we developed a statistical procedure to calculate
the expected number of positive droplets. The bulk concentration is called λ. In an experiment with n droplets, the
number of positive droplets (those with 1 or more bacteria) is
called a. The probability a droplet with known volume v turns
positive is P0(λ, v) = 1 − e−λv. The probability a randomly chosen
droplet (among droplets of polydisperse sizes) turns positive is,
ð1
PðλÞ ¼
P0 ðλ; vÞf ðvÞdv
1
ð1
ð1
¼
ð1  eλv Þf ðvÞdv ¼ 1 
eλv f ðvÞdv
1

1

where f (v) is the probability density function (PDF) of the
volume distribution. The analytical form of the PDF may not
always be known, so the measured volume is used in its place
in practice. Assuming the volume distribution of droplets produced by a certain method is consistent over diﬀerent experiments, we can perform a calibration experiment in which we
measure droplet volumes (v1, v2,…, vm) and use these m
measurements in the calculations for subsequent experiments.
Therefore, the probability a randomly chosen droplet turns posi!
m
1 X
vi λ
tive is Pon ¼ 1 
e
. The experiment is now similar
m i¼1
to flipping a biased coin, so the number of positive droplets
follows a binomial distribution with mean of n × Pon and stanpﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
dard deviation of n  Pon ð1  Pon Þ.
Consequently, the assay result (number of positive droplets)
depends on the volume distribution. Our simplified method
results in polydisperse droplets that can range from 10s to
100s µm in diameter (1–1000 pL), while droplets made in chip
are monodisperse, Fig. 3A. With such a wide range of droplet
volumes, it is important to verify that their distribution is consistent over multiple experiments using the same method of
preparation including a consistent agitation frequency and
duration. We measured droplet volumes across experiments
with varying bulk concentrations of E. coli (1, 10, 100, 1000
bacteria per µL, each in 3 replicates) and found the resulting
distributions to be similar, even though they span orders of
magnitude, Fig. 3B. This consistency of droplet size distribution across experiments and the statistical framework
described above allows for accurate quantification of bacteria
even with polydisperse droplet sizes.
Our experimentally derived data shows an expected linear
relationship between the input cell count and the number or
positive droplets, Fig. 4A. Using the measured droplet volumes
and statistics described above, we can compare our experi-
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Fig. 3 Droplet size distribution and quantiﬁcation. A. Comparing droplet sizes made by manual inversion (handmade), vortexing, or using the
Dolomite chip. B. Histograms of measured droplet volumes from twelve separate experiments using the same method of preparation including a
consistent agitation frequency and duration. Overall, the range of droplet volumes is consistent across experiments.

Fig. 4 Comparing experimental data to statically derived droplet counts. A. Experimentally counted positive droplets follows an expected linear
relationship (note the y-axis is linear while the x-axis is log-scale); as input cell count increases, so does the number of positive droplets, N = 3 per
input cell count (linear regression model: y = 47.33x − 42.67) B. For low input cell concentrations, the statistically derived 95% CI for the predicted
number of positive droplets aligns well with most of the experimental data. For higher input cell counts, number of positive droplets began to saturate the ability to accurately count, resulting in a more varied distribution. The black dashed lines denote the 95% conﬁdence interval (95% CI) from
the statistical predictions for each individual replicate based on the distribution of droplet sizes observed in each sample.
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mental data to the statistically predicted number of positive
droplets for each sample, Fig. 4B. For low input cell concentrations, the experimental counts fall within the 95% confidence intervals predicted by the statistics. At higher bacterial
input, the number of positive droplets began to saturate the
ability to accurately count, resulting in a more varied distribution (Fig. S6†) and a dynamic range of 0–103 CFU per
imaged area. Because this variation falls at the higher input
concentrations, it is less vital for applications where this
technology would be impactful, such as counting very rare
events like bacteria in drinking water. However, to overcome
this limitation, future iterations of this work will include processing larger sample volumes and incorporating an automated counting mechanism to help more accurately count
high numbers of positive droplets and therefore expand the
dynamic range.

Conclusions
Here we have demonstrated a simple-to-use, low cost method
for preparing small-volume droplets for performing digital
culture. First, the system was shown to accurately quantify
input bacteria counts. Our simplified method requires significantly less equipment and time to execute compared to
droplet-forming microchips. Additionally, our polydisperse
droplet preparation method showed a similar time-to-detection to monodisperse droplets and an improved time-to-detection over more traditional bulk-based culture methods. The
polydisperse droplets prepared with this system also remained
stable for up to 144 hours, indicating that these methods
could be compatible with pathogens that require longer incubation times, such as mycobacterium.
We have also characterized the range of droplet sizes
created in our system and presented statistical methods to
quantify the number of bacteria in samples with polydisperse droplet sizes. Importantly, this statistical approach
also enables the quantification of bacteria in a sample
without having to measure the actual distribution of
droplet sizes, even in very polydisperse samples. The combination of rapid droplet preparation and this statistical
framework leads the way for implementing this method in
a variety of locations including limited resource settings.
The samples in this manuscript were characterized using a
traditional laboratory microscope; but for future applications, a reader, could be used in conjunction with the
statistical method to quantify rare events from large
volumes such as water samples. Future work will aim to
demonstrate this improved and aﬀordable reader technology with realistic samples.
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