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Distinct impacts of substrate elasticity and ligand
affinity on traction force evolution†

Christina Müller and Tilo Pompe*

Cell adhesion is regulated by the mechanical characteristics of the cell environment. The influences of

different parameters of the adhesive substrates are convoluted in the cell response leading to questions

on the underlying mechanisms, like biochemical signaling on the level of adhesion molecules, or

viscoelastic properties of substrates and cell. By a time-resolved analysis of traction force generation during

early cell adhesion, we wanted to elucidate the contributions of substrate mechanics to the adhesion

process, in particular the impact of substrate elasticity and the molecular friction of adhesion ligands on the

substrate surface. Both parameters were independently adjusted by (i) an elastic polyacrylamide hydrogel of

variable crosslinking degree and (ii) a thin polymer coating of the hydrogel surface controlling the affinity

(and the correlated substrate–ligand friction) of the adhesion ligand fibronectin. Our analysis showed two

sequential regimes of considerable force generation, whose occurrence was found to be independent

of substrate properties. The first regime is characterized by spreading of the cell and a succeeding force

increase. After spreading cells enter the second regime with saturated forces. Substrate elasticity

and viscosity, namely hydrogel elasticity and ligand affinity, were both found to affect the kinetics and

absolute levels of traction force quantities. A faster increase and a higher saturation level of traction

forces were observed for a higher substrate stiffness and a higher ligand affinity. The results complement

recent modeling approaches on the evolution of forces in cell spreading and contribute to a better

understanding of the dynamics of cell adhesion on viscoelastic substrates.

Introduction

Cells sense the mechanical properties of their microenviron-
ment. This signaling process is facilitated by a complex inter-
play between transmembrane and intracellular proteins of
multicomponent adhesion sites, which links the cytoskeleton
with the extracellular matrix (ECM). The adhesion sites contain
mechanosensitive proteins enabling the cells to respond to the
stiffness of their ECM by applying forces and reorganizing its
components.1,2 Viscoelastic properties of the ECM influence
cell fate beyond simple adhesive forces. It is known that the
proliferation, differentiation and migration of various cell types
are affected by the mechanics of the surrounding ECM.3–8

Because of the polymeric nature of the ECM its mechanical
properties are governed by the network characteristics, includ-
ing the density and type of interconnections and the flexibility
of network strands.9,10 Furthermore, not only the apparent
stiffness of the matrix influences cell behavior, but also the
mobility and availability of ligands of cell receptors.9,11–15

Although currently underappreciated in the literature, there

are reports stating the impact of viscosity of intracellular
components and ECM on cell adhesion and differentiation.8,10

The remodeling of the ECM accompanying cell adhesion and
migration implies a continuous molecular friction of adhesion
ligands and thus energy dissipation. Time-resolved analyses of
cell adhesion processes are needed to decipher the impact of
those external mechanical cues on mechanotransduction.16

In this context it is known that cell size and shape are
important factors controlling the force generation of adherent
cells.2,17–20 Early cell adhesion has been intensely studied to
reveal common features of cell spreading.21 Different phases of
cell spreading were distinguished in correlation with distinct
processes within the adhesion apparatus.22,23 The first contact
of the cell and the flattening of the cell body are governed by
membrane tension and the underlying actin cortex.23–27 It was
shown that the initiation of fast spreading by cell protrusions
formed by actin polymerization is dependent on the ligand density
of the cell culture substrates.24 For the rate of spreading there are
different findings. One report demonstrated a universal principle
for a lot of cell types and substrate conditions.21 Other studies
showed the cell spreading rate to depend on ligand density or
substrate stiffness.5,28–31 In particular Nisenholz et al.31 showed
that a detailed understanding of the mechanisms correlating
cell spreading with traction force evolution is still missing.
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With the formation of primary small adhesion sites, nascent
adhesions, by cell adhesion receptors of the integrin family,
cells start to apply increasing forces to the substrate.28 On the
other hand it is also known that resistive forces from the
substrate are necessary for the formation of adhesion sites.15

At later stages of cell spreading, the increase of adhesive area
slows down and cells start to polarize.23,32 At this stage nascent
adhesions mature to large focal adhesions and a contractile
actin cytoskeleton is developed.2,28,32 Recent findings support
the tight sequence of spreading, traction force generation and
adhesion formation.33

During the last decade much evidence has been gathered of
a stiffness dependent force generation of cells. Traction force
microscopy allows for the assignment of traction forces down to
the scale of single focal adhesions.34,35 Growth dynamics and
corresponding forces of adhesion sites could be resolved on the
time scale of seconds.36 In this context, it has been reported that
even small nascent adhesions are able to exert considerable
forces.37–39 In contrast, other studies state that force magnitude
depends linearly on adhesion area, while traction stress corre-
lates with substrate stiffness.40

On the cell level there is an ongoing discussion how the
overall cellular traction force is regulated depending on ECM
parameters.30,41 The force balance on the cellular length scale
and the state of the contractile actin cytoskeleton – and not the
force balance at single adhesion sites – are considered as the
regulating factors for force homeostasis of cells.20,33,40,42,43

However, the multitude of influencing parameters, including
substrate viscoelasticity, ligand density and arrangement, cell
type and their limited observation in a single experiment, led to
various partly contradicting results and interpretations.13,19,20,44,45

In particular, viscous contributions, like friction at the cell–
substrate interface, were hardly addressed up to now, although
their impact on cellular traction forces was shown.13 Two very
recent studies addressed the importance and options to inves-
tigate the friction between the cell surface and the surrounding
support.31,46 Hence it is expected that a closer look on the
dynamics of traction force generation depending on controlled
viscous and elastic properties of the cell culture substrate will
help to better understand the underlying mechanisms.

In this study, we addressed this topic by investigating the early
cell spreading and the congruent generation of cell traction forces
depending on substrate stiffness and ligand affinity, the latter
being correlated with a sliding friction of adhesion ligands.14

Within the first 2 h of cell adhesion of human umbilical cord
vein endothelial cells (HUVECs), different regimes of spreading
and traction force generation could be revealed. In addition to
an elasticity dependent traction force response, an additive
effect of the ligand affinity on the force generation was found,
in agreement with our earlier findings.13,14 Our results agree
with recent experimental and theoretical work.30,31 The descrip-
tion of the cell–substrate friction in these modeling approaches
can be linked to our controlled variation of ligand affinity.
Hence, our work underpins the idea that friction phenomena at
the cell–substrate interface are essential for a detailed descrip-
tion of mechanosensitive cell adhesion.

Materials and methods
Preparation of polyacrylamide hydrogels

Polyacrylamide hydrogels with defined ligand affinity and stiff-
ness were prepared for cell traction force measurements as
described in more detail elsewhere.13 Briefly, glass coverslips of
22 mm diameter were cleaned by ultrasonication in ultrapure
water (MilliQ) and ethanol (p.a., AppliChem GmbH, Darmstadt,
Germany). Organic remnants were removed by oxidative cleaning
for 10 min in a solution of ultrapure water, 25% ammonium
hydroxide (Grüssing GmbH, Filsum, Germany) and 30% hydrogen
peroxide (Merck KGaA, Darmstadt, Germany) at a ratio of 5 : 1 : 1
at 70 1C. After washing in ultrapure water glass coverslips were
functionalized by immersion in a solution of 20 mM (3-acryloxy-
propyl)-trimethoxysilane (Alfa Aeser, Ward Hill, MA, USA) in 20 : 1
ethanol (p.a.) and ultrapure water for 2 h. Finally, coverslips were
rinsed in ethanol twice, and dried in a nitrogen stream and a
drying oven (Heraeus, Thermo Scientific GmbH, Braunschweig,
Germany) at 120 1C for 1 h.

Polyacrylamide hydrogels with defined elasticity were
prepared from stock solutions of 30% acrylamide and 2%
N,N0-methylenebisacrylamide (Carl Roth, Karlsruhe, Germany)
in varying ratios, 0.8 wt% tetramethylethylenediamine (AppliChem
GmbH), 0.5 wt% ammonium persulfate (Merck) and 0.5 mm green-
fluorescent microspheres (Molecular Probes, Life Technologies,
Darmstadt, Germany) were embedded. The solution was pipetted
on a non-wetting coverslip (coated with Sigmacote, Sigma Aldrich,
St. Louis, MO, USA) and subsequently covered by the coverslip.
After 20 min polymerization the silanized coverslip with the
hydrogel was gently lifted, washed in ultrapure water for 30 min
and dried in a vacuum oven (Memmert, Schwabach, Germany)
at room temperature and 5 bar for 45 min.

For the preparation of substrate surfaces with a tuned affinity for
adhesion ligands, the dried hydrogel layers were spin-coated (Spin
150, SPS Europe B.V., TS Putten, Netherlands) with a solution of
maleic anhydride copolymers. Solutions of 0.14 wt% poly(styrene-alt-
maleic anhydride) (PSMA, MW = 30 000 g mol�1) in tetrahydrofuran
(p.a., AppliChem GmbH) or 0.3 wt% poly(ethene-alt-maleic
anhydride) (PEMA, MW = 125 000 g mol�1) in 1 : 2 acetone (p.a.,
AppliChem GmbH) and tetrahydrofuran were used for the spin-
coating process. The monomolecular maleic anhydride copolymer
film (dry thickness: a few nm)47,48 is attached to the surface of the
polyacrylamide hydrogel providing a modulated affinity of adsorbed
fibronectin ligands due to the hydrophobicity and polarity of the
maleic anhydride copolymer surface13,49,50 (an in-depth chemical
analysis of the covalent coupling scheme of the maleic anhydride
copolymers to polyacrylamide hydrogels will be published in a
forthcoming publication). As the monomolecular polymer layer
swells under aqueous conditions the mechanical properties of the
bulk hydrogel substrate are not altered.13,48 Finally, coverslips were
fixed in punched polystyrene Petri dishes and washed three times
in phosphate buffered saline (PBS, Biochrom, Berlin, Germany) to
remove non-bound polymers and stored in PBS overnight at 4 1C.
Young’s modulus of hydrogel layers was determined by scanning
force spectroscopy (Nanowizard3, JPK Instruments, Berlin,
Germany), ranging from 2.5 kPa to 9 kPa.
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Cell culture of human umbilical cord vein endothelial cells

Human umbilical cord vein endothelial cells (HUVECs) were
isolated from umbilical cords of healthy females after informed
consent according to a procedure published elsewhere.13

All consent procedures were approved by the local ethics
committee. HUVECs were grown in culture medium supple-
mented with 2% fetal calf serum (Promocell, Heidelberg,
Germany). The medium was substituted three times a week
and the cells were split when they reached confluence. For
experiments cells from the 2nd to the 5th passage were used.
Cells were washed with PBS and then detached with a solution
of 0.25% trypsin–EDTA (Sigma Aldrich) at 37 1C for 2 min,
centrifuged and re-suspended in culture medium for seeding
on hydrogel substrates.

Traction force microscopy

Prior to experiments hydrogel-coated coverslips were washed
with PBS and coated with 50 mg ml�1 fibronectin (purified from
human plasma) in PBS for 1 h, as described recently.13 Cover-
slips were washed again with PBS. Cell medium was added 10
min prior to cell seeding to equilibrate the substrates at 37 1C.
Meanwhile the Petri dish with the hydrogel substrate was
placed in an incubation chamber (PeCon, Erbach, Germany) of
an inverted microscope with scanning stage (AxioObserver.Z1,
objective: Plan-Apochromat 20�/0.8, 1.6� Optovar, Carl Zeiss
Microscopy, Jena, Germany) at 37 1C and cells were seeded
with a density of 3000 cm�2 in order to prevent cell–cell
contacts. Cell positions were marked with the microscope
software (ZEN 2012, Carl Zeiss Microscopy, Jena, Germany).
During the first 2 h of cell adhesion a fluorescence image of
the fluorescent microbeads at the topmost hydrogel layer and
a DIC image of the cell were taken every 3 min. After 2 h the
cells were detached by trypsin–EDTA and a z-stack of fluores-
cence images of the upper hydrogel layer at intervals of 0.5 mm
over 10 mm was taken to account for possible drifts in the
z-direction. Z-Drifts were minimized during the experiment by
the autocorrection function of the microscope (Definite Focus,
Carl Zeiss Microscopy).

Image analysis

The open source software ImageJ (NIH, Bethesda, MD, USA)
was used for preprocessing of image stacks. Drifts in the lateral
direction were corrected with the StackReg plugin.51 The cell
border was determined manually from the DIC image. The
processed image stacks were imported into a home-built trac-
tion force analysis routine written in MATLAB (MathWorks,
Ismaning, Germany). The routine relies on Fourier transform
traction force cytometry (FTTC) in the unconstrained approach, as
introduced by Butler et al.52 with additional improvements and
corrections, see also ref. 34 and 53. It is derived from elastic theory
and assumed the hydrogel to be linearly elastic. (Although we
consider a viscous contribution in our experiments by the sliding
friction of the adhesion ligands, the linear elastic approach of
the traction force measurement is still valid. The sliding of
adhesion ligands occurs on a much larger time scale than the

elastic response of the polyacrylamide hydrogel leaving the
traction force analysis unaffected by the viscous contribution.)
The displacement field -u was calculated by an iterative cross-
correlation method.53 The displacement field was filtered to
decrease noise and render reliable results, see also ref. 34. The
traction stress field

-

T was calculated from the displacement
field with a Poisson’s ratio of n = 0.48. Although the cell border
was determined, we used the unconstrained approach for the
traction stress calculation. It is known to better perform con-
cerning traction stress artifacts at the cell border. Furthermore,
some cell features were not resolved in the DIC images and a
correct cell border analysis is proved to be difficult for the
investigated time. For the following analysis a cell border with a
small dilation of 4 mm was nevertheless used to set the traction
stress field to zero outside of the cell to eliminate small back-
ground fluctuations. The pixel size of the reconstructed traction
stress field was 3.2 mm.

Total traction force Ftot was calculated by summing up the
magnitude of all traction stress vectors within the cell border
multiplied by cell area. The net contractile moment Mnet was
determined as the trace of the first force moment matrix

Mij ¼
1

2

Ð
d2r xiTj ~rð Þ þ xjTi ~rð Þ
� �

. The strain energy U was calcu-

lated by U ¼ 1

2

Ð
~T ~rð Þ �~u ~rð Þdr and denotes the energy stored in the

hydrogel deformation. Tmax was determined as the maximum
traction stress within one traction stress field.

Data analysis

The analysis of the force curves was performed using 55 time-
resolved data sets from 10 independent experiments. Curve
analysis was performed using the open-source software R
(R foundation of Statistical Computing, Vienna, Austria). For
analysis of Ftot(t) the force curves were shifted in time to set
time point zero at the start of the fast spreading as determined
by eye from the area curves. Data smoothing was performed
with a non-weighted moving average filter over 5 time points
(equal to a time interval of 15 min). The first local maximum
was determined from the smoothed curve. The force curves can
be divided into two regimes, one with a fast force increase
(regime 1, R1) and one with a constant plateau (regime 2, R2).
The transition time tR1–R2 between the two regimes was set to be
the time point where the total force reached 80% of its value at
the local maximum.

Other analyses were performed with non-smoothed force
curves. In regime 1 a linear fit was applied to the time interval
containing force values whose magnitude was between 15%
and 80% of the local maximum. For the time interval of regime
2 (between the transition time and the end of measurement
after 2 h) the geometric mean of force values was calculated,
because the force values in regime 2 follow a log-normal
distribution. These values were termed plateau values. Aver-
aged values derived from different curves are shown as arith-
metic mean � standard error unless noted otherwise.
Statements of statistical significance were evaluated by means
of a multi-way ANOVA test with p o 0.05.
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Results and discussion

The present study aimed to reveal the traction force evolution
during early cell adhesion under varying conditions of sub-
strate mechanics with the focus on a viscous contribution by a
sliding friction of adhesion ligands. In previous work13,14 we
introduced a hydrogel layer system with a monomolecular
polymeric surface modification to independently adjust the bulk
stiffness of the hydrogel substrate and the affinity of surface-
bound fibronectin, see Fig. 1. It was demonstrated that the surface
modification of the hydrogel layer by a covalently attached maleic
anhydride copolymer layer leaves the elastic properties of the
hydrogel layer unchanged, but modulates the affinity of adsorbed
fibronectin by the hydrophobicity and polarity of the maleic
anhydride copolymer surface.13,49,50 Protein exchange experi-
ments and recent adhesion energy measurements using soft
colloidal probes proved the high and low affinity of fibronectin
for PSMA and PEMA surfaces, respectively.13 The modulated
fibronectin affinity leads to an adjustable molecular friction
between the adhesion ligands and the hydrogel surfaces in the
cell adhesion process. The transport of fibronectin ligands
at the cell–substrate interface via the integrin receptors and
acto-myosin apparatus was quantitatively described by a mole-
cular friction model based on thermally activated rupture of
weak non-covalent bonds under external force.14 This dissipa-
tive friction process was demonstrated to control cell traction
forces, being a slow dissipation process on the time scale in the
order of seconds. On the other site the polyacrylamide hydrogel
can be treated as ideally elastic. Thus the experimental setup

provides a system with an independent control of elastic and
viscous contributions to cell substrate mechanics. Using this
setup we now aimed to investigate the time-resolved evolution
of spreading and traction forces in cell adhesion depending on
substrate elasticity and ligand affinity.

Regimes of traction force evolution during early cell adhesion

First we looked at the spreading behavior of the cells, as it is
correlated with traction force generation.33 After seeding, cells
on the substrate remained in a spherical shape for a variable
lag phase. Then fast spreading started with a sharp increase in
the cell area. After roughly 30 min, spreading slowed down and
cell area saturated at a maximum with only weak changes in
area during the remaining observation time, see also Fig. S1
(ESI†). Using a simple exponential fit we characterized the time
course and the extent of spreading (Fig. 2A). For the range of
investigated substrate stiffness we did not find a statistically
significant influence of substrate elasticity on the maximum
spread area (Fig. 2B and Fig. S1, ESI†). While there are negligible
changes at low substrate stiffness (2.5 kPa to 5 kPa), also at higher
stiffness (5 kPa to 9 kPa) only a weak tendency of increasing area
with increasing stiffness was observed. For the characteristic time
t a decrease with increasing stiffness was found in general, while
the high-affinity substrates (PSMA) had a higher slope than the
low-affinity substrates (PEMA) (Fig. 2C).

The time course of spreading is in accordance with the
spreading phases introduced by Dubin-Thaler et al.23 The lag
phase corresponds to P(hase)0, fast spreading is related to P1
and P2 is entered as spreading slows down and the maximum
area is reached. Referring to the substrate property dependence
our findings are somewhat contradictory to studies that state a
stiffness dependent cell area for fully spread cells.5,11,44 The
weak increase for stiffer substrates found in our work, which
did not prove to be statistically significant, might be related to
the fact that this behavior depends on the investigated cell type
and the range of substrate stiffness. Weng et al.43 reported a
severe stiffness sensitivity of HUVECs on PDMS micropost
arrays, whose effective stiffness range is in a comparable range
to that of our substrates. The reported spread areas at 10 kPa
are of the same magnitude (3000 mm2) as in our experiments,
but a dramatic decrease of spread area on soft substrates

Fig. 1 Scheme of substrate design with a polyacrylamide hydrogel layer
of varying crosslinking degree and elasticity as well as a surface coating
with maleic anhydride copolymers, allowing for the adsorption of adhesion
ligands (fibronectin) with varying affinity due to variation in polarity and
hydrophobicity of the polymer coating.56

Fig. 2 Spreading of HUVECs under different substrate conditions. (A) Exemplary time course of spread area of a HUVEC on a PSMA-coated 9 kPa
polyacrylamide hydrogel. Time was set to t = 0 min at the onset of fast spreading (dashed line). (B and C) Evaluation of spreading using an exponential fit

AðtÞ ¼ Amax 1� exp �t� t0

t

� �h i� �
, solid line in (A) to determine maximum cell area Amax (B) and characteristic time t (C) of spreading on different

substrates. Multi-way ANOVA yields no statistically significant influence ( p 4 0.05) of Young’s modulus and ligand affinity on maximum cell area Amax,
and statistical significance (p o 0.05) of Young’s modulus on the characteristic time t. Error bars indicate mean � standard error, n Z 16.
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(at around 1 kPa) was reported in the cited study. The negligible
effect observed in our experiments may be accounted for the
different substrate properties (limited adhesive area on micro-
posts, independent deformation of microposts) or variations in
cell culture conditions (cell culture medium). The observation
that ligand affinity has no impact on cell area agrees with
previous findings: one can assume that the high ligand density
used herein enables the cells to reach a fully spread state, because
of the high availability of ligands for cell adhesion, masking effects
of the substrate affinity on spreading.13 The trend of the character-
istic time t is interesting in the context of recent modeling
efforts,29,31 which indicated a similar trend of faster spreading on
stiffer substrates. Furthermore, the nonlinear model introduced
therein31 suggests a smaller slope for substrates with a lower cell–
substrate friction. The friction coefficient of the model was
assumed to depend on substrate stiffness as well as on binding/
unbinding events and density of ligand–receptors pairs. A lowering
of ligand affinity to the underlying substrate, as in our setup,
can be interpreted as an increase of the unbinding rate con-
stant in the model leading to a weaker dependence of the
friction coefficient on substrate stiffness. This model predic-
tion nicely fits our experimental observations.

The spreading of cells is closely linked to the generation of
traction forces. Therefore, we compared the time course of total
force Ftot with the development of cell area during cell adhesion
as shown for a typical example in Fig. 3A and B (see also Fig. S2,
ESI†). After a short, initial phase of very weak forces, a phase of
fast, nearly linear increase of Ftot was observed, saturating at
later stages. The phase of fast increase of Ftot was delayed
relative to the phase of fast increase in cell area by 10 min in the
example shown, while average retardation time from all experi-
ments was around 25 min. Hence, the time course of traction
force evolution can be subdivided into two distinct regimes.
During the very first phase, cells do not exert considerable
forces, but start to quickly increase spread area. We refer to this

phase as ‘regime 0’, because we focus on regimes with con-
siderable traction forces in our analysis. Regime 0 is followed
by a regime with a fast and linear increase in traction force
correlated with a further small increase in area. This phase is
referred to as ‘regime 1’ in the following (see Fig. 3C). As
traction forces and cell area saturate later on, ‘regime 2’ is
entered. In regime 2 traction forces do not exceed a certain
force level, which is known to be influenced by the cell type’s
specific contractility and whose magnitude is given by substrate
characteristics (see next section). After traction force saturation,
fluctuations and relaxation of traction forces were sometimes
observed, which were also reported in the literature.19,54 These
phenomena were not examined herein.

Little is known about the relationship between spreading
and traction force evolution in early cell adhesion. Reinhart-
King et al. reported a linear correlation of total cell force and
cell area during spreading even at times when actin stress fibers
had not yet been assembled.28 Other measurements using
cantilever based force sensors showed that the fast increase
of contractile forces coincides with the formation of small
paxillin stained adhesion sites.33 These reports are in line with
our findings. We always observed a time lag between area and
traction force increase. Recent experiments and modeling
approaches further support these results.30,31

At late time points (regime 2) the traction force increase was
low, forces saturated or even decreased. The latter events are
often caused by a change in cell behavior. For example, the cell
locally retracts its cell edge or reorients its axis, which is
accompanied by the assembly and disassembly of adhesion
sites. The actin cytoskeleton might account for this drop in cell
traction forces. It is known that the adaptation of the contrac-
tile actin cytoskeleton in response to external forces leads to a
force relaxation,54 too. Fluctuations in forces have also been
reported for cells that had enough time to settle and equilibrate
their forces.19 In the following, the forces in regime 2 will be

Fig. 3 Evolution of traction forces in two distinct regimes. (A) Comparison of time courses of spread area A and total traction force Ftot indicate a delay of
traction force increase. (B) Color coded traction stress field of experiment (PSMA substrate with 9 kPa) presented in (A) at the time points (1–3) marked
in (A). The solid white line indicates the cell border. Image size is (72 mm)2. (C) Plotting normalized spread area A and total traction force Ftot for
representative cells reveals two distinct regimes of traction force evolution: regime 1 (R1) with a correlation of A and Ftot during fast spreading and regime
2 (R2) with saturated A and Ftot. Regime 0 (R0) is characterized by negligible traction forces. The time frames of these regimes are indicated in (A), too. The
data set was normalized with the respective Amax (see exponential fit) and the plateau value of Ftot in regime 2 (Ftot,R2), see Materials & methods section.
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treated as fluctuating around a mean value, which is given by
the cell’s contractility and substrate characteristics, and which
describes the force homeostasis of the cell.

Substrate dependent magnitude of traction force

In the following we investigated in more detail if the substrate
parameters, i.e. the hydrogel’s Young’s modulus and the ligand
affinity of the polymer coating, differentially affect both regimes
of traction force evolution. We used a set of 6 substrate condi-
tions with a variation of Young’s modulus of 2.5 kPa, 5 kPa and
9 kPa as well as polymer coatings providing a low (PEMA) and
high (PSMA) affinity for the adhesion protein fibronectin. We
showed earlier in static measurements13 that the impact of
ligand affinity and stiffness on traction force can be decoupled.
Therein we found higher maximum traction stress for a higher
ligand affinity independent of substrate elasticity. Furthermore,
strain energy invested by the cells into the substrate was shown
to be indirectly proportional to substrate’s Young’s modulus.
Based on these earlier findings, we restricted our time-resolved
investigations to a stiffness range shown to be relevant for
HUVECs in our experimental setup.

From a brief look a dependence of the slope of Ftot(t) in
regime 1 on substrate elasticity was apparent, see Fig. 4A. By a
linear fit within the time frame of regime 1, we found a higher
rate of traction force increase for stiffer gels, depicted in
Fig. 4B. In addition, a slight but constant offset to higher rates
of force increase was found for the polymer coating with higher
fibronectin affinity (PSMA) at each elasticity. These higher rates
correlate with smaller transition times tR1–R2 between regime 1
and regime 2 (Fig. 4C), supporting the above statements.
Hence, on stiff hydrogels (9 kPa) the transition to regime 2
occurred at about 35 min, whereas on soft hydrogels (2 kPa) it
took about 50 min until traction force saturated. Both effects of
faster increase and earlier saturation of Ftot did not completely

compensate. Thus, the plateau values of Ftot in regime 2 were
not equal for all conditions (Fig. 4D). The plateau values of Ftot

increased with the hydrogels’ Young’s modulus in a nonlinear
manner with a weaker increase for higher stiffness. Further-
more, higher ligand affinity (PSMA) resulted in a constant offset
to higher plateau values of Ftot.

The same trends (as for Ftot, i.e. faster saturation and higher
plateau values) were observed for the first moment of contractile
force, the net contractile moment Mnet, which was evaluated,
too (data not shown). For the calculation of Mnet the centripetal
part of traction forces is weighted by the distance to the cell
center, thus cell polarization would be manifested in Mnet. As
mentioned earlier, the cells held an almost circular morphology
over the observed time period without significant occurrence
of polarization and elongation. In addition, the localization of
traction forces at cell borders was inherent to cells on all
substrates. As a result Ftot and Mnet have similar dynamics during
early cell adhesion.

Finally, we had a look on two other indicators of traction
forces in regime 2, the maximum traction stress Tmax and strain
energy U. While Tmax is in general more noisy due to its
restriction to a local point, we previously suggested it as a
sensitive measure of force regulation on the length scale of
receptors and adhesion sites.13 In our current study, we found a
sharp increase of Tmax from 2.5 kPa to 5 kPa but no further
increase for stiffer substrates (see Fig. 5A). Thus the saturation
of the traction force, which was found for Ftot at high stiffness
(Fig. 4D), is more apparent for Tmax with no further increase
above the value at 5 kPa. This finding can be related to the
difference in the local and global characteristics of Tmax and
Ftot, respectively. The cells reach their maximum traction force
at single adhesion sites already around a substrate stiffness of
5 kPa, however, an increase of integrated global traction forces
can occur by the formation of additional traction force centers

Fig. 4 Substrate dependent force generation of HUVECs. (A) 3 exemplary plots of Ftot for cells on soft (2.5 kPa, circles), medium (5 kPa, squares) and stiff
(9 kPa, triangles) hydrogels with PEMA coating are shown. The broken line marks the transition time tR1–R2 from regime 1 to regime 2. (B) Slope of linear fit to
Ftot(t) for regime 1. (C) Transition times tR1–R2 between both regimes and (D) plateau values of Ftot(t) in regime 2. n Z 7 cells were analyzed for each substrate
condition. Multi-way ANOVA yields a statistically significant influence (p o 0.05) of Young’s modulus in (B–D). Error bars indicate mean � standard error.
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distributed over the cell area. The difference in Tmax between
the substrates with different affinities is not as pronounced as
for the total force Ftot, but again a constant offset to higher
traction stress was observed for a higher ligand affinity (PSMA).

Another trend was found for the strain energy U, the energy
stored in the gel by the adherent cell (Fig. 5B). A maximum of U
was observed for medium stiffness, which can be related to the
observed stiffness dependence of Ftot. The increase in strain
energy from soft to medium stiffness correlates with the sharp
increase in Ftot. At higher stiffness almost no additional
increase in traction forces was observed, which results in the
observed decrease in U as strain at constant force decreases

with increasing stiffness, recall U ¼ 1

2

Ð
~T ~rð Þ �~u ~rð Þdr. For the

lower stiffness range the strong force increase dominates the
impact on U. This leads to the observed behavior of U with a
maximum at an intermediate Young’s modulus of 5 kPa.

The impact of the cell–substrate friction on traction force
evolution

The correlation of cell traction forces with substrate stiffness
has been intensely investigated not only on the scale of single
focal adhesions, but also for the force homeostasis of whole
cells.19,44,54 Similar to our results there are reports on a satura-
tion of forces with increasing stiffness.55 We wanted to decipher
the impact of elastic (substrate stiffness) and viscous properties
(ligand–substrate friction) of the substrate on the cell’s response
in early cell adhesion.

In agreement with other recent studies31 traction forces are
not only higher on stiffer substrates after cells reached a steady
state but higher force magnitudes are already apparent at
traction force increase during cell spreading. This is interesting,
because focal adhesions and stress fibers, as some cellular
structures known to be stiffness sensitive, have not yet been
assembled to fully functional units at this stage.

The impact of ligand affinity was apparent in all regimes of
considerable force generation, implying its direct impact on
regulatory cell components. More precisely, increasing ligand
affinity caused an increase of traction force (Fig. 4D). This behavior
is superimposed onto the elasticity dependence. The higher
traction force at higher ligand affinity was already apparent at
the early stage of traction force evolution with higher slopes in
the total force increase (Fig. 4B).

The affinity between adsorbed ligands and the underlying
substrate is known to influence the force balance of cells and
thus the formation of adhesion sites.13,14 In this earlier work
we demonstrated a direct correlation of modulated ligand–
substrate affinity and traction force magnitude, see also the short
summary in the beginning of the results section. Additionally, the
mobility of adhesion ligands under external forces is known to
affect the assembly of mechanosensitive adhesion sites.15

From the above findings and statements we conclude that
part of the cell’s contractile work is dissipated in the ligand
layer due to the substrate–ligand friction. This energy dissipa-
tion depends on the ligand affinity and the resulting molecular
ligand friction on the underlying polymer. Only a fraction of
cellular contractile work is stored as substrate deformation in
the underlying hydrogel via the integrin–fibronectin link. Both
processes, the elastic hydrogel deformation and the viscous
ligand friction, contribute independently to substrate’s mechan-
ical properties as the process of hydrogel deformation can be
treated as linearly elastic on the time scale of the dissipative
friction process (some seconds). One can roughly estimate the
dissipated power of the friction process taking Ftot (E103 nN)
and the ligand frictional drag velocity vd (E10�1 mm s�1).14 An
upper estimation of the dissipated power of approx. 10�1 pJ s�1

and the reasonable assumption of a seconds time scale of the
traction force generation (e.g. life time of integrin–fibronectin
bond) suggest a considerable influence of this viscous contribu-
tion on cell behavior when compared with the elastic deforma-
tion energy of the substrate U (E0.5 pJ). This estimation
correlates with our findings that an impact of ligand affinity
could be observed in the experiments on traction force evolution.
Furthermore, this mechanism should already act at early time
periods of force evolution as characteristic differences are
already found there. Therefore, it can be concluded that matured
focal adhesions are not required for traction force generation
and affinity-dependent ligand friction occurs on the molecular
level of small clusters or single ligand–receptor pairs.

As there are only a few publications available considering
the cell–substrate friction as a relevant parameter in cell adhe-
sion, we have to discuss our findings in the light of two recent
publications, which deal with the impact of the cell–substrate
friction on cell spreading, adhesion and migration. Bergert
et al.46 illustrated that the membrane–substrate friction can
control cell migration under fluid drag. Their experiments and
quantitative modeling showed that a cell–substrate friction
coefficient in the order of 104 Pa s m�1 can regulate this
process. This value together with a cell area in the order of
103 mm2 corresponds well with an affinity controlled ligand mobility
of 105 m N�1 s�1 in our setup as earlier derived by Pompe et al.14

Another model introduced by Nisenholz et al.31 allows us to
directly discuss the impact of the cell–substrate friction on the
traction force evolution. Although the substrate–ligand friction
was not explicitly introduced in the model, the cell–substrate
friction is described in terms of binding/unbinding events on
the receptor–ligand level, see also the discussion in the first
part of the results section. It can be reasonably assumed that a
molecular sliding friction of the ligand on the substrate,

Fig. 5 Maximum traction stress Tmax and strain energy U of HUVECs in
regime 2. (A) Plateau values of Tmax and (B) U during regime 2 of HUVECs
depending on hydrogels Young’s modulus and ligand affinity. n Z 7 cells
were analyzed for each substrate condition. Error bars indicate mean �
standard error.
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as introduced by Pompe et al.,14 can be handled in the same
framework. An increase of the substrate–ligand friction, like the
change from low affinity substrates (PEMA) to high affinity
substrates (PSMA), can be described as an effective decrease of
the unbinding rate constant in the model of Nisenholz et al.,
leading to an increase of the effective interfacial friction
coefficient xs. It is very interesting to note that with this
assumption the nonlinear model nicely captures our experi-
mental findings of an increase of Ftot, and a steeper negative
slope of t(E) (Fig. 2C) at a higher substrate–ligand affinity.
Hence, we suggest both models as good starting points for an
explicit description of the substrate–ligand friction.

Conclusion

Two main findings can be derived from this study of traction force
evolution during the first two hours of cell adhesion. Firstly,
independent of substrate stiffness and ligand affinity, two differ-
ent regimes can be recognized in the force curves, indicating
robust mechanisms behind traction force generation. Secondly,
substrate stiffness and ligand affinity influence parameters of
traction force evolution. An increasing stiffness of the hydrogel
substrate elicits both a faster increase and a higher saturation
value of traction force. An increase in ligand affinity imposes an
additive effect on the force (i.e. an offset towards higher values)
within the investigated stiffness range, which can be accounted
for the well-separated elastic (linearly elastic hydrogel) and viscous
(ligand friction on the seconds time scale) contributions to
substrate mechanics. Thus the contractile work of the cell dis-
sipates in part in the ligand–substrate layer by molecular friction
and only parts are stored in the hydrogel.

In summary, our study proves that the cell–substrate friction has
a considerable influence on the adaption of cells to their surround-
ings. It demonstrates viscoelasticity of the extracellular environment
not only to affect the magnitude of traction forces but also deter-
mine the dynamics of force evolution in an additive way, already at
early time periods of cell spreading without a fully established focal
adhesion and stress fiber apparatus. We expect our experimental
findings to stimulate further progress in the description of the
dynamic cell behavior in viscoelastic environments.
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