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A combined approach for predicting the cytotoxic
eﬀect of drug-nanoaggregates†
M. Wojnilowicz,‡a M. Tortora,‡b B. G. Bobay,d E. Santiso,c M. Caruso,b L. Micheli,b
M. Venanzi,b S. Menegatti*c and F. Cavalieri*ab
We present a combined spectroscopic and computational approach aimed to elucidate the mechanism
of formation and activity of etoposide nanoaggregates upon release from dextran–etoposide conjugates.
Etoposide is an anticancer drug that inhibits cell growth by blocking Topoisomerase II, the key enzyme
involved in re-ligation of the DNA chains during the replication process. In silico and spectroscopic
analysis indicate that released etoposide nanoaggregates have a different structure, stability, and bioactivity,
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which depend on the pH experienced during the release. Molecular dynamics simulation and in silico
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without drastically preventing Topoisomerase II binding. We correlated the diminished cytotoxic activity
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exerted by dextran–etoposide conjugates on the A549 lung cancer cells, compared to the free drug, to
the formation and stability of drug nanoaggregates.

docking of etoposide dimers suggest that the aggregation phenomena inhibit etoposide bioactivity, yet

Introduction
Under aqueous conditions, amphiphilic and hydrophobic drug
molecules self-assemble into supramolecular nanostructures.1–3
Drug aggregation under physiological conditions gives rise
to a variety of physicochemical and biochemical effects that play
a significant role in determining the efficacy of therapeutic
formulations.4 Analytical and clinical evidence demonstrates
that the often-neglected drug self-assembly phenomena are
a major cause of inconsistency and poor reproducibility of
published data, and can jeopardize the translation of a drug
from screening assays to advanced preclinical and clinical
trials.4 Indeed, even minor deviations in the physiological
environment can lead to the coexistence of a monomeric drug
with a wide spectrum of aggregates with different transport and
biorecognition behaviors. Such an assortment of aggregates
affords a combination of advantageous and detrimental effects,
which, while relevant in determining the success of a drug,
renders the accurate estimation of the therapeutic efficacy
extremely challenging.
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The key molecular and environmental parameters governing
drug self-aggregation have been comprehensively reviewed by
Sosnik.4 Accordingly, the size, structure, surface charge and
hydrophobicity of aggregates, all diﬀerently aﬀect permeation
across cellular membranes and the interaction with surface
receptors or intracellular targets. Yet, there is a striking dearth
of studies, at both in vitro and in vivo levels, on the relationship
between drug self-assembly and therapeutic activity. Currently, in
fact, most of the studies are based on the implicit assumption
that the drug molecules in solution are in a non-aggregated form.
Understanding and controlling the self-assembling behaviour
of many drugs with poor water solubility holds great promise
to improve the pharmaceutical design, specifically to enhance
therapeutic eﬃcacy while reducing side eﬀects.
To this eﬀect, polymer–drug conjugates (PDCs) provide
considerable insight into the study and tuning of drug aggregation phenomena towards therapeutic efficacy. Originally, PDCs
have been conceived for co-delivering and releasing drugs to a
target site, and have been the focus of extensive research
throughout the last two decades.5–7 To design systems capable of
site-selective drug release, a wide variety of polymers and drug
coupling strategies have been proposed, many of which are currently
under clinical trials or have recently received approval.7–11
As compared to the pure drug, PDCs show improved solubility
and therapeutic efficacy, as well as reduced side effects and
multi-drug resistance.12–14
While conjugation to a polymer carrier was expected to
prevent drug aggregation owing to slow and controlled drug
release from the polymer backbone, it has been found that the
polymer carrier does promote assembly of drugs, prior to or

This journal is © The Royal Society of Chemistry 2016

View Article Online

Open Access Article. Published on 12 September 2016. Downloaded on 1/8/2023 5:08:37 AM.
This article is licensed under a Creative Commons Attribution 3.0 Unported Licence.

Paper

upon release, and play a role in tuning the architecture of
drug nanoaggregates. We have experienced this eﬀect while
working on dextran–etoposide conjugates. Etoposide (ETO) is a
poorly soluble drug, widely employed for treating leukaemia, as
well as testicular, bladder, prostate, lung, stomach, and uterine
cancers.15,16 Etoposide induces cell apoptosis by inhibiting the
ability of Topoisomerase II to re-ligate nucleic acids cleaved
during the double-stranded DNA passage reaction.17,18 Due to
its hydrophobicity, etoposide suffers from major limitations in
bio-distribution due to uncontrolled extravasation from the
blood vessel to healthy tissues, resulting in a low administrable
dose. To overcome these issues, etoposide has been loaded into
solid lipid nanoparticles,19 polymeric micelles20 and coupled
to a hydrophilic polymer carriers such as dextran.21 Dextran
is a naturally occurring biocompatible polymer consisting of
a(1 - 6)-linked glucose units. The hydroxyl groups on the
dextran chain can be activated and utilized for coupling drugs and
fluorescent probes. In prior work, we have studied the activity of
dextran–etoposide conjugates in U937 human leukaemia cells.21
Notably, the dextran–etoposide conjugates, while soluble in a
much wider range of equivalent drug concentrations, exhibited
a slower cytotoxic activity as compared to the free drug at the same
dose (50 mM).21 Thus, we postulate that the reduced cytotoxic
activity of dextran–etoposide conjugates is to be ascribed to drug
aggregation processes.
Following on from these biological studies, we have resolved
to investigate the tendency of etoposide to form nanoaggregates upon release in solution from the dextran carrier. To this
end, we devised a combined spectroscopic and computational
approach to study how the physiological pH and ionic strength
determine the formation of ETO nanoaggregates. Our in silico
and spectroscopy findings indicate that ETO nanoaggregates
have a diﬀerent structure depending on the pH experienced
during the release process. In particular, the released nanoaggregates can switch from a more bioactive to a less bioactive
configuration with a change in pH from 5 to 7. We finally
present a case study on the activity of dextran–etoposide conjugates in the A549 lung cancer cell line. We correlated the
diminished cytotoxic activity of dextran–etoposide conjugate in
the A549 lung cancer cells, compared to the free drug, to the
formation and stability of drug nanoaggregates. This finding
highlights the potential of polymeric nanocarriers to control
the self-aggregation properties of drugs to predict their
therapeutic behaviour.
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Fig. 1 Synthetic procedure for conjugating etoposide to a dextran chain
using 1,1 0 -carbonyldiimidazole (CDI), to form a hydrolysable carbonate
bond between the 2,6-dimethoxyphenyl moiety of etoposide and the
dextran backbone.

representation of the conjugate preparation is reported in
Fig. 1. The conjugation resulted in a single ETO molecule per
dextran chain (40 kDa). When dissolved in buffers mimicking
the extracellular and cytosolic (PBS, pH 7.4) or intracellular
lysosomal (PBS, pH 5.0) environments, the Dex–ETO showed
80–90% release of etoposide by carbonate linkage hydrolysis
within 24 h, irrespective of the pH. The analysis of etoposide
released after 24 h incubation of Dex–ETO (50 mM, pH 7 and pH 5)
was performed by reverse phase high-performance liquid chromatography (HPLC) (Fig. 2) and fluorescence spectroscopy (Fig. 3). The
chromatogram (Fig. 2) shows the peak of the etoposide monomer at
5 min and the aggregates formed at both pH 5.0 and 7.4. In
particular, lower molecular weight aggregates are eluted between 6
and 12 min, whereas higher molecular weight aggregates, hereafter
referred to as NETO5 and NETO7, are observed at higher
elution times, that is, between 16 and 21 min.
The nanoaggregates can be dissolved into monomers in
acetonitrile. Yet, pure ETO dissolved in PBS, pH 7.4, at a
concentration 50 mM did not show aggregation, as shown by
HPLC analysis (Fig. 2). By contrast, when covalently linked to
dextran, ETO was shown to self-associate upon release and form
small soluble aggregates, e.g. dimers, trimers, and oligomers,

Results and discussion
Structural characterization of etoposide nanoaggregates
pH sensitive dextran–etoposide conjugates, hereafter referred to
as ‘‘Dex–ETO’’, were initially prepared following the procedure
described in the Experimental section and developed in prior
work.21 Briefly, etoposide was activated with 1,1 0 -carbonyldiimidazole (CDI) and coupled to dextran to form a hydrolysable
carbonate bond between the 2,6-dimethoxyphenyl moiety of
etoposide and the polysaccharide backbone. A schematic
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Fig. 2 HPLC chromatograms of free ETO, NETO7 and NETO5 released
from Dex–ETO after 24 h, and NETO7 treated with acetonitrile.
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Table 1 Fluorescence time decay of etoposide aggregates released from
Dex–ETO at pH 7.4 and 5.0

Sample
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NETO7
NETO5
NETO7
NETO5

Fig. 3 Fluorescence emission spectra of: (a) free ETO (blue line) and
NETO 7 at pH 7.4; (b) free ETO and NETO5 at pH 5.0; (c) temporal
evolution NETO7 formation over 3 h; (d) temporal evolution of NETO5
formation over 3 h. Both free ETO and NETOs are dissolved in buﬀer
solutions at the same concentration, 50 mM.

thereby indicating that the polymer carrier plays a crucial role
in the formation of the aggregates.
Further insight into the aggregation of conjugated ETO
induced by the release process was obtained by fluorescence
spectroscopy. The fluorescence emission spectra of free ETO
(50 mM) measured in buﬀered solutions at both pH 7.4 and pH
5.0 (Fig. 3a and b) showed only one peak, characteristic of
the monomer species, centered at 324 nm, which it is not
influenced by pH. On the other hand, NETO5 and NETO7
showed broad red-shifted emission bands at 415 nm and
443 nm, respectively (Fig. 3a and b). To study the temporal
evolution of the aggregation process, Dex–ETO were dissolved in
saline buffers (PBS, pH 7.4 and pH 5.0) at a concentration of
50 mM and the fluorescence spectra of both solutions were
recorded for up to three hours (Fig. 3c and d). The same spectral
features, i.e. a monomer emission centered at 320 nm and a redshifted emission band in the 400–450 nm wavelength region,
ascribable to aggregated species, were obtained. A common
trend is observed at both pH values, wherein the intensity of
the monomer band progressively decreases and that of the
aggregates concomitantly increases. Fluorescence emission data
indicate a strong tendency of etoposide released from Dex–ETO
to undergo aggregation, as the aggregate–monomer equilibrium
is clearly shifted toward the aggregated state. Yet, Dex–ETO
in MilliQ solution did not induce the formation of aggregates,
as the fluorescence spectrum shows only the monomer form
(data not shown).
The UV spectra of NETO5 and NETO7 (Fig. S1, ESI†) show a
marked blue-shift and strong hypochromism of the lowest
energy transition with respect to the ETO spectrum. The
observed blue-shift of the absorption band, i.e. from 286 (ETO)
to 268 nm (Dex–ETO), is associated with an energy stabilization
of 6.7 kcal mol1 (according to the equation DE = hDn, wherein
DE is the difference in energy associated with a variation
in frequency Dn, and h is the Planck constant), typical of
weak intermolecular interactions (van der Waals, p–p stacking,
hydrogen bonding). Overall, these data suggest that the NETO
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aggregation process is driven by p–p stacking interactions
between the aromatic moieties of etoposide. The difference in
the emission band positions of approximately 30 nm strongly
suggests that the aromatic moieties in NETO5 and NETO7 attain
a different relative orientation, giving rise to electronic distributions characterized by a net different polarity. The ground-state
nature of this interaction is confirmed by the excitation spectra
of NETO5 and NETO7 (Fig. S2, ESI†), which show very similar
excitation bands at 270–275 nm (monomer emission), and
excitation bands peaked at 240 and 295 nm for NETO5 and
265 nm for NETO7 (aggregates emission).
To confirm the structural identity of NETOs, time-resolved
fluorescence (TRF) measurements were performed (Table 1).
When the emission signal was collected at lem = 330 nm, TRF
measurements showed mainly a very fast monomer emission
(t1 = 0.1 ns, a1 = 0.99). The emission signal recorded at
lem = 430 nm showed a bi-exponential time decay under the
diﬀerent pH conditions. While the longer time component
(t2 = 3.8 ns) was found to be the same at the two pH values,
the shorter lifetime was around 1.4 ns (a1 = 0.90) at pH 7.4 and
0.5 ns (a1 = 0.70) at pH 5.0, indicating a diﬀerent arrangement
of the fluorescent moieties in the two nanoaggregates. Redshifted emissions, characterized by relatively long-lifetime components, have already been found in aggregation processes driven by
the stacking of aromatic units.22 Taken together, the chromatographic and spectroscopy studies indicate that the conjugation of
etoposide to the polymer carrier and the environmental conditions,
i.e. ionic strength and pH, play an important role in determining
the formation and properties of NETOs. The aggregation processes
driven by the hydrophobic eﬀect are typically favored with
increasing ionic strength, as the latter promotes the association
of aromatic moieties. Ion-driven hydrophobic interactions,
commonly referred to as ‘‘salting-out’’, are a purely entropic
eﬀect associated with ions of high charge density.23
Notably, the conjugation to the carrier polymer, in combination with the pH at which the release is performed, has a crucial
role in etoposide aggregation. Fluorescence data suggest that prior
to hydrolysis, the dextran chains enable a partial assembly of
etoposide molecules. A ‘‘crowding eﬀect’’ exerted by the dextran24
chains can lead to an aggregation process which is not observed in
the pure drug solution. Once formed and cleaved from the carrier,
the nanoaggregates can further act as nucleation points for more
etoposide molecules to assemble into multimers.
The ability of NETO5 and NETO7 to switch from one
configuration to another was also studied by monitoring the
fluorescence emission of NETO5 when conditioned at pH 7.4.
The resulting fluorescence profiles are reported in Fig. 4.

This journal is © The Royal Society of Chemistry 2016
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Fig. 5 In silico structure of etoposide dimers formed at (a) pH 5.0 and
(b) pH 7.4 obtained via molecular dynamics simulations using NAMD2.7.

Fig. 4 Fluorescence profiles of NETO5 maintained in pH 7.4 PBS buﬀer
up to 24 hours.

As mentioned, NETO5 showed an emission band peaked at
lmax = 440 nm. This band, after conditioning the sample at
pH 7.4 for one hour, turned into a structured emission featuring two main peaks at 440 and 425 nm. The latter band is the
one observed for NETO7. This indicates a partial conversion of
NETO5 to NETO7. After 24 hours at pH 7.4, no further change
in the emission spectrum was observed, indicating that the two
species reached equilibrium. Conversely, NETO7 does not show
any spectroscopic change after 24 h incubation at pH 5.0. This
suggests that etoposide aggregates formed at pH 5.0 are less
stable than those formed at pH 7.
Molecular dynamics simulation of etoposide dimers
To evaluate the molecular structure and stability of NETOs
formed at diﬀerent pH values, molecular dynamics simulations
were also performed. While the aggregates are likely to comprise several (42) etoposide molecules, we limited our simulations to the formation of dimers, for simplicity. To model the
drug behavior when exposed to pH 5.0, we resolved to protonate
the dimethoxyphenyl moiety of etoposide. As the pKb of etoposide
(4.2) almost coincides with that of dimethoxyphenol (syringol,
4.02) and as dimethoxyphenol is known to protonate at low pH
values, we contend that protonation of the dimethoxyphenyl
moiety well represents the outlook of etoposide at pH 5.0. The
simulations were performed using the NAMD 2.725 molecular
dynamics package. The resulting dimer structures are reported
in Fig. 5.
The in silico generated structures suggest that the dimer
formed at pH 7.4 is more stable than that formed at pH 5.0. The
dimer size is approximately 2 nm. Dihedral angles defined by
methoxy groups are 391 and 571 in the dimers formed at pH 7.4
and pH 5, respectively. The dissociation constants of the etoposide–etoposide complexes are in fact KD = 5.3 mM and 47.9 mM,
respectively. The dimer formed at pH 7.4 shows a symmetric
structure stabilized by p–p stacking, hydrogen bonding, and
van der Waals interactions, while that formed at pH 5.0 shows
a rather irregular structure lacking sandwich-like aromatic

This journal is © The Royal Society of Chemistry 2016

interaction and H-bonds. Nevertheless, interactions between
aromatic units in different orientations (slipped-out as in
J-aggregates) are also possible, resulting in a more polar dimer.
These results are in agreement with the fluorescence results,
confirming the strong tendency of etoposide to form stable aggregates when a specific arrangement of the aromatic moieties is
attained and mediated by the polymer chains and pH conditions.
Molecular dynamics simulation and in silico docking of
etoposide dimers
The structural arrangement of NETO aggregates released by
Dex–ETO in the intracellular environment can affect the drug
ability to bind the topoisomerase target. The structure–activity
relationship of NETO7 and NETO5 is expected to depend on (i)
the ability of the nanoaggregates to bind directly to the target and
(ii) the dissociation of drug nanoaggregates to active monomers.
To ascertain whether NETO5 and NETO7 are capable of
binding Topoisomerase II, we performed in silico binding studies
using the docking software HADDOCK (v.2.1), which simulates
protein–drug interaction and estimates the free energy of binding
in solution through built-in scoring functions.26 Following a
previously published procedure,27 we performed docking simulations against the crystal structure of the Topoisomerase II–DNA
complex (PDB ID: 3QX3) using (i) etoposide monomer, (ii) etoposide dimer formed at pH 7.4, and (iii) etoposide dimer formed at
pH 5.0. The drug monomer was docked against the residues
(Lys456, Glu477, Gly478, Asp479, Arg503, Gly504, Gln778, Met781,
Met782, Pro819 on both subunits A and B of Topoisomerase II)
known to interact with etoposide, as reported by Wu et al.28
Similarly, the dimers formed at pH 5.0 and 7.4, the structures
of which were those obtained through the above reported molecular dynamics simulations, were docked against the same region.
The resulting structures are shown in Fig. 6. The binding free
energy for each complex was calculated using scoring methods
comprising empirical functions that estimate the binding affinity
of a given protein–ligand complex. These functions account
for van der Waals interactions, hydrogen bonding, deformation
penalty, hydrophobic effects, atomic contact energy, softened van
der Waals interactions, partial electrostatics, and additional estimations of the binding free energy and dipole–dipole interactions.
The resulting dissociation constants (KD) for the interaction with
the Topoisomerase II–DNA complex are reported in Fig. 6.
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environment may be correlated to (i) the formation of ETO
nanoaggregates, (ii) the pH dependent structural arrangements
of ETO nanoaggregates and (iii) the dissociation of ETO
nanoaggregates into the monomeric bioactive units.
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Cytotoxicity of Dex–ETO in the A549 lung cancer cell line

Fig. 6 Competitive mechanism of etoposide (ETO) aggregation and
binding to Topoisomerase II (TopoII) as predicted by in silico modeling.
The mechanism of ETO aggregation at diﬀerent pH values (central panel)
occurs between the ETO monomer and two dimers. The ETO monomer
interacts with TopoII at higher aﬃnity (left magenta panel) than the ETO
dimers (right magenta panel).

Notably, the structure of etoposide docked on the Topoisomerase II–DNA complex shows the same features highlighted
in the experimental analysis.28 This depicts a model where
etoposide binding to Topoisomerase II comprises contributions from its A, B, and E rings. The dimethoxyphenyl group,
while not involved in the binding process, seems to be very
important for the drug function. The interactions between
etoposide and DNA in the ternary complex are based on the
sugar moiety of etoposide, as confirmed in the predicted
structure. Further, the calculated value of KD obtained for the
etoposide monomer (KD = 13.2 mM) is very close to that determined
experimentally, thus confirming the accuracy of our docking
strategy. The binding constant calculated for both dimers (Fig. 6)
contains a significant penalty component associated with steric
hindrance, which lowers the affinity of any aggregate comprising
two or more etoposide molecules for Topoisomerase II as compared to the monomer. This indicates that etoposide, when in an
aggregate form is unlikely to possess any therapeutic activity.
Incidentally, this also justifies our choice of using dimers as
representative models for drug aggregates, since higher (42)
multimers most likely possess lower affinity than dimers. Overall,
these results suggest that the bioactivity of etoposide released
from the carrier is controlled by the combined and competitive
effect of three concomitant phenomena, namely (i) the binding
of the etoposide monomer to Topoisomerase II, (ii) aggregation
of ETO into NETO5 and NETO7, and (iii) binding of NETO5 and
NETO7 to Topoisomerase II.
The predicted aﬃnity constants (KD) (Fig. 6) indicate that the
ETO monomer, while having a higher aﬃnity for Topoisomerase II as compared to the aggregates, also shows a pronounced
tendency to form aggregates in an aqueous environment. The
crowding eﬀect induced by the carrier is likely to promote this
phenomenon, eventually leading to a reduced bioactivity. The
dissociation process of NETOs leading to the binding of
the etoposide monomer to Topoisomerase II is energetically
favored in NETO5 compared to NETO7. These results indicate
that the therapeutic activity of Dex–ETO in the intracellular

6520 | J. Mater. Chem. B, 2016, 4, 6516--6523

The biological activity of Dex–ETO in A549 lung cancer cells was
assessed in vitro using cell viability MTT assay, after 48 hour
incubation at 50 and 150 mM concentrations. Free etoposide
(12.5–200 mM) was used as a control. Dextran is internalized by
endocytosis and trafficked via the lysosomal route,21 whereas
the free drug can diffuse through the cell membrane.
The cytotoxicity data reported in Fig. 7a indicate that
Dex–ETO are less toxic (50% of cell mortality) compared to
ETO (70% of cell mortality), when used at a 50 mM concentration.
The apoptotic effect exerted by ETO and Dex–ETO on A549 lung
cancer cells was also compared using the annexin V/propidium
iodide (PI) apoptosis flow cytometry assay (Fig. 7b–d). In particular,
free ETO and Dex–ETO at a 150 mM concentration were incubated
with cells for 48 hours, followed by staining with the probes.
Annexin V binds to phosphatidylserine at early stage of apoptosis,
while PI is able to bind with DNA only upon disruption of the
membrane, thus only indicating late apoptosis and/or necrosis of
the cells. Phosphatidylserine is a phospholipid membrane component that plays a crucial part in cell signalling. Once apoptosis
is initiated, phosphatidylserine becomes exposed for binding

Fig. 7 Cytotoxicity of Dex–ETO and free ETO in A549 lung cancer cells;
(a) cell viability evaluated by MTT assay after 48 h of incubation. Flow
cytometry probability counter plots of fluorescence intensity [a.u.] after
annexin V staining (y-axis) and propidium iodide staining (x-axis) of
(b) untreated cell control; (c) cells incubated with free ETO (48 h, 150 mM);
(d) cells incubated with Dex–ETO (48 h, 150 mM). Cross-hairs represent
population frequency distribution indicating stages of apoptosis: Q1 – high
annexin V positive signal (early apoptosis); Q2 – high annexin V and PI
positive signal (late apoptosis); Q3 – high PI positive signal (late apoptosis
and/or necrosis); Q4 – low annexin V and PI signal (healthy cells).
Populations were gated against untreated control.

This journal is © The Royal Society of Chemistry 2016
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with annexin V. With progress of apoptosis, the cell membrane
starts to be permeable and PI is able to diffuse into the nucleus
and bind the DNA.
The majority of cells incubated with free ETO (Fig. 7c) show
a higher positive signal from both annexin V and PI (late
apoptosis – Q2 region) (14.5%), compared to Dex–ETO (6.36%)
(Q2 region in Fig. 7d). A larger number of cells in early stages of
apoptosis (positive annexin V only – Q1 region) were also observed
in the case of the free drug (Q1 region, Fig. 7c). However, complete
death of cells (positive PI only – Q3) is equal in both samples
(region Q3 in Fig. 7c and d).
Overall, these results suggest that compared to free ETO,
Dex–ETO are less cytotoxic because they activate the apoptosis
cascade gradually in time. Provided that Dex–ETO release NETO
aggregates in the intracellular milieu, we can speculate that,
despite the tendency of etoposide monomers to aggregate in dimers
and multimers, when sufficient time is given for the aggregate
dissociation and subsequently monomer–Topoisomerase binding,
cell apoptosis is eventually achieved.

Conclusions
This work oﬀers a contribution towards a better understanding
and control of the mechanism of formation of drug aggregates
upon release from a delivery carrier and their eﬀect on the
therapeutic activity of the released drug. While there is increasing
awareness on the issue of drug aggregation upon release, the field
is to date poorly explored and necessitates fundamental studies of
aggregate formation, transport, and biorecognition behavior. The
combined experimental and computational approach presented
herein is the first of its kind in linking the physicochemical
characterization of the kinetics and thermodynamics of aggregate
formation to the understanding of the interplay of drug aggregation and binding of a target protein, and to the validation of the
proposed mechanism via in vitro studies on a model cell line. In
particular, we have observed that etoposide aggregates tend to
form upon release from the polymer carrier. ETO nanoaggregates
have a diﬀerent structure depending on the pH experienced
during the release process.
In the intracellular environment, the monomer and aggregate
species are further involved in the binding mechanism towards
Topoisomerase II, thereby framing the monomer–aggregate
equilibrium against the drug–protein binding equilibrium. The
different affinities modeled in silico predict the aggregation
phenomena to delay the drug bioactivity, yet without drastically
preventing protein binding. This prediction is fully confirmed by
in vitro studies on a model A549 lung cancer cell line. Through
the presented case study, this work provides a strategy for better
understanding the structure–function relationship in polymer–
drug conjugates, while seemingly peculiar, these properties are
in fact shared by many cancer therapeutics, which are commonly
hydrophobic and possess proton acceptor groups. Thus, in the
long run, these studies will enable a strategy for a more effective
design of therapeutic formulations based on the combinations
of small synthetic drugs and polymer carriers.
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Materials and methods
Etoposide, dextran 40 from Leuconostoc spp. (DEX), anhydrous
dimethylsulfoxide (DMSO), N,N 0 -carbonyldiimidazole (CDI),
acetonitrile, deuterated dimethylsulfoxide, phosphate buﬀer
saline, sodium acetate and acetic acid were purchased by Sigma
Aldrich and used as received. Dextran 40 was dried in an oven
at 110 1C overnight before use.
Dex–ETO, NETO5 and NETO7 preparation
12 mg (0.020 mmol) of etoposide were dissolved in 900 mL of
DMSO; then 300 mL of a 68 mM CDI solution in DMSO were
added and allowed to react for 5 hours. 150 mg of dextran were
dissolved in 3.6 mL of DMSO; then the ETO/CDI solution was
slowly added to the above solution, under argon bubbling. The
mixture was stirred for 30 minutes under argon purging and
stirred for two days at room temperature. The resultant solution
was precipitated in 10 mL of acetone and the white precipitate
was washed three times with acetone to remove the unreacted
etoposide. Dex–ETO were collected and freeze-dried. The degree
of substitution (DS = mol eto/mol dex  100) of the conjugates
was determined by UV spectroscopy. The UV absorbance (286 nm)
of etoposide dissolved in DMSO was determined at different
concentrations ranging from 0.3 mM to 2.5 mM, and used to
generate a standard curve. Dex–ETO were dissolved in DMSO
and the UV absorbance at 286 nm was determined.
The kinetics of etoposide release from Dex–ETO at pH 7 and
pH 5 were investigated as follows: 25 mg of Dex–ETO were
dissolved in 250 mL of PBS buffer at pH 7 and pH 5 and placed in
a spin column (10 kDa molecular weight cutoff). The released
ETO was recovered by centrifugation and analyzed at fixed time
intervals up to 24 h.
Absorption measurements were carried out on a Cary
100 SCAN (Varian, Palo Alto, CA) spectrophotometer. All of
the experiments were carried out in quartz cells of 0.1 cm
optical length. To prepare NETO5 and NETO7, a stock solution
of Dex–ETO (3 mM) dissolved in MilliQ water was prepared.
50 mM Dex–ETO solutions at pH 5 and pH 7.4 were prepared
by diluting the stock solution in acetate and phosphate buffer
(140 mM NaCl), respectively. The solutions were maintained at
room temperature under stirring for 24 h. The released NETO5
and NETO7 were separated from dextran by using a mini
dialysis device (10k MWCO Thermo Scientific) and recovered
with acetate and phosphate buffer, respectively.
Steady-state fluorescence spectroscopy
Emission spectra were obtained on a Spex-Fluoromax II (Horiba
Jobin-Yvon Instruments, Longjumeau, France) spectrofluorimeter, equipped with a 450 W xenon lamp operating in single
photon counting (SPC) mode. 50 mM Dex–ETO solutions in
PBS and acetate buffer were prepared. Samples were excited at
280 nm and the fluorescence spectra were recorded from 300 to
530 nm using a bandwidth of 3 nm for both excitation and
emission slits. The excitation spectra of NETO5 and NETO7 at
lem = 430 nm and lem = 320 nm were collected from 230 to
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310 nm using a bandwidth of 3 nm for both excitation and
emission slits.
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Time resolved fluorescence spectroscopy
The fluorescence time decays of NETO5 and NETO7 solutions
were obtained on an EAI Life-Specs (Edinburgh Analytical
Instruments, Edinburgh, UK), operating in the SPC mode
(lexc = 280 nm; lem = 330 nm and 440 nm; time interval =
50 ns; channels = 1024; excitation/emission bandwidths = 8 nm).
Excitation at l = 280 nm was obtained by an IBH NanoLED light
emitting diode (Horiba Jobin-Yvon Instruments, Longjumeau,
France) with 1 nanosecond pulse duration. Experimental time
decays were deconvoluted by the pulsed excitation profile using a
standard software provided by EAI and based on discrete multiexponential analysis.
HPLC analysis
The HPLC system consisted of a modular CHROMQUEST
spectra system from THERMOQUEST (San Jose, CA, USA),
equipped with two LC-10AT Vp pumps and a Schimadzu
UV-Vis spectrometer model (SPD-10AV) detector. A SCL-10A
Vp controller operated the HPLC system working under the
control of software included in the CHROMQUEST module.
The chromatographic separation was performed using a reverse
phase stainless steel column (5 mm spherical particle size,
150  4.6 mm I.D) C18 (VYDACTM, W.R. Grace &Co, cat.
210TP54). The composition of the mobile phase was CH3CN :
H2O : CH3COOH (74 : 25 : 1%) with a flow rate of 0.7 mL min1
and using a detection wavelength equal to l = 250 nm. Samples
preparation: 50 mM Dex–ETO solutions in PBS/acetate were
maintained at room temperature. After 24 hours, dextran extraction was obtained using a 10 K AmiconUltra-0.5 mL device by
centrifugation for 20 minutes at 8000 rpm. The filtered solutions
were diluted to 5 mM with the mobile phase solution and injected
in the HPLC column.
Molecular dynamics simulations of etoposide dimerization
All simulations in this work were performed using the NAMD
2.7 molecular dynamics package.28 Adaptive biasing force (ABF)
calculations29 were performed using the NAMD collective
variables module and free energy profiles were determined
using the ABF integrate tool included in the collective variables
package. Two etoposide molecules were randomly placed in a
50  50  50 Å box that was then filled with water molecules to
reproduce the liquid density. Interaction parameters were
determined using the CHARMM generalized force field30 (CGenFF).
The TIP3P water model31 was used. The solvated etoposide system
was initially equilibrated using a molecular dynamics simulation at
a constant pressure of 1 atm and a constant temperature of 300 K.
An adaptive biasing force (ABF) was then applied between the
center of mass of etoposide molecules to accelerate sampling
and determine a free energy profile. The center of mass
distance with the lowest free energy was determined and the
configurations of possible etoposide dimers with that center of
mass distance were found. A new, unbiased simulation was run
for each possible dimer at 1 atm and 300 K, for 10 ns. Only the
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configurations shown remained associated for the extent of
the simulation time. The ABF results were validated by using
Laio–Parrinello metadynamics.32
Docking of etoposide monomer and dimers on Topoisomerase
II–DNA complex
The coordinate files of Topoisomerase II in complex with DNA
and the etoposide monomer were obtained from the RCSB
Protein Data Bank (PDB ID: 3QX3), while the coordinate files of
the etoposide dimers were obtained from the above-described
molecular dynamics simulations. The residues Lys456, Glu477,
Gly478, Asp479, Arg503, Gly504, Gln778, Met781, Met782,
Pro819 on both subunits A and B of Topoisomerase II, which
define the concave surface of the enzyme targeted by etoposide, were
defined as ‘‘active’’ and used as targets for docking. Molecular
modeling was performed using the program HADDOCK (version
2.1). Default HADDOCK parameters (e.g., temperatures for heating/
cooling steps, number of molecular dynamics sets per stage, etc.)
were used in the docking procedure. The resulting docked structures
were grouped in clusters by assigning a minimum cluster size of
4 and an RMSD (root-mean-square-distance) lower than 2.5 using
the program ProFit (http://www.bioinf.org.uk/software/profit/).
The top cluster was analyzed using the scoring function XScore
(–log(Kd), and DiG).
Cell viability assay
A549 human lung epithelial carcinoma cells (A549, ATCC CCL-185)
were plated on a 96-well plate (Costar 3596, Corning, MA, USA)
with a seeding density of 5.0  103 cells per well in 100 mL of
DMEM medium supplemented with 10% fetal bovine serum. After
incubation (37 1C, 5% CO2) for 24 h, Dex–ETO and free etoposide
were added to culture media at various concentrations. Cell
viability was determined by MTT assay after 48 hours incubation,
measuring the absorbance at 554 nm and 670 nm as the reference
using an Infinite M200 microplate reader (Tecan, Switzerland).
Annexin V/propidium iodide assay
A549 lung cancer cells were plated on a 6-well plate (Costar
3516, Coring, MA, USA) with a seeding density of 3.0  105 cells
per well in 1 mL of DMEM media supplemented with 10% fetal
bovine serum and incubated for 24 h (37 1C, 5% CO2). Dex–ETO
and free etoposide were added to a final drug concentration of
150 mM. After 48 h incubation, the cells were stained using a
Dead Cell Apoptosis Kit with annexin V Alexa Fluor 488 and
propidium iodide (PI) (ThermoFisher Scientific, MA, USA)
following the manufacture’s protocol. The cells were analyzed
using a BD Accurit C6 flow cytometer, collecting 10 000 cells/
treatment.
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J. Comput. Chem., 2005, 15, 1781–1802.
26 N. Duhem, F. Danhier, V. Pourcelle, J. M. Schumers,
O. Bertrand, C. S. LeDuﬀ, S. Hoeppener, U. S. Schubert,
J. F. Gohy, J. M. Brynaert and V. Préat, Bioconjugate Chem.,
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