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Atomic force microscopy in biomaterials
surface science

Fabio Variola*ab

Recent progress in surface science, nanotechnology and biophysics has cast new light on the correlation

between the physicochemical properties of biomaterials and the resulting biological response. One

experimental tool that promises to generate an increasingly more sophisticated knowledge of how proteins,

cells and bacteria interact with nanostructured surfaces is the atomic force microscope (AFM). This unique

instrument permits to close in on interfacial events at the scale at which they occur, the nanoscale. This

perspective covers recent developments in the exploitation of the AFM, and suggests insights on future

opportunities that can arise from the exploitation of this powerful technique.

1. Introduction

Important scientific discoveries have always followed closely the
technological development of novel tools for observing natural
and physical phenomena at various scales. For example, the
evolution of the telescope, from Galileo’s first astronomical
observations to the latest evidence supporting the Big Bang
theory, has propelled our knowledge of celestial events. At the
other end of the scale, progress in microscopy techniques has
revealed increasingly smaller features of matter, ranging from
the finest structures of plants and biological tissues to single
atoms.1 Among the various instruments that enabled to resolve
what is invisible to the eye, the atomic force microscope (AFM)
has rapidly emerged as one of the most efficient and flexible
tools to probe materials at the micro- and nanoscales.2 One of
the disciplines that has benefitted the most from this technique
is undoubtedly biomaterials surface science, a research field that
aims at elucidating the interactions between materials and the
surrounding biological environment by synergistically integrating
different branches of science such as nanotechnology, biology,
chemistry and physics. In this context, the AFM has contributed
significantly to determining that the activity of proteins, cells and
bacteria is affected by the nanometric physicochemical features
of surfaces.3–8 While the main focus of this perspective will
be the nanoscale interactions between biological entities and
synthetic biomaterials (i.e. abiotic materials intended to inter-
act with biological systems), it should be noted that the AFM
has also been advantageously exploited to probe the effects of
the microscale surface properties on biological activity7,9,10 and

to investigate naturally occurring biomaterials (e.g. bone, teeth,
cartilages, collagen and biomembranes).11–15

Concisely, the AFM allows to image, measure (quantify),
manipulate and sense matter at the nanometric level. From this
first description, it readily transpires that this microscope is not
simply an instrument to visualize small features, but instead a
more powerful toolbox that offers additional remarkable capacities
beyond imaging. These will be discussed below, aiming at
providing the reader with a critical overview of selected applica-
tions of the AFM in biomaterials surface science.

2. AFM basic principles

The AFM consists of a sharp tip mounted at the end of a micro-
fabricated flexible cantilever which is raster scanned across the
sample’s surface. When the tip is brought in close proximity to
the sample surface, attractive and repulsive forces cause the
deflection of the cantilever. This deflection is detected and
processed as a function of the position on the (x, y) plane in
order to obtain topographical images. The AFM can operate in a
variety of modes, including contact (the tip is in continuous
contact with the surface), non-contact (the cantilever vibrates
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and variations from its resonance frequency are used to generate
images) and intermittent (the cantilever moves rapidly with a
large oscillation between the repulsive and attractive forces).16 If,
in place of scanning, the tip is placed at a fixed point and moved
vertically towards the sample and then retracted (force–distance
analysis), the deflection of the cantilever will provide infor-
mation on the mechanical properties of the surface, such as
stiffness (as the tip approaches and indents the sample) and
adhesion forces (as the tip tries to disengage from the sample)
(Section 3.4).16 For hard materials (e.g. metals, ceramics) the
cantilever will simply approach the surface, jump into contact
and then deflect (Fig. 1A, green line). For softer samples (e.g.
polymers, cells) the curve will resemble the blue one in Fig. 1A.
If adhesion forces generate between the tip and the surface, the
cantilever will deflect downwards as it retracts away from the
sample, jumping back to its initial position as the maximum
pulling force of the cantilever exceeds the tip-sample adhesion
(Fig. 1B, orange line).17 If a molecule or a single cell is coupled
with the tip (Section 3.5), as the cantilever moves away from the
sample, molecule–surface, molecule–molecule (e.g. ligand–receptor),
cell–cell and cell–surface adhesion bonds will be progressively
ruptured throughout a series of unbinding events until full
detachment, generating the characteristics ‘‘jumps’’ in the force–
displacement curve (Fig. 1C, orange curve). For a more exhaustive

coverage of the AFM basics, readers are invited to consult the
comprehensive literature on the subject.16,17

3. Major applications of atomic force
microscopy
3.1 Imaging

It is now well-known that nanotopography is one of the main
parameters that governs protein adsorption onto biomaterials3

and dictates the interfacial interactions with cells and bacteria.4,8

Therefore, a precise 3-dimensional characterization of the nano-
metric features of surfaces is a fundamental step for understand-
ing the biological response to nanostructured biomaterials. AFM
conjugates high spatial resolution with experimental flexibility
(i.e. it can be applied to diverse conductive and non-conductive
materials, and requires little to no sample preparation), reasons
that justify its widespread use not only to display the nanotopo-
graphy of surfaces but also quantify their micro and nanoscale
roughness.18–24 Despite its flexibility and advantages, this techni-
que can be susceptible to artifacts that may lead to the erroneous
interpretation of data. For instance, the actual profile of sharp
vertical steps can be altered by the tip geometry and/or the radius
of the tip itself.16 Similarly, the height/depth of porous/hollow
structures (e.g. 3-dimensional scaffolds for tissue engineering and
nanoporous platforms for drug-delivery applications), for which
the full penetration of the tip is hampered by its geometry, may be
underestimated. While these limitations can be overcome by using
sharp and ultra-sharp tips,16,25 there is still a trade-off between the
image quality and the mechanical strength of the tip itself. Sharp
tips are in fact more prone to blunt and/or break, which can lead to
additional artifacts.16

The AFM is not only capable of precisely resolving the nanoto-
pography of surfaces, but also of mapping the spatial distribution
of their physicochemical properties, such as, for instance, charge
density and potential (i.e. Kelvin-probe force microscopy, a tech-
nique that detects and measures the electrostatic interactions
between a conductive AFM tip and the substrate).26,27 In this
context, the electrical properties of surfaces are critical factors in
affecting cell–substrate interactions.28,29 It was in fact shown that
nanotopographical surfaces influence charge density and electric
field strength, and, in turn, the protein-mediated adhesion of
cells.28,30 In particular, it was proposed that positively charged
proteins (or proteins with positively charged domains) are respon-
sible for dictating the subsequent attachment of negatively
charged cells onto a negatively charged nanorough surface.29

While the majority of these studies employed computational
methods to elucidate proteins and cell behavior on such surfaces,
only a few exploited experimental approaches to validate the
proposed analytical models and mechanisms.31 To this end, the
capacity of AFM to visualize nanotopographical features and
correlate them to surface charge density and potential26,27 will
offer interesting new opportunities to consolidate the present
knowledge of the relationships between the nanotopography and
electrical characteristics of biomaterials, and ultimately determine
how these influence proteins, cells and bacteria functions.

Fig. 1 (A) Typical force–distance curves for hard (green) and soft (blue)
materials. (B) Adhesion on a hard surface. (C) Molecule–molecule and
cell–surface detachment process with three unbinding events.
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3.2 AFM and other imaging techniques

In general, compared to other techniques such as standard
Scanning (SEM) and Transmission Electron (TEM) microscopy,
the AFM not only offers the capacity to visualize nanometric
features in two and three dimensions (for significantly smaller
areas though, when compared to SEM) and to map the physico-
chemical characteristics of surfaces, but it also advantageously
permits to do so in air, vacuum and especially in liquid environ-
ments. These characteristics have been fundamental to image
static and dynamic events, such as the adsorption of proteins
and DNA,32–36 as well as the structural and molecular compo-
nents of living cells and bacteria (Fig. 2),37–44 while providing
minimal perturbation of the native characteristics of biological
samples and avoiding artifacts associated with drying, including
the creation of artefactual structures (e.g. dendritic patterns
resulting from the crystallization of the buffer).16 In this context,
for cells and bacteria imaging, chemical immobilization is often
required to anchor them onto substrates in order to prevent their
movement during imaging (common methods include fixation
with glutaraldehyde and adsorption onto surfaces pre-coated
with polymers, among others).39,45 This procedure may however
alter the nature of interfacial interactions,46 thereby posing
a challenge for studies aimed at assessing the direct effects
of specific surface cues on the biological response. Standard
fixation procedures that involve proteins crosslinking can also
perturb the natural properties of cell wall architecture,46 and, in
turn, may affect nanomechanical measurements (Section 3.4).
The attachment methods that result in the nearest to natural
state for cells are those that do not involve any chemical
treatment,45 such as physical entrapment in porous membranes,
confinement in micro-wells and electrostatic interactions.39

Noteworthy, immobilization protocols for live imaging may not
be always necessary if cells adhere onto nanostructured bio-
materials. These have in fact shown to promote a firmer cellular
adhesion in physiological conditions by direct physical cueing,47

and thus promise to provide the required adhesion strength for
imaging without any external fixation protocol. In general, the
AFM procedure for imaging living cells should be fast and only
rely on very small interaction forces to prevent cells from moving,
detaching and/or being damaged. In this context, intermittent
AFM-based approaches permit to reduce the imaging time, mini-
mizing the risk of movement of the cell during the scan.46,48 In
particular, Digital Pulsed Force mode (DPFM) imparts sinusoidal
movement to the cantilever and modulates its oscillation at high
frequency to make consecutive tip indentations on the surface,
ultimately yielding faster scanning speeds while exerting small
and controlled interaction forces.48,49 These and similar results
(Section 3.4) demonstrate that effective AFM-based approaches
to image and assess the structural properties of living cells
and bacteria are readily available, and undoubtedly offer new
opportunities to investigate cellular functions and interactions
with surfaces with minimal perturbation.

3.3 Chemical force microscopy

The already impressive imaging capacities have been even
further expanded by integrating the AFM’s spatial resolution
and sensitivity with chemical functionalization, a set of strate-
gies to immobilize molecular agents onto the cantilever’s tip.
The possibility of tailoring the AFM probe with chemical groups
and individual molecules, coupled with the ability to carry out
measurements under near-physiological conditions, made this
approach ideal for biological applications.50 To date, chemical
force microscopy (CFM) has been successfully exploited to visua-
lize the distribution of molecules in surface-adsorbed protein
layers51 and map the supramolecular organization of cellular
membranes.52–55 These abilities also extend to the investigation
of bacteria, and have permitted to visualize the structure and
properties (e.g. hydrophobicity) of wall components (Fig. 3).39,56,57

Because of the abundance and flexibility of chemical strategies
that can be tailored to precisely target selectively chosen
features,58 tip functionalization and force imaging hold the
potential not only to display, but also quantify (Section 3.5), a
wide variety of relevant interfacial phenomena, such as the
spatial distribution of specific binding sites on surfaces and its
effects on the activity of adhering cells.

3.4 Nanomechanical measurements

In parallel with imaging capacities, one of the distinctive features
that has propelled the use AFM in nanosciences is undoubtedly its
capability to quantify physicochemical properties of materials and
biological entities. To date, AFM analysis has yielded a deeper
understanding of the nanoscale mechanical properties of materials,
proteins, cells and bacteria, supporting standard characterization
and microscopy techniques (e.g. optical and fluorescence micro-
scopy) with quantitative data. Advances that stemmed from such
approach will be presented in more detail below, providing
further evidence of the power of the AFM as a multifunctional
nanoscale tool.

A growing number of studies has been exploring the role of
micro- and nano-level mechanics on the cellular response to
surfaces.59–62 For example, it is now well known that adhering

Fig. 2 (A) AFM images of the arrangement of connexons (hexameric half-
channels that bridge the extracellular space between adjacent plasma
membranes) in gap junctions plaques. (B) Top and side view of a single
connexon. (C) Enhanced structural details of a single connexon. Reprinted
with permission from ref. 37. Copyright 2002 American Chemical Society.
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cells sense and respond to the substrate’s stiffness.63 In this
context, the AFM’s capacity to quantify the stiffness and the
hardness of natural and synthetic materials has provided impor-
tant new resources for materials scientists interested in the con-
nections between the nanomechanical characteristics of surfaces
and the physicochemical properties of bulk materials.49,64 In fact,
compared to standard techniques (e.g. tensile testing, micro-
hardness, etc.), the AFM distinctively offers a non-destructive
way to probe multiple properties at once (i.e. stiffness, maximum
indentation, indentation at maximum force, hysteresis, hardness,
compliance, adhesion force, detachment distance, detachment
energy, Young’s modulus)49 with a nanometric spatial resolution,
and to simultaneously overlap them to the morphological images
obtained with one of the modes outlined in Section 2.

In parallel, biologists and biophysicists have capitalized on
force–distance measurements (Section 2) to close in on the
nanomechanical properties of cells and bacteria such as Young’s
modulus and deformation,46,65,66 and determined how these
vary during adaptation to the extracellular environment and/or
to external physicochemical stimuli.62,65,67–69 A particular atten-
tion has been given to assessing how mammalian cells translate
mechanical cues into cytoskeletal changes and biochemical
signaling, and how the mechanical properties of cells are
involved in regulating cellular functions (mechanosensing,
mechanotransduction, and mechanoresponse).69 In this context,
intermittent techniques allowed to map the mechanical proper-
ties of cells and bacteria, offering the distinctive advantage of
providing their spatial distribution within single cells. For
example, the mapping and time evolution of the stiffness of
cancer cells were successfully imaged by DPFM (Section 3.2).48 In
parallel, a recent study exploited a similar quantitative AFM
procedure that provides precise and continuous control on the
acquisition velocity and vertical forces to investigate living
bacteria.46 The bacterial suspension was gently deposited on a
glass substrate and force distant curves were collected for every
pixel of AFM images, simultaneously generating topography and
stiffness maps without the need of any external immobilization
step (Fig. 4).

While these studies have undoubtedly provided a great
contribution in advancing knowledge in their respective fields,
they appear to have progressed along two sets of parallel lines,

focused on either the nanomechanical properties of materials
or on the biomechanics of biological entities. Ultimately, these two
lines should converge towards the investigation of the mechano-
response to the local physical/mechanical cueing exerted by nano-
structures. In fact, it could be conceived that nanoscale surface
features engender a precise nanomechanical environment capable
of provoking localized cell-distortions, inducing biomechanical
changes in cytoskeletal organization and cellular shape.7 Although
further refinements are still needed, these phenomena can all be
characterized by the AFM, which thus promises to support
previous63 and ongoing efforts to bridge the gap between sub-
strate and cellular mechanics. In this context, although the AFM
has been successfully employed to quantify the stiffness of bacterial
membrane,46 its application to study how bacteria respond to
nanostructured surfaces70 from a nanomechanical viewpoint is
still lagging behind. Once addressed, the generated knowledge
is poised to bring new evidence to elucidate the mechanisms
involved during the interactions between bacteria and nano-
structured antibacterial surfaces.71–73

3.5 Force spectroscopy

In addition to force imaging, tip functionalization has also
permitted to quantify, with unparalleled spatial (B1 nm) and
force (in the order of piconewtons) resolution, a remarkable
collection of molecular, cellular and bacterial properties and
functions (Force spectroscopy).53 In the force spectroscopy
technique, the AFM tip is functionalized with chemical groups
(i.e. chemical force spectroscopy-CFS), biomolecules, proteins
and viruses (i.e. single-molecule force spectroscopy-SMFS), as
well as with single living cells (i.e. single-cell force spectroscopy-
SCFS), and interactive forces acting on the functionalized tip
when scanned across a sample are measured.39 This approach has
provided direct access to a variety of inter- and intramolecular
phenomena and cellular events otherwise inaccessible with other
techniques. For example, single-molecule force spectroscopy
quantified via force–distance curves protein unraveling, folding
and unfolding mechanisms, receptor–ligand and ligand-
binding interactions.53,74,75 Research aiming at characterizing
protein–biomaterials interactions can capitalize on these and
similar studies76 and determine how nanometric surface cues
affect parameters of protein adsorption such as adhesion and
unbinding forces. The capacity of SMFS to probe molecular
events can also be exploited to investigate the interactions and

Fig. 3 (a) AFM topographic image of the nanoscale structure of a micro-
organism (Aspergillus fumigatus) and (b) chemical force image of its
hydrophobic domains. Reprinted with permission from ref. 56. Copyright
2007 American Chemical Society.

Fig. 4 AFM height (left) and stiffness (right) images of bacteria (Rhodococcus
wratislaviensis) in their physiological medium. Reprinted with permission from
ref. 46. Copyright 2013, PLoS One.
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the dynamics of a variety of cell–surface-associated proteins.77

This also extends to bacteria research, where this technique has
enabled a better understanding of the molecular mechanisms
underlying the adhesive and mechanical properties of poly-
saccharides and proteins on live cells.78,79 Based on these
studies, researchers are offered the opportunity to exploit SMFS
to dissect out specific aspects of the molecular bases of cellular
and bacteria adhesion processes on nanostructured biomaterials,
to determine, for instance, whether the physicochemical cueing
exerted by surface cues also affects the supramolecular architec-
ture of adhering cells.

A field that will particularly benefit from advancements in
SMFS is drug-delivery, particularly its branch that employs
nanostructured biomaterials for localized and controlled
elution of antibiotics, growth factors and viruses.80–82 In fact,
the type and strength of the specific interactions established by
bioactive molecules with surfaces are expected to impact their
tendency to desorb, ultimately dictating the overall release
profile.18 While the ability of the AFM to quantify the strength
of adhesion forces can nonetheless provide important guidance
for assessing the quality of molecule–surface interactions, care
should be taken to relate the measured forces to the binding
affinity, which was shown to depend to a large extend on the
experimental parameters (e.g. contact time).76 In this context,
various groups have been exploring the controlled delivery of
viral vectors to overcome some of the current challenges in gene
therapy and tissue engineering by improving site targeting,
reducing inflammatory and immune responses, enhancing
transduction and extending the duration of gene expression.82

Recently, strategies for specific vector-biomaterial binding
based on the interactions of functional groups on viral capsid
and functionalized surfaces (e.g. with antiviral antibodies) have
been developed.82 The main goal is devising flexible approaches
that permit to tailor the release and delivery to meet specific
therapeutic needs by tuning the vector affinity for the surface.
To this end, researchers can capitalize on previous work which

exploited the AFM to determine how the structural and nano-
mechanical properties of viruses (e.g. stiffness of the viral
shell),82–87 as well as their binding strength with materials,
quantified by SMFS for instance, are affected by the physio-
chemical environment of surfaces. The AFM thus promises to
become an essential tool also in the field of substrate-mediated
viral gene delivery that will permit to make the correlation
between the nature and quality of the initial virus–surface
interactions and the resulting elution profiles. This will provide
the key for optimizing vector-presenting substrates and design
better performing drug-eluting platforms capable of retaining
and progressively releasing the virus for cellular internalization.
In addition, tuning surface properties to control vector–material
interactions is also expected to unlock new strategies to preserve
vector activity and avoid recognition by the immune system.82

At the cellular level, single cells can be ingeniously fixed onto
the cantilever, becoming the probe for the dynamic quantifica-
tion of cell–substrate interactions (SCFS).88,89 Parameters such
as maximum detachment force and work for the entire cells as
well as a number of detachment events of single cellular tethers
have already been successfully quantified (Fig. 5).88,89 It should
be noted that this technique still faces experimental challenges
and limitations.88 For example, immobilization strategies have
to ensure a firm attachment of individual cells onto the canti-
lever in ways that the cantilever-cell adhesion strength will be
greater than the cell–substrate interactions to prevent the cell
from adhering onto the substrate during the retraction of the tip.
It follows that nanostructured materials that promote a strong
cellular adhesion may cause the detachment of the cell from the
cantilever. In addition, SCFS experiments are time consuming
because only one cell can be characterized at a time. For
statistical reasons, many detachment-force–distance curves must
be recorded, which limits the length of the contact times that
can reasonably be assayed, often restricting the analysis to short
contact times (from milliseconds to about 20 minutes).88 Despite
these challenges, SCFS nonetheless provides unique insight into

Fig. 5 (A) Schematic overview of AFM-based single cell adhesion experiments. The cantilever-cell system approaches the surface (I) until contact is
established (II). During detachment (III–IV), force distance curves are recorded. (B) Force–distance curve showing maximum detachment force (Fdetach),
work of cell detachment from the substrate (shaded area) and two types of molecular unbinding events: (i) the receptor remains anchored in the cell
cortex and unbinds as the force increases (denoted as jumps) and (ii) receptor anchoring is lost and membrane tethers are pulled out of the cell.
Reprinted with permission from ref. 88. Copyright 2008, Company of Biologists.
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the forces, energetics and kinetics of cell adhesion processes onto
surfaces.88 In this context, it will be interesting to move the focus
from whole cells to more specialized cellular components, and
complement existing techniques (e.g. optical tweezers)90 with AFM-
based approaches to investigate the local properties of filopodia
emitted by cells adhering on nanostructured surfaces. A better
understanding of the relationship of filopodia with surface
features at their functional sensing scale, that is the nanoscale,
will be in fact highly relevant for exploiting nanotopographical
surfaces to stimulate (i.e. regeneration) and even slowdown (i.e.
cellular hyperplasia, cancer cells) cell activity.

While single cell force spectroscopy has been implemented for
studies involving mammalian cells, its application to bacterial
research has not evolved as rapidly, mainly as a consequence of
difficulties in immobilizing bacteria onto cantilevers. However, a
recent article has reported the use of a cell adhesive to attach a
single bacterium onto the cantilever and probe its interactions
with different surfaces and other bacteria,91 thereby opening
the window on additional possibilities to exploit the AFM to
comprehend the mechanisms involved in the bacterial attach-
ment to nanostructured surfaces.

To conclude, AFM force imaging and spectroscopy have
permitted to achieve, through quantitative measurements of an
unparalleled resolution, a deeper understanding of numerous
molecular processes that underlay proteins, cells and bacteria
activities. These techniques are not solely limited to biomaterials
surface science, but their potential extend to other fields of
science, ranging from drug delivery to medicine, where the
capacity to quantify structures and interactions at the mole-
cular level can contribute, for instance, to devise better perform-
ing pharmacologic strategies and elucidate the mechanisms of
specific diseases.

3.6 Scanning probe lithography

In a further extension of AFM-based methods and techniques,
the distinctive capacity to manipulate single molecules and
detect their interactions has permitted researchers to explore
additional applications in nanosciences, ultimately developing
protocols and practices that harnessed the power of the AFM
probe and transformed it into a multifunctional molecular
toolbox.53 One of the most relevant techniques that stemmed
from such a development falls under the umbrella of scanning
probe lithography, a set of nanofabrication strategies in which
the tip is used to directly pattern substrates with a variety of
molecular ‘‘inks’’.16 Among these, dip-pen nanolithography has
shown promising applications in biomaterials surface science.92

In this method, selected molecules are adsorbed by capillarity
onto the AFM tip, which is successively used in contact-mode to
transfer pre-determined molecular patterns to the surface with a
resolution of 30–100 nm.16 For instance, microarrays composed
by DNA-directed protein immobilization have been precisely
patterned and utilized to investigate the recruitment of trans-
membrane receptors in living cells (Fig. 6).93 This technique has
been optimized on atomically-flat and contaminant-free surfaces
(e.g. gold and silicon), and it can now count on a dramatically
improved patterning efficiency and flexibility in depositing

different ink molecules.92 However, its translation to medically
relevant materials and applications may still be far, mainly
because of the non atomic planarity of most biomaterials and
the practical need to pattern areas whose dimensions lay
beyond the range of this technique. Nonetheless, the capacity
of creating specific molecular patters will undoubtedly benefit
more fundamental studies in biomaterials surface science,
focused, for example, on furthering the investigation of cellular
response to specific chemical cues (e.g. chemotaxis)94 and/or on
the validation of functional molecular nanostructures.95,96

3.7 Cantilever-based sensors

In parallel with these capacities, the AFM has also been
employed to detect the deflection and/or resonance shift of
cantilever arrays used as micro and nanomechanical sensor for
diagnostic and detection purposes.97–100 In this context,
researchers have demonstrated that silicon-based cantilevers
can be functionalized with thin metallic (e.g. gold) and poly-
meric (e.g. polystyrene, PMMA) films to detect a variety of
biological and chemical species.101–103 The knowledge acquired
so far in the field may permit to change the identity of the
deposited materials and explore functionalization strategies to
create thin films of biocompatible materials with controlled
properties directly on cantilever arrays, which could then be
used to study protein adsorption, ultimately complementing
techniques such as surface plasmon resonance (SPR, i.e. an
optical technique sensitive to the changes in refractive index
that occur when proteins and other molecules accumulate onto
a gold surface) and quartz crystal microbalance (QCM, i.e. a
physical technique that detects changes in the resonance
frequency of an electrically driven quartz crystal with changes
in mass due to molecule adsorption).104,105

Fig. 6 Schematic representation of the generation of microarrays for DNA-
directed protein immobilization for the recruitment of transmembrane
receptors (left, from top to bottom). Live-cell arrays (top right) and expression
of transmembrane protein in breast cancer cells membrane (bottom right).
Reprinted with permission from ref. 93. Copyright 2013, Wiley.
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4. Outlook

The recent history of microscopy has witnessed a more systematic
approach to the development and exploitation of novel strategies
and protocols for the characterization of biomaterials and inter-
facial biological events at the micro- and nanoscales. In this
context, the AFM has undoubtedly been a fundamental resource
in biomaterials surface science to date, and will still play a major
role in the future. In particular, the optimization of current tip
functionalization approaches and the development of novel
strategies for CFM, CFS, SMFS and SCFS will extend the breath
of its applications and the specificity of the results, offering
new opportunities to close in on still unknown aspects of how
proteins, bacteria and cells sense and respond to nanostruc-
tured surfaces.

However, there is still a number of experimental limitations
that will need attention to take the technique to a higher level
and further enhance its impact. For instance, structural AFM
measurements on living cells/bacteria still pose experimental
challenges, not only in regard to immobilization protocols
(Section 3.2), but also in relation to sample damaging caused
by forces exerted by the tip, imaging artifacts and interpretation
of quantitative results. In addition, the time currently required
to record a high-resolution image is much longer than the
timescale of most biological processes.69 To address this need,
the development and optimization of fast scanning AFMs and
acquisition procedures (e.g. DPFM) for high-speed topographic
imaging now permit to image the physical, chemical and biological
properties of samples at high speed and resolution.68,69,106 Applied
to biomaterials surface science, these new advances hold the
potential to yield a dynamic description of the events at the
molecular scale that affect and control cell–surface interactions.

In such a technological evolution towards more advanced
and effective analyses, the AFM has joined a more general trend
in microscopy which aims at multimodal imaging capacities
and correlative analyses, becoming an instrument that can
seamlessly integrate complementary characterization methods.
This evolution has ultimately permitted to the AFM to achieve a
synergy that extends beyond the capacities and potential of the
constituent techniques used independently.

Standard and high-resolution fluorescence microscopy as well as
Raman imaging and spectroscopy107–109 can all be combined within
the AFM setup. Such advances now permit to achieving high-
resolution images that simultaneously display the 3-dimensional
topography of the cytoskeleton and its stiffness, and correlate
them to its structural elements, such as the distribution of actin
filaments visualized by standard confocal microscopy or by
stimulated emission depletion microscopy (STED), a super high
resolution technique that breaks the resolution limit of standard
fluorescence microscopy (Fig. 7).110,111 This integrated approach
is poised to unveil the connections between the cell nano-
mechanical properties and the organization of actin fibers
and microtubules in the cellular body and its extensions,
ultimately addressing, for instance, how the structural and
mechanical parameters of cells and bacteria are affected by
the physicochemical environment of surfaces. Similarly, when

the AFM is coupled with a near-field scanning optical micro-
scope (SNOM/NSOM), morphological and immunofluorescent
information, such as the localization of molecular nanoclusters
in cell membranes and protrusions (Fig. 8), can be overlapped.112–115

This promises to shed new light on the characteristics and variations
of the cellular supramolecular architecture as a function of cell–
substrate and cell–cell interactions on nanostructured biomaterials.
The integration of Raman spectroscopy and imaging offers the
distinctive advantage to carry out label-free chemical analyses
of surfaces and adhering cells and bacteria,116,117 and succes-
sively correlate them to the nanotopography of the underlying
nanostructures. Raman spectroscopy will also permit to probe,
in a non-destructive manner, the crystallinity and even local
stress fields of biomaterials,118–121 parameters known to affect
cell and bacteria response.7,9,73 It should be noted that the
spatial resolution of standard Raman imaging is dictated by the
optical objective and the laser wavelength, and can achieve at
best a few hundreds of nanometers, thus considerably above
that of the AFM. Such a limitation can however be overcome by
tip-enhanced Raman spectroscopy (TERS), a technique that
significantly increases the resolution of Raman imaging and

Fig. 7 (a) Confocal image and (b) STED image [both raw data], (c) 3D rendered
view extracted from AFM force curves; deconvolved (d) confocal image and (e)
STED image, (f) elasticity map calculated from AFM force curves of fibroblastic
cells. Scale bars in (a) and (b): 2 mm, axes bars in (c)–(f): 3 mm. Reprinted with
permission from ref. 111. Copyright 2012, SpringerOpen.

Fig. 8 Topographic (left) and fluorescent (right) SNOM images of human
epithelial cells initiating cell–cell contact. Protein (E-cadherin) clusters
location is revealed. Reprinted with permission from ref. 113. Copyright
2012, Elsevier.
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spectroscopy to a few nanometers.122 TERS have been used to
investigate biomolecules, such as DNA bundles,123 and probe
materials surfaces and biological samples at the nanoscale,124–128

thereby becoming a very promising technique for current and
future studies in various disciplines.

The development of AFM-based integrated systems and,
as a matter of fact, complementary multimodal instruments
(e.g. Raman-SEM), is paving the way for a novel approach to applied
research, in which the synergistic combination of different experi-
mental techniques increasingly generates more efficient and
flexible tools for the nanoscale characterization of synthetic
and biological materials. The technical evolution that has
propelled such correlative approach to science will also give
new strength to biomaterials surface science, a field in which
the AFM will continue to affirm its role as a unique resource.
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