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We investigated the adhesion and colony formation of Pseudomonas aeruginosa PAO1 on a solid coated in
close-packed spheres of polystyrene. The objective was to determine the effect of surface topography on
the early stages of biofilm formation. Solids were pretreated with serum and then exposed to bacteria under
low shear for one day in a center for disease control biofilm reactor. Whereas flat sheets are covered in large
colonies after one day, a close-packed layer of 630-1550 nm monodisperse spheres prevents colony
formation. Moreover, the film of spheres reduces the density of P. aeruginosa adhered to the solid by an
average of 80%. Our data show that when P. aeruginosa adheres to the spheres, the distribution is not
random. For 630 nm and larger particles, P. aeruginosa tends to position its body in a 2-fold site. We
rationalize the selectivity on the basis of energy minimization for adhesion: sites differ in the deformation

needed to achieve a given contact area. We rationalize the inhibition of colonization by the 630-1550
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polystyrene spheres also delays colony formation on a medical-grade stainless-steel needle over a

DOI: 10.1039/c4th00835a period of one day. This suggests that a colloidal crystal approach to biofilm inhibition might be
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1. Introduction

Bacterial infections are one of the leading causes of human
misery, and hospital acquired infections alone are the fourth
most common cause of death in the US." About 65% of these
deaths are caused by infections invading the surface of implants
and medical devices.” These infections begin with the adhesion
of microorganisms to surfaces, continue with the formation of
microbial colonies and lead to the formation of biofilms.** In
addition to misery and death, these infections are estimated to
cost the US approximately $5 billion annually.?

The most common medical treatment of device and implant
infections is long-term systemic treatment with antibiotics.?
Antibiotic treatments sometimes fail because of the develop-
ment of biofilms, which are less responsive to antibiotic treat-
ments,* or the presence antibiotic-resistant bacteria such as
methicillin-resistant Staphylococcus aureus (MRSA).* Antibiotic
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applicable to a variety of materials and geometries.

treatments frequently have broad systemic effects on the body,
including killing beneficial microbes.®

An alternative strategy for reducing the incidence of these
infections is to alter the properties of the medical surfaces to
delay colonization by bacteria. Chemical modifications have
been widely studied, to either delay adhesion of microbes to the
surfaces or kill them upon contact.” Surface topography is
another property of the surface that can complement the effects
of chemistry to reduce fouling® further.

Antifouling surfaces with topographical features are
observed widely in nature,”** and this has inspired the prepa-
ration of artificial surface patterning to prevent the adhesion of
bacteria. For example, Chung et al.*® prepared a surface that
mimicked the topography of shark skin. This surface contained
protrusions 4-16 pm in length, 2 pm in width and 3um in
height, spaced by 2 pm. Chung et al. showed that although these
features did not prevent adhesion of bacteria, the formation of
biofilms was greatly delayed. The authors attributed this effect
to the “physical obstacle” presented by the protrusions.

A number of other studies have examined the effect of
topography on bacterial interactions with surfaces.”®>' For
example, Hochbaum and Aizenberg* studied interactions of
bacteria with submicron-size pillars, and concluded that when
interacting with the spacing between the pillar, each cell
selected an alignment that provided it with greater contact area
with the surface. Kargar et al.'” investigated the adhesion of P.
aeruginosa to fibrous surfaces at a single cell level. They showed
that P. aeruginosa selectively binds to specific locations of the
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fibrous surfaces, and gave insights into the action of local
surface curvature on hindering microbial adhesion.

One of the major barriers to advancing topographical-based
antifouling technologies is fabricating the structure. Well-
organized structures within the size range of bacteria (submi-
cron-micron) are needed over the exposed area of a medical
device. Most techniques used in the past are constrained by a
limited range of suitable materials and/or the requirement of
sophisticated facilities, which adds greatly to the expense of
manufacturing. The purpose of this study was to examine the
use of an adsorbed monolayer of close-packed spheres as a
topographical inhibitor of bacterial adhesion and colony
formation.

A regular arrangement of colloidal particles is also called a
“colloidal crystal”, and in this paper we use the term colloidal
crystals to refer to a monolayer of close packed spheres. The
principal advantages of colloidal crystal to prevent microbial
colonization are: (1) they can be used to coat a broad range of
surfaces, regardless of their chemistry;>** (2) they can coat
surfaces with complex geometries, for example curved and non-
planar surfaces;*?* (3) they can be used to produce a broad
range of feature sizes (larger than 50 nm);** (4) they can be
produced on large areas at low cost in a short time without the
requirement of sophisticated facilities such as a clean room;>
and (5) they can provide surfaces with well-defined curvatures in
nano-micron scale.”® Here we examine the effects of polystyrene
colloidal crystal coatings (diameter 200 nm-1600 nm) on
bacterial colonization of polystyrene (PS). All PS samples were
exposed to fetal bovine serum before bacterial experiments.
This leaves an adsorbed layer of protein, which is common for
surfaces in biological systems. We use Pseudomonas aeruginosa,
a rod shape, Gram-negative and motile bacteria as our model
bacterium, it is an opportunistic human pathogen that exists in
biofilms in hospital environments.*”

2. Experimental

2.1. Chemicals

The following chemicals and regents were all obtained from
Fisher scientific (Pittsburg, PA): acetone (HPLC grade), sulfuric
acid (18 M), tryptic soy broth (TSB) powder, tryptic soy agar
(TSA) powder and Hyclone fetal bovine serum (FBS). TSA plates
were prepared by adding 1 liter of DI water to 40 g of TSA. TSB
media was prepared by adding 1 liter of water to 30 g of TSB
powder. The other chemicals used in the experiments are:
hydrogen peroxide, 30% in water (LabChem Inc., Zelienople,
PA), USP grade 200 proof ethanol (Decon Laboratories, King of
Prussia, PA) and 10% EM grade glutaraldehyde (Electron
Microscopy Sciences, Hatfield, PA) sodium dodecyl sulfate (SDS)
and potassium nitrate were purchased from Sigma-Aldrich (St.
Louis, MO). All PS spheres have been purchased from Bangs
laboratory incorporation (Fishers, IN). The flat sheets of PS film
that were used as control flat surfaces were purchased from
Goodfellow (Coraopolis, PA). Deionized (DI) water used in the
experiments had resistivity 18.2 MQ cm at 25 °C. Diluted TSB,
ethanol and glutaraldehyde have made by mixing DI water and
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the original chemical with the appropriate ratio. L7007 live dead
assay kit was purchased from Invitrogen (Grand Island, NY).

2.2. Manufacturing the colloidal crystal monolayers

Several methods for manufacturing colloidal crystal films are
described in the literature.”® Our films were prepared by first
depositing particles at the liquid-gas interface, and then pull-
ing a solid from within the solution out into the air through the
interface (emerging).*>>** Here we will refer to the solid
underneath the particles as the “substrate” and the colloidal
crystal film plus substrate that is subsequently used for bacte-
rial testing as the “sample”. We have adopted the specific
procedure from Lu and Zhou.* Briefly, the particles were re-
suspended in 1 : 1 ethanol-DI water solution and deposited at
the water/air interface by flowing the particle suspension down
a glass slide. The slides were cleaned using consecutive washes
with acetone, ethanol, DI water followed by nitrogen drying and
cleaning by Piranha solution (1/3 H,0,-H,SO,). The particles
were then deposited on the substrate by emerging the substrate
though the interfacial particles. In most cases the substrate was
a flat sheet of polystyrene. As recommended by Lu and Zhou,*
we have added a small amount of SDS to the particles to facil-
itate the formation of the closed pack structures. After forma-
tion of the colloidal crystal, we heated the sample at 95 °C for
110 min. This heating close to the glass transition temperature
increases the area of contacts and thus strengthens bonds
between particles and between the particles and the substrate.

This method enabled us to manufacture colloidal crystals
from various particle sizes but the reproducibility was low. Our
original substrates were 100 mm circles of a 0.125 mm thick PS
film. After deposition, we cut 1.5 x 0.5 mm?” rectangular
samples from the colloidal crystal for our biological test assay.
The quality of the film was always characterized using a
combination of the diffraction patterns from a laser, and
scanning electron microscopy (SEM) imaging.

2.3. Characterization of substrates, spheres and samples

XPS measurements were performed on a Phi Quantera SXM
with a monochromatic Al Ko X-ray source (1486 eV). All of the
XPS measurements were obtained at a 45° takeoff angle from a
200 pm diameter spot. The wide energy scans were acquired
with a 280 eV pass energy in 15 sweeps at 1 eV step size and
narrow energy scans were acquired at pass energy 26 eV with 10-
40 sweeps depending on the element at 0.1 eV step size.

Zeta potential measurements of colloidal spheres were per-
formed with a Zetasizer Nano ZS (Malvern, Worcestershire,
United Kingdom). The zeta potential was obtained from the
mobility using the appropriate correction term for the ratio
between the radius and Debye-length.** The zeta potential of the
flat PS film and particle-coated surfaces was determined using a
SurPASS Electrokinetic Analyzer (Anton Paar GmbH, Graz,
Austria). The surfaces were washed with water, then ethanol,
and then dried in stream of pure nitrogen. The solvent for all
zeta potential measurements was 0.05 mM KNO; solution.

The roughness of the flat PS substrates was measured using
atomic force microscopy (AFM) (MFP3D, Asylum Research,
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Santa Barbara, CA) using ORCS cantilevers (Bruker, Camarillo,
CA) with a nominal spring constant of 0.7 N m~' in contact
mode.

2.4. Preparation of samples for biological assays

All samples were washed with DI water at 37 °C in a rotary
shaker (100 rpm) for 1 hour and stored in Petri dishes. Before
biological tests, the samples were washed with 100% ethanol
and sterilized by soaking in 70% ethanol following by three
washes with autoclaved DI water. In order to mimic the condi-
tioning film that samples will experience in a biological envi-
ronment all samples were submerged under 2 ml FBS in wells of
12 well plates and incubated at 37 °C overnight, following a
protocol for testing catheters.* Negative control experiments
(i.e. with no bacteria) were conducted by transferring some of
the FBS-treated samples to a new 12 well plate and incubating
them under sterile TSB for a day. Samples that were coated in
FBS had a water contact angle <10°.

2.5. Bacterial culturing and retention assay

Pseudomonas aeruginosa (ATCCR® 4708501), PAO1, was used as
the model microorganism in a Center for Disease Control (CDC)
reactor (BioSurface Technologies Co., Bozeman, MO). We fol-
lowed the standard protocol developed by Goeres et al.** and
recommended by the manufacturer of the biofilm reactor with
some minor modifications.

A 1.5% TSA plate was streaked using bacteria from —80 °C
stock and incubated overnight at 37 °C. 100 ml of autoclaved
culture media (1% TSB) was transferred to a sterile 300 ml flask,
inoculated using a single colony from the TSA plate and incu-
bated for 24 hours at 37 °C on a rotary shaker (170-180 rpm).
These conditions consistently resulted in ODgoo = 0.06. The
samples were mounted on the rods of CDC reactor, 323.3 ml of
1% TSB were added, and then 1.7 ml of bacterial culture was
used to inoculate the reactor. A dynamic retention assay was
conducted for 24 hours at 37 °C, in which the baffle of the
reactor was stirring at 50 RPM. To estimate the shear stress due
to rotation of the baffle at the surface of the samples, we have
followed the method of Buckingham-Meyer et al.** and used the
equations for the shear forces between concentric cylinders
where the inner cylinder rotates. This suggests that 50 RPM
baffle speed results in a shear stress of about 0.004 N m 2
which is low compared to the shear rate in other studies.*

2.6. Imaging of the samples using scanning electron
microscope (SEM)

The results presented here were collected from four different
experiments. We define a different experiment to be one done
using different substrates, different microbial stock, and on a
different day. After each experiment, all samples were washed
once with autoclaved DI water to remove the loosely attached
cells. Then the cells were fixed in 2.5% glutaraldehyde at 4 °C
and washed with DI water to remove the glutaraldehyde.
Samples were then dehydrated using serial ethanol washes and
dried for a day at room temperature. All samples were gold
coated and then imaged at high vacuum using a scanning
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electron microscope (FEI Quanta 600 FEG, Hillsboro, OR). The
images presented for the steel catheter were captured by a
different microscope (LEO 1550 field-emission SEM, Carl Zeiss,
Thornwood, NY).

2.7. Imaging of the samples using light microscopy

Light microscopy was used to image the cells in the hydrated
state (under water), and after dehydration. Samples were
washed with autoclaved DI water (as for SEM) and then fixed in
2.5% glutaraldehyde at 4 °C. For fluorescent microscopy, the
cells stained with a mixture of propidium iodide and SYTO®9
nucleic acid stain. For all imaging, samples were attached to the
bottom of glass-bottom Petri dishes using PDMS and imaged
using an Olympus 1X81microscope and Slidebook 5 software.

2.8. Data analysis and statistics

SEM images were analysed quantitatively. Only the 0.5 x 0.5
mm? square shaped area in the middle of the 1.5 x 0.5 mm?
area of the sample was used, so as to avoid edge effects. A
standard grid containing the positions for counting was placed
over a low magnification image (35x) in which the bacteria were
too small to be imaged. Images were then captured at each of 20
positions on this standard grid, and the number of bacteria per
unit area was obtained by manual counting and then averaged.
Cell counting was assisted by Image] software,** and the
convergence of the counting results was monitored during the
counting process. For most particle samples, convergence
occurred after counting 8-10 samples, but for the flat surfaces
further counting was required. The magnification of the images
used in counting process was 3500 for flat samples and 6000 x
for colloidal crystals.

3. Results

3.1. Characterization of flat and colloidal-crystal-coated
surfaces

3.1.1. Chemical characterization of the spheres and flat
sheets. To isolate the effect of topography on the formation of
bacterial colonies, we minimized the variation in chemistry
between samples. For this purpose, we used one chemistry of
material, polystyrene (PS), for all topographical studies, and all
polystyrene particles were sourced from the same manufac-
turer. Possible variation in chemistry was examined using XPS
and zeta potential measurements. There is a more silicon
contamination on the flat surface (~0.5%) than in the particles
(0-0.1%), but otherwise the elemental composition of all
materials is very similar, and less than or equal to the variation
between repeat measurements on the same sample (see Table
S1 in ESIf). The zeta potentials in 0.05 mM KNOj; solution
(Table 1) were all negative.

There was only a small variation in the zeta potential of the
particles (~20%), but the flat sheet had a less negative potential
than the particles, despite the similarity in the chemistry as
measured by XPS. This difference may be explained in part due
to different techniques used (electrophoresis vs. streaming
potential). After noting this possible difference, we created

This journal is © The Royal Society of Chemistry 2014
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Table 1 Zeta potential of particles, substrates and samples. (Average
of 20 measurements.)

Diameter (nm) Zeta potential (mV) St. De. (mV)
220 —77 7
450 —73 11
630 —-79 8
830 —88 8
925 —89 8
1550 —94 13
Flat —54 4

additional flat samples in which the colloidal crystal on a flat
glass substrates was sintered by heat treatment at 120 °C
(higher than the glass transition temperature of PS) for 12 days
followed by heat treatment at 140 °C for one day, by which time
the spheres Ostwald ripened into flat sheets. We refer to these
as flattened samples. When comparing the flattened samples to
a colloidal crystal, we were even more confident that the
samples had the same chemistry. Further, we noted that the
flattened samples and the flat samples had the same water
contact angle of 91°.

3.1.2. Topographical characterization of the flat surfaces.
AFM imaging showed that the PS sheet had no features on the
scale of 50-1000 nm, thus the PS sheet was able to serve as a
control that had no features on the scale of the bacterial
dimensions. The measured RMS roughness was 1.5 nm over an
area of 625 um?, so the sheeting was also smooth. In other
words, the feature size was much smaller than the smallest
particle size (220 nm) used to make the colloidal crystal
samples.

3.1.3. Formation of close-packed films. An example of a
colloidal crystal that was deposited on a polystyrene Petri dish is
shown in Fig. 1. The optical image shows opalescence typical of
colloidal crystals (Fig. 1A), and irregularly shaped domains that
are of the order of 5 mm in size. An SEM image indicated
hexagonal close-packed ordering of the 450 nm particles

1lcm

Fig.1 (A) 100 mm plate covered in a 450 nm colloidal crystal; (B) SEM
image of 450 nm colloidal crystal, (C) diffraction pattern from the plate
produced by a 532 nm laser.
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(Fig. 1B), and the diffraction pattern from a 532 nm laser (spot
size ~ 1 mm) confirmed (a) the existence of domains of a size
exceeding the laser spot size, and (b) that the hexagonal
ordering of the particles persisted over several diameters
(Fig. 1C). The contact angle of the colloidal crystals was about
the same as for the flat sample, =90°. After pretreatment with
FBS, all the polystyrene surfaces had a low contact angle, <10°.

3.1.4. Robustness of colloidal crystal films. SEM imaging
showed that the colloidal crystals remained intact during the
period of the experiments, even though they were washed using
a rotary shaker (DI water, 100 rpm, 37 °C), rinsed with water or
ethanol using a pipette, and during the biological experiments,
subjected to a shear stress of ~0.004 N m 2.

3.2. Effect of sphere coating on bacterial adhesion and
colony formation

3.2.1. Preventing formation of microbial colonies. Flat
PS samples and colloidal crystal PS substrates were exposed
to bacteria in a CDC reactor for 24 hours in TSB medium
(300 mg L), after pre-treatment with FBS. Fig. 2 compares the
distribution of bacteria, as shown by fluorescence microscopy of
the fully hydrated bacteria in water: large colonies grew on the
flat polystyrene, while no large colonies were observed on the
samples coated in spheres.

To enable higher resolution imaging of colloidal crystals and
the bacteria, we also performed SEM imaging. Sample

Flat
(No particle)

Bacterial
colony

Fig. 2 Fluorescence images showing P. aeruginosa on polystyrene
colloidal crystals (1550 nm and 830 nm diameter spheres) and on a flat
polystyrene sheet. Further images are shown in Fig. S1 in the ESIL.{
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preparation for SEM requires dehydration and drying of the
bacteria, so we first tested whether our SEM sample preparation
altered the distribution or number of cells on the solid. Previous
work has shown that the passage of air bubbles in water can
alter surface distributions of bacteria.*® As shown in Fig. S2 and
S3 in the ESI,T exchange of the solution with ethanol, then air-
drying affected neither the number density, nor the arrange-
ment of the P. aeruginosa on the colloidal crystal and flat
surfaces. Likewise Fig. S4 shows that the passage of the ethanol-
air interface across a particle does not change the position of
the bacterium.

Knowing that the sample preparation does not affect the
distribution of bacteria, we can use SEM to examine the effect of
the colloidal crystal in more detail. The SEM image in Fig. 3
shows large colonies on flat surfaces, with the same distribution
as in the optical images.

Our first objective is to examine how the spheres affect
colony formation. A colony is a collection of cells in which there
is close contact,*® but there is no universal definition of the
number of cells required for a colony. For the purpose of
quantification here, we will define a colony as a collection of
bacteria which has more than 10 cells. Table 2 shows three
quantities for both flat and colloidal crystals: (1) colony density:
the number of colonies per 1 mm?® of the projected area of a
sample, (2) colony size: the average number of cells in a colony,
and (3) % in colony: the number of bacteria in colonies divided
by the total number of cells available on the surfaces.

Our results indicate that adding smaller particles (220 nm) to
the surface will reduce both size of the colony and the density of
the colonies. An even smaller density of even smaller colonies
was observed on the 450 nm colloidal crystals; only 5% were
involved in colonies. The average colony size was only 12 and if
we had made our arbitrary definition of colony to be 16 cells,
then there would be zero colonies on the 450 nm sample. No
colonies were observed on crystals formed from the larger
spheres. Thus all the sphere sizes reduced the number of
colonies.

Experiments using flattened samples typically produced
similar results as those on the flat polystyrene shown in Fig. 3,
i.e. large colonies formed. Thus, comparing the colloidal crystal
samples to the flattened samples (which were formed from
exactly the same material) we conclude that the topography
prevented colony formation on the colloidal crystals.
Comparing the flattened samples to the flat sheet samples, both
allowed the formation of colonies, thus variation in zeta
potential of the polystyrene under the FBS-deposited layer
was not the determining factor for colony formation in this
work.

Table 2 Colonization parameters for flat samples and colloidal
crystals

Diameter Flat 220 nm 450 nm 630-1550 nm
Colony density (colony per mm?®) 732 446 38 0
Colony size (cells per colony) 56 20 12 0
% In colony 83 22 5 0
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3.2.2. Reducing the number of bacteria. Although the
presence or absence of colonies is clear from the optical and
SEM images, the area density of bacteria provides a quantitative
comparison of the effect of the colloidal crystal. The data in
Fig. 4 shows the relative density of bacteria adhered to each
colloidal crystal as a function of particle diameter (d), defined
as:

Relative density ( d) _ number on colloidal crystal-coated surface

number on flat surface
1)

where “number” refers to the number of bacteria per unit
area, and in the numerator, the area refers to the area of the
polystyrene sheet under the colloidal crystal. Although there
was variability in results on each experiment (the standard
deviation for all data on the flat surface was 50% of the
average), normalization by the result for a flat sheet in the
same experiment removes the effect of this variability. Each
datum for the same diameter represents the average value
from samples observed in independent experiments (i.e. a
different set of samples on a different date in the same
reactor).

We conducted a one way analysis of variance (ANOVA) fol-
lowed by a Tukey test to determine whether there was a
significant difference (p = 0.05) between the relative densities
of bacterial colonies at different particle diameters. The
ANOVA test showed that the relative density of bacteria
adhered to the 220 nm particle film was not significantly
different from the density on the flat surface. The diameter did
not have a significant effect on the relative densities of
bacterial colonies for the particle size range 450-1550 nm.
However, we did observe a significant difference between the
number of bacteria per unit area on the flat surface and any
sample using spheres in the size range 450-1550 mn: the
number of bacteria was reduced by more than 80% on these
larger-diameter colloidal crystals.

In summary, the 450-1550 nm particles prevented the
formation of large colonies and reduced the number of bacteria
by about 80% compared to the flat surface. The 250 nm particles
did not reduce the number of bacteria, but still inhibited the
formation of large colonies.

3.2.3. The distribution of bacteria among differing sites on
the colloidal crystal. The colloidal crystal provided the bacteria
with a variety of binding sites that are shown schematically in
Fig. 5: the crown, the 3-fold site and the 2-fold site. P. aeruginosa
is approximately cylindrical in shape with variable size, but
typically has a long axis of about 1300 nm and a short axis of
about 500 nm (see SEM images). We selected a range of particle
diameters ranging from smaller than the bacterial dimensions
to larger, such that a bacterium must straddle several sites on
the 220 nm particles, whereas all P. aeruginosa dimensions are
smaller than the 1550 nm particles. The images in Fig. 3 show
that selectivity among sites depends on the diameter of the
particles: for the 220 nm particles, adhered bacteria spanned
many sites; for the 630 nm and larger particles, the bacteria
showed a preference for positioning the body in a 2-fold site:

This journal is © The Royal Society of Chemistry 2014
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Fig. 3 SEM images of P. aeruginosa on polystyrene samples with and without a monolayer of colloidal crystals. The last column shows large P.
aeruginosa colonies on flattened polystyrene samples (fabricated from 450 nm particles and then annealed.) The numbers above each column of
3 images show the diameter of the polystyrene particles that were used to form the colloidal crystals. Note that bacteria and spherical particle
sizes are similar in some cases, making it difficult to distinguish bacteria from defects such as large particles in the 50 pm images. The arrows (630
nm and 830 nm samples) point to larger than average particles that are easy to distinguish from bacteria in the higher magnification images.
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Fig. 4 Effect of particle diameter on the relative density of P. aeru-
ginosa bacteria adhered to close packed colloidal crystals of poly-
styrene spheres. A relative density of 1 is defined by the number per
unit area on a flat polystyrene sample. The number density of the cells
adhered to flat surface is 50 000 cells per mm? with a standard devi-

ation of 24 000 cells per mm?.
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Fig. 5 (A) Schematic of the colloidal crystal showing the sites dis-

cussed in the text. (B) Nomenclature used to describe bacteria.

100% were in this site. In the Discussion we hypothesize that
the mechanisms of this selectivity are related to the costs
associated deformation of the bacteria, the number of contacts,
and the arrangement of favorable adhesion sites.

3.2.4. Application to medically-relevant materials. One of
the major advantages of using colloidal crystals for inhibiting
microbial colonization is the ability of the method to be
applied to surfaces with complex geometries and chemis-
tries.”®*** Here we examine briefly a stainless steel needle,
which is a different material with a different geometry, to see
whether a colloidal crystal film reduces the incidence of colony
formation.

A colloidal crystal coating was prepared on the needle using
the same method as for the flat polystyrene substrate. The
optical photograph showing an opalescent film on the needle in
Fig. 6 signifies that a colloidal crystal (450 nm particles) can be
deposited on a curved material that is not polystyrene, and SEM
imaging shows that the particles are arranged in much the same
way as on a flat sheet of polystyrene. The SEM pictures in Fig. 6
demonstrate that colony formation is dramatically hindered on
the colloidal-crystal-coated needle compared to the untreated
needle.
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Steel needle coated with
450 nm polystyrene spheres

=T

Untreated steel needle

Fig. 6 Effect of 450 nm close-packed polystyrene spheres on
microbial colonization of a biomedical grade steel needle (diameter =
15 mm). The needle has a rough, scratched surface. Example
scratches are highlighted with ovals in the images. The top row shows
the photograph of a untreated steel needle (left) and the steel needle
treated with 450 nm close-packed polystyrene spheres (right). The
middle row shows low magnification SEM images of the surfaces of
untreated (left) and colloidal crystal-treaded surfaces (right) after
exposure to the P. aeruginosa in a CDC reactor for one day. Arrows on
the left figure point to microbial colonies on the untreated stele
needle. Bottom row: higher magnification SEM images of the images
showing large microbial colonies on untreated surface of steel needle
(left) and the absence of colonies on the colloidal crystal treated
surface (right).

4. Discussion

4.1. Concepts of selective adhesion

The SEM images show that the bacteria are not randomly
distributed across the samples: specific locations have a greater
density of occupation. Previous work suggests that both strain
specificity and motility are important factors in selec-
tivity,'»1719202237-41 With respect to motility, Scardino et al*
compared the interactions of motile and non-motile marine
organisms with topographically engineered surfaces and
reported that whereas the number of adhered motile cells
depended on the topography, the number of adhered non-
motile cells did not. Kargar et al.*” observed similar behavior for
P. aeruginosa PAO1: wild type P. aeruginosa selectively attached
to specific binding sites on fibrous surfaces whereas the non-
motile pila mutants, (lacking type IV pili, used for surface
motility) lacked selectivity. Furthermore, P. aeruginosa, has been
observed to show selectivity in its alignment relative to topo-
graphical features.'*%*>

The preference for particular sites on the colloidal crystal
observed in this work suggests that P. aeruginosa does
discriminate among different sites. This discrimination should
have two aspects: (1) the ability to move between two sites and
(2) differences between sites that affect the occupancy of the site

This journal is © The Royal Society of Chemistry 2014
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by the bacterium. The ability to move between sites can be
provided by the motile elements such as pili or flagella, or by
passive action such as diffusion or fluid flow (provided by stir-
ring in our experiments).

Given the opportunity to explore, the second component of
selective adhesion is discrimination among different sites.
Bacteria are complex: they have proteinaceous features in their
membrane which contribute in their adhesion to the surfaces,
secrete polymers to enhance adhesion,” and they can
communicate.* All these factors may be important, but here we
focus on the physical properties of deformation and adhesion
and the relationship to topography. Kargar et al.’” explained
selective adhesion of P. aeruginosa to fiber-coated surfaces
based on a balance between adhesion energy and deformation
energy, following the work on vesicle adhesion described by
Seifert and Lipowsky.*” In the same vein, we make an assump-
tion: a favorable adsorption site is where a large area of contact
can be achieved between the bacterium and the solid. The logic
behind the assumption is that a large area enables a strong
adhesion if adhesion is proportional to the area of contact. At
each point where a bacterium contacts a solid, the bacterium
may deform or secrete compounds to increase the contact area,
but each of these costs energy. The important aspect of our
colloidal crystals is the bacterium can only contact a sphere,
and, each sphere curves away from the bacterium, meaning
that, as the area of the contact grows, the distance of defor-
mation grows, and so too does the cost. The smaller the radius
of curvature of the contact point on the sample, the greater the
deformation or secretion required to increase the contact area.

A sphere has the same curvature at every point, so there is no
advantage to adsorbing on a particular point of the sphere.
However, in addition to adhering to a single contact, a bacte-
rium can increase the total area of contact by finding a second
sphere to contact (providing a new contact is in range, growing a
new contact requires less energy than extending an existing
contact because less deformation is required). Selectivity on a
uniform packed layer of spheres must arise from differences in
the number of contacts that are available to a bacterium. Thus,
following our assumption, a favorable position is one where the
bacterium can contact several spheres, and thus where the
spheres are closer together than a dimension of the bacteria.
The 2-fold and 3-fold sites provide such a location whereas the
crown is further away from other spheres and should be less
favorable.

We now discuss these concepts of selective adsorption in
relation to the experimental results. For diameters greater than
450 nm, there were no bacteria adsorbed to the crown (see
Fig. 3): using the concepts above, this is because crown is the
point where it is the maximum distance to another sphere for
forming a second contact. On spheres in the diameter range
630-925 nm, a single bacterium is more likely to be straddling
two 3-fold sites: this is because the bacterium can contact four
spheres in this position. For the 230 nm particles, the discrete
nature of adhesion sites is smeared out because the length and
width of each bacterium is greater than the diameter of the
particles: each bacterium can bind to several spheres regardless
of where it sits on the surface. Because all positions on the
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230 nm surface are now similar, the arrangement of the bacteria
is less influenced by the topography.

It is also possible that variation in shear rate plays a role in
selective occupancy of different positions. The crown projects
further into the flow field than the more sheltered sites between
the spheres and therefore is likely subjected to greater shear
stresses that could remove bacteria.

4.2. Reduced density of bacteria on colloidal crystal vs. flat
plate

The flat plate does not curve away from the bacterium, so less
deformation is required to increase the contact area. Thus the
flat plate is immediately more favorable for adhesion if the only
consideration is the deformation required to achieve a suitable
contact area.

4.3. Trends in relative density of bacteria

As the radius of the particles increases, we believe that the
following factors may be important: (1) less deformation is
required for the same contact area on a single sphere; (2) there
is an increase in the spacing between centers of the spheres,
which causes a lower density of (favorable) 2-fold and 3-fold
sites, (3) changes in compatibility between bacterial dimensions
and binding dimensions (epitaxy) and (4) the binding sites
become deeper, leading to better shelter from shear forces. The
near constancy of the relative adhesion with diameter in the
range 450-1550 suggests that exact matches in dimensions are
not resolved or not important for the adhesion of P. aeruginosa.
The first factor is expected to cause an increase in adhesion
density with increasing radius whereas the second factor
(diminishing density of 2-fold and 3-fold sites) should lead to an
overall decrease in density of bacteria. This can also be
considered as an increase in the area covered by the unfavorable
crown area. The combination of opposite trends may be
responsible for the fact that we observed approximately
constant adhesion density as a function of diameter (Fig. 4).

For 230 nm spheres, the relative density of adhesion is about
the same as on the flat substrate, and significantly greater than
on the larger spheres. The local curvature of each spherical
particle is greater on the 230 nm particles, which means that
greater deformation is required for the same area of contact at
each contact - an unfavorable factor. However, the large size of
P. aeruginosa (~500 nm X ~1300 nm) compared to the sphere
diameter enables the bacterium to make contact with multiple
particles (e.g. 10-20) and therefore the total bacterium-sphere
area can be still high enough to favor adhesion.

4.4. Formation of colonies

In our experiments there is a correlation between selective
adhesion and inhibition of colony formation. There are two
possibilities that might explain this correlation. First, the
locations where single bacteria are observed (2-fold or 3-fold
sites) may not be conducive for biological phenomena such as
reproduction or recruitment, which may inhibit colony forma-
tion. Future tests would be required to examine this possibility.
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Second, colony formation may be inhibited because the lack
of adjacent favorable sites. The essence of a colony is close
proximity (usually contact) of bacteria. But if there are no
adjacent favorable sites, then some bacteria in such a colony
must sit on an unfavorable site. Occupation of such a site may
be so unfavorable that bacteria do not reside there and thus
colonies cannot form. Referring to our colloidal crystals, for
particle diameters larger than 450 nm, the individual bacteria
prefer to site in the 2-fold and 3-fold sites and are not found on
the crowns. To cover the entire surface would require some
bacteria to sit on the less-favorable sites, and that may simply be
too unattractive. Thus, one hypothesis for the lack of colony
formation on particles greater than 230 nm is that adjacent
favorable sites are simply too far apart.

5. Conclusions

We compared interactions of P. aeruginosa with both flat
surfaces of polystyrene and surfaces coated with a monolayer of
close-packed spheres. The colloidal crystal-coating reduces the
number density of P. aeruginosa adhered to the surface, reduces
the number of microbial colonies, and alters the arrangement
of the cells. In particular: (1) the colloidal crystal reduced the
number density of bacteria adhered to the surface by about 80%
for particle diameters in the range 450-1550 nm; (2) spheres
with diameters in the range 220-1550 nm reduced the incidence
of colony formation, and no colonies were observed when the
particle diameter was in the range 630-1550 nm and (3) for
particle diameters exceeding 630 nm, P. aeruginosa selectively
adhere in the 2-fold sites and are rarely found on the particle
crown. Our results are consistent with the idea that it is more
difficult for bacteria to adsorb to curved surfaces, and that
bacteria select between different surface sites based on the local
geometry. Furthermore, the results are consistent with the idea
that the formation of colonies can be influenced by the prox-
imity of favorable adsorption sites for individual bacteria.

The incidence of bacterial colony formation on a medical
grade stainless steel needle (diameter = 1.5 mm) was reduced
by coating it with 450 nm particles. This result suggests that
application of a layer of colloidal particles is a promising
strategy to delay adhesion and colony formation of microbes on
a variety of materials and geometries.
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