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subcritical water improves saccharification of
hybrid aspen wood grown in greenhouse and field
conditions†
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Fast growing hardwoods are one of the major renewable resources available to produce bio-based

materials, platform chemicals and biofuels. However, the industrial processing of lignocellulosic biomass

is hindered by the complex molecular structure of the cell wall components and their supramolecular

organization. This highlights the necessity of improving green processing strategies to enhance biomass

conversion to valuable products from industrial wood production species. In the present study, we

implemented a hydrothermal step by sequential subcritical water (SW) in aspen wood prior to saccharifi-

cation and validated the process for trees grown in greenhouse and field conditions. Subcritical water

enables extraction of non-cellulosic cell wall polysaccharides in native polymeric form. A major part of

the pectic fraction was easily extracted within the first 10 min, while acetylated xylan was enriched in the

subsequent extracts after 20- and 30-min rounds. Prolonged extraction (above 60 min) resulted in partial

deacetylation and a reduction of the molar mass of xylan. The analysis of the residues enriched with cell-

ulose and lignin showed several micromorphological changes caused by subcritical water treatment, such

as an increased porosity, a loosening of the fibre matrix and a decrease in the macrofibrillar dimensions.

These morphological and molecular changes in the organization of cell wall polymers after SW treatment

significantly enhanced saccharification yields compared to those of non-treated aspen wood chips from

both field and greenhouse conditions. Our study demonstrates that SW can be implemented as pretreat-

ment prior to saccharification reducing the requirements for chemical acid pretreatments. This process

enables the extraction of native non-cellulosic cell wall polymers for potential material applications and

promotes the subsequent biochemical conversion of the residual biomass into fermentable sugars and

platform chemicals in future biorefineries.

Introduction

Lignocellulosic biomass represents the most abundant renew-
able resource on Earth for the sustainable production of eco-
friendly materials,1,2 platform chemicals, and energy with

almost CO2-neutral balance to slow down the global trend of
CO2 increase.3,4 Lignocellulose is a heterogenous biocompo-
site composed of cellulose, hemicelluloses, pectins and lignin,
tightly linked to each other through covalent linkages and
non-covalent interactions. Cellulose has been traditionally
used in the paper and pulp sectors, and through its nanotech-
nological modification it has the potential to substitute fossil-
based structural polymers in all imaginable sectors, including
electronics, energy storage and biomedical applications.5–7

Lignin is the major bio-based source of aromatics through
thermal and catalytic valorization,8,9 and can be largely uti-
lized as source of platform chemicals, polymers,10 and for the
synthesis of lignin-based nanoparticles.11 Traditionally, hemi-
celluloses and pectins have been underexploited compared to
the other lignocellulosic components, as they are largely
degraded in the harsh conditions of the traditional pulp and
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paper processes. However, these polymers have large potential
to be used for production of many high value products such as
surface modifiers and texturing agents,6 packaging materials7,12

and precursors of bio-based plastics.13

Lignocellulose recalcitrance has been the major challenge
that hinders fractionation efficiency and conversion of
biomass into derived bioproducts.14,15 Recalcitrance is con-
ferred by multiple factors such as interactions among cell wall
components, cellulose fibrillar characteristics such as crystalli-
nity, microfibril diameter, and coalescence into macrofibrillar
aggregates.2,14,15 Hemicelluloses and pectins contribute to
lignocellulose recalcitrance due to their interactions with both
cellulose microfibrils and lignin, acting as a transition phase
between these components and as a physical barrier for the
enzymatic hydrolysis of cellulose fibres.16,17 These important
biological functions of hemicelluloses and pectins are regu-
lated during biosynthesis and attributed to molecular features
such as degree of polymerization, substitution pattern and
crosslinking initiation sites.14,18 The morphological features of
cellulose microfibrils (e.g. their diameter) and their aggrega-
tion are believed to be modulated through supramolecular
interactions (both hydrogen bonding and van der Waals inter-
actions) with hemicellulosic xylans and glucomannans at the
microfibril surfaces; therefore, disruption of these aggregated
forms constitutes a key target for increasing efficiency of bio-
chemical conversion processes.14 This suggests the potential
benefits of implementing hemicellulose-first approaches in
biorefinery settings to increase the efficacy of biochemical con-
version of lignocellulose.

Recent developments in the extraction of hemicellulose and
lignin using sequential subcritical water extraction (SWE) with
a buffered extraction solvent has provided novel insights on
the native structure, composition and interactive domains of
hemicelluloses and their lignin complexes (LCCs) from spruce
(softwood) and birch (hardwood).2,19 SWE is a green extraction
method based on pressurized water as a solvent under
increased temperature, which facilitates the isolation of
different pectin and hemicellulose populations depending on
their recalcitrance in the lignocellulose network. SWE (also
referred to as pressurized hot-water extraction or hydrothermal
extraction) can be scaled up and run in both batch and semi-
continuous mode.20,21 The different extractability of pectin
and hemicellulose populations and the control of extraction
times enable the targeted isolation of mannan and xylan popu-
lations with controlled acetylation and (in case of xylan)
glucuronation.2,19 Moreover, the use of controlled buffered
pH conditions during SWE preserves the acetylation in the
extracted hemicelluloses, preventing its release into the
aqueous phase and the occurrence of acid-induced
autohydrolysis,2,22 as opposed to other studies where
unbuffered conditions resulted in drastic depolymerization of
the hemicelluloses and release of sigar monomers and oligo-
mers.20 Hardwoods represent one of the most abundant
resources for lignocellulose based biorefineries and biobased
materials. Populus sp. trees including hybrid aspens and
poplars are high yielding hardwood tree species with glucan

content ranging from 40–62%, xylan content from 14–24% and
lignin content 15–29% of the total dry weight and considered
to be one of the most promising tree crops for production of
bioenergy feedstock in short-rotation plantations.23 Being a
model plant for hardwood species, Populus is extensively used
for genetic engineering approaches to improve lignocellulose
properties.24 The genetically engineered Populus trees are
usually tested first under greenhouse conditions and then
selected genotypes are evaluated under field conditions. In the
present study, we have compared the potential of SWE for
yielding high molecular weight hemicelluloses and pectins
from the wood of hybrid aspen (Populus tremula L. X tremu-
loides Michx) trees. The structural changes in the extracted
fractions have been monitored to identify links between the
molecular structure and extractability of polymers. The poten-
tial of SWE process as an integrated hemicellulose-first
approach prior to saccharification in biorefinery applications
has been evaluated and validated with aspen trees grown in
greenhouse and field conditions.

Materials and methods
Plant material

Hybrid aspen (Populus tremula L. X tremuloides Michx.), clone
T89, was used for all experiments. Greenhouse grown trees
were harvested after 13 weeks of cultivation in conditions pre-
viously described.20 Field grown trees were harvested in July
2014 after five growth seasons in the field as described pre-
viously.25 The wood from greenhouse-grown trees was dis-
sected and freeze-dried20 whereas the wood from the field-
grown trees was dissected and dried at 60 °C.25

Chemicals

All chemicals, analytical standards and reagents were from
Sigma-Aldrich (Stockholm, Sweden) unless otherwise stated.

Implementation of the extraction and saccharification process

Preparation of wood powder. Dried aspen wood of individ-
ual eight and 16 trees from greenhouse and field conditions,
respectively, were ground to a rough powder in the Cutting
Mill SM 300 using 2 mm sieve (Retsch, Haan, Germany).
Rough powder was then sieved on vibratory sieve shaker AS
200 (Retsch) and divided into the fractions of particle size:
<50 µm, 50–100 µm, 100–500 µm and >500 µm. The wood
powder of <50 µm fraction and 100–500 µm fraction was then
combined for all trees either grown in the greenhouse or in
the field and unless otherwise stated, the100–500 µm fraction
was used for further analyses.

Subcritical water extraction. Four wood powder samples
(2 g) from each type of material were extracted in 0.2 M
formate buffer, pH 5.0, at 170 °C and 100 bar with an acceler-
ated solvent extractor (ASE-300, Dionex, USA). Extraction pro-
ceeded in 4 steps with residence times of 10, 20, 30 and
60 min. The extraction conditions (temperature, pH and dur-
ation) were implemented following previously optimized con-
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ditions for hardwoods and softwoods.2,19 Salts and low mole-
cular weight compounds were removed from extracts by dialy-
sis using Spectra/Por 3 membranes (Spectrum, USA), after
which the extracted polymers were freeze-dried and weighted
prior to analysis.

Analytical saccharification with and without acid pre-treat-
ment. Greenhouse- and field grown ground and sieved wood
was subjected to acid pretreatment in triplicate, using 50 mg
of dry (based on HG63 moisture analyzer) powder and an
Initiator single-mode microwave instrument (Biotage, Uppsala,
Sweden) as previously described.26 Enzymatic hydrolysis was
performed using either 50 mg of dry wood powder, 50 mg of
dry residue of SWE process, or the residue of acid pretreat-
ment, according to the method previously described.26 Each
processed SWE replicate, wood powder, and acid pretreated
wood powder was analyzed in triplicate. Enzymatic hydrolysis
was performed at 45 °C using 5 mg of the liquid enzyme prepa-
ration Cellic CTec-2 (obtained from Sigma-Aldrich, St Louis,
MO, USA). Samples were collected after 2 h and 72 h of incu-
bation. The glucose production rate was estimated by using an
Accu-Chek ®Aviva glucometer (Roche Diagnostics Scandinavia
AB, Bromma, Sweden) after calibration with a set of glucose
standard solutions for samples withdrawn after 2 h. For
samples collected after 72 h, the yield of monosaccharides,
including arabinose, galactose, glucose, xylose and mannose,
was quantified by using a high-performance anion-exchange
chromatography (HPAEC) system with pulsed amperometric
detection (Ion Chromatography System ICS-5000, Dionex,
Sunnyvale, CA, USA).27

Characterization of the extracts

Monosaccharide analysis. The sugar composition of sequen-
tial extracts containing non-cellulosic polysaccharides was
determined following acidic methanolysis.28 In brief, 1 mg of
freeze-dried extract was incubated with 1 ml of 2 M HCl in dry
methanol for 5 h at 100 °C. Samples were then neutralized
with pyridine, dried under stream of air and further hydro-
lyzed with 2 M Trifluoroacetic acid (TFA) at 120 °C for 1 h. The
samples were then air dried and dissolved in water for sugar
analysis by high performance anion exchange chromatography
with pulsed amperometric detection (HPAEC-PAD) (ICS-6000
DC, Dionex) equipped with a CarboPac PA1 column (4 ×
250 mm, Dionex) at 30 °C using the eluent gradients pre-
viously reported.29 Samples were run in triplicates.

The starting wood powder material and the SWE residues
were subjected to a two-step sulfuric hydrolysis for total sugar
compositional analysis considering cellulose and non-cellulo-
sic polysaccharides.30 In brief, 1 mg of starting wood biomass
or residue was incubated with 125 μL of 72% H2SO4 at room
temperature for 3 h, then diluted with 1375 μL of deionized
water and subsequently incubated at 100 °C for 3 hours.
Hydrolysates were diluted with MilliQ water and further fil-
tered through 0.2 mm syringe filter (Chromacol 17-SF-02-N)
into HPAEC-PAD vials and analyzed as above. Quantification of
monosaccharide composition (monomeric form) was per-
formed by standard calibration of ten monosaccharides (Ara,

Rha, Fuc, Xyl, Man, Gal, Glc, GalA, 4-O-MeGlcA and GlcA) with
concentrations between 0.005–0.1 g L−1. All experiments were
conducted in triplicates.

Starch content. Soluble sugars were extracted from wood
powder and dried extracts with 80% and 70% ethanol as pre-
viously described.31,32 Starch was analyzed in the residue
from ethanol extraction by gelatinization and enzymatic
degradation.33,34 For gelatinization, samples were incubated in
0.1 M NaOH at 95 °C for 30 minutes. After addition of 8 μL of
0.1 M sodium acetate/NaOH buffer per mg of residue to obtain
pH 4.9, the suspensions were digested overnight with
a-amylase and a-amyloglucosidase at 37 °C and the glucose
content was determined by microplate spectrophotometry at
340 nm (Epoch™, BioTek, Germany).

Py-GC/MS. Pyrolysis gas chromatography with mass spec-
trometry (Py-GC/MS) was performed on wood powder (fraction
<50 µm) and on freeze-dried extracts.26 Fifty µg (± 10 µg) of
material was applied to a pyrolyzer equipped with an autosam-
pler (PY-2020iD and AS-1020E, Frontier Lab, Japan) connected
to a GC/MS (7890A/5975C; Agilent Technologies AB, Sweden)
and analyzed as described previously.22,35

Lignin content. The lignin content of the extracts and resi-
dues was measured by acetyl bromide method31 in duplicates.
Samples were incubated in 25% acetyl bromide in glacial
acetic acid at 50 °C for 2 h. After addition of 2 M NaOH and
0.5 M hydroxylamine hydrochloride, the samples were diluted
with glacial acetic acid. UV absorbance was measured in an
ELISA reader at 280 nm. The lignin concentration was esti-
mated from the interpolation of the recorded absorbance
against a standard curve from alkaline kraft lignin (Sigma,
Germany).

Acetyl content. The acetyl content of the extracts and resi-
dues was determined in duplicates by saponification and sub-
sequent determination of the released acetic acid by High
Pressure Liquid Chromatography with Ultraviolet detector
(HPLC-UV). Shortly, about 5 mg of sample was incubated over-
night in 0.8 M NaOH at 60 °C with constant mixing. Samples
were then neutralized with 37% HCl and filtered through
0.45 mm Chromacol syringe filters (17-SF-02(N), Thermo
Fisher Scientific). The acetic acid was detected by UV at
210 nm (HPLC-UV Dionex-Thermofisher Ultimate 3100, USA),
after separation with a Rezex ROA-organic acid column (300 ×
7.8 mm, Phenomenex, USA) at 50 °C in a 2.5 mM H2SO4 at
0.5 mL min−1. Propionic acid was used as an internal
standard.

Molar mass distributions. The molar mass distributions of
the extracts were determined by size exclusion chromatography
coupled to refractive index and UV-detectors (SECurity 1260,
Polymer Standard Services, Mainz, Germany). The samples
were dissolved at 2 mg mL−1 in dimethyl sulfoxide (DMSO
Anhydrous, Sigma-Aldrich) with 0.5% w/w LiBr (Anhydrous
free-flowing Redi-Dri, Sigma-Aldrich) at 60 °C, and filtered
through 0.45 μm PTFE syringe filters (VWR). The separation
was carried through GRAM Analytical columns of 100 and
10 000 Å (Polymer Standard Services, Mainz, Germany) at a
flow rate of 0.5 mL min−1 and 60 °C. The columns were cali-
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brated using pullulan standards between 345 and 708 000 Da
(Polymer Standard Services, Mainz, Germany).

Statistical analysis. Statistical analysis was performed by the
analysis of variance followed by Tukey’s HSD post-hoc test at
0.05 confidence level using JMP 17 program (SAS Institute Inc.,
Cary, NC, USA).

Characterization of the solid residues after subcritical water
treatment

Field emission scanning electron microscopy. Dry wood
powder and residue (after SWE) were mounted on aluminum
stubs using double-stick tape and coated with 5 nm platinum
in a sputter coater (brand and country). Samples were exam-
ined using a Zeiss Merlin Field-emission Scanning Electron
Microscope (FESEM, Carl Zeiss, Oberkochen, Germany) at an
accelerated voltage of 5 kV. The width of macrofibrils was
measured from SEM images using Image J software.36 25
random measurements were taken from the middle lamellae
and inner secondary wall region on each image.

Porosity analysis. The surface area of the wood powder and
residue was analyzed in triplicates with a single-point Tristar
3000 BET Brunauer–Emmett–Teller Analyzer (Micromeritics,
Atlanta, GA, United States). The solid samples (100 mg) were
subjected to degassing at 100 °C using a SmartPrep Degasser
(Micromeritics) prior to the analysis to remove nonspecific
adsorbents. The surface area was estimated from the multi-
layered physical adsorption of nitrogen gas molecules accord-
ing to the BET theory.37

X-ray diffraction (XRD). X-ray diffraction measurements were
carried out in duplicates using a Panalytical X’pert Pro powder
diffractometer (PANalytical, Netherlands) operating at 45 kV
and 40 mA, with a Cu Kα radiation anode. A radiation wave-
length of 1.54 Å was used to record the diffraction patterns.
The relative degree of crystallinity of the samples was obtained
using the deconvolution method38 in the range of 10–40°. The
deconvolution of the intensity of the five crystal indexes 110,
1N0, 120, 200, and 004 for crystalline cellulose index39 and one
broad peak at ∼18° for amorphous cellulose was fitted by
applying a Gaussian profile using OriginLab software.40

Subsequently, the relative crystallinity (%RC) was calculated by
dividing the integrated area of crystalline peaks (AC) with the
total integrated area (amorphous (Aa) and crystalline) as shown
in eqn (1):

% RC ¼ AC
ðAc þ AaÞ � 100 ð1Þ

Fourier transform infrared spectroscopy (FTIR). FTIR spec-
troscopy analysis was conducted in duplicates using a
PerkinElmer Spectrum 100 instrument (Waltham, MA),
equipped with a Golden Gate unit (single-reflection ATR).
Sixteen consecutive scans were recorded and averaged between
4000 and 700 cm−1 with a scanning step of 0.5 cm−1 and a
resolution of 4.0 cm−1 for the spectra of the samples. The
spectra were normalized to the maximum characteristic C–H
peak intensity (1030 cm−1).

Results and discussion
Hemicellulose-first fractionation of aspen wood: validation in
greenhouse and field conditions

Aspen has high industrial relevance as a promising biorefinery
feedstock due to its fast growth and the desirable structural
and chemical features of its woody biomass.41 As a model
plant for tree biotechnology, aspen trees are usually grown in
controlled greenhouse conditions for approximately three
months. However, trees grown in field conditions are exposed
to both biotic and abiotic stresses leading to variation in phe-
notype and cell wall chemistry and are usually harvested after
several growing seasons (Fig. 1A). Here we used the two types
of hybrid aspen wood to test the applicability of SWE as an
alternative pretreatment method that provides benefit of
extracting its matrix cell wall polysaccharides for biorefinery
applications. The sequential SWE process was implemented
under buffered conditions on hybrid aspen wood without any
pretreatment for delignification to yield maximum hemi-
cellulose population with minimum deacetylation and autohy-
drolysis. The present study aimed to evaluate the efficiency of
a hemicellulose-first hydrothermal process using SWE to
promote saccharification of the biomass, compared to the tra-
ditional acid pretreatment (Fig. 1B).27 This hemicellulose-first
approach has the benefit to obtain a polymeric population of
hemicelluloses that could be exploited in structural appli-
cations, as opposed to the degradative effect of acidic treat-
ments. Aspen hemicelluloses include acetylated glucuronoxy-
lan as the main component, with minor content of acetylated
glucomannan (Fig. 1C).

Since growth conditions and growth duration are expected
to influence the chemical composition of the lignocellulosic
plant cell wall material, the SWE process and saccharification
efficiency were validated in industrially relevant aspen wood
grown in both greenhouse and field conditions. The cell wall
chemistry analysis of both starting materials (Tables 1 and 2),
reveals that aspen wood from the field has relatively higher
lignin content, lower syringyl to guaiacyl (S/G) ratio, lower
pectin and mannan content compared to that of greenhouse
grown aspen (statistically significant at P ≤ 0.05, ESI
Table S3†). These differences between greenhouse and field
grown trees can be attributed to changes in the wood cell wall
structure and composition during wood juvenility-maturity
transition42,43 and to differences in stress exposure.44 A similar
higher guaiacyl (G) lignin content and lower S/G ratio in the
field grown trees compared to greenhouse grown trees were
reported previously.20

Subcritical water extraction of aspen wood: mass balances,
composition, and molar mass

The sequential subcritical water extraction process was evalu-
ated for aspen wood grown in greenhouse and field conditions
(Tables 1 and 2, respectively), based on the yields, composition
and average molar mass of the sequential extracts (A1–A4) and
the residue (R). Complete mass balances show that between
11–12% of the total solids were extracted. The monosaccharide
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composition of the sequential extracts confirms that non-cellu-
losic polysaccharides (pectins, glucomannan and mainly glu-
curonoxylan) were primarily extracted in the SWE process,

while cellulose was mainly left in the residue (Fig. 2A). The A1
and A2 extracts were rich in pectin, as revealed by the high
content of diagnostic rhamnose (Rha), arabinose (Ara) galac-

Table 1 Mass balances and composition of the different fractions from greenhouse grown aspen

SM A1 A2 A3 A4 ΣA R

Extraction time (min) n.a 10 20 30 60 120 n.a
Total yielda (%) 100.0 2.9 2.2 2.7 3.3 11.1 88.9
Xylan yieldb (%) 100.0 2.5 4.4 7.7 9.8 24.5 68.0
Lignin yieldb (%) 100.0 2.1 1.7 2.0 2.4 8.3 27.7

Carbohydrate contentb (mg/g) 647.0 706.5 670.8 773.7 791.1 679.7
Cellulloseb (%) 61.4 n.d. n.d. n.d. n.d. 74.7
Xylanb (%) 31.4 32.8 72.2 88.0 92.0 21.5
Mannanb (%) 3.9 16.7 6.8 2.1 0.7 2.9
Pectinb (%) 3.3 50.5 21.0 9.9 7.3 0.9

MeGlcA : Xylb n.d 0.32 0.18 0.20 0.21 n.d
Starch contentc 0.16 0.4 0.2 0.2 0.2
Lignin contentd (ABL) (mg/g) 258.4 234.8 248.8 231.8 231.2 229.4
Lignin contente (PyGCMS)(%) 34.9 20.0 17.2 16.3 13.2
Guaiacyle (%) 8.6 3.8 4.3 2.8 2.0
Syringyle (%) 25.4 12.1 7.8 10.6 8.9
p-Hydroxyphenyle (%) 0.8 3.9 5.0 2.8 2.2
Phenolicse (%) 0.05 0.2 0.1 0.1 0.0

S/Ge 3.0 3.2 1.8 3.9 4.5
C/Le 1.7 3.9 4.7 5.0 6.4
Acetyl content f (%) 2.5 4.9 6.1 2.9 n.a
Mn (kDa)g 2.3 3.2 4.2 3.7 n.a
Mw (kDa)g 12.4 12.7 12.9 9.3 n.a

a Yields determined gravimetrically and referred to the starting aspen wood chips. bDetermined from the complete monosaccharide composition
(ESI Table S1†). cDetermined by starch gelatinization and enzymatic degradation. dDetermined from acetyl bromide lignin. eDetermined from
pyrolysis GC-MS. fDetermined after saponification and HPLC-UV analysis. gDetermined by SEC-DRI. A1–A4 indicate sequential extraction time:
A1 (10 min), A2 (20 min), A3 (30 min), A4 (60 min). n.a. not applicable; n.d. not detected; S/G Syringyl–Guaiacyl ratio; C/L Carbohydrate–Lignin
ratio.

Fig. 1 Hemicellulose-first processing prior to enzymatic saccharification of hybrid aspen grown in greenhouse and field conditions. (A) Comparison
of hybrid aspen grown under greenhouse (G) and field (F) conditions. (B) Subcritical water extraction (SW) of hemicelluloses from aspen wood.
Comparison to the untreated starting material (SM) and to conventional acid pretreatment (AT) prior to enzymatic saccharification (EH). (C)
Molecular structures of the main hemicelluloses in hybrid aspen. Acetylated glucuronoxylan consists of a backbone of β-(1 → 4)-xylose (Xyl) units
decorated with α-(1 → 2)-4-O-methyl glucuronic acid (mGlcA) units and acetylated in the O-2 and/or O-3 positions. Acetylated glucomannan con-
sists of a backbone of β-(1 → 4)-mannose (Man) and β-(1 → 4)-glucose (Glc) units decorated with acetylations in the O-2 and/or O-3 positions.
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tose (Gal) and galacturonic acid (GalA) monosaccharides. As
expected, these extracts from the greenhouse grown trees
showed a higher pectin content compared to field grown trees
(P ≤ 0.05, t-test). The higher pectin content may be related to
the reduced amount of the secondary wall relative to the com-
pound middle lamella in the more juvenile wood of green-
house grown trees.43,45–48 A relatively high glucan content was
observed in the 10 min extracts (A1) for both greenhouse and
field samples, which could be attributed to residual starch,
primary cell wall xyloglucan, and/or callose. Interestingly, the
glucan content in the field extract at 10 min was more than
double than for greenhouse (P ≤ 0.05, t-test), which could be
related to the higher occurrence of starch (Tables 1 and 2, P ≤
0.05, t-test) and probably also callose in the field due to over-
wintering and higher stress levels experienced by the trees.
Indeed, both starch and callose are known to accumulate in
responses to biotic and abiotic stresses.44 Mannan represents
a minor part of hemicellulose composition in hardwoods.49

Aspen glucomannan is reported to have a mannose to glucose
ratio of 1.3–2 : 1 and are attached with O-acetyl groups at C2
and C3 of mannopyranosyl residues.50 The SWE process
showed a higher mannan population in the A1 extract com-
pared with subsequent extracts suggesting preferential extrac-
tion of mannan along with pectic components during short
extraction time (10 min). The high extractability of the
mannan could be related to its spatial distribution in primary
and secondary cell walls, and/or its interaction with cellulose
and other cell wall components.51,52

Xylan represents approximately between 31–32% of the
aspen wood dry weight. About 25–30% of this xylan could be

extracted in polymeric form with during the 2-hour SWE
process (Tables 1, 2 and Fig. 2). However, 68% of the xylan in
the aspen wood could not be fractionated and was left in the
residue, whereas 3–7.5% of the total solid were lost during
dialysis corresponding to low molar mass compounds. These
yields are comparable to a 5-hour extraction from birch wood.2

The total xylan yield in the extracts was relatively higher in
field grown aspen compared to that of greenhouse aspen
which probably reflects the higher relative content of second-
ary walls in more mature wood from the field.45 As expected,
the purity of xylan increased with extraction time, reaching
about 93% of the carbohydrate composition for the A3 and A4
extracts. The molecular xylan structure in aspen was assessed
by the glucuronosyl (mGlcA) and acetyl (Ac) substitution
contents and patterns. The acetyl content increased gradu-
ally during extraction from A1 to A3 while it decreased
significantly in A4, suggesting deacetylation of xylan
during longer extraction periods. On the other hand, the
MeGlcA : Xyl ratio gradually increased from A2 to A4 (Tables
1 and 2) with a significant difference between A3-A4 (P ≤
0.05, ESI Table S4†), which indicate tighter glucuronation
for the recalcitrant xylan fractions, as previously reported for
birchwood.2

The molar mass profiles of the sequential SWE extracts
(Fig. 2B) show similar trends between the greenhouse and the
field starting materials. A1 extracts showed multimodal distri-
butions, including a population of larger molar mass polymers
(between 105–106 Da) that could be attributed to starch,2 and a
population of small molar mass compounds (500 Da) that
might be assigned to extractives. The xylan-rich extracts (A2–

Table 2 Mass balances and composition of the different fractions from field grown aspen

SM A1 A2 A3 A4 ΣA R

Extraction time (min) n.a 10 20 30 60 120 n.a
Total yielda (%) 100.0 2.2 2.1 3.5 4,1 11.9 88.1
Xylan yieldb (%) 100.0 1.8 4.7 10.0 13,1 29.6 67.9
Lignin yieldb (%) 100.0 1.9 1.9 2.9 3,5 10.2 27.3

Carbohydrate contentb (mg g−1) 673.5 629.9 719.3 826.0 921,7 n.a. 691.4
Cellulloseb (%) 61.7 n.d. n.d. n.d. n.d. 75.5
Xylanb (%) 32,5 38.1 80.6 91.5 93.2 21.4
Mannanb (%) 3.1 21.2 5.1 1.4 0.8 2.2
Pectinb (%) 2.7 40.6 14.4 7.2 6.0 0.9

MeGlcA : Xylb n.d 0.31 0.20 0.21 0.24 n.d
Starch contentc 0.45 6.6 1.6 0.5 0.2
Lignin contentd (ABL) (mg g−1) 285.7 258.4 263.4 242.2 249.0 242.6
Lignin contente (PyGCMS) (%) 36.9 29.2 19.8 14.5 15.3
Guaiacyle (%) 10.4 6.9 3.1 1.8 1.8
Syringyle (%) 23.2 17.4 14.0 10.7 11.8
p-Hydroxyphenyle (%) 3.2 4.9 2.6 1.9 1.6
Phenolicse (%) 0.04 0.1 0.1 0.1 0.0

S/Ge 2.2 2.5 4.6 5.8 6.7
C/Le 1.8 2.4 4.0 5.8 5.4
Acetyl content f (%) 2.8 4.6 6.8 2.9
Mn

g (kDa) 1.7 3.2 4.6 3.3
Mw

g (kDa) 7.8 12.1 13.3 7.9

a Yields determined gravimetrically and referred to the starting aspen wood chips. bDetermined from the complete monosaccharide composition
(ESI Table S2†). cDetermined by starch gelatinization and enzymatic degradation. dDetermined from acetyl bromide lignin. eDetermined from
pyrolysis GC-MS. fDetermined after saponification and HPLC-UV analysis. gDetermined by SEC-DRI. A1–A4 indicate sequential extraction time:
A1 (10 min), A2 (20 min), A3 (30 min), A4 (60 min). n.a. not applicable; n.d. not detected; S/G Syringyl–Guaiacyl ratio; C/L Carbohydrate–Lignin
ratio
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A4) show that the extracted compounds conserved their poly-
meric structure between 104 to 105 Da corresponding to hard-
wood xylan.2 The A2 extracts showed bimodal molar mass dis-
tributions, with a main population above 104 Da and a minor
shoulder between 103–104 Da. These two distinct populations
become more evident by comparing the signals from the
refractive index (DRI) and ultraviolet (UV) detectors (ESI
Fig. S1†). The high molar mass regions in the A2 extracts
exhibited relatively weak UV signals that correlate with lower
lignin content, whereas the low molar mass populations
exhibited a prominent UV peak that indicates a larger aromatic
abundance that could be assigned to lignin-carbohydrate com-
plexes. This contrasts with previous observations on alkali-
extracted xylan that can effectively remove the lignin moieties
attached to the hemicelluloses.53 Finally, longer extraction
times result in a shift of the molar mass distributions to lower
values as evidenced in the A4 extracts, confirming the occur-
rence of hydrolytic events during longer exposure times.
Indeed, Martínez-Abad et al. (2018)2 reported that the extrac-
tion in subcritical conditions is largely governed by mass
transfer and diffusion kinetics of matrix cell wall polymers to

the liquid phase, and that higher temperature and controlled
mild acidic pH provide a compromise between molar mass,
yield and purity. This explains the similar composition and
molar mass in extracts A2–A3 and the drastic decrease in
molar mass of A4 extract due to hydrolytic depolymerization
(Fig. 2B).

The cell wall compositional analysis by pyrolysis GC-MS
revealed that the lignin content and monolignol yield for G, S
and H units decreased in successive extracts whereas the S/G
ratio increased (Tables 1, 2 and P ≤ 0.05, ESI Table S5†). This
suggests a high recalcitrance of guaiacyl units to water extrac-
tion process. The field grown trees showed higher S/G ratio in
A2–A4 extracts than greenhouse grown trees, which is mainly
contributed by their higher syringyl monolignol content. On
the other hand, the carbohydrate to lignin (C/L) ratio increased
over the time due to the high hemicellulose extraction yield.
The different extractability of monolignol components
between greenhouse and field grown aspen also suggests the
possible change in the dynamics of molecular interaction
between cell wall polymers during xylem juvenility-maturity
transition.

Fig. 2 Composition of extracts obtained by SWE. (A) Monosaccharide composition of starting material (SM), SW extracts at 10, 20, 30 and 60 min,
and residue (R) from greenhouse and field samples. (B) Molar mass distributions of field (F) and greenhouse (G) SW extracts.
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The effect of SWE treatment on the morphology of the wood
residue

The effect of the hydrothermal conditions on the morphology
and ultrastructure of the cellulose-rich insoluble fractions after
subcritical water treatment were evaluated by Fourier trans-
form infrared spectroscopy (FTIR), X-ray diffraction (XRD) and
scanning electron microscopy. SEM analysis of starting
material showed the occurrence of cellulose fibrils embedded
in matrix polymers, giving a smooth appearance to the inner
surface layer (S3 layer) (Fig. 3A). Macrofibrils were readily
observed in the compound middle lamellae (CML) region
often stretched and fractured during the milling process
(Fig. 3A). The effect of growth conditions on wood macrofibril
dimensions was evaluated. The field grown trees showed larger
macrofibril width compared to greenhouse grown trees (P ≤
0.05, Table 3 and ESI Table S6†). In Pinus and Populus wood,
macrofibril diameter is linearly related to lignin concen-
tration.54 Lignin is assumed to infiltrate the cellulose macrofi-
bril aggregates during lignification resulting in swelling of the
aggregates.55 Moreover, the macrofibril size also depends on
xylan content.56 More mature wood of field grown aspen might
have higher lignin concentration and higher xylan content
than that of greenhouse grown plants. SEM analysis was also
used to evaluate the effect of SWE process on the structure and
dimensions of cellulose macrofibrils in the residue. The
residue from the greenhouse grown trees after SWE extraction
showed loosening of macrofibrils in the form of a web-like
organization (Fig. 3A). The field grown trees also showed swell-
ing of the secondary wall and macrofibril loosening. Previous
studies have reported that cellulose aggregation after pulping
processes is related to the residual hemicellulose content,
where cellulose fibrils aggregate and the macrofibril size
increases with decreasing hemicelluloses content.57,58

However, in the present study, the width of macrofibrils
showed a slight reduction between aspen wood and residue
after hydrothermal treatment. This suggests that the lignin
infiltrated within the macrofibril organization somehow pre-
serves its dimension after hydrothermal treatment and pre-
vents macrofibril aggregation, in contrast to cellulose fibrils
observed in wood pulps that had been subjected to delignifica-
tion processes. The changes in the cell wall architecture
during SWE were further evident from the BET analysis of
lignocellulose porosity. A significant increase in surface area
was noticed in the residue compared to that of starting
material (P ≤ 0.05, ESI Table S7† and Table 3), which is related
to the preferential extraction of acetylated GX during SWE. The
increase in porosity was twofold higher in greenhouse samples
compared to field samples (P ≤ 0.05, ESI Table S7†). This
could be attributed to the more juvenile and less compact
wood cell wall structure in greenhouse samples compared to
the field ones.59

The FTIR spectra from the starting aspen wood showed the
chemical features attributed to the specific cell wall com-
ponents (Fig. 3B), including C–H stretching at
2800–3000 cm−1, O–H stretching at 3300–3600 cm−1, and

several peaks in the region between 700 and 1750 cm−1 that
have contributions from both carbohydrates and lignin. The
evidence of the preferential extraction of acetylated glucuro-
noxylan was evident from a decrease in the intensities of 1735
(CvO ester) and 1230 cm−1 (–C–O– stretching band) in the
FTIR spectra of the SWE residues, which are assigned for the
ester stretching of the acylated hemicelluloses.38,39 On the
other hand, the increase at 1590 cm−1 (lignin skeletal
vibrations from the C–C,38,39 1080 cm−1 and 1055 cm−1 (C–O
and C–O–C of cellulose38,39 further confirmed the relative
enrichment of cellulose and lignin in the SWE residue (R).
Moreover, ATR-FTIR was used to investigate the crystallinity
and hydrogen bonding characteristics of the cellulose microfi-
brils.60 The Lateral order index (LOI, α1418/894), hydrogen bond
intensity (HBI, α3336/1336), and total crystallinity intensity (TCI,
α1364/2892), based on the ratio of absorbance bands at specific
wavenumbers, were used to interpret qualitative changes in
cellulose crystallinity.60 An increase of LOI and TCI were
observed in the residues from SWE treatment from the field
and the greenhouse compared to the starting material
(Table 3), which suggest an increase in overall crystallinity of
the residue due to selective removal of amorphous hemi-
cellulose material.

X-ray diffraction (XRD) was performed on the original solid
material and after SWE treatment to obtain a deeper under-
standing of the crystalline arrangement of the aspen biomass
(Fig. 3c). The XRD patterns from all the samples exhibit the
typical crystalline peaks of cellulose I at 15–16° (100) and 22°
(200), as previously reported61–63 The crystal peaks were inves-
tigated with the deconvolution method, in order to obtain the
relative crystallinity of the different samples.64 The XRD results
verified the preliminary assessment from FTIR, indicating that
the residue after SWE have higher crystallinity after the extrac-
tion of hemicelluloses and result in more pronounced XRD
crystalline peaks (Table 3 and ESI Table S8†). We have qualitat-
ively normalized the overall degree of crystallinity to the cell-
ulose content in the starting materials and residues after SWE,
to assess whether the hydrothermal process had an impact on
the specific crystallinity of the cellulose components. The com-
parison suggests that the hemicelluloses in the starting
materials contribute to their overall crystallinity, and that the
SWE treatment somehow influences the organization of the
cellulose components reducing the specific crystallinity of the
cellulose microfibrils. This different organization of the cell-
ulose components will have an influence on the recalcitrance
and saccharification potential of the aspen biomass, as will be
discussed later.

Subcritical water enhances the saccharification potential of
aspen wood

To understand the influence of hydrothermal extraction of
matrix polymers on reducing lignocellulose recalcitrance of
aspen wood, we evaluated the effect of SWE on enzymatic sac-
charification of the SW residue in comparison with the
untreated starting material and conventional acid pretreat-
ment as a reference. The effect of applying the conventional
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Fig. 3 Structural characteristics of starting material (SM) and residue (R) of aspen wood grown in Greenhouse (G) and field (F) conditions. (a) FTIR
spectra, (b) X-ray diffraction pattern and (c) Scanning electron microscopy (SEM), SEM scale bar = 200 nm.

Paper Green Chemistry

5642 | Green Chem., 2023, 25, 5634–5646 This journal is © The Royal Society of Chemistry 2023

O
pe

n 
A

cc
es

s 
A

rt
ic

le
. P

ub
lis

he
d 

on
 2

3 
Ju

ne
 2

02
3.

 D
ow

nl
oa

de
d 

on
 1

/9
/2

02
6 

7:
50

:3
4 

PM
. 

 T
hi

s 
ar

tic
le

 is
 li

ce
ns

ed
 u

nd
er

 a
 C

re
at

iv
e 

C
om

m
on

s 
A

ttr
ib

ut
io

n 
3.

0 
U

np
or

te
d 

L
ic

en
ce

.
View Article Online

http://creativecommons.org/licenses/by/3.0/
http://creativecommons.org/licenses/by/3.0/
https://doi.org/10.1039/d3gc01020a


acid treatment on the subcritical water residue prior to sac-
charification was also evaluated. In both greenhouse and field
grown aspen, subcritical water extraction clearly improved the
saccharification efficiency of wood, as evidenced by the signifi-
cantly higher glucose production rate (GPR) compared to the
control sample without any pretreatment (Fig. 4A). Moreover,
SWE treatment increased fourfold the total glucose and xylose
yields after saccharification of the residue, compared to those
of starting material without any pretreatment (Fig. 4B and ESI
Tables S9, S10†). This can be correlated with the higher poro-
sity, lower inherent crystallinity of the cellulose, and the
increased fibrillation caused by the SWE treatment compared
to the starting material, as revealed by the XRD, SEM and BET
results (Fig. 3). The removal of hemicelluloses attached to cell-
ulose microfibrils, the subsequent reduced acetyl content, and
the increase in surface area in the residues caused by SWE
seems to enhance enzymatic accessibility towards cellulose,
leading to efficient conversion of glucose during saccharifica-
tion without pretreatment. Indeed, a lower surface area of
wood starting material compared to the SWE residue due to
hemicellulose coating the cellulose surfaces and the presence
of lignin, along with the high crystallinity of cellulose are
major limiting factors for effective access of hydrolytic

enzymes to cellulose during saccharification process.14,15

Interestingly, the starting materials from greenhouse grown
trees showed relatively higher glucose production rate com-
pared to that of field grown trees with and without SWE
process (Fig. 4A and ESI Table S11†), suggesting that enzyme
accessibility might differ in both cases due to composition (i.e.
lower lignin content) and wood cell ultrastructure (i.e. smaller
microfibril diameter and degree of crystallinity).23,65

Comparing the conventional acid pretreatment (AP) with
the subcritical water (SW) process, interesting conclusions can
be drawn. The acid pretreatment causes a significant increase
in the glucose production rate compared to the subcritical
water process, related to the higher glucose content released in
the acid hydrolysate (PL) and the subsequent enzymatic hydro-
lysis (EH). However, comparing the total sugars, the SW
process enables similar release compared to the acid pretreat-
ment, which can be attributed to the enzymatic release of
xylose from the residual xylan that could not be extracted in
the SW process. Indeed, most of the xylose is released during
the acid pretreatment in the liquid phase (PL) and therefore is
not available in the following enzymatic saccharification step.
The fact that the xylose released in the saccharification step
after SW extraction is similar to the xylose released in the acid

Table 3 Relative crystallinity index, normalized crystallinity, macrofibril width and BET-Surface area of starting material (SM) and SWE residue (R) of
wood from aspen trees grown in green house (G) and field (F) conditions

G-SM F-SM G-R F-R

Macrofibril width (nm) 14 ± 0.6 17.1 ± 1.0 12.0 ± 0.4 15.0 ± 0.5
BET surface area (m2 g−1) 1.40 ± 0.04 1.86 ± 0.17 3.08 ± 0.20** 2.2 ± 0.17*
Lateral order index 0.80 ± 0.08 0.77 ± 0.10 0.91 ± 0.10 0.91 ± 0.20
Hydrogen bond intensity 0.99 ± 0.2 0.95 ± 0.3 0.91 ± 0.2 0.91 ± 0.2
Total crystallinity intensity 1.63 ± 0.01 1.56 ± 0.03 1.76 ± 0.02 1.58 ± 0.06
Degree of crystallinity (%) 42.8 ± 0.11 43.7 ± 0.05 48.6 ± 0.1* 50.2 ± 0.6*

Mean ± STDev of 3 technical replicates. Asterisk (*) indicates statistically significant difference for significant difference between SWE treated
and SWE untreated samples of same growth condition determined by Student’s t-test P ≤ 5% (*); P ≤ 1% (**). Indices calculated at TCI = α1364/
2892; LOI = α1418/893; HBI = α3338/1334.

Fig. 4 Enzymatic saccharification of aspen lignocellulose biomass from greenhouse (G) and field (F) under four different treatment conditions as
depicted in Fig. 1B: untreated starting material (NT), subcritical water (SW), acid pretreatment (AP) and subcritical water followed by acid pretreat-
ment (SW/AP). (a) Glucose production rate (g L−1 h−1). (b) Monosaccharide yield for glucose (Glc), xylose (Xyl) and total sugars from the enzymatic
saccharification. The complete released monosaccharides are presented in ESI Tables S9 and S10† for field and greenhouse aspen, respectively. PL
refers to the liquid hydrolysate obtained after acid pretreatment (AP) containing fermentable sugars. The asterisks (*) indicate statistically significant
differences between the enzymatic saccharification of the SW residue compared to the other treatments determined by Student’s t-test (ESI Tables
S12 and S13†): P ≤ 5% (*); P ≤ 1% (**); P ≤ 0.1% (***). n.s: not statistically significant.
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hydrolysate (PL) suggests the occurrence of degradation, as it
will be confirmed later in the full mass balances. Finally, per-
forming an acid pretreatment step after subcritical water sig-
nificantly increases the release of glucose release and overall
total sugars compared to both the subcritical water and the
acid pretreatment performed alone.

Mass balances were performed on the total polysacchar-
ides and the xylan/xylose for the four different treatments
evaluated in this study (Table 4). The acid pretreatment still
offers higher total yields that the subcritical water process,
all in the form of hydrolysed monosaccharides, although
the SW process is able to preserve the polymeric structure
of the xylan in the extraction step prior to saccharification.
Interestingly, the combination of SW and AP can reach
almost 85–90% conversion of the initial polysaccharides into
fermentable sugars. When comparing the xylan yields alone,
the SW process clearly outperforms the traditional acidnhy-
drolysis, which could be due to the degradation of the xylose
into furan derivatives caused by the acid conditions. All in
all, our results suggests that the hemicellulose first extraction
by SWE process is an efficient process to reduce the require-
ment of acid pretreatment during the conversion of wood
biomass for biorefinery applications, by on one hand preser-
ving the polymeric structure of the extracted xylan that could
be used for valuable material applications (i.e. as barrier or
biomedical matrices) and enabling the subsequent conver-
sion of the residual biomass into fermentable sugars by enzy-
matic saccharification.

Conclusions

The present study demonstrates the efficacy of subcritical
water extraction in the fractionation of non-cellulosic polysac-
charides from aspen wood and validates the process for aspen
trees grown in controlled greenhouse and real field conditions.
Greenhouse conditions enable the control of the different
environmental parameters during aspen growth, whereas field
growth represent a more realistic case close to industrial appli-
cation, where biotic and abiotic conditions also play a role

during lignocellulose development. For both conditions, sub-
critical water induces morphological changes in the residual
lignocellulosic biomass, reducing its native recalcitrance to
enzymatic hydrolysis and favoring its subsequent saccharifica-
tion. The sequential SWE process of aspen wood extracts
pectic polysaccharides at short times (below 10 min), whereas
longer extraction times (between 2–60 min) promote the extrac-
tion of hemicelluloses in polymeric form, mainly acetylated
glucuronoxylan. Longer extraction times (>60 min) induce
deacetylation of the isolated xylan and a reduction in the
molecular weight, caused by hydrolytic processes under the
subcritical water conditions. When comparing aspen grown
in greenhouse and field conditions, the SWE shows very
similar behaviour, with only slight differences in the pectin
and glucan content in the short time extracts, which could be
assigned to the different stages of wood development
between growth conditions and the response to environ-
mental stress (abiotic and biotic) in the field trees. The frac-
tionation of cell wall matrix polysaccharides by SWE process
induces structural changes in the lignocellulosic biomass,
including higher porosity and lower fibril dimensions. These
structural and chemical changes lead to significantly higher
yields of glucose and xylan in enzymatic saccharification
compared to yields from not treated aspen wood chips. We
hypothesize that the saccharification potential was enhanced
by the increased accessibility of hydrolytic enzymes into the
residual biomass, caused by the removal of acetylated glucur-
onoxylan and associated changes in the surface morphology
and cell wall porosity. Compared to the traditional acid pre-
treatment that hydrolyses the hemicellulose components, SW
offers comparable yields of fermentable sugars with the
advantage of providing an initial hemicellulose fraction with
preserved macromolecular structure, which could be used as
a biopolymeric matrix in barrier and structural applications.
This study highlights the potential of SWE to extract native
hemicellulose, and also as a green pretreatment strategy to
reduce biomass recalcitrance contributed by non-cellulosic
polysaccharides, thereby decreasing the requirement of acid
pre-treatments during biochemical conversion of aspen
wood.

Table 4 Total mass balance of carbohydrates (as polysaccharides or monosaccharides) and xylan/xylose balance released during the combined
subcritical water extraction and enzymatic saccharification process

Field (F) Greenhouse (G)

NT SW AP SW/AP NT SW AP SW/AP

SWE polysaccharides (%) — 11.9 — 11.9 — 11.1 — 11.1
Total sugars PL (%) — — 17.8 18.6 — — 23.5 17.8
Total sugars EH (%) 6.8 40.9 41.2 60.3 10.1 38.4 41.7 56.7
Total mass balance (%) 6.8 52.8 59.0 90.8 10.1 49.5 65.2 85.6
SWE xylan (%) — 29.6 — 29.6 — 24.5 — 24.5
Total xylose PL (%) — — 30.9 31.2 — — 43.5 33.0
Total xylose EH (%) 3.1 28.1 1.7 3.2 4.5 27.5 1.5 3.4
Xylan/xylose balance (%) 3.1 57.7 32.5 64.0 4.5 52.0 45.0 60.9

SW (subcritical water extraction); PL (hydrolysate acid pre-treatment); EH (hydrolysate enzymatic saccharification).
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