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New insights into the structure and dynamics of
the epigenetic modifications on DNA

Dineshbabu Takkella, a Javier Cerezo, b Lara Martinez-Fernandez *c and
Krishna Gavvala *a

DNA methylation is a key epigenetic modification involved in genomic imprinting, X-chromosome

inactivation, and repression of repetitive element transcription and transposition. Despite its biological

significance, the impact of epigenetic modifications such as methylcytosine (mC) and hydroxymethylcytosine

(hmC) on the structural and UV-induced dynamics of DNA remains poorly understood. Here, we employed

the fluorescent nucleobase analogue 2-aminopurine (2Ap) in combination with steady-state and time-

resolved spectroscopy, molecular dynamics, and quantum mechanical calculations to investigate these

effects. Our findings reveal distinct differences in base stacking and helical stability between mC and hmC-

modified DNA. mC-modified DNA predominantly adopts a stacked conformation, promoting efficient

fluorescence quenching of 2Ap. In contrast, hmC-modified DNA displays both stacked and non-stacked

conformations, leading to reduced base stacking and a more hydrophobic local environment, as indicated

by blue-shifted emission spectra. Furthermore, although charge-transfer quenching occurs in all systems,

hmC shows weaker charge-transfer character, resulting in higher fluorescence quantum yields and longer

lifetimes. These results highlight the subtle but crucial role of hmC in modulating local DNA conformation

and stability. Moreover, they demonstrate the effectiveness of 2Ap as a sensitive probe for detecting

epigenetic modifications, offering deeper insights into the molecular mechanisms of DNA methylation and

demethylation pathways.

1. Introduction

Genome is the major structural component of the cell that
provides all the genetic information required for the growth
and function of an organism. Modifications on the genome
without altering the sequence are usually known as epigenetic
modifications1,2 and are essential for regulating cellular
functions.1–3 Therefore, the cell fate relies largely on the
epigenetic Scheme 1. Chemical structures of cytosine and its
epigenetic modifications on DNA induced by DNMT1 (PDB ID:
3PTA) and TET (PDB ID: 7NE3) enzymes mechanisms that
control gene expression, which is critical for various biological
and pathological processes.1,2 DNA methylation, one of the key
epigenetic modifications, involves the transfer of a methyl
group from the cofactor S-adenosyl-L-methionine (SAM) to
specific sites in the DNA.4–6 In eukaryotic cells, methylation

takes place specifically on the C5 position of cytosine, predo-
minantly within CpG islands of DNA.7–9 Methylated cytosine
(mC)10,11 is often referred to as the fifth base of human DNA,
accounting for roughly 1% of the bases in mammalian
genomes,12 and has a role in a plethora of biological processes,
either functional or pathological.6,13–17 This heritable DNA
modification on cytosine base is catalysed by enzymes known
as DNA methyltransferases (DNMTs). Subsequently, TET (ten-
eleven-translocation) enzymes oxidizes 5-methylcytosine (mC)
to 5-hydroxymethylcytosine (hmC) and further to 5-formyl cyto-
sine (fC) and 5-carboxyl cytosine (caC) as shown in Scheme 1.4,5

Though the oxidation mechanism of mC is well established, and
their epigenetic role has been studied,18–25 there is still room to
understand their physical and conformational effects on DNA
flexibility and its ability to wrap around histones to form
nucleosomes.26 Beyond this structural impact on DNA, the
presence of these epigenetic bases, especially mC, has been
connected with increase UV-induced damage,13,14,17,27–29 pointing
also to effects into DNA photoinduced dynamics. To fully unravel
these sequence-dependent effects within the nearest-neighbour
framework, we explored these issues using a variety of experi-
mental and theoretical approaches.

In detail, we first examined the structure (using thermal
melting, circular dichroism, and molecular dynamic (MD)
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simulations) and dynamics of 12 bp (base pairs) duplexes
containing epigenetic bases and labeled with 2-aminopurine
(2Ap). As a model DNA duplex, we use a 12-bp duplex in which
the A7 residue is replaced by 2Ap (Fig. 1). The ssDNA sequence
is 50-GGGCCC2ApCAGGG-30 (C2ApC). In the corresponding
dsDNA duplexes, the WC base pair of 2Ap is either C, T, mC,
or hmC, denoted as C2ApC/GCG, C2ApC/GTG, C2ApC/GmCG,
and C2ApC/GhmCG, respectively. In native CpG islands, cyto-
sine (including mC and hmC) pairs with guanine; however, in
this work, we deliberately positioned 2Ap opposite the modified
cytosine. 2Ap’s well-established ability to form wobble-like yet
stable base pairs with cytosine.30 Although structurally distinct
from guanine, 2Ap preserves local duplex stability and
exhibits high sensitivity to microenvironmental changes.31–33

Embedding 2Ap within a GC-rich sequence that retains
CpG-like structural features allowed us to probe the local
structural and photophysical effects of mC/hmC modifications
in a physiologically relevant context. Then, to enhance the

understanding of the photophysics of 2Ap-labeled DNA
duplexes and their dependence on DNA sequence context, we
investigate the UV absorption, emission, and time-resolved
fluorescence, systematically varying the composition of bases
opposite 2Ap. 2Ap has been selected as a fluorescent analogue
since it can be incorporated into DNA, replacing the natural
base without significantly disrupting DNA structure or its
interactions with proteins.34–36 Furthermore, 2Ap is highly
responsive to its microenvironment, especially to stacking
interactions, offering insights into its local environment,31–33

which is of particular importance in our study. In this setup, we
maintained a constant composition of the neighbouring bases
(cytosine) and varied the opposite bases of 2Ap. The experi-
mental data were complemented with MD simulations, which
provide atomistic insight into the structural effects induced by
2Ap, and quantum mechanical (QM) calculations to elucidate
the key photophysical processes (excited state nature and
decays) in each duplex. Our integrated analysis offers an
explanation for the observed spectroscopic properties and their
dependence on 2Ap’s neighbouring or opposite nucleobases,
clarifying the various factors that influence the photophysical
characteristics of 2Ap. These dynamic interaction properties
could offer detailed information about the effectiveness and
continuity of epigenetic replication and would be valuable for
gaining further insights into conformational changes or pro-
tein binding events by analysing observed photophysical
changes in relation to structural and electronic effects. Alto-
gether, these discoveries uncovered a previously elusive mecha-
nism of active DNA demethylation, ultimately leading to a wave
of research in mammalian epigenetic regulation.

2. Materials and methods
2.1. DNA Sequences

All labeled and non-labeled DNA sequences were purchased
from Integrated DNA Technologies, Inc. (U.S.A.). The 12-bp
duplex oligonucleotide (ODN) sequence used here was 50-
GGGCCC2ApCAGGG-3 0/50-CCCTGXGGGCCC30 where X repre-
sents a modification site. In this study, the sequence has either
matched (X = thymine, T) or mismatched base pairs (X= C, mC,
and hmC) at the X position. The hemimethylated modifications
included the incorporation of cytosine (C), methyl cytosine

Scheme 1 Chemical structures of cytosine and its epigenetic modifications on DNA induced by DNMT1 (PDB ID: 3PTA) and TET (PDB ID: 7NE3)
enzymes.

Fig. 1 Schematic representation of sequences of the 2Ap-labeled DNA
duplexes and base labeling used in this study.
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(mC), or hydroxymethyl cytosine (hmC) at the modification site.
2Ap-labeled dsDNA duplexes were prepared by heating 30 mM of
2Ap-labeled ssDNA sequence and 30 mM complementary
matched or mismatched ssDNA sequences at 90 1C for
5 minutes, followed by slow cooling to room temperature. All
experiments were conducted in a buffer (pH 7.5) consisting of
25 mM TRIS-HCl with 150 mM NaCl.

2.2. Absorption spectroscopy

UV-Vis absorption spectra were recorded on the JASCO V-730
spectrophotometer. The concentration of single-stranded
sequences was governed using extinction coefficients at
260 nm. The extinction coefficients for the 2Ap-labeled
sequence 50-GGGCCC2ApCAGGG-30 was 104 000 cm�1 M�1.
Extinction coefficients for the nonlabeled single stranded
sequences 50-CCCTGTGGGCCC30, 50-CCCTGCGGGCCC30, 50-
CCCTGmCGGGCCC30 and 50-CCCTGhmCGGGCCC30 were
99 400 cm�1 M�1, 97 300 cm�1 M�1, 95 600 cm�1 M�1, and
97 300 cm�1 M�1, respectively.

2.3. Fluorescence spectroscopy

The steady-state fluorescence spectra were recorded on the
JASCO FP-8350 spectrofluorometer. For steady-state fluores-
cence studies, matched and mismatched 2Ap-labeled duplexes
were excited at wavelengths of 290 nm and 315 nm. The
excitation wavelength of 315 nm was selected to specifically
excite the 2Ap. The measurements were supervised on 5 mM
ODN duplexes. The apparent relative quantum yields (QYs) of
sequence-dependent DNA in Tris-HCl buffer were determined
using alone 2Ap as a standard (F = 0.68).37 Relative QYs were
calculated from eqn (1).

Ff

Fr
¼ If

Ir
� Ar

Af
� nf

2

nr2
(1)

The subscripts f and r denote the sample and reference
molecules, respectively. Here, F denotes the quantum yield, I
represents the integrated area under the fluorescence emission
spectrum, A denotes the absorbance at 315 nm, and n values
correspond to the refractive index of the solvents used.

The melting curves of the duplexes (2 mM) in 25 mM TRIS-
HCl buffer (pH = 7.5) with 150 mM NaCl were measured by
monitoring the temperature-dependent fluorescence changes
at 370 nm using a Horiba Fluoromax-4 spectrofluorometer
equipped with a Peltier system controlled by a Thermo Scien-
tific NESLAB RTE-7. The temperature was escalated from 15 to
95 1C at a heating rate of 0.5 1C min�1. Melting temperatures
were obtained from the melting curves following the method
outlined in previous literature.38

2.4. Time-resolved fluorescence spectroscopy

Fluorescence lifetime was recorded using TCSPC (time-
correlated single photon counting) setup by Horiba (Fluoro-
Hub). Fluorescence decays were measured at 291 nm
(NanoLED) excitation wavelength with an IRF (Instrumental
response function) of o1 ns. Fluorescence decays were pro-
cessed using Horiba’s DAS6 package by convolving the IRF with

exponential decay functions. The fitting was performed follow-
ing the mathematical model defined in eqn (2).39

IðtÞ ¼
X

aie
�t
ti

� �
(2)

where I(t) signifies the exponential fluorescence decay, ti

denotes fluorescence lifetime, and ai represents the fractional
contribution of the ith component. In TCSPC experiments, the
average error was r5%.

A global analysis method was executed to analyze multi-
wavelength decay data, enhancing the accuracy of decay com-
ponent determination.40,41 This approach assumes that the
decay components ti are independent of the emission wave-
length, while their amplitudes ai change with wavelength. The
DAS6 analysis tool incorporates an integrated global analysis
fitting module. The DAS (Decay-associated spectra) were built
based on eqn (3).

IiðlÞ ¼
IðlÞtiaiðlÞ
Pn
i

tiaiðlÞ
(3)

Here, I(l) represents the steady-state emission spectrum, while
ai(l) denotes the wavelength-dependent amplitude. The DAS
offers the spectra for each lifetime component, thereby reveal-
ing the intensity contribution of individual species to the total
emission of the duplex. The real amplitudes corresponding to

each lifetime species were calculated from Ai ¼
Ð
IiðlÞdlÐ
IðlÞdl , here

the numerator denotes the area under the DAS associated with
species i, while the denominator represents the area under the
steady-state emission spectrum.

2.5. Circular dichroism spectroscopy

The CD (circular dichroism) spectra were measured using a
JASCO J-815 spectrophotometer. Each CD spectrum was the
result of averaging three accumulated spectra of the sample
and was recorded at a scanning speed of 100 nm min�1. Each
measurement’s baseline was recorded using a 25 mM Tris-HCl
buffer solution with 150 mM NaCl, at pH 7.5. The concentration
of each dsDNA sequence used in the experiment was measured
to be 5 mM.

2.6. Molecular dynamics simulations

A DNA double-strand with standard bases (GGGCCCGCAGGG)
was generated using the DNA/RNA builder tool implemented in
Avogadro.42 The structure was subsequently modified with the
same molecular editor to generate the non-standard versions,
including 2Ap, mC, and hmC bases (Scheme S1). Interactions
were treated with the AMBER-consistent parmbsc1 force field
(FF),43 which includes all standard nucleotides, as well as the
solvent and counterions (Na+). FF parameters for non-standard
nucleotides (2Ap, mC, and hmC) were derived by selecting atom
types within the FF by analogy and adding any missing bonded
terms by similarity with those already implemented in the FF.
Restricted electrostatic potential fitted (RESP) charges for non-
standard residues were obtained using antechamber44 at the

RSC Chemical Biology Paper

O
pe

n 
A

cc
es

s 
A

rt
ic

le
. P

ub
lis

he
d 

on
 1

3 
d’

oc
tu

br
e 

20
25

. D
ow

nl
oa

de
d 

on
 2

5/
2/

20
26

 6
:1

5:
56

. 
 T

hi
s 

ar
tic

le
 is

 li
ce

ns
ed

 u
nd

er
 a

 C
re

at
iv

e 
C

om
m

on
s 

A
ttr

ib
ut

io
n 

3.
0 

U
np

or
te

d 
L

ic
en

ce
.

View Article Online

http://creativecommons.org/licenses/by/3.0/
http://creativecommons.org/licenses/by/3.0/
https://doi.org/10.1039/d5cb00207a


1930 |  RSC Chem. Biol., 2025, 6, 1927–1940 © 2025 The Author(s). Published by the Royal Society of Chemistry

wB97XD45/cc-pVDZ level of theory, using Gaussian16.46 The
charges were adjusted to retain those of the sugar-phosphate
backbone from standard AMBER while updating those in the
nucleotide region, ensuring proper charge balance. This proto-
col was selected since its application to standard residues yields
charges very similar to those included in the AMBER FF,
validating the consistency of the derived parameters. The full
parameter set is provided in Tables S1 and S2 of the SI. MD
simulations were carried out using GROMACS 2021.4.47 The
DNA strands generated with Avogadro were solvated in a
dodecahedral box, ensuring at least a 20 Å buffer between the
strand and any box edge, followed by neutralization of the
negative charges with sodium cations. The system was, then,
energy-minimized to remove steric clashes and equilibrated
under an NVT ensemble at 298.15 K for 500 ps using the Nosé–
Hoover thermostat (s = 1 ps).48,49 The production run was
performed under an NPT ensemble at 298.15 K and 1 atm
using the Nosé–Hoover thermostat (t = 1 ps) and the Parrinello–
Rahman barostat (t = 5 ps)50 for a total of 100 ns. Comparison
with shorter trajectories (10 ns, shown in Fig. S1), confirm that
the 100 ns trajectories are converged with respect to the
structural parameters analysed. In all simulations, electrostatic
interactions were evaluated using the PME algorithm,51 with a
real-part cutoff of 11 Å, while vdW interactions were treated
with an 11 Å cutoff. A time step of 1 fs was employed, with
constraints applied to all bonds involving hydrogen atoms with
LINCS.52 Additional simulations with a larger timestep of 2 fs
(Fig. S1) provided similar results for one of the systems (T), and
could be considered for follow-up investigations. The simula-
tions were analysed by measuring the stacking angle between
2Ap and the adjacent bases within the same strand. This was
quantified as the angle between the normal vectors to each ring
plane, determined via the cross-product of vectors defined by
selected atoms in each ring. The distribution of the stacking
angles over the trajectories are obtained with an histogram with
a bandwidth of 11. The evolution of the stacking angle over the
trajectories is shown in Fig. S2.

To assess statistical uncertainty in the stacking-angle dis-
tributions (Fig. S1 and S3), we applied a moving-block
bootstrap.53 For each trajectory, the time series of stacking
angles was first analysed through the autocorrelation function
to obtain the integrated autocorrelation time, tint, which ran-
ged from B10 ps up to several hundred ps depending on the
system and analysed base. Block lengths of 5tint were then used
to resample the time series while preserving time correlations.
For each system, 1000 bootstrap replicas were generated and
histograms recomputed. The distributions were then plotted
including the resulting 95% confidence bands for the prob-
ability density in each bin.

2.7. Quantum mechanical calculations

From the extracted MD geometries, selected as representative
from the lower and upper extremes of the stacking-angle
distribution, one for each system, we have then optimized their
ground state minima (S0min) using density functional theory
(DFT) and in particular the M052X54,55 functional combined

with the 6-31G(d) basis set. This method has been selected due
to its good performance when treating this kind of system
prone to populate charge transfer states54 and has also already
been tested for other fluorescent derivatives inside DNA.56 Our
QM model is based on the hexamer formed by C62ApC8/
G6’XG8’ (Fig. 1). Solvent (water) effects were also considered
through an implicit polarizable continuum model (PCM).57,58

Then, the absorption energies, intensities, and excited state
character were obtained at this S0min resorting to the time-
dependent version of DFT (TD-DFT). Subsequently, the excited
state potential energy surface was mapped by relaxation of the
lowest-lying states at the same level of theory. At this point, the
equilibrium version of PCM was selected as the most appro-
priate. The amount of charge transfer is estimated just through
the difference between the Mulliken charges in the ground and
excited state. All the calculations were done with Gaussian16
program.46

3. Results
3.1. Conformational/structural effect of DNA methylation
markers

3.1.1. Thermal melting and circular dichroism analysis of
epigenetic DNA duplexes. The stability of duplexes was mea-
sured by their melting temperature (Tm), which was experimen-
tally determined for the 2Ap-labeled DNA duplexes through
temperature-dependent changes in fluorescence emission
intensity at 370 nm (Fig. 2a and Table S3). Interestingly, the
experimental melting temperature (Tm = 59.5 � 0.14 1C) for
the C2ApC/GTG duplex closely matched the Tm predicted
by DINAMelt59 (58.5 1C) for the 50-GGGCCCACAGGG-3 0/50-
CCCTGTGGGCCC-3 0. This observation confirms that replacing
adenine with 2Ap does not remarkably alter the melting tem-
perature of DNA duplexes. As expected from the higher stability
of 2Ap-T base pairs compared to 2Ap-C base pairs, the C2ApC/
GTG duplexes exhibited significant thermal stability, with a Tm

increase of B9 � 0.16 1C compared to C2ApC/GCG duplexes.
The lower Tm values suggest that mismatched sequences are
minimally stable compared to matched sequences. In the case
of 2Ap-C base sequences, alterations from C to mC or hmC
caused distinct changes in Tm. The C2ApC/GmCG and C2ApC/
GhmCG duplexes exhibited only a very slight Tm increase of
B0.4 to 0.8 1C compared to C2ApC/GCG. The slight Tm increase
may have originated from the marginal stabilization of mC and
hmC compared to C. To further validate the effects of cytosine
modifications, the Tm of duplexes containing a template gua-
nine (G) paired with C, mC, and hmC on the complementary
strand was measured (Fig. S4 and Table S4). The Tm of CGC/
GCG (60.4 � 0.4 1C) reflects higher stability than that of C2ApC/
GCG (50.11 � 0.17 1C). The CGC/GmCG reduces Tm by B2.5 1C,
and CGC/GhmCG by B12 1C, compared to CGC/GCG, indicat-
ing that cytosine modifications destabilize G-based duplexes.
Conversely, in 2Ap-C mismatches, mC and hmC slightly change
Tm, indicating weak stabilization. These results highlight that,
although 2Ap does not fully mimic guanine in base pairing, it
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remains a reliable fluorescent probe for detecting subtle stabi-
lity changes induced by cytosine modifications.

2Ap-DNA duplexes show positive CD bands (Fig. 2b) in the
B260 and B290 nm along with a negative band near
B245 nm, which are typical spectral features of the B-form DNA
structure.32,60 The CD spectra of 2Ap-labeled ssDNA exhibit one
extra positive peak at 325 nm, which corresponds to stacking
interactions of adjacent 2Ap residues.60 The 260 nm peak
relates to base stacking interactions, while the 245 nm peak
is associated with the helical structure of the DNA. There was a
significant increase in ellipticity for both positive and negative
bands in 2Ap-dsDNA compared to 2Ap-labeled ssDNA duplex.
The lower ellipticity of the positive band in 2Ap-T base pair
dsDNA compared to 2Ap-C base pair dsDNA is consistent with
similar results examined in previous literature.61 C2ApC/GCG,
C2ApC/GmCG, and C2ApC/GhmCG duplexes exhibit equal
ellipticity at the positive band, with a minor red shift in the
peak position. C2ApC/GhmCG duplexes exhibited a B2 nm red
shift in the positive band when associated with the C2ApC/
GTG duplexes, revealing subtle differences in their structural
properties. A similar trend occurred at the 290 nm positive
peak, where the C2ApC/GTG duplex exhibited lower ellip-
ticity than the C2ApC/GCG and C2ApC/GmCG duplexes. The

C2ApC/GhmCG duplex shows a slight increase in ellipticity at
290 nm compared to C2ApC/GCG and C2ApC/GmCG, suggest-
ing that hmC induces subtle structural changes, possibly
affecting helical conformation and base stacking.

3.1.2. Molecular dynamics. In short, both thermal and CD
experimental results point to moderate effects on the structure
of 2Ap-labeled modified duplexes for the studied bases. To
further assess this issue, classical MD simulations have been
performed. After a 100 ns run, the stacking degree among
adjacent bases was analyzed, being determined as the angle
between the vectors perpendicular to each ring (Section 2.6),
namely, the co-planarity of adjacent basis increases as the
stacking angle approaches zero. The planarity of the consecu-
tive 2Ap and C8 residues depends on X (recall Fig. 1 for labels),
as shown in Fig. 3a, which reports the distribution of the
corresponding stacking angle. The shaded regions denote the
95% confidence intervals obtained by block bootstrap; their
narrow extent confirms that the observed differences and
similarities between bases are statistically significant. Specifi-
cally, both hmC and C promote less-stacked configurations,
with stacking angle distributions with broader tails toward non-
planar geometries and reduced probability density around the
maximum, whereas T and mC better preserve the co-planarity

Fig. 3 (a) Stacking-angle distributions between 2Ap and C8 for duplexes containing the different X bases. Average angles are 10.01 (T), 11.01 (C),
10.21 (mC), and 11.11 (hmC). Shaded regions denote 95% confidence intervals obtained from block-bootstrap analysis. (b) Representative structures for T
and hmC, including the labels for the nearby bases (color code: C6/C8 in orange, 2Ap in green; G6/G8 in magenta; T in blue, and hmC in cyan).

Fig. 2 Melting temperature curves (a) and CD spectra (b) of the 2Ap-labeled ssDNA matched, mismatched modified dsDNA sequences.
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between 2Ap and C8. It should be noted that the tail of the
distribution in Fig. 3a corresponds to transient spikes observed
along the trajectory, which persist for only a few picoseconds.
The more pronounced tails for hmC and C arise from more
frequent distortions reaching larger stacking angles, as illu-
strated in Fig. S2. Despite this difference, completely solvent-
exposed or unstacked conformations have not been located
along the dynamics. Interestingly, the nature of the X base has
a negligible effect on the stacking degree between 2Ap and C6,
whereas the stacking of X with G60 or G80, which determines
how the base accommodates within the strand, shows some
dependence on the identity of X (see Fig. S3). Thus, although
the global duplex structure is maintained, in agreement with
the experimental results, the different nucleobases exhibit
slightly different stacking patterns, with hmC showing the
largest deviation from co-planarity.

To further confirm this hypothesis two ‘‘extreme’’ cases
being X = T and hmC, were extracted from the MD (Fig. 3b)
and reoptimized at the DFT level of theory, using as a model the
hexamer formed by C6-2Ap-C8 + G60-X-G80. For each system
representative cases of stacked (i.e., configurations with stack-
ing angles below 1 degree) and less-stacked (i.e., configurations
with stacking angles over 30 degrees) conformations were
considered. Upon geometry optimization, it is confirmed that
T favours stacked 2Ap-C8 arrangements (angles lower than
15 degrees), since even when starting from large angles, the
optimization converged to smaller ones; whereas the opposite
occurs for hmC, leading to less-stacked ones (angles between
25–35 degrees) even when starting from lower ones. Once it has
been confirmed that, although small, some structural changes
are induced by the modified bases (especially for hmC), their
impact on the absorption/emission of UV light (Section 3.2) as
well as in the excited state dynamics (Section 3.3) will be
studied.

3.2. Effect on 2Ap-DNA photophysical properties

3.2.1. Steady-state absorption and emission properties of
2Ap-labeled DNA. The UV absorption spectra for ssDNA, as well
as matched and mismatched dsDNA duplexes, were measured
(Fig. 4a). In the 2Ap-labeled DNA duplexes, UV absorption in
the 240–280 nm range is governed by the normal bases. This
dominance occurs from 2Ap’s weak absorbance (0.2%) at

260 nm and its 11 : 1 ratio to normal bases.62 A small 2Ap
absorption shoulder band appears at 307–315 nm, enabling
accurate estimation of base contributions,36,63 since the main
absorption band of 2Ap-labeled DNA is red-shifted relative to
the absorption band of free 2Ap. Unlike ssDNA, dsDNA con-
tains stacked bases that increase its stability and decrease its
absorbance (hypochromicity).64 Fig. 4a clearly illustrates a
decrease in absorbance for dsDNA duplexes compared to
ssDNA (C2ApC). The monitored hypochromic effect suggests
that Watson–Crick (WC) pairing with a complementary C2ApC/
GTG residue promotes optimal stacking of 2Ap with adjacent
nucleobases, as already discussed in Section 3.1. In contrast,
mismatched duplexes (C2ApC/GCG, C2ApC/GmCG, and
C2ApC/GhmCG) show a small increase in absorbance com-
pared to matched duplexes, which may be due to the structural
deviation of the flanking base pairs. Nonetheless, all the duplex
sequences exhibit same absorption maximum with slightly
different amplitudes. The fluorescence emission spectra were
measured upon excitation at 290 nm (Fig. S5) and 315 nm
(Fig. 4b). As shown in Fig. 4b, ssDNA has a huge emission
intensity compared to dsDNA duplexes. The complementary
sequence of C2ApC/GTG duplex showed very low emission
intensity compared to ssDNA. Mismatched DNA duplexes dis-
play higher fluorescence intensity compared to matched
sequences. This observation could be related to reduced base-
pair stability or conformational changes in the DNA duplexes,
potentially induced by cytosine methylation status. Despite the
intensity changes, spectral shifts were observed (Fig. S6a). A
slight blue shift (B6 nm) was monitored in the dsDNA duplex
emission spectra compared to the ssDNA. The emission max-
ima were B376 nm, B374 nm, B374 nm, B372 nm, and
B370 nm for C2ApC, C2ApC/GTG, C2ApC/GCG, C2ApC/GmCG,
and C2ApC/GhmCG, respectively. C2ApC/GhmCG exhibits dis-
tinct spectral changes, displaying a 2 nm blue shift compared
to C2ApC/GmCG and a 4 nm blue shift compared to C2ApC/
GCG.

The fluorescence excitation spectrum of the 2Ap-labeled
ssDNA exhibits two excitation bands (Fig. 4c). The initial band
of the excitation spectrum lies between 245 and 285 nm,
representing the energy transfer from adjacent DNA bases to
2Ap. The fluorescence intensity in the initial band region
correlates with energy transfer efficiency, which increases with

Fig. 4 Absorption (a) and fluorescence emission ((b) collected at 315 nm excitation wavelength) and excitation ((c) collected at 370 nm emission
wavelength) spectra of 2Ap, labeled ssDNA, matched, mismatched, methylated, and hydroxymethylated dsDNA sequences.
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lower temperatures.62 A second excitation band represents the
direct excitation peak of 2Ap (B309 nm, which is consistent
with the shoulder observed in the absorption spectrum, also
located in this region of the spectrum and associated with 2Ap
absorption). In the case of 2Ap-labeled dsDNA duplexes, a
single excitation band is detected at B306 nm. At temperatures
above 15 1C, it is not feasible to significantly visualize a second
excitation band, typically between 255 and 280 nm.65 Further-
more, dsDNA duplexes show B50% lower energy transfer
efficiency related to ssDNA, which is why the initial excitation
band is not observable in dsDNA at room temperature.62 The
slight blue shift (B3 nm) in the excitation band of 2Ap-labeled
dsDNA compared to ssDNA is attributed to enhanced base
stacking interactions in the duplex (Fig. S6b). This shift reflects
the structural rigidity and reduced solvent exposure of the 2Ap
bases. The excitation spectra also reflected the trends observed
in the emission intensity changes for matched and mismatched
DNA duplexes.

The QYs of 2Ap-labeled DNA duplexes were significantly
lower than those observed for free 2Ap.66 The QY of ssDNA
(C2ApC) was 0.0173, while that of C2ApC/GTG was 0.0049
(Section 3.3). This decrease was attributed to significant stack-
ing interactions between T and 2Ap in the dsDNA duplex. The
relative QY of C2ApC/GTG is relatively close to those of C2ApC/
GCG (0.0063) and C2ApC/GmCG (0.0059) (Section 3.3),
although below them. In the case of C2ApC/GhmCG, the QY
(0.01) is approximately double that of C2ApC/GCG and C2ApC/
GTG.

3.2.2. Vertical absorption and emission energies. The
absorption spectra of the labeled duplexes were then simulated
by computing the vertical absorption energies and intensities
on top of the optimized ground state minima of the four
systems (T-stacked and less-stacked and hmC-stacked and less
stacked). The absorption maxima and the global shape of the
spectra are almost unaffected either by the nature of the X base
or by the stacking degree (Fig. S7), in agreement with the
experimental trends (Fig. 4a). A more detailed analysis of the
lowest lying excited states is collected in Table 1 and Table S5).
For the four systems, the first two excited states are located in
2Ap, being the S1 bright and S2 dark. Then, the third state S3 is
located on the X nucleobase, and it is dark for T and partially
‘‘bright’’ for hmC. The following states arise from mixtures
between the bright pp* states of G’s and C’s and excited state
with different amounts of charge transfer (CT). Among the four
studied geometries, hmC-stacked stands in terms of CT stabi-
lity with the S6 showing a strong CT character involving 2Ap
and C8 nucleobases (Fig. S8). Some conclusions can be
extracted from the close inspection of Table 1 (Table S5): (1)
stacked systems have slightly more CT compared to less-
stacked systems, and (2) the stacking degree also affects the
nature of the bases involved in the first clear CT state, being
2Ap and C8 in stacked ones and G8 and X in the less stacked
systems.

To further understand the fluorescence emission energies
and yields, the S1 bright excited state and the first two states
with significant CT character (40.3 a.u.) were optimized for the

four systems. The S1 state evolves towards a minimum
in the first excited Potential Energy Surface (PES) for all of
them (Fig. 5 and Table S6). The minimum, that is located on
the 2Ap base presents emission energies in the 3.70–3.80 eV
energy range, that correspond with Stokes shifts of B0.8–
0.9 eV, except for the hmC less-stacked system whose emission
energy is almost 4 eV (blue shifted, Stokes shift B0.54 eV),
in line with experimental trends (Stokes shift 0.56 eV, for
C2ApC/GhmCG Fig. 4b). This latter minimum resembles the
minimum for the isolated 2Ap base in solution that we have
also optimized for comparison, and has an emission energy of
4.04 eV.

The reason for this difference is that for the other three
systems, hmC-stacked and T-stacked or T-less-stacked, the
minima, even if localized on 2Ap, have a small CT character
with the adjacent C6 base (0.1–0.2 a.u., Table S6). This partial
CT character is also reflected in the lower oscillator strength (f)
of those minima, being at a maximum of 0.2, compared to
hmC-less-stacked and isolated 2Ap, where it amounts to 0.3. If
only this minimum would be present, and if we assume that the
non-radiative decays are the same, hmC-less stacked would be
more emissive compared to the rest of the systems. Then, for all
the systems, at least one minimum with strong CT character
was located. This is in agreement with the quenching of 2Ap
fluorescence within DNA observed experimentally (Fig. 4 and
Table 2). In hmC-stacked the CT is so strong as observed in
absorption that when the S11 is optimized the system evolves
to a degeneracy region with the ground state, in which a
bond is created between hmC and G. In the less-stacked
system, the CT is not so strong and, although slightly, the CT
minima are less stable than the bright ones. In T-stacked and
less-stacked the CT minimum involving the G8-T is as stable as
the bright one.

Table 1 Excited state character, vertical absorption energies (in eV),
oscillator strength, and charge transfer character (in a.u.) computed at
the PCM/TD-M052X/6-31G(d) level of theory

Character DE f CT Character DE f CT

T-less-stacked T-stacked

S1 pp* 2aP 4.71 0.2187 0.0 pp* 2aP 4.62 0.1870 0.0
S2 np* 2aP 5.07 0.0052 0.0 np* 2aP 5.06 0.0048 0.0
S3 np* T 5.17 0.0096 0.0 np* T 5.17 0.0070 0.0
S4 pp* G60 5.18 0.0689 0.1 pp* G60+C6+C8 5.21 0.0968 0.1
S5 pp* G80 5.21 0.0613 0.1 pp* G80+C6+C8 5.21 0.1018 0.1
S6 pp* C6 5.29 0.1663 0.1 pp* G80 + CT 5.24 0.0881 0.3
S7 pp* C8+C6 5.29 0.3268 0.1 pp* C6+G60 5.27 0.1788 0.1
S8 CT G8- 4 T 5.38 0.0538 0.7 CT 2aP- 4 C8 5.32 0.1576 0.5

Character DE f CT Character DE f CT

hmC-less-stacked hmC-stacked

S1 pp* 2aP 4.59 0.2119 0.0 pp* 2aP 4.50 0.1507 0.1
S2 np* 2aP 4.96 0.0035 0.0 np* 2aP 4.95 0.0078 0.0
S3 pp* hmC 5.06 0.1152 0.0 pp* hmC 5.06 0.0798 0.2
S4 pp* G60+C6 5.23 0.0995 0.1 pp* G60+C6 5.21 0.1498 0.1
S5 pp* G80+C8 5.26 0.0408 0.1 pp* G80+C8 5.25 0.0796 0.0
S6 pp* C6 +G60 5.30 0.1478 0.0 CT 2aP-4 C8 5.27 0.0439 0.7
S7 pp* C8 +G80 5.31 0.3352 0.2 pp* C6 +G60 5.28 0.1548 0.0
S8 CT G8- 4 hmC 5.37 0.0533 0.5 pp* C8 +CT 5.33 0.1913 0.2
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3.3. Excited state dynamics impacted by epigenetic bases in
DNA

3.3.1. Time-resolved fluorescence and decay-associated
spectral analysis. The fluorescence decay of both matched

and mismatched DNA duplexes is shown at a maximum emis-

sion wavelength of 370 nm (Fig. S9). Rather than focusing on a

particular emission maximum wavelength, we investigated the

full emission range utilizing the DAS spectra, which allows for

the segregation of lifetime components and provides insights

into molecular conformational alteration.56,67 Fluorescence
decay measurements were recorded for the 2Ap-labeled
matched and mismatched DNA duplexes across the 320–
430 nm emission range with 10 nm intervals to generate the
decay-associated spectra, DAS (Table 2). The 2Ap fluorescence
decay was well-fitted with three lifetime components (Table S7)
for all matched and mismatched duplexes, each correlated with
a specific conformational state. ssDNA has a lower average
lifetime compared to dsDNA, observed because the fluores-
cence lifetime of 2Ap varies based on its position within the

Fig. 5 Excited state potential energy surface for C2ApC/GTG (a) and C2ApC/GhmCG (b). The Franck–Condon region is shown for both stacked (left)
and less-stacked (right) cases, whereas the evolution towards the minima is shown in the middle. Adiabatic energies (respect to the ground state at
Franck–Condon) and emission energies underlined (in eV) for both stacked and less-stacked (parenthesis) systems.

Table 2 Decay-associated spectral properties, rate constants and QY of 2Ap-labeled ssDNA, matched, mismatched and modified dsDNA sequences

Sample t1 (ns) A1 f1 t2 (ns) A2 f2 t3 (ns) A3 f3 tav (ns)
kr

(107 � s�1)
knr

(107�s�1) QY

C2ApC 0.61 0.53 0.09 2.35 0.21 0.14 10.00 0.27 0.76 3.47 0.49 28.34 0.0173
C2ApC/GTG 0.61 0.21 0.03 2.35 0.32 0.15 10.00 0.42 0.83 5.12 0.09 19.45 0.0049
C2ApC/GCG 0.61 0.25 0.03 2.35 0.32 0.14 10.00 0.44 0.83 5.27 0.11 18.87 0.0063
C2ApC/GmCG 0.61 0.24 0.03 2.35 0.33 0.15 10.00 0.43 0.82 5.18 0.11 19.19 0.0059
C2ApC/GhmCG 0.61 0.24 0.03 2.35 0.31 0.14 10.00 0.45 0.83 5.35 0.18 18.50 0.0100
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ODN, with time constants ranging from B50 ps to
10 ns.36,37,62,68,69 The high amplitude populations (a1) are
associated with the lifetime (t1), which corresponds to the most
strongly stacked conformations of 2Ap. Based on these high
percentages, it is clear that 2Ap contributes to stacking inter-
actions with neighbouring bases in the duplex, also suggesting
that 2Ap has minimal impact on the structure of the duplex. As
a result, the 2Ap residue is stacked efficiently within the duplex.
The long lifetimes (t2 and t3) are likely a result of unstacked or
extrahelical conformations.

The amplitude value of Ai was determined by integrating
areas under the DAS profile of each lifetime component,
normalized to the total steady-state fluorescence intensity.
The fractional intensity values ( fi) were calculated by

fi ¼
Aiti
th i . The non-radiative and radiative rate constants were

determined by knr ¼
1�QYð Þ

th i and kr ¼
QY

th i respectively. In

DAS experiments, the average error was r 5%.
As represented in Fig. S10 and Table 2, the DAS spectra of

ssDNA exhibited a high contribution from the t1 lifetime
component relative to the steady-state emission profile.
Furthermore, significant contributions from three lifetime
components are witnessed across the entire emission profile.

Nonetheless, a clear differentiation is observed in the t2 and t3

components, with the longer lifetime component (t3) predomi-
nantly seeming on the red side of the emission spectrum. As
represented in Table 2 and Fig. 6, the amplitudes of individual
lifetime components show minimal differences between the
matched and mismatched duplexes. The t3 lifetime component
exhibits a significantly superior amplitude contribution across
the entire steady-state emission spectrum associated with the t2

and t1 components in the 2Ap-labeled dsDNA duplex. However,
the average lifetime values from the DAS spectra show a slight
difference, with C2ApC/GhmCG exhibiting an tav of 5.35 ns
compared to 5.12 ns for C2ApC/GTG. It is interesting to note
that the QY increase in the hmC clearly correlated with the
slight increase in the (a3) population.

This suggests a significant contribution of segmental
motions, indicating the high flexibility of the duplexes. The
non-radiative (knr) and radiative (kr) rate constants were derived
through an evaluation of the QY and the average excited-state
lifetimes (tav). Since kr values are relative to the extinction
coefficients of the chromophores,39 the reduced kr values align
with the hypochromism witnessed in the absorption spectra.
Furthermore, our data show that the slightly higher QY values
of hmC duplexes, compared to thymine duplexes, are primarily
due to decreased knr. This confirms the decrease in additional

Fig. 6 DAS spectra of matched, mismatched, and modified dsDNA duplexes. The black lines represent the normalized steady-state fluorescence
spectra.
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non-radiative pathways in hmC modified duplexes compared to
matched duplexes. The knr values (Table 2) exhibit a strong
correlation with the stacking behaviour observed in MD simu-
lations (Fig. 3). Precisely, the two systems with reduced stacking
interactions (hmC and C) correspond to those with the lowest
knr values.

Discussion

Epigenetic modifications, such as methylation and demethylation,
play a crucial role in regulating DNA structure and function.
Accurately probing the structural dynamics of modified nucleo-
bases within these pathways is essential for understanding their
biochemical impact. 2Ap, a fluorescent adenine analogue with high
environmental sensitivity, serves as a valuable probe for detecting
local conformational changes in DNA. However, a deeper under-
standing of its photophysical behaviour within nucleic acids is
needed to expand its applications in studying modified DNA. This
study integrates experimental and theoretical approaches to exam-
ine the structural and spectral effects of methylation, hydroxy-
methylation, and demethylation in DNA duplexes, with 2Ap
strategically positioned to report on local changes.

The fluorescence properties of 2Ap in DNA provide a deep
insight into the structural dynamics, conformational fluctua-
tions, and interaction mechanisms of DNA and RNA.69–72 Its
fluorescence behaviour encompassing intensity, lifetime, and
decay kinetics is intricately modulated by its immediate nucleic
acid environment. A major observation is the significant
quenching of 2Ap fluorescence in dsDNA compared to ssDNA,
which occurs primarily due to base stacking interactions and
the restriction of the excited-state dynamics of 2Ap within the
duplex.31,34,37,69,71 This quenching mechanism is driven by
both dynamic (collisional) and static (ground-state complex)
interactions between 2Ap and neighbouring nucleotides, with
varying contributions depending on the sequence context and
structural arrangement of the DNA.31,34,37,69,71 This quenching
is further influenced by charge-transfer interactions, as demon-
strated in studies of 2Ap paired with a mismatched base pair
(cytosine), and by theoretical studies73,74 (see below), where an
equilibrium exists between neutral wobble and protonated
Watson–Crick configurations.75 2Ap fluorescence QYs are sen-
sitive to base stacking, with mismatched duplex DNA exhibiting
higher yields than well-matched duplexes, and ssDNA showing
the highest yields due to the absence of base stacking.36

Furthermore, its fluorescence lifetime also varies depending
on its position within the ODN, with time constants ranging
from B50 ps to 10 ns.36,37,62,68 In short, the photophysical
properties of 2Ap fluorescence are influenced by DNA sequence
context, making 2Ap an effective probe for distinguishing
variations in DNA stability and structural integrity. Methylation
of cytosines at specific positions in 2Ap-labeled dsDNA can
destabilize neighbouring residues to the same extent, leading
to increased fluorescence QYs and longer fluorescence
lifetimes.36 This sequence-dependent modulation underscores
the sensitivity of 2Ap fluorescence to local DNA conformations
and interactions.

Base stacking interactions stabilize our here studied 2Ap-
labeled matched DNA duplex (C2ApC/GTG) by promoting a
highly ordered conformation, in view of the results of the
thermal, CD spectra, and MD simulations (Fig. 2 and 3). This
is manifested as reduced absorbance compared to ssDNA
(Fig. 4a). However, both MD and absorption measurements
(larger intensity compared to matched duplex) demonstrate
that mismatched duplexes disrupt to some extent this stacking,
but keeping the global dsDNA structure, with special attention
to C2ApC/GCG and C2ApC/GhmCG (Fig. 2). Notably, the
C2ApC/GhmCG duplex exhibits a slight increase in ellipticity
at 290 nm compared to C2ApC/GCG and C2ApC/GmCG, sug-
gesting that hmC induces subtle structural changes (Fig. 2b).
This could reflect an alteration in helical conformation or base
stacking, likely influenced by the hydroxymethyl group at the 5-
position of cytosine. Such modification could impact base
stacking and hydrogen bonding interactions, leading to a
structurally distinct DNA duplex. These findings suggest that
hmC may alter the DNA’s local secondary structure, potentially
influencing its flexibility and base-pairing properties, providing
further insight into the structural dynamics of modified
cytosine-containing duplexes. This intensity dependence of
the low energy region of the spectra on the nature of the
X bases is also captured by the oscillator strength (Table 1)
for the S1 pp* excited state. Indeed, the C2ApC/GTG stacked
system is 10% smaller than the C2ApC/GhmCG less stacked
one. Despite these differences in intensities and the energies of
the lowest lying state, the global maximum is not very much
affected by the inclusion of the epigenetic bases (Fig. S7). On
the other hand, the fluorescence intensities of ssDNA and
dsDNA variants differ significantly (Fig. 4), with ssDNA showing
higher intensity due to less base stacking. Mismatched
duplexes exhibit increased fluorescence compared to the
matched duplexes. A blue shift in emission spectra (Fig. S6)
further suggests that cytosine modifications, especially hmC,
influence duplex conformation and stability. Such spectral
shifts indicate changes in base stacking interactions and DNA
conformation, resulting in a more hydrophobic environment
with a lower dielectric constant around 2Ap.76

In the same line, 2Ap-labeled dsDNA shows markedly
reduced QYs compared to free 2Ap. For instance, ssDNA
(C2ApC) exhibits a QY of 0.0173, while the matched duplex
(C2ApC/GTG) is at 0.0049 due to enhanced base stacking
(Table 2). Comparable QYs in C2ApC/GCG and C2ApC/GmCG
contrast with the higher QY (0.01) of C2ApC/GhmCG. It should
be noted that C2ApC/GhmCG is the system that also displays
the larger radiative rate (kr), which leads to a significant
increase in QY. Focussing on the non-radiative rate (knr), which
is more directly related to the stacking, C2ApC/GhmCG also
displays the lower rate, again consistent with the lesser stack-
ing. In this case, it is also worth mentioning that the trend of
knr values correlates quite well with the stacking behaviour
observed in the MD simulations (Fig. 3), with hmC and C,
which display larger knr, being the system with larger deviations
from perfect stacking. QM results support these findings,
revealing that all the studied systems present two kinds of
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excited minima: a bright pp* minimum localized on 2Ap
responsible for the fluorescence, plus a CT minimum respon-
sible for the fluorescence quenching compared to the free 2Ap.
This fluorescence quenching due to the presence of CT states
between 2Ap and adjacent bases has already been reported in
the literature for reduced DNA models, such as dinucleotides or
trimers.73,74 Other potential quenching mechanisms occurring
through CI or exciplexes have also been characterized in the
literature.74,77,78 Our increased ds hexamer model allows not
only to see how efficient these CT minima are in the duplex but
to estimate how different CT pathways compete. Indeed, we
observe two coupled effects that may affect the fluorescence
quenching. On one hand, the bright pp* 2Ap minimum has
some degree of 2amP- 4C6 CT, except for the C2ApC/GhmCG
less-stacked system (Table S6 and Scheme 2). Interestingly, this
duplex is the one showing the larger fluorescence yield
(Table 2). On the other hand, the main quenching effect should
be due to the loss of excited state population towards G8- 4T/
hmC CT minima, which a priori are not directly related to 2Ap.
Although both intra and interstrand CT states are present in the
FC region, we have not located signs for proton transfer
reactions as in canonical DNA.79–81 It must be noted that we
have not attempted to locate pp* minima localized on hmC or
mC since those excited states have been characterized to decay
in the ps timescale, that is shorter than our ns lifetimes,82,83

due to the accessible S1/S0 CI.29,83,84 Other epigenetic bases,
such as 5-formyl-cytosine, do survive longer but are prone to
populate triplet states,85,86 which is out of the scope of the
present paper. Lastly, TCSPC analysis revealed that the
matched and mismatched duplexes show similar amplitude
distributions; however, the C2ApC/GhmCG duplex exhibits a
slightly longer average lifetime and an enhanced long-lifetime
(a3) population. This suggests that hmC may destabilize neigh-
bouring residues, reducing non-radiative decay pathways. Con-
sequently, the lower knr value in C2ApC/GhmCG duplexes
correlates with their modestly increased QY, highlighting the
sensitivity of 2Ap fluorescence to subtle conformational and
dynamic variations in DNA.

Conclusions

Herein, we unveiled the structural and dynamic impact of the
epigenetic markers on DNA with the help of an intrinsic fluo-
rescent nucleobase analogue, 2-aminopurine (2Ap), combined
with molecular dynamics and quantum mechanical calculations.
To the best of our knowledge, this study provides the first
comprehensive characterization of the photophysical properties
of 2Ap within dsDNA through a combined multi-technique
experimental and multi-level computational approach. The results
demonstrate that while all 2Ap-labeled duplexes exhibit signifi-
cant base stacking interactions, keeping the overall structure of
dsDNA, subtle variations in stacking degrees occur as a function
of the epigenetic base. Indeed, our findings reveal that hmC
modifications modulate local DNA conformation by diminishing
base stacking and helical stability without compromising overall
duplex integrity. This structural modulation results in a more
hydrophobic environment around 2Ap, as indicated by blue-
shifted emission spectra. Although CT-induced quenching is
present in all systems, hmC shows reduced CT character com-
pared to thymine, leading to enhanced fluorescence QYs,
although still small, and longer lifetimes. These insights under-
score the sensitivity of 2Ap fluorescence to subtle DNA conforma-
tional changes and suggest that hmC could play a regulatory role
in biological processes by influencing DNA dynamics and local
stability. This work not only expands the utility of 2Ap as an
environmental probe but also highlights the potential epigenetic
implications of hmC in modulating DNA structural and photo-
physical properties, opening the route for further studies with
even more sensitive probes. Such modulation of DNA dynamics
offers important insights into the role of epigenetic modifications
in cellular function and provides a potential avenue for under-
standing the molecular underpinnings of epigenetic regulation.
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Scheme 2 Schematic representation of stacked and non-stacked confirmations for matched, mismatched, methylated, and hydroxymethylated
duplexes.
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