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Polystyrene nano- and microplastic accumulation
at Arabidopsis and wheat root cap cells, but no
evidence for uptake into roots†
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Association of plastic particles with plant roots could represent a pathway for human consumption of

plastic and plastic-associated organic contaminants. Here, we investigated the uptake of spherical,

negatively-charged, polystyrene nano- and microparticles by plant roots. We used negatively-charged, 40

nm and 1 μm fluorescently-labeled polystyrene spheres and two plant species: Arabidopsis (Arabidopsis

thaliana) and wheat (Triticum aestivum). Plants were grown from seeds to 5 days for wheat and 12 days for

Arabidopsis, in agar growth media containing plastic spheres (0.029 g L−1), and plant uptake of spheres was

investigated by laser scanning confocal microscopy and pyrolysis gas chromatography-mass spectrometry

(GC-MS). The confocal images of both plant species showed no evidence for active uptake of nano- and

microsized polystyrene spheres during plant growth up to the 1 to 2 leaf growth stage. Pyrolysis GC-MS

was unsuccessful because of the occurrence of natural styrene monomers in plant roots and insufficient

detection limits. Both 40 nm and 1 μm polystyrene spheres accumulated at the root surface of each

species, particularly at the root tip, and were still found attached to the root surface after washing.

However, there was no evidence of plastic particles in the internal root structure. Our results demonstrate

the association and accumulation of plastics at root surface and cap cells.

1 Introduction

Estimates for plastic loads to terrestrial systems far exceed
those already found in aquatic systems.1,2 It is estimated that

up to 430 000 tons of plastic per year is deposited through
land-applied biosolids in European farmlands and up to
300000 tons per year in North America.2 The effects of micro-
and nanosized plastic particles in terrestrial systems are an
emerging concern because of their observed prevalence,3

atmospheric deposition to remote mountain ecosystems,4

negative effects on living organisms,3,5 and role in transporting
metal6 and organic7,8 contaminants. Both metal6,9 and
persistent organic compounds including polychlorinated
biphenyls (PCBs), polycyclic aromatic hydrocarbons (PAHs),
hexachlorocyclohexanes (HCHs), along with other classes of
polar and non-polar contaminants7,8,10 have been shown to
bind with nano- and microplastic particles, leading to
increased contaminant transport and organism exposure.

In contrast to aquatic systems, few studies have been
performed to quantify and characterize micro- and
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Environmental significance

Micro- and nanoplastics are emerging contaminants in terrestrial ecosystems. While it is unknown how much micro- and nanoplastics is present in soils,
there is concern that plastic particles can impair soil organisms, including plants. Plants have been shown to take up metal nanoparticles, but no data are
available on whether plastic nanoparticles can be taken up by plants. Here, we show that micro- and nanoplastics associate with plant roots through
attachment to root cap cells, but we did not find evidence of uptake of plastic nanoparticles into the interior of the root. As such, root crops grown in
plastic contaminated soil can be a vector for human exposure of plastics.
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nanoplastics in terrestrial systems.11,12 The few reported
studies show evidence of microplastic particles in floodplain
soils,13 microplastic particles released into rivers as a result
of flooding events in suburban and urban soils,14

microplastic as a vector for metal accumulation in terrestrial
invertebrates,9 and microplastic transport by earthworms15,16

and collembolan species.17 Concentrations of plastics
reported in floodplain soils can reach up to 55.5 mg kg−1 soil
or 593 particles per kg soil.13

Plant roots can take up nanoparticles through the
apoplast, through endocytosis across cell membranes,18,19

and through the endodermis into root vascular tissue by the
symplast.20,21 Symplastic uptake involves movement through
root cell membranes, via plasmodesmata or endocytosis, and
eventually across the endodermis into root xylem.20,22–24 The
basal size exclusion limit of plasmodesmata is thought to be
3–4 nm,25 though variability exists depending on plant type
and developmental stage.26 The pore size of plasmodesmata
can increase considerably through dilation or structural
changes, and this can allow larger particles to pass into
cells.25 An exact size exclusion limit of plasmodesmata is
thus difficult to define as plasmodesmata size changes due
to change in the chemical environment.27,28 Further, size
exclusion capabilities are less well-developed when cells are
undergoing cell death or are damaged. Diameters of
plasmodesmata considerably larger than the basal size
exclusion limit of 3–4 nm have been reported (20–40 nm,
<200 nm).27 Size exclusion limits for nanoparticle uptake by
plants are considered to be 40 to 50 nm.24

Several studies have shown plant uptake of nanoparticles.
CeO2 nanoparticles (25–42 nm) were found in both xylem
and phloem of cucumber (Cucumis sativus) exposed
hydroponically for 3 days to nanoparticle concentrations of
200 or 2000 mg L−1,29 in leaves and roots of wheat (Triticum
aestivum) exposed hydroponically for 7 days to nanoparticle
concentrations of 20 mg L−1,30 and in leaves and roots of
soybeans (Glycine max L. Merr.) exposed for 30 days in sandy
soil at nanoparticle concentrations of 500 mg kg−1 dry sand.31

Pristine and sulfidized silver nanoparticles (42–100 nm) were
found in 2 week old, hydroponically grown cowpea (Vigna
unguiculata L. Walp) and wheat (T. aestivum) exposed to 0.6
mg L−1 metallic silver nanoparticles and 6.0 mg L−1 sulfidized
silver nanoparticles.32 Similar results were observed for 3
week old, hydroponically grown wheat.33 Gold nanoparticles
(12 nm) were found in Arabidopsis (Arabidopsis thaliana) root
cells34 after 10 days exposure at 10 mg L−1. Titanium oxide
nanoparticles (19–37 nm) were found in rice (Oryza sativa L.)
roots and shoots, but not in leaf tissue after 24 hour
hydroponic exposure at 5 and 50 mg L−1 until the first leaf
growth stage.35

Carbon nanotubes are also taken up by plant roots and
translocated to different tissue. Single-walled carbon
nanotubes (1–4 nm outer diameter (OD), 5–30 nm length)
accumulated in corn (Zea mays L.) roots exposed in soil for
40 days at concentrations of 10 and 100 mg kg−1, and were
also seen in stems and leaves.36 Multi-walled carbon

nanotubes (10–150 nm OD) were found in 22 day old,
hydroponically grown wheat (T. aestivum) and rapeseed
(Brassica napus) exposed for 7 days at 1000 mg L−1.37 Multi-
walled carbon nanotubes (11 nm OD, ≈1000 nm length) were
found in red spinach (Amaranthus tricolor L.) roots and leaves
exposed hydroponically for 15 days to carbon nanotube
concentrations from 0–1000 mg L−1.38 Cañas et al.39 observed
single-walled carbon nanotubes (≈8 nm OD, 100–1000 nm
length) adsorbing to root cells of corn (Z. mays), carrot
(Daucus carota), onion (Allium cepa), tomato (Lycopersicon
esculentum), cucumber (C. sativus), lettuce (Lactuca sativa),
and cabbage (Brassica oleracea), but no nanotubes were found
inside root tissue.39

While there is ample evidence for plant uptake of metal
and carbon-tube nanoparticles, little data exist on whether
plastic nano- and microparticles are taken up by plant roots
and distributed through the plant tissue. From germination
experiments on filter papers, there is evidence that plastic
particles can accumulate at seeds and root hairs and block
pores,40 and tobacco BY-2 cell cultures have shown uptake of
20 and 40 nm fluorescent, polystyrene spheres by
endocytosis.18 However, whether plastic particles can be
taken up by intact roots is not known. Here, we investigate
the uptake and interaction of negatively charged, spherical,
polystyrene micro- and nanoparticles with roots of
Arabidopsis and wheat.

2 Materials and methods
2.1 Nano- and microspheres

Two different sizes of fluorescent, carboxylate-modified
polystyrene nano- and microspheres were used: 40 nm and 1
μm diameter (ThermoFisher Scientific, USA). We
hypothesized that the first (40 nm) could be taken up, and
the second (1 μm) cannot based on plasmodesmata size on
previous reports on nanoparticle uptake by roots. Excitation
and emission wavelengths for the spheres were 505 and 515
nm, respectively. Characteristics of the polystyrene spheres
are given in Table 1.

2.2 Plant experiments

Arabidopsis (A. thaliana ecotype Columbia) and soft white
spring wheat cv. Louise (Triticum aestivum) were used.
Arabidopsis and wheat were chosen as representatives of
dicots and monocots, respectively. Arabidopsis is often used
as a model for dicot root systems. Roots of cereals like wheat
are more complex and have more cortical cell layers
compared with Arabidopsis, which has only a single cell
layer.41 Arabidopsis and wheat seeds were surface sterilized
in 20% bleach, Triton X-100 (Sigma-Aldrich) solution for 10
minutes, rinsed three times with sterile, distilled water,
added to a 70% ethanol solution for two minutes, and rinsed
again four times in sterile, distilled water. Both Arabidopsis
and wheat seeds were stored in distilled water at (4 °C) for
three days to allow them to synchronize germination.
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All plants were grown in sterile Petri dishes (Fisherbrand,
08-757-11A or -12, Fisher Scientific) with 25 mL growth
medium including 0.5% agar (Phytagel, Sigma-Aldrich) and
one-fourth strength Hoagland solution.42 Nano- or
microspheres were mixed with the growth media, and then
heated on a hot plate to 80 °C before the agar was added.
The concentration of plastic spheres in the growth media was
0.029 g L−1 or 8.3 × 1011 n mL−1 for the 40 nm spheres, and
0.029 g L−1 or 5.3 × 107 n mL−1 for the 1 μm spheres. Growth
media without spheres were prepared as a control.

The growth media with the beads was then autoclaved 20
minutes at 121 °C. Wheat seeds (10 seeds) and Arabidopsis
seeds (16 seeds) were sown in Petri dishes containing autoclaved
media for each treatment, in a laminar flow hood, under sterile
conditions. Petri dishes were closed and sealed. Plants were
grown to the 1–2 leaf developmental stage (5 days for wheat, 12–
15 days for Arabidopsis) under a day/night cycle of 16/8 h with
temperatures of 22 °C/18 °C day/night in a growth chamber. The
plants were then fixed by adding 10 mL of 4% paraformaldehyde
to the Petri dish to cover the plants, then placed under vacuum
for 2 hours, and stored at 4 °C until imaging. Each of the three
treatments (40 nm, 1 μm, and no spheres) were replicated three
times and eight plants from each treatment were imaged.
Details on experimental treatments are summarized in Table 2,
and images of plants are shown in Fig. S1.†

To check whether the vacuum fixation step would cause
experimental artifacts, some of the plants were not fixed with
paraformaldehyde but rather directly imaged. In addition,
some plants were grown in agar without fluorescent nano- or
microspheres, but the fluorescent spheres were added during
the fixation step.

2.3 Confocal microscopy

Plant samples were examined with laser scanning confocal
microscopy (Zeiss LSM 710, Jena, Germany) to determine the

presence of fluorescent polystyrene nano- and microspheres.
Plant roots were imaged inside the agar by cutting rectangles
around the plants, and placing the agar embedded plants on
glass microscopy slides. Eight plants from each treatment
were used for data collection, and each treatment was
replicated three times. Confocal microscopy images were
taken at the pre-differentiated zone of the root (root tip), 1–2
mm below the hypocotyl, and 2–3 mm above the hypocotyl–
root intersection. Z-stack images acquired at each location
allowed for visualization of the root structure. All fixed plant
samples were counter-stained by adding calcofluor white
staining solution (0.5 mg mL−1, Sigma-Aldrich) onto the agar
for sufficient time to allow the stain to move through agar
and stain the plant cells walls (15–20 minutes). For those
samples that were imaged right after the 1–2 leaf
developmental stage and without the fixation step, plants
were pulled out from the agar and dipped into a propidium
iodide staining solution (0.1 mg mL−1, ThermoFisher) for 30
minutes of staining before imaging on the confocal
microscope. Further details on confocal imaging are given in
ESI† (section S1 and S2, Table S1 and Fig. S2).

We also examined cross-sections of calcofluor stained
wheat roots. After imaging the full root tips, three wheat root
samples from each treatment were pulled from the agar and
placed in optimal cutting temperature (O.C.T) embedding
medium (Tissue Plus O.C.T Compound, Fisher HealthCare),
frozen at −20 °C and then cross-sectioned to a thickness of
20 μm in the embedding media using a Cryostat (CryoStar
NX70, ThermoFisher Scientific). Confocal imaging was done
as described above.

The polystyrene particles were tested for stability of the
fluorescence across various pH they may encounter in the
environment immediately around the root surface. No effect of
pH on fluorescence was found. Further, heating and autoclaving
did not substantially affect the fluorescence or size and shape
of the beads (see ESI,† section S2, Fig. S3 and S4).

Table 1 Characteristics of polystyrene nano- and microspheres. Stock concentration of the spheres was 1.44 × 1014 n L−1. Polystyrene spheres are
surface modified with carboxylic acid groups (ThermoFisher Scientific, USA). Electrophoretic mobility of the spheres in distilled water was measured
using a zeta potential analyzer (ZetaPALS, Brookhaven Instruments Corp., Holtsville, NY). Data are mean and standard deviations of 10 measurements

Particle
diameter (nm) Color

Excitation
(nm)

Emission
(peak) (nm)

Zeta potential
(mV)

Electrophoretic mobility
(μm s−1)/(V cm−1) Lot nr.

40 Green 505 515 −36.1 ± 3.5 −2.83 ± 0.28 F8795
1000 Green 505 515 −22.8 ± 3.2 −1.79 ± 0.25 F8888

Table 2 Summary of experimental treatments. Concentration of plastic in growth media by mass was 0.029 g L−1

Treatments
Diameter of
microspheres (nm)

Concentration of
spheres (n mL−1) Plant species

Growth
time (days) Parts imaged

Control — 0 12–15 Root tip,
40 nm 40 8.3 × 1011 Arabidopsis 12–15 Hypocotyl
1 μm 1000 5.3 × 107 12–15 (Above/below)

Control — 0 5 Root tip,
40 nm 40 8.3 × 1011 Wheat 5 Hypocotyl
1 μm 1000 5.3 × 107 5 (Above/below)

Environmental Science: NanoPaper
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2.4 Pyrolysis GC-MS

Arabidopsis plants and wheat roots (n = 3), including the tip,
from each treatment were washed three times using
phosphate-buffered saline (PBS) with 1% Triton X-100,
vortexing for 30 seconds, and sonication for 5 minutes.
Washed plant material was completely dried, weighed, and
analyzed by pyrolysis GC-MS. Polystyrene thermal
degradation products were used to indicate uptake of plastic
inside the roots. Negative control plant roots and polystyrene
spheres were also analyzed for thermal degradation products
at the pyrolysis settings used. More details on the pyrolysis
GC-MS are given in the ESI† (section S3, Table S2).

3 Results and discussion
3.1 Association of nano- and microspheres with roots

All eight plants for each of the three replicates showed the
same experimental results, and we therefore only present
selected images in the following sections.

Confocal microscopy of the pre-differentiated zone (root
tips) in growth media showed no evidence for uptake of
nano- or microspheres in Arabidopsis or wheat roots beyond
root cap cells (Fig. 1 and 2). The images show root epidermal
cells with calcofluor counter-staining in the absence (Fig. 1A
and 2A) and presence (Fig. 1B and C and 2B and C) of
fluorescent spheres. In both plant species, the 40 nm and 1
μm fluorescent spheres accumulated on the outside of the
root cells. Fig. 1C and 2C show the 1 μm plastic microspheres
on the surface of root epidermal cells. Individual 1 μm
polystyrene microspheres were more easily imaged, but
similar results were obtained for the nanospheres.
Orthogonal images (Fig. 1 and 2, right column) show the
localization and aggregation of fluorescent spheres on the
surface of the root cells. The 40 nm and 1 μm spheres were
restricted to the root surface and did not extend into the
internal root structure, through either apoplastic or
symplastic pathways, indicating no active uptake of the
plastic particles by living cells.

There is some evidence for the presence of the 40 nm
polystyrene spheres inside root cap cells (Fig. 1B and 2B).
Aggregates of 40 nm fluorescent spheres (white arrows) are
visible on the surface of root epidermal cells, and inside the
root border cells, or root cap (red arrows). However, no
spheres are visible internal to the active root cells and deeper
into the root vascular tissue. The 1 μm particles are visible
on the surface of the root cells only, but not inside root cap
cells (Fig. 1C and 2C). The right column of Fig. 1 and 2 are
orthogonally projected images in the X–Y, X–Z and Y–Z
directions. In the X–Z and Y–Z panels, calcofluor stain (blue
color) shows the cells walls and any fluorescence interior to
that in the z-direction indicates uptake into the root cap cells.
Arrows show particles inside cells (red) and on the cell
surface (white).

To check whether the 40 nm fluorescent spheres inside
root cap cells were an artifact of the fixation technique,
Arabidopsis and wheat roots that were grown in agar with no

plastic spheres, but had 40 nm fluorescent spheres
introduced during the fixation step. These images also
showed some evidence of plastic inside the root cap cells
(Fig. 3A, red arrows for Arabidopsis). However, live cell
imaging, without fixation and using a propidium iodide
counter-stain, did not show any fluorescent spheres inside
live, propidium iodide impermeable root cap cells (Fig. 3B,
white arrows) or dead, propidium iodide permeable root cap
cells (Fig. 3C, white arrows). The presence of the 40 nm
spheres in the root cap cells (Fig. 1A and 2A, red arrows) is,
therefore, likely an artifact of our fixation technique, where
root cap border cells in the process of programmed cell death
(PCD) and sloughing off are more permeable to nanoplastic
particles, and fixation drove the 40 nm fluorescent particles
into the dead cells. Additionally, Fig. 3C shows that the
accumulation of the fluorescent, polystyrene nanoparticles at
the surface of the root tip was not an artifact of the fixation.

Root cap cells are short-lived cells with a high turn-over
that help with regulating root directional growth and protect
the root stem cell niche. Root cap tissue is categorized as
central columella (COL) tissue around the root apex and
lateral root cap (LRC) tissue on the periphery extending up
towards the root epidermis around the meristem. In
Arabidopsis, LRC cells undergo cell death and are released as
they age, moving towards the apex where they are finally
released in a “packet”.43,44 Wheat LRC cells detach and are
released individually.43 Fig. 4 shows accumulation of 1 μm
polystyrene spheres at discarded root cap cells. Nanoparticle
interaction with, and even accumulation around, root cap
cells has also been shown for gold nanoparticles in
Arabidopsis, and uptake of negatively-charged nanoparticles
into the root cells has been observed.34 However, in our
study, no uptake of plastic beyond the border cells was
observed.

Confocal images with roots in the agar medium show how
growing roots push through the medium, displacing the
polystyrene spheres and collecting them at the root tip
(Fig. 1B and 2C). In Fig. 4, accumulation of polystyrene
spheres on discarded root cap cells of Arabidopsis can be
seen. This supports the idea that the developmental function
of the root cap is a protective barrier for the stem cell niche
and root meristem, as it appears that the plastic particles are
shielded by the root cap cells (Fig. 4). As part of their
protective function, root cap cells excrete mucilage and other
exudates as a first line of defense against toxic chemicals and
mechanical stress, while dissolving nutrients and aggregating
soil particles.27,45–47 Detached border-like cells of Arabidopsis
and associated mucilage have been reported to trap
positively-charged, and also negatively-charged, gold
nanoparticles.34 The same mechanism may operate for the
negatively-charged plastic particles in our study.

Fig. 5 shows that, even after rigorous washing prior to the
GC-MS analysis, polystyrene spheres were still attached to the
roots. This suggests that plastic beads were not just pushed
aside by the growing roots, but rather were firmly attached to
the root surface.

Environmental Science: Nano Paper
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Fig. 1 Images of Arabidopsis root tips with calcofluor stain (410–497 nm detection channel) and fluorescent spheres (493–582 nm detection
channel) tracks overlaid. Maximum intensity projections (left column) of plants grown in (A) control media, (B) 40 nm fluorescent polystyrene
spheres, and (C) 1 μm fluorescent polystyrene spheres. The right column shows orthogonally projected images in the X–Y, X–Z, and Y–Z directions.
White arrows highlight particles on surface of the root cells, red arrows highlight particles internal to root cells. COL: central columella; LRC:
lateral root cap.
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Fig. 2 Images of wheat root tips with calcofluor stain (410–497 nm detection channel) and fluorescent spheres (493–582 nm detection channel)
tracks overlaid. Maximum intensity projections (left column) of plants grown in (A) control media, (B) 40 nm fluorescent polystyrene spheres, and
(C) 1 μm fluorescent polystyrene spheres. The right column shows orthogonally projected images in the X–Y, X–Z, and Y–Z directions. White arrows
highlight particles on surface of the root cells, red arrows highlight particles internal to root cells. COL: central columella; LRC: lateral root cap.
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Fig. 3 Images of Arabidopsis root tips. (A) Roots grown in agar without plastic spheres present, but 40 nm spheres were introduced during the
fixation procedure. Roots were pulled out from agar prior to imaging. (B) Propidium iodide-stained roots grown in agar containing 40 nm
fluorescent beads show no movement of the beads into root cap cells. (C) Root cap cells that have already undergone cell death are shown as
bright red due to the propidium iodide entering the cell and staining lysed DNA and RNA. The right column shows orthogonally projected images
in the X–Y, X–Z, and Y–Z directions. White arrows highlight particles on surface of the root cells, red arrows highlight particles internal to root cells.
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Cross-sections of root tips confirmed that polystyrene
spheres were not actively taken up by the roots (Fig. S5†).
The 40 nm spheres, but not the 1 μm spheres, were observed
inside root cap cells (Fig. S5C and D†), but based on our
control experiments, we consider the presence of beads
inside the root cap cells an experimental artifact of the
fixation technique. Confocal images of Arabidopsis and
wheat plants about 2 mm above and below the hypocotyl
region show no evidence for the presence of polystyrene
nano- and microspheres inside any root or shoot cells;
however, there is evidence of association of polystyrene
spheres with the surface of root hairs (Fig. 6).

Surface charge of particles is an important parameter
controlling how nanoparticles interact with root cells. As the
root surface cells are negatively charged, positively-charged
nanoparticles will adhere by electrostatic forces to the root

cells while negatively-charged particles will be repelled.
Experiments in hydroponic systems with particles of different
surface charge have shown that positively-charged
nanoparticles mostly attach to or are retained in root cells,
but are not readily translocated to leaves, while neutral and
negatively-charged particles are more readily transferred into
the interior of the plants and can be translocated to the
leaves.30,48,49 For negatively-charged gold nanoparticles, it
was reported that their negative surface charge minimized
interaction with cell walls and led to a low amount of uptake
into the root cells.48

While uptake of nanoparticles by plants is more likely to
occur in a hydroponic system, such uptake has also been
observed when plants were grown in gels. Avellan et al.34

grew A. thaliana in a Phytagel containing gold nanoparticles,
and observed uptake of negatively-charged nanoparticles into
the apoplast, but positively-charged nanoparticles were
trapped by the root cap cells and in the mucilage. Our
experiments, also done with roots growing in gel, provided
no evidence for uptake and translocation of negatively-
charged polystyrene nanoparticles. It may be possible that in
our experiments a small, non-detectable amount of
polystyrene nanoparticles may have entered into the interior
of root cells, but overall the interaction of polystyrene
nanoparticles was confined to the root surface and cap cells.
The size of the nanoparticles may explain in part the absence
of root uptake in our study: our polystyrene particles (40 nm)
were larger than the gold particles (12 nm) used by Avellan
et al.34

3.2 Plant vigor

No obvious differences in plant health (seed germination
rate, root length, or plant height) were observed between
treatments (Fig. S1†). Recent studies have reported negative
impacts of microplastic particles in the soil on plant
growth.50–53 While some of these negative impacts were

Fig. 4 Confocal images of Arabidopsis root tip showing 1 μm
fluorescent polystyrene spheres accumulated around discarded root
cap cells.

Fig. 5 Arabidopsis root images of the pre-differentiated zone of the root after washing. (A) 40 nm spheres, (B) 1.0 μm spheres. These images show
that there were still fluorescent spheres left on the surface of the root after washing.
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Fig. 6 Images of wheat root 2 mm below hypocotyl region. All images show root epidermal cells with calcofluor staining. Image C shows
evidence for surface interactions (see arrows) with 1 μm polystyrene spheres, but not uptake. The right column shows orthogonally projected
images in the X–Y, X–Z, and Y–Z directions, with cross-hairs placed on root surface for negative control treatment (A), inside root cells for 40 nm
treatment (B), and over fluorescent spheres in (C). No plastic particles spheres were observed in the hypocotyl region for the negative control or
the 40 nm treatment.
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attributed to changes in soil biophysical parameters like
aggregate stability, water holding capacity, and pH, it is
conceivable that plastics have also direct negative impacts on
plant growth through interactions with the root surfaces.

3.3 Pyrolysis GC-MS

The pyrolysis GC-MS analysis shows a strong styrene peak for
the polystyrene sphere standards (Fig. S6†). However, small
styrene peaks were also observed for both wheat and
Arabidopsis roots grown in the absence of polystyrene
spheres (negative controls). Others also reported the
formation of styrene as a pyrolysis degradation product of
plant material.54,55 We observed styrene chromatography
peaks in both wheat and Arabidopsis roots grown in the
presence of 40 nm and the 1 μm polystyrene spheres (Fig. S6
and S7†). In addition, we observed two other polystyrene
degradation products (3-butene-1,3,-diyldibenzene and
5-hexene-1,3,5-triyltribenzene), in both the control and
polystyrene-exposed plants. Therefore, we were not able to
identify polystyrene particles in the plant roots with pyrolysis
GC-MS (see ESI† section 3 for further discussion).

Pyrolysis GC-MS has been used to identify microplastics in
environmental samples, including seawater, beach
sediments, and marine organisms.56 The detection limit for
polystyrene with this technique has been reported to be 0.003
μg per pyrolysis analysis cup.56 This would correspond to
5450 of 1 μm polystyrene particles or 8.5 × 107 of 40 nm
polystyrene particles. The pyrolysis GC-MS technique can only
detect large numbers of polystyrene particles inside plant
roots. The detection limits with confocal microscopy are
much lower, as a single 1 μm polystyrene particle can clearly
be identified and multiple 40 nm polystyrene particle are
visible. Moreover, confocal microscopy also allows spatial
resolution of the location of the particles.

4 Conclusions

Previous research with hydroponic plant cultures has shown
that nanoparticles (diameter 10 to 100 nm) to be can be
taken up by roots and be translocated in the plant tissue.
Hydroponic systems are conducive for nanoparticle uptake by
plants because the nanoparticles are free to move, and no
sites other than root surface are available for the
nanoparticles to attach. While studies with hydroponic
systems demonstrate the potential for nanoparticle uptake,
this does not necessarily mean that nanoparticle uptake also
occurs in real soils. In soils, nanoparticles are much less
mobile and can attach to organic matter and mineral
surfaces. Studies with plants grown in solid media, such as
gels or soil are less common, but also have shown root
uptake of nanoparticles.31,34,36 Our results with plants grown
in gel show no evidence for active uptake of nano- and
microsized polystyrene spheres (40 nm) in Arabidopsis and
wheat roots, but accumulation of the plastic particles at the
root surface, particularly at the root tip. It may be possible
that the plastic particles used in our study were too large to

be taken up, and smaller particles could possibly be taken up
by roots. Translocation of ions and particles across cell
membranes often requires specific promoters,25,27 and many
transition metal transporters are known.57 It is thus
conceivable that metallo-compounds in the rhizosphere
could be taken up by plants whereas plastics are not.
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