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Formation of supported lipid bilayers containing
phase-segregated domains and their interaction
with gold nanoparticles†
Eric S. Melby,ad Arielle C. Mensch,b Samuel E. Lohse,‡c Dehong Hu,d Galya Orr,d
Catherine J. Murphy,c Robert J. Hamersb and Joel A. Pedersen*ab
For nanoparticles that have been released into the environment, the cell membrane represents an initial
site of interaction with eukaryotic cells. The encounter of nanoparticles with cellular membranes may alter
membrane structure and function, lead to uptake into cells, or elicit adverse biological responses.
Supported lipid bilayers have proven to be valuable ex vivo models for biological membranes, allowing
investigation of their mechanisms of interaction with nanoparticles with a degree of control impossible in
living cells. To date, the majority of research on nanoparticle interaction with supported lipid bilayers has
employed membranes composed of single or binary mixtures of phospholipids. Cellular membranes
contain a wide variety of lipids and exhibit lateral organization. Ordered membrane domains enriched in
specific membrane components, also referred to as lipid rafts, have not been explored with respect to their
interaction with nanoparticles. Here we develop model membranes containing segregated domains
differing in fluidity that are amenable to investigation by a variety of surface-sensitive analytical techniques
and demonstrate that these domains influence the extent of nanoparticle attachment to model membranes. We determined conditions that allow reliable formation of bilayers containing liquid-ordered
domains enriched in sphingomyelin and cholesterol and confirmed their morphology by structured illumi-
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nation and atomic force microscopies. We demonstrate that the presence of liquid-ordered domains
increases attachment of cationic gold nanoparticles to model membranes relative to those lacking such
domains under near physiological ionic strength conditions (0.1 M NaCl) at pH 7.4. We anticipate that these
results will serve as the foundation for and motivate further study of nanoparticle interaction with phase-
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segregated domains.

Nano impact
The interaction of nanoparticles with cellular membranes can be a critical determinant in eliciting adverse outcomes in organisms. Model membranes
composed of single or binary phospholipid mixtures have provided insight into the interaction with nanomaterials. Cytoplasmic membranes of living
organisms, however, are made up of hundreds of components laterally organized into dynamic functional domains. We have established a platform to
investigate the interaction of nanoparticles with model membranes containing ordered lipid domains with a variety of surface-sensitive analytical techniques. We demonstrate that the presence of these domains influences the interaction of cationic gold nanoparticles with model membranes under high
ionic strength conditions. This study highlights the need to systematically investigate the interaction of nanoparticles with important membrane components and structures.
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Introduction
The cytoplasmic membrane serves as an initial point of contact between eukaryotic cells and nanomaterials that have
been either intentionally or inadvertently released into the
environment.1 Nanoparticle interactions at these nano-bio
interfaces2 include attachment,3 passive penetration, endocytotic uptake,4 membrane permeabilization,5,6 and toxicological insult due to nanoparticle dissolution, generation of reactive oxygen species, or oxidative stress.7 If nanoparticles are
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internalized, they can also interact with the membranes that
bound organelles including lysosomes, mitochondria, and
the nucleus.8
Mechanistic understanding of nanomaterial interaction
with the cellular membranes of eukaryotes requires consideration of chemical composition, physical properties, and lateral organization of these critical structures. Cellular membranes are composed of a complex mixture of phospholipids,
sphingolipids, sterols, and peripheral, integral and lipidanchored proteins. Sphingolipids, phosphatidylinositol (a class
of phospholipids) and membrane proteins can bear glycans,
which can vary in composition and size. Cellular membranes
typically contain several hundred lipid species when differences in headgroup, acyl chain length, the number and location of unsaturated bonds, and degree of glycosylation are
taken into account.9,10 The lipid distribution between the
inner and outer leaflet of biological membranes is typically
asymmetric.11 The majority lipid components in the outer
leaflet of animal cytoplasmic membranes are zwitterionic
phosphatidylcholine and sphingomyelin, and neutral cholesterol.12 Minority lipid components in the outer leaflet of
these membranes include zwitterionic phosphatidylethanolamine and the anionic phospholipids phosphatidylserine,
(phosphorylated) phosphatidylinositol, and phosphatidic
acid.13 Lipid molecules in cellular membranes not only provide a barrier function, but also participate in signaling processes and membrane trafficking.14
Cellular membranes are laterally organized, exhibiting
domains differing in composition and lipid order. Domains
of higher lipid order and enriched in specific membrane
components are sometimes referred to as lipid rafts. These
highly ordered domains are enriched in sphingolipids and
cholesterol, and the acyl chains of majority of raft lipids are
saturated.12 The degree of acyl chain saturation and preferential lipid association with sterols result in lipid segregation
into a distinct liquid-ordered (Lo) phase, the components of
which are, to a large degree, segregated from those of the
liquid-disordered (Ld) phase.15 For the purposes of this paper
we refer to segregated Lo domains in supported lipid bilayers
as “domains”. The Lo phase is a highly ordered and tightly
packed phase similar to the gel phase, but with much higher
lateral mobility.12 The existence of lipid rafts in eukaryotic
cellular membranes has been debated since the concept was
introduced in 1997.16 The primary source of this debate is
the small size and transient nature of lipid rafts within membranes,17,18 with typical length scales <50 nm and time
scales on the order of milliseconds.19,20 A definition for these
structures was developed at the Keystone Symposium on
Lipid Rafts and Cell Function in 2006: “Membrane rafts are
small (10–200 nm), heterogeneous, highly dynamic steroland sphingomyelin-enriched domains that compartmentalize
cellular processes”.21 At the time of writing, the lateral organization of biological membranes is a topic of intense
research. Further refinement of the lipid raft concept is
expected as new techniques are brought to bear on understanding membrane structure.22 The rafts in cellular
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membranes are credited with a variety of functions, including
preferential association by some membrane proteins,16 mediation of sorting in the trans-Golgi network,23 endocytotic
pathway sorting,24 and signaling in hematopoietic cells.25
Membrane rafts appear to be ubiquitous features of cellular
membranes; evidence exists for their presence in animal,12
plant,26 fungal,27 and bacterial28 cell membranes.
Supported lipid bilayers have proven to be useful models
for biological membranes, allowing mechanisms of their
interaction with nanomaterials to be studied with a degree of
control impossible in living cells.29–31 Lipid bilayers on solid
supports can be probed with a variety of optical,31
acoustic30–33 and scanning probe34–36 techniques. Among
these techniques, quartz crystal microbalance with dissipation monitoring (QCM-D) and atomic force microscopy (AFM)
allow label-free and in situ investigation of supported lipid
bilayers. To date, most studies examining nanoparticle interaction with such model membranes have been restricted to
supported lipid bilayers composed of single and binary mixtures of phospholipids.31,35–39 Despite the importance of lipid
rafts in organismal membranes, investigation of nanoparticle
interaction with these features of cellular membranes has not
been previously reported. Prior studies have demonstrated
successful formation of supported lipid bilayers containing
phase-segregated domains on mica (by AFM)40 and optical
glass (by fluorescence microscopy).41 Formation of domaincontaining supported lipid bilayers on QCM-D sensors has
been attempted,42 but success has not been demonstrated.
The objectives of this study were to develop a method to
form model membranes containing phase-segregated domains
on QCM-D sensor surfaces and to investigate the influence of
such domains on nanoparticle attachment to model
membranes. In this study, we employed a model membrane
system comprising three components: the unsaturated phospholipid 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), the
sphingolipid N-stearoyl-D-erythro-sphingosylphosphorylcholine
(octadecanoyl sphingomyelin, SM), and the sterol lipid cholesterol (Chol). Sphingomyelin has a high affinity for Chol,
which results in dense lipid packing and the formation of Lo
regions (domains) within a Ld phase.43,44 To accomplish the
first objective, we varied experimental parameters and the
ratios of lipids in the ternary mixture to form supported lipid
bilayers on planar SiO2 substrates by the vesicle fusion
method.32,33 We confirmed the formation of supported lipid
bilayers containing phase-segregated domains using a combination of QCM-D, AFM, and super-resolution fluorescence
structured illumination microscopy (SIM). To achieve the second objective, we probed nanoparticle interactions with these
domains using 4 nm gold nanoparticles (AuNPs) functionalized with anionic or cationic ligands by QCM-D.

Materials and methods
Materials
The following lipids were purchased from Avanti Polar Lipids
(Alabaster, AL): 1,2-dioleoyl-sn-glycero-3-phosphocholine
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(DOPC, 850375C), N-stearoyl-D-erythro-sphingosylphosphorylcholine
(SM, 860586P), plant-derived cholesterol (Chol, 700100P),
ganglioside GM1 (860065P), and TopFluor PC (810281C). We
procured Atto647N DOPE from Atto-Tec (Siegen, Germany).
Hydrogen tetrachloroaurate trihydrate (HAuCl 4 ·3H 2 O),
sodium borohydride, and mercaptopropanoic acid were
purchased from Sigma-Aldrich. We obtained 3-amino
propanethiol hydrochloride from MolPort Chemicals. Solid
NaCl and Tris were obtained from Sigma-Aldrich, and all
buffer solutions were made in ultrapure water (18.2 MΩ cm;
Barnstead Nanopure) and filtered through a Millex GP 220
nm PES filter cartridge. PALL tangential flow filtration capsules (50 kDa pore size) were purchased from VWR. SiO/Cu
mesh transmission electron microscopy grids were obtained
from TedPella. All materials were used as received, unless
otherwise noted.
Formation and characterization of small unilamellar vesicles
Small unilamellar vesicles were prepared by the extrusion
method.32,45 Just prior to use, SM and Chol were dissolved in
chloroform (Sigma Aldrich). DOPC, SM, and Chol were mixed
to the desired ratio, and the chloroform was evaporated
under a stream of ultrapure N2 gas. For some fluorescent
studies, 1 mol% ganglioside GM1 dissolved in 60 : 32 : 8 chloroform : ethanol : water (by volume), 0.1 mol% TopFluor PC,
and/or 0.1 mol% Atto647N DOPE was included prior to evaporation under a stream of ultrapure N2 gas. The dried lipid
films were held under vacuum for at least 1 h, rehydrated in
0.001 M NaCl, pH 7.4 (10 mM Tris) buffer to a stock concentration of 1.25 mg mL−1, subjected to three freeze (liquid N2)/
thaw (bath sonicator) cycles to ensure complete sample
mixing,46 and extruded 11 times through 50 nm polycarbonate membranes (Avanti Polar Lipids, 610003) with an extruder
set (Avanti Polar Lipids, 610 000). The resulting small
unilamellar vesicles were stored at 4 °C and used within one
week. A 0.03 mg mL−1 solution of the small unilamellar vesicles (diluted in either 0.001 or 0.1 M NaCl, pH 7.4 (0.01 M
Tris)) was used to determine their hydrodynamic diameter
(dh) by dynamic light scattering and zeta potential (ζ) by laser
Doppler microelectrophoresis (Malvern Zetasizer Nano ZS).
The literature is not unified in the definition of small
unilamellar vesicles. For the purpose of this study we define
small unilamellar vesicles as vesicles with diameters smaller
than 100 nm.32 The size and ζ for small unilamellar vesicles
containing SM and Chol (and GM1) and those composed
solely of DOPC were similar (Table 1).
Gold nanoparticle synthesis and characterization
Thiol-stabilized 4 nm AuNPs were synthesized using previously reported methods.47,48 In an aqua regia-cleaned 500 mL
round bottom flask, 400 mL of ultrapure water, 1.5 mL of
HAuCl4 (0.1 M), and either 200 μL of NaOH (1.0 M) and 1.5
mL of 0.1 M mercaptopropionic acid (MPA) or 1.8 mL of HCl
(0.1 M) and 3.5 mL of 0.1 M mercaptopropylamine (MPNH2)
were combined, and stirred at vortex for 10 min. These
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Table 1 Hydrodynamic diameter (dh) and zeta potential (ζ) values for
small unilamellar vesicles used in this study. The DOPC : SM : Chol molar
ratios were 60 : 20 : 20. Ganglioside GM1 was incorporated at 1 mol%.
Solutions were buffered to pH 7.4 with 0.01 M Tris and contained the
indicated amount of NaCl

ζ (mV)

dh (nm)
Small unilamellar
vesicles

0.001 M
NaCl

0.1 M
NaCl

0.001 M
NaCl

0.1 M
NaCl

DOPC
DOPC/SM/Chol
DOPC/SM/Chol +
GM1

71 ± 3
78 ± 4
79 ± 3

67 ± 2
80 ± 8
73 ± 2

−17 ± 1
−21 ± 1
−23 ± 1

−1.6 ± 1.0
−1.6 ± 1.1
−3.1 ± 0.7

additions produced a clear, colorless solution. (Warning:
aqua regia is a strong oxidant and highly corrosive.) After the
initial stirring, either 5.0 mL of a 0.1 M aqueous sodium
borohydride solution (for MPA–AuNPs) or 35 mL of ice–cold
0.01 M aqueous sodium borohydride solution (for MPNH2–
AuNPs) was added to the solution. The solution rapidly turns
brown, then red-orange. The resulting red-orange AuNP solution was stirred for 3 h. The crude AuNP solution was then
purified by diafiltration.47 The 500 mL AuNP solution was
concentrated to an initial volume of 50 mL and purified by
passing 3.0 L of ultrapure water through the diafiltration
system.
Gold nanoparticle core size and concentration were determined from their UV-vis spectra.49 Core size was confirmed
by transmission electron microscopy (Fig. S1†). A 10 nM solution of the synthesized AuNPs (diluted in either 0.001 or 0.1
M NaCl, pH 7.4 (0.01 M Tris)) was used to determine AuNP
hydrodynamic diameter (dh) by dynamic light scattering and
apparent zeta potential (ζ app) by laser Doppler microelectrophoresis (Malvern Zetasizer Nano ZS). All AuNP concentrations are expressed as number concentrations.

Quartz crystal microbalance with dissipation monitoring
All QCM-D experiments were conducted using the Q-Sense E4
system containing four silica-coated sensors (QSX 303)
mounted in temperature-controlled, liquid flow cells (QFM
401; Biolin Scientific, Göteborg, Sweden). Quartz crystal
microbalance with dissipation monitoring measures changes
in the resonance frequency and energy dissipation induced
by the interaction of an analyte with the surface of a coated
piezoelectric quartz crystal. Frequency shifts (Δf) reflect
changes in mass coupled to the sensor surface (analyte mass
+ hydrodynamically coupled water). Changes in the energy
dissipation (ΔD) are related to the viscoelastic properties of
laterally homogeneous adlayers or to the properties of the
particle-surface contact region for films of discrete nanoscale
objects.50
The QCM-D silica sensor crystals were prepared for use by
bath sonication in a 2% solution of sodium dodecyl sulfate
for 20 min, rinsing consecutively with ethanol and ultrapure
water three times, drying with ultrapure N2 gas, and UV/ozone
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treatment for 30 min (Bioforce Nanosciences UV/Ozone
Procleaner). Supported lipid bilayers were formed by the vesicle fusion method.32 Briefly, after mounting the sensors in
the flow cells, 0.1 M NaCl, pH 7.4 (0.01 M Tris) buffer was
allowed to flow over the sensors until frequency and dissipation values stabilized. A suspension of small unilamellar vesicles (0.03 mg mL−1) was then allowed to flow across the
sensor until stable values of Δf and ΔD were obtained after
passing through a minimum and maximum, respectively,
that indicate attainment of a critical adsorbed vesicle concentration, commencement of vesicle rupture, and
supported lipid bilayer formation.51 The supported lipid
bilayer was then rinsed with vesicle-free buffer for 15 min to
remove any adhering vesicles. All experiments used a constant flow rate of 0.1 mL min−1 and temperature of 25 °C
unless otherwise noted. Variables that were tested in arriving at conditions to form Lo domain-containing bilayers
included vesicle concentration, solution ionic strength during vesicle deposition, the ionic strength of the rinsing solution, timing of the initiation of the rinsing step, and temperature. Specifically, we examined small unilamellar vesicle
introduction in high ionic strength solutions (up to 0.15 M
NaCl), temperature elevation to 35 °C after small
unilamellar vesicle introduction, rinsing with low ionic
strength (0.025 M NaCl) solutions, initiation of rinsing
immediately after the rupture event, and vesicle introduction
at temperatures up to 35 °C. The key modification allowing
successful formation of Lo domain-containing supported
lipid bilayers was the decrease in vesicle concentration relative to the previously published attempt to form such bilayers,42 which eliminated the adsorption of vesicles to the
supported lipid bilayer.
After successful formation of supported lipid bilayers, for
nanoparticle attachment experiments conducted at 0.1 M
NaCl, pH 7.4 (0.01 mM Tris), nanoparticles were diluted to a
concentration of 10 nM with the same buffer and flowed over
the supported lipid bilayer for 20 min. The supported lipid
bilayer was then rinsed with buffer for 20 min to assess the
reversibility of nanoparticle attachment. Otherwise, for nanoparticle attachment experiments conducted at 0.001 M NaCl,
pH 7.4 (0.01 mM Tris), after bilayer formation and rinsing
the buffer was switched to 0.001 M NaCl for at least 10 min
to allow a stable baseline to be attained, and the subsequent
dilution of nanoparticles to 10 nM and rinsing were
conducted in this buffer solution. We assessed the attachment of both MPNH2– and MPA–AuNPs to DOPC-only, 60/20/
20 mol% DOPC/SM/Chol, and 60/20/20 mol% DOPC/SM/Chol
with 1 mol% GM1 supported lipid bilayers. The initial rate of
nanoparticle attachment to the supported lipid bilayers was
determined as described previously.52 Briefly, the QCM-D Δf
curve was subjected to locally weighted scatterplot smoothing
(LOESS; α = 0.1),53 and the one minute moving Δf rate was
averaged for the first 5 min of nanoparticle attachment to the
supported lipid bilayer to determine the initial rate of nanoparticle attachment. All attachment experiments were
conducted in triplicate. Data comparisons were made by
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one-way ANOVA with a Tukey post-hoc test at the p ≤ 0.05
level of significance.
Structured illumination microscopy
Imaging was carried out using a Zeiss Elyra fluorescence
microscope with a 63× objective. Supported lipid bilayers
were formed under batch conditions within 35/22 mm #1.5
glass bottom dishes (Willco Wells). Dishes were rinsed with
ultrapure water (18.2 MΩ cm; MilliQ Advantage A10, Millipore), dried with N2, and cleaned in a UV/Ozone chamber
(PSD Pro Series, Novascan) for 20 min. The 0.1 M NaCl, pH
7.4 (0.01 M Tris) buffer solution was introduced to the clean
dishes at least 20 min prior to vesicle introduction. Suspensions of small unilamellar vesicles (0.06 mg mL−1 containing
either 0.1 mol% TopFluor PC (λex = 488 nm; λem = 503 nm) or
0.1 mol% Atto647N DOPE (λex = 642 nm; λem = 667 nm) and
sometimes 1 mol% ganglioside GM1 in the same buffered
solution) were introduced to the dish, and bilayer formation
was monitored by confocal fluorescence microscopy. We were
able to distinguish unruptured vesicles from lipid bilayers
using fluorescence recovery after photobleaching (FRAP; see
below) because unruptured vesicles do not diffuse laterally,
and as a result, they do not recover after photobleaching; in
contrast, the lipids within supported lipid bilayers are able to
diffuse in and out of the monitored region, resulting in
recovery upon photobleaching. Upon bilayer formation, the
solution contained within the dish was exchanged five times
with 2 mL aliquots of the buffered solution. Two separate
fluorescent phospholipids were used to ensure our observed
results could not be attributed to the inclusion of the fluorophore. Additionally, these two fluorescent phospholipids were
chosen because they differ in both the excitation/emission
wavelengths of the fluorophore as well as the location of the
fluorophore. TopFluor is covalently conjugated to one of the
lipid acyl chains, while Atto647N is covalently conjugated to
the lipid headgroup.
Fluorescence recovery after photobleaching
To determine supported lipid bilayer formation and phospholipid diffusion coefficients, we conducted FRAP experiments using a Zeiss LSM 710 microscope with a scan rate of
240 ms. A minimum of eight FRAP curves from two different
supported lipid bilayers were analyzed to obtain diffusion
coefficients. Fluorescence intensities were normalized to that
of the initial supported lipid bilayer. Data were analyzed
using a nonlinear least-squares fitting method to determine
the characteristic diffusion time, τD, using the equation:54,55

where FĲt) is the observed relative fluorescence as a function
of time, FĲ0) is the relative fluorescence intensity immediately
following the bleach pulse, FĲ∞) is the relative fluorescence
intensity at infinite time following the bleach pulse, β is the
bleach depth given by 1 − FĲ0), and τD is the characteristic
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diffusion time. The lateral diffusion coefficient, D, was then
determined using
D = ω 2/4τD
where ω is the bleach spot radius. Image processing was carried out using ImageJ software.
Atomic force microscopy
Images were collected in tapping mode using a Nanoscope IV
controller (Digital Instruments) with a Type J scanner. Silicon
nitride probes (Bruker, DNP) with a force constant of 0.35 N
m−1 and a MTFML-V2 probe holder were used to collect
images in fluid. Bilayers were formed on ultra-flat B-doped
silicon wafers with a 200 nm thermal oxide layer (Ted Pella)
under the same conditions as those described for QCM-D. To
image under flow conditions (0.1 mL min−1, 25 °C), the wafer
was first equilibrated in 0.1 M NaCl, pH 7.4 (0.01 M Tris)
buffer for 20 min, vesicle solution (0.03 mg mL−1) was flowed
for 20 min, the bilayer was rinsed with buffer for 20 min, and
the bilayer was imaged. The Lo domains investigated here are
readily observable in AFM as contiguous regions appearing
higher than the surrounding regions. Initial image analysis
was conducted with Gwyddion.56 Quantitative analysis of
AFM data was performed using Igor Pro (Wavemetrics, Lake
Oswego, OR, USA) to import the image data, calculate histograms of the height distributions, and then fit the histogram
to two Gaussian distributions. The area of the peak corresponding to the higher height distribution (domains) was
divided by the total area to give a fractional coverage of the
Lo domains.

Results and discussion
Formation of supported lipid bilayers containing phasesegregated domains
We first established a set of experimental conditions that
allowed supported lipid bilayers to be formed on silicacoated QCM-D sensors from vesicles composed of 60/20/20
mol% DOPC/SM/Chol. Based on final stable Δf5/5 and ΔD5
values in QCM-D experiments,30,32,33 we determined that
supported lipid bilayers could be formed from these small
unilamellar vesicles at a vesicle concentration of 0.03 mg
mL−1 in 0.1 M NaCl at pH 7.4 (0.01 M Tris) and 25 °C. Representative frequency and dissipation traces (Fig. 1) for formation of supported lipid bilayers under these conditions from
vesicles composed of DOPC or 60/20/20 mol% DOPC/SM/Chol
reflect the two-step process commonly observed in the formation of bilayers of zwitterionic lipids on silica substrates:
attainment of a critical adsorbed vesicle concentration
followed by initiation of vesicle rupture and formation of the
supported bilayer.32,51 The final frequency and dissipation
values for the DOPC bilayer were −24.9 ± 0.1 Hz and 0.17
(±0.02) × 10−6, respectively, consistent with prior reports of
supported lipid bilayer formation from similar phospholipids.32 For supported bilayers formed from 60/20/20 mol%

This journal is © The Royal Society of Chemistry 2016

Fig. 1 Formation of supported lipid bilayers from small unilamellar
vesicles composed of DOPC or 60/20/20 mol% DOPC/SM/Chol as
monitored by QCM-D. Final resonant frequency changes were −24.9 ±
0.1 Hz and −26.8 ± 0.6 Hz for the DOPC and DOPC/SM/Chol bilayers,
respectively (n = 3). The corresponding dissipation values were 0.17
(±0.02) × 10−6 and 0.51 (±0.29) × 10−6. Overall supported lipid bilayer
formation kinetics were similar for the two compositions. Data are
shown from the 5th harmonic and were subjected to LOESS
smoothing (α = 0.1).53 The buffer solution was 0.01 M Tris (pH 7.4) in
0.1 M NaCl.

DOPC/SM/Chol the final Δf5/5 value was −26.8 ± 0.6 Hz, more
negative than that for the pure DOPC bilayer. The more negative frequency value of 60/20/20 mol% DOPC/SM/Chol bilayer
corresponds to higher bilayer mass than for the pure DOPC
bilayer. We attribute the higher mass of the 60/20/20 mol%
DOPC/SM/Chol bilayer to the interaction of sphingomyelin
with cholesterol,57 increasing lipid packing density relative to
pure DOPC. The final dissipation value for 60/20/20 mol%
DOPC/SM/Chol bilayers was 0.51 (±0.29) × 10−6, higher than
that for DOPC bilayers.
We employed super-resolution fluorescence structured
illumination microscopy to determine whether the supported
lipid bilayers formed from 60/20/20 mol% DOPC/SM/Chol
vesicles contained phase-segregated domains with the
expected morphology. Structured illumination microscopy
allows fluorescence images to be obtained with subdiffraction limit (~100 nm) resolution.58,59 Such superresolution capabilities were critical because domains can
have dimensions smaller than the diffraction limit of light,
making these structures largely invisible to standard fluorescence microscopy techniques.60 Supported lipid bilayers were
formed from vesicles containing one of two fluorescently
labeled phospholipids, both of which were expected to segregate to the Ld regions with DOPC. We therefore expected to
observe a fluorescent signal in the Ld regions and the
absence of a fluorescent signal in the Lo domains.
Fig. 2A and B show SIM images of 60/20/20 mol% DOPC/SM/
Chol supported lipid bilayers that contain TopFluor PC and
Atto647N DOPE, respectively. Both images display areas of
fluorescent signal and patches of dark regions consistent
with the presence of Lo domains that exclude the fluorescent
phospholipids. To determine whether the dark regions were
indeed Lo domains composed of SM and Chol, as opposed to
being large defects in the bilayer, we formed supported lipid
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Fig. 2 A–C. Structured illumination microscopy images displaying the
exclusion of fluorescently-labeled (A) TopFluor PC (green) and (B)
Atto647N DOPE (red) phospholipids from dark regions that are
expected to be Lo domains in supported lipid bilayers composed of
60/20/20 mol% DOPC/SM/Chol with 0.1 mol% fluorescent phospholipid. To confirm the dark regions are Lo domains, 1 mol% GM1 was
incorporated into the vesicles prior to formation supported lipid bilayers and is expected to segregate to the Lo domains.40 Alexa555labeled cholera toxin subunit B protein (yellow) binds GM1, and its presence in the dark regions (C) confirms the dark regions are Lo domains.
Scale bars are 2 μm.

bilayers from small unilamellar vesicles with the same composition as above, but also containing 1 mol% ganglioside GM1.
Ganglioside GM1 segregates to Lo domains40 and is the cell
surface receptor for cholera toxin B (CTB) homopentamer,
with each CTB pentamer binding five GM1 molecules.61,62 We
used the binding of fluorescently labeled CTB (Alexa555labeled CTB pentamer; Life Technologies) to GM1 to confirm
that the dark regions were Lo domains. The SIM image in
Fig. 2C displays the fluorescence of this cholera toxin B homopentamer in the dark regions that exclude the fluorescent
phospholipids, confirming the existence of Lo domains.
We further investigated the morphology and extent of Lo
domains in these supported lipid bilayers by AFM. The
majority of prior AFM studies of phase-segregated domains
in planar bilayers has focused on model membranes
supported on mica57 or glass coverslips.60 We formed Lo
domain-containing bilayers on silica substrates to provide a
direct connection with our QCM-D experiments. Fig. 3 displays an AFM image of a 60/20/20 mol% DOPC/SM/Chol
supported lipid bilayer with a corresponding height profile
and height distribution. These data confirm the presence of
domains in the supported lipid bilayer that differ in height
by ~1 nm. This result is consistent with prior studies that
indicate that Lo domains are approximately 1 nm thicker
than Ld regions due to the cholesterol-induced ordering of
the unsaturated acyl chains of sphingomyelin.57 We note that
the AFM data indicate that the bilayer is free from surface
adsorbed vesicles, which would be evident due to their large
size (70–80 nm; Table 1) relative to the height of the
supported lipid bilayer. Therefore, the higher final dissipation value for bilayers composed of 60/20/20 mol% DOPC/
SM/Chol relative to those composed of pure DOPC does not
appear attributable to the presence of intact vesicles adhering
to the bilayer.
To further characterize these Lo domain-containing
supported lipid bilayers, we examined the lateral diffusivity of
phospholipids within the Ld phase by FRAP. From these
experiments we determined the lateral diffusion coefficient
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Fig. 3 Atomic force microscopy confirms (A) the presence of distinct
Lo and Ld phases with (B) the expected ~1 nm height difference
between phases in a supported lipid bilayer consisting of 60/20/20
mol% DOPC/SM/Chol. (C) The coverage of Lo domains was
determined by fitting the AFM image height distribution. Scale bar is 2
μm. AFM images of other compositions investigated are provided in
Fig. S2.†

for TopFluor PC, which our SIM experiments confirmed to
segregate to the Ld regions, to be 1.81 ± 0.16 μm2 s−1. This
value agrees well with previous reports of fluorescent lipid diffusion in Ld regions ranging from 1.47 to 2.12 μm2 s−1.46,63–65
We next explored the compositional space bounded by the
limits of sphingomyelin (0–30%) and cholesterol content
(10–50%) in typical eukaryotic membranes.14 The ternary
phase diagram in Fig. 4 displays the boundaries for the
phases expected for various combinations of the three components used in our experiments based on prior work with
intact giant unilamellar vesicles (10–100 μm).66 In this figure,
we indicate the compositions of vesicles from which we successfully formed supported lipid bilayers based on the observation of the characteristic two-phase formation kinetics in
QCM-D experiments and the final stable Δf5/5 and ΔD5 values
(Table 2). The final Δf5/5 and ΔD5 values for bilayers formed
from the ternary lipid mixtures were slightly more negative
and more positive, respectively, than those formed from pure
DOPC. The ternary lipid mixtures from which supported
bilayers formed spanned a compositional range that included

Fig. 4 Ternary phase diagram showing the composition of vesicles
from which supported lipid bilayers were successfully formed on SiO2
substrates as monitored by QCM-D. Black dots represent
compositions investigated by QCM-D alone, and colored dots indicate
those compositions (imaged by AFM) that resulted in segregated Lo
domain formation (blue) and those that resulted in a single continuous
phase (red). Lines indicate expected phase boundaries based on studies
of giant unilamellar vesicles.66

This journal is © The Royal Society of Chemistry 2016
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Table 2 Final changes in frequency (Δf) and dissipation factor (ΔD) for
supported lipid bilayers formed from vesicles varying in DOPC/SM/Chol
composition. Values presented are for the 5th harmonic after the introduction of small unilamellar vesicles and rinsing with vesicle-free buffer
for 15 min. All measurements were conducted in triplicate

mol% DOPC/SM/Chol

Δf5/5final (Hz)

ΔD5 (×10−6)

100/0/0
80/10/10
70/15/15
60/20/20
60/25/15
55/35/10
50/20/30
50/25/25
50/35/10
45/35/20
40/30/30

−24.9 ± 0.1
−25.9 ± 0.4
−27.5 ± 1.3
−26.8 ± 0.6
−27.0 ± 0.5
−27.6 ± 0.2
−28.3 ± 0.3
−27.8 ± 0.6
−27.6 ± 0.2
−28.0 ± 0.3
−29.2 ± 0.6

0.17 ± 0.02
0.20 ± 0.01
0.46 ± 0.02
0.51 ± 0.29
0.35 ± 0.07
0.24 ± 0.02
0.47 ± 0.20
0.43 ± 0.03
0.24 ± 0.02
0.54 ± 0.16
0.52 ± 0.17

segregated Lo and Ld phases as well as a single continuous Ld
phase in studies with giant unilamellar vesicles.66
To determine the vesicle compositions that yielded
domain-containing supported lipid bilayers, as well as to verify that intact vesicles were not adsorbed to the bilayer surfaces, we examined selected supported lipid bilayers by AFM
(viz. those comprised of 40/30/30, 70/15/15, 80/10/10, and 100/
0/0 mol% DOPC/SM/Chol; red and blue dots in Fig. 4). Representative images, height profiles, and Lo domain coverages
are shown in Fig. S2.† All bilayers containing domains exhibit
the expected ~1 nm height difference between Lo and Ld
regions, and no intact vesicles were observed across the compositions investigated. These images indicate that within the
compositional space examined, Lo domain formation is
expected for supported lipid bilayers containing 15 mol% SM
and Chol or more. Referring to the phase diagram boundaries (Fig. 4), phase-segregation does not occur in giant
unilamellar vesicles at SM and Chol concentrations below
~27 mol%.66 Our results agree with a previous fluorescence
microscopy study on domain formation in supported lipid
bilayers that demonstrated phase segregation in bilayers
containing ≥15 mol% Chol and sphingomyelin.67
To determine the impact of vesicle composition on
supported lipid bilayer formation kinetics, we examined
supported lipid bilayer formation time (defined as the time
from vesicle adsorption to initial rupture) as a function of
vesicle Chol content (Fig. 5). This analysis indicates that
increasing Chol content in small unilamellar vesicles
lengthens the time to initiation of vesicle rupture, consistent
with a prior report.42 The lengthening of time to vesicle rupture is attributed to the ability of Chol to quickly flip-flop
between the two bilayer leaflets.68 Vesicles flatten when
adsorbed to silica surfaces,69 and the ability of Chol to flipflop between leaflets reduces the stress of vesicle flattening.
Often, the attraction of vesicles to a solid surface, and their
subsequent flattening, is insufficient to promote supported
lipid bilayer formation. Inter-vesicle interaction has an additional destabilizing effect on adsorbed vesicles that promotes
vesicle fusion and ultimately supported lipid bilayer

This journal is © The Royal Society of Chemistry 2016

Fig. 5 Supported lipid bilayer formation time (tSLB) as a function of
vesicle cholesterol content as monitored by QCM-D. Supported lipid
bilayer formation time was calculated from the time that vesicles were
first observed adhering to the sensor surface to the time of initiation of
vesicle rupture (as evidenced by the abrupt decrease in ΔD5). Fit (y =
0.077x + 4.782) was obtained using a standard least squares analysis
(R 2 = 0.82).

formation.70 The observation that supported lipid bilayer formation time increased with Chol content suggests that a
larger inter-vesicle interaction force is required to overcome
the vesicle stabilization caused by Chol flip-flop.

Interaction of anionic and cationic gold nanoparticles with
Lo domain-containing supported lipid bilayers
As a first step toward understanding the influence of phasesegregated domains on nanoparticle interaction with model
membranes, we compared the attachment of cationic and
anionic AuNPs to supported lipid bilayers containing Lo
domains (60/20/20 mol% DOPC/SM/Chol ± 1 mol% GM1) with
those composed of pure DOPC in QCM-D experiments. The
AuNPs had 4 nm spherical cores (Fig. S1†) and were functionalized with cationic mercaptopropyl amine (MPNH2) or
anionic mercaptopropionic acid (MPA). Attachment experiments were conducted in 0.001 M and 0.1 M NaCl at pH 7.4
(0.01 M Tris). The hydrodynamic diameters (dh) and apparent
zeta potentials (ζ app) of the AuNPs under these solution conditions are provided in Table 3. At 0.1 M NaCl both types of
AuNPs agglomerated to a considerable extent; however, nanoparticle agglomeration state remained stable over the course
of QCM-D experiments.
Attachment of cationic MPNH2–AuNPs was observed for
all supported lipid bilayers at both NaCl concentrations
(Fig. 6) and was irreversible with respect to dilution (rinsing
with AuNP-free buffer for 20 min). Attachment of the
MPNH2–AuNPs to the bilayers studied can be attributed to
Coulombic attraction of the positively charged nanoparticles
to negative surface potential of the bilayers. The ζ app for the
MPNH2-AuNPs was positive at both NaCl concentrations (26
± 1 mV). Prior streaming current studies demonstrated that ζ
values at pH 7.45 for pure DOPC bilayers on planar silica substrates were negative: −39 ± 1 mV for 0.001 M KCl and −17.5
± 0.7 mV for 0.01 M KCl.71 Streaming current measurements
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Table 3 Hydrodynamic diameter (dh) and apparent zeta potential (ζ app)
values of AuNPs used in this study. Data are presented for both 0.001
and 0.1 M NaCl, pH 7.4 (0.01 M Tris) buffer conditions. Considerable
aggregation occurred for both AuNPs at high ionic strength; however,
the aggregate size was consistent throughout the period of particle flow
in QCM-D experiments

ζ app (mV)

dh (nm)
AuNPs

0.001 M
NaCl

MPA–AuNP
22 ± 10
MPNH2–AuNP 6 ± 3

0.1 M
NaCl

0.001 M
NaCl

0.1 M
NaCl

160 ± 26
440 ± 120

−21 ± 5
26 ± 1

−28 ± 1
26 ± 1

of pure DOPC bilayers at 0.1 M KCl were not made in the
referenced study, but ζ values at this salt concentration are
expected to be somewhat less negative. (We note that at pH
~7.4 ζ is not expected to differ appreciably between solutions
composed of KCl and NaCl.)72 The ζ of the DOPC/SM/Chol
vesicles were similar to those composed of solely DOPC (identical at 0.1 M NaCl; Table 1). This comparison leads to the
expectation that the DOPC/SM/Chol and pure DOPC
supported lipid bilayers possessed similarly negative ζ values.
Incorporation of the anionic glycosphingolipid GM1 at 1
mol% resulted in small unilamellar vesicles with slightly
more negative ζ values than in its absence (Table 1). In the
present study, solutions were buffered with Tris. At the pH of
the solutions used, TrisH+ cations were present at 0.008 M,
and these cations are present at the SiO2–water interface,31
likely leading to slightly less negative ζ values than indicated
from the streaming current data. Second harmonic

Fig. 6 Attachment of MPNH2–AuNP to supported lipid bilayers of the
indicated compositions. The molar ratio of DOPC to SM to Chol was
60 : 20 : 20. Ganglioside GM1 was incorporated into vesicles at 1 mol%.
Solutions were buffered to pH 7.4 with 0.01 M Tris and contained the
indicated amount of NaCl. The Δf values are for the 5th harmonic and
represent the change in frequency from the supported lipid bilayer
value after flowing 10 nM MPNH2–AuNPs for 20 min and rinsing with
buffer for 20 min. Nanoparticle detachment was not observed upon
rinsing with buffer. Letters indicate significant differences in
attachment (p < 0.05) within each NaCl treatment. Bars represent
mean values; error bars represent one standard deviation (n = 3).

52 | Environ. Sci.: Nano, 2016, 3, 45–55

generation studies of phosphatidylcholine bilayers in the
presence of Tris have shown that the surface potential
remains negative at the solution conditions investigated
here.31 For all bilayers investigated, the extent of attachment
was much larger at 0.001 M than at 0.1 M NaCl. For example,
Δf5/5 = −242 ± 23 Hz at 0.001 M NaCl and −10.0 ± 1.0 Hz at
0.1 M NaCl for attachment to supported lipid bilayers composed of 60/20/20 mol% DOPC/SM/Chol. The larger amount
of MPNH2-AuNP attachment at 0.001 M relative to 0.1 M NaCl
is due to the more negative ζ of the bilayer (vide supra) and
the lower degree of nanoparticle aggregation (Table 3) at the
lower ionic strength. At 0.001 M NaCl, 20 min exposure of
the bilayers to MPNH2–AuNPs resulted in frequency changes
corresponding to numbers of attached particles exceeding
the jamming limit expected from random sequential adsorption of uniform, non-interacting spheres.73
At 0.001 M NaCl, MPNH2–AuNP attachment to all
supported lipid bilayers investigated, as well as initial rates
of nanoparticle attachment (Fig. S3†), were statistically indistinguishable (p > 0.1). In contrast, at 0.1 M NaCl attachment
to bilayers containing Lo domains was higher than that to
pure DOPC bilayers (p < 0.01). For lipid bilayers containing
Lo domains, Δf5/5 = −10.0 ± 1.0 Hz and −8.2 ± 2.6 Hz in the
absence and presence of 1 mol% GM1. For pure DOPC bilayers, Δf5/5 = −1.1 ± 0.5 Hz. The extent of attachment to Lo
domain-containing supported lipid bilayers was not affected
by the presence of GM1 (p > 0.1).
The higher attachment of MPNH2-AuNPs to bilayers
containing Lo domains relative to those lacking these structures may be attributable to differences in bilayer morphology. At 0.1 M NaCl, the DOPC and DOPC/SM/Chol vesicles
possessed identical ζ values (Table 1), and the supported
lipid bilayers are expected to exhibit similar ζ values as well.
This argues against differences in bilayer ζ being responsible
for the higher attachment to the DOPC/SM/Chol relative to
DOPC bilayers. We hypothesize that differences in supported
lipid bilayer morphology are responsible for the higher
attachment to the Lo domain-containing bilayers. The Lo and
Ld regions differ in height by approximately 1 nm (vide
supra). This height difference occurs over a lateral distance of
approximately 10–15 nm, and the altered water structure at
this boundary may result in increased nanoparticle attachment.74 Alternatively, this boundary region may result in the
exposure of sphingomyelin phosphate groups at the edges of
Lo domains, providing local sites for increased electrostatic
attraction with the cationic MPNH2–AuNPs. The GM1 molecule carries a negative charge; however, the ζ data for the vesicles show that incorporation of this glycosphingolipid into
vesicles at 1 mol% produced a slight, but significant, reduction in ζ (p < 0.01; Table 1). In the QCM-D experiments,
MPNH2–AuNP attachment to Lo domain-containing bilayers
was insensitive to inclusion of 1 mol% GM1 (p > 0.1). This
result provides further evidence that the presence of domains
or their boundaries, not the overall surface potential of the
bilayer, is responsible for the increase in attachment for Lo
domain-containing supported lipid bilayers.
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No attachment of anionic MPA-AuNPs was detectable at
either NaCl concentration for the bilayers studied. This result
can be rationalized by considering the negative ζ app of the
nanoparticles (−21 ± 5 mV and −28 ± 1 mV for 0.001 and 0.1
M NaCl) and those expected for the bilayers (vide supra). We
conclude that Coulombic repulsion prevented detectable
attachment. The ζ for the MPA–AuNPs were large and negative under the solution conditions employed. We cannot
exclude the attachment of MPA–AuNPs to the bilayers
employed at amounts below the limit of QCM-D detection as
we demonstrated in prior work for pure DOPC bilayers.31

Conclusions
Cellular membranes across all domains of life appear to
exhibit lateral organization,12,26–28 and lipid rafts have been
implicated as important membrane organizing structures.12,16,75 Knowledge of the diverse functions of lipid rafts
in cellular membranes is expanding as the development and
refinement of instrumentation allows these structures to be
studied at minute length and time scales.18 At present strong
evidence exists for the participation of lipid rafts in T-cell signaling,76 post-Golgi traffic to the cell surface,23 and
glycosphingolipid-mediated endocytosis.24 Giant unilamellar
vesicles formed from plasma membranes exhibit phasesegregated domains similar to those in model
membranes.77–79 These similarities and the participation of
lipid rafts in a large number of cellular processes justify the
development of supported lipid bilayers to simulate these
domains in cellular membranes, thereby enabling their study
with a wider array of instrumentation. In this study we have
demonstrated the ability to form Lo domain-containing
supported lipid bilayers on silica substrates, permitting investigation of these domains by a variety of surface-sensitive
techniques such as QCM-D, AFM, ellipsometry, electrochemical impedance spectroscopy, secondary ion mass
spectrometry, and non-linear optical methods. The variety of
techniques available to probe surfaces makes possible the
investigation of dynamics occurring at the interface between
phase-segregated regions, including protein incorporation,80,81 association of viruses,82,83 and interaction with
nanoparticles (as demonstrated in this work). Furthermore,
development of supported lipid bilayers that contain other
domain-forming lipids (e.g., ceramides)84 and proteins that
segregate to domains (e.g., glycophosphatidylinositolanchored proteins)12 will enable investigation of the role
such components play in the dynamic processes occurring at
the lipid raft-solution interface.
Observations of differential nanoparticle attachment to Lo
domain-containing bilayers, relative to those containing one
phospholipid in a continuous phase, both provide a foundation and highlight the need for further investigations of
nanoparticle interaction with phase-segregated domains.
Future investigation into the influence of nanoparticle size,
shape, surface chemistry, and degree of aggregation on interaction with phase-segregated domains, as well as with

This journal is © The Royal Society of Chemistry 2016
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domain-associating proteins, is warranted. Such studies
would improve our understanding of the extent to which
phase-segregated domains and their components govern
nanoparticle interactions with cellular membranes.
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